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Abstract 

Dipylidium caninum and Echinococcus multilocularis are zoonotic tapeworms that infect 

domestic dogs and cats worldwide. Dipylidium caninum is transmitted by Ctenocephalides felis 

(the cat flea); recent reports show two host-adapted D. caninum strains, cat and dog, and 

resistance to praziquantel. Echinococcus multilocularis, transmitted by rodents, causes alveolar 

echinococcosis (AE) in domestic dogs and humans, and is a major public health concern in North 

America. This thesis addresses gaps in the prevalence of D. caninum in fleas and E. 

multilocularis in wild canids and the need to improve molecular diagnostics for E. multilocularis 

in domestic dogs and wild canids. In Chapter 2, our lab utilized a useful method for pool testing 

fleas for surveillance and assessing infection rate of D. caninum. This work demonstrated the 

prevalence of D. caninum in fleas of 3.8% through pool testing of fleas collected from the 

environment and on-animal. Molecular epidemiology also revealed the feline genotype of D. 

caninum was present in fleas collected from cats, matching D. caninum cat strains previously 

reported. In Chapter 3, our surveillance revealed that 47% of coyotes in Kansas and 42% in 

Missouri are infected with Echinococcus multilocularis, a new endemic region, plus a single red 

fox in Missouri. Additionally, 20% of coyotes in Illinois and 16% in Indiana were infected with 

E. multilocularis, which are known endemic regions. Molecular epidemiology revealed the 

European haplotype is present in wild canids in the Midwest United States, instead of the, 

previously reported, N2 North American haplotype. Thus, documents the expanding range of E. 

multilocularis and the highly pathogenic and zoonotic Europeans strains in North America. In 

Chapter 4, our work concluded that adult cestode recovery remains ‘the gold standard’ when 

compared to common diagnostic techniques such as fecal flotation, sedimentation and copro-

PCR. I described the importance of developing a reliable method for extracting taeniid egg DNA 



  

for large scale surveillance of E. multilocularis in domestic dogs and wild canids. This thesis 

provides useful methods for surveillance of D. caninum in fleas through pool testing and data on 

the prevalence of Echinococcus multilocularis that can aid in the design of control and 

prevention programs. 
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Chapter 1 - General Introduction to Tapeworms of Veterinary 

Importance 

 1.1 General Introduction to Tapeworms 

Tapeworms are flat, segmented, hermaphroditic worms that infect a variety of aquatic 

and terrestrial animals as definitive and intermediate hosts (Conboy, 2009). The two orders of 

veterinary importance are Diphyllobothriidea and Cyclophyllidea (Bowman, 2021).  

In general, all adult tapeworms have a head with a holdfast organ on the anterior end, 

followed by a short, unsegmented section (neck) before segmentation begins (body) (Soulsby, 

1968). The holdfast organ may be primitive with two bilateral slit-like grooves called bothria 

(seen in Diphyllobothriidea) or more complex with a rostellum and suckers (Bowman, 2021; 

Waeschenbach et al., 2017). The rostellum is located on the anterior end of the scolex. The 

rostellum is a conelike structure that can be retracted into the head of the tapeworm, or non-

retractable. The rostellum can also be armed with hooks or unarmed without hooks. The 

segmented tapeworm body, or strobila, consists of individual reproductive segments called 

proglottids that mature along the length of the strobila. Proglottids can vary in shape and size, 

have one or two sets of reproductive organs, and be gravid (contains eggs) or senile (contain no 

eggs). Adult tapeworms lack true mouthparts and a digestive tract; therefore, all nutrients are 

absorbed through the tegument (Conboy, 2009). 

Tapeworms can infect definitive hosts through a variety of aquatic or terrestrial indirect 

life cycles that have co-evolved with the definitive hosts feeding and grooming behaviors. All 

tapeworms that infect domestic dogs and cats require one or two intermediate hosts before 

becoming infectious to the dog or cat (Conboy, 2009). The lifecycle of tapeworms begins when 

eggs or gravid proglottids are passed in the feces of infected definitive hosts. Eggs are released 
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into the environment and incidentally ingested by the intermediate host. The metacestode, or 

larval stage, develops within the intermediate host, which then becomes infectious to the 

definitive host, with some lifecycles requiring a second intermediate host to reach the infective 

stage (Kuchta et al., 2024; McAllister et al., 2018; Oehm et al., 2024). The adult tapeworms 

subsequently mature in the small intestine, completing the life cycle. 

Clinical disease is typically mild or not seen in adult tapeworm infections of domestic 

dogs and cats (Evason et al., 2025; Kuroki et al., 2020). In fact, in many cases, such as with 

Spirometra spp. and Echinococcus spp., it is the metacestode stages that cause more clinical 

disease than adult infections (Drake et al., 2008; Kuroki et al., 2022; Williams & Walzthoni, 

2023). Diagnosis and treatment vary depending on the affected host, clinical signs, and 

tapeworm species and stage. The standard for tapeworm egg recovery and identification is by 

centrifugal fecal flotations using Sheather’s sugar (specific gravity 1.27) or fecal sedimentations 

in water (A. M. Zajac et al., 2021). Commonly, tapeworm infections are discovered by the owner 

when fresh proglottids are found in the feces, perianally, or dried and adhered to the fur on the 

hindlegs of infected animals. These fresh and/or dried proglottids can be hydrated in saline, 

squashed onto a microscope slide to release eggs, and then the eggs can be used to identify the 

tapeworm species (A. M. Zajac et al., 2021). 

Adult tapeworm infections of small animals are most commonly treated using 

praziquantel, given in different formulations and dosages that vary depending on the host, 

tapeworm species, and stage being treated (Bowman, 2021; Riviere & Papich, 2018). In order to 

prevent infection of the metacestode stages, domestic dogs and cats should be discouraged from 

coprophagy of feces potentially infected with infectious eggs and ingestion of potentially 

infected intermediate hosts (Drake et al., 2008; Evason et al., 2025; Kuroki et al., 2022). To 



3 

prevent infection with adult stages, dogs and cats should be kept away from intermediate hosts, 

which may be difficult given the range of vertebrate and invertebrate hosts (Kuroki et al., 2020; 

McAllister et al., 2018; McAllister & Conn, 1990). For year-round protection, domestic dogs and 

cats can be placed on a monthly broad-spectrum product, although the commercially available 

options are only effective on adult stages of Cyclophyllidean tapeworms (Bowman, 2021).  

 1.2 Tapeworms of Veterinary Importance 

 1.2.1 Order Diphyllobothriidae 

 Diphyllobothriidean tapeworms, formerly known as Pseudophyllidean tapeworms, are 

broad tapeworms of wild animals that infect a wide range of hosts including frogs (Family 

Cephalochlamydidae), reptiles (Family Scyphocephalidae), birds and mammals (Family 

Diphyllobothriidae) (Kuchta et al., 2008, 2024). The tapeworm species of most veterinary and 

medical importance are found in the Diphyllobothriidean family. The most common 

Diphyllobothriidean tapeworms found in domestic dogs and cats and humans are from the genera 

Dibothriocephalus, found mainly in cold weather climates, and Spirometra, found mainly in 

warm weather climates (Scholz et al., 2019).  

 1.2.1.1 Family Diphyllobothriidae 

 1.2.1.1.1 Dibothriocephalus latus 

Taxonomy 

There have been many suggestions on the correct taxonomic classification of broad 

tapeworms that infect terrestrial hosts (Kuchta et al., 2024). Dibothriocephalus was once an 

established genus by Lühe (1899), but ten years later the same author combined this genus with 

Diphyllobothrium, an established genus by Cobbold (1858) (Waeschenbach et al., 2017). This 

regrouping was widely accepted with a few proposed taxonomic changes throughout the years, 
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including recent suggestions of splitting the Diphyllobothrium genus into three subgenera: 

Dibothriocephalus spp. for parasites of terrestrial mammals and birds, Diphyllobothrium sensu 

stricto for parasites of cetaceans, and an unnamed Diphyllobothrium group of parasites from 

pinnipeds (Kuchta et al., 2024). However, morphological features and molecular testing support 

the idea that Diphyllobothrium is a polyphyletic genus and not monophyletic. Thus, 

Diphyllobothrium has been reserved for parasites that infect cetaceans, or marine mammals, and 

the genus Dibothriocephalus has been resurrected to include terrestrial and freshwater species, 

including Dibothriocephalus latus that infect domestic dogs and cats and humans 

(Waeschenbach et al., 2017).  

Morphology 

Egg 

 Eggs are light brown, subspherical, operculate, unembryonated with a smooth surface 

when shed in the feces (Waeschenbach et al., 2017). The eggs are relatively large, measuring 66 

x 44 µm, and are golden brown.  

Metacestode 

 The oncosphere, tapeworm larva, develops inside a ciliated embryopore called a 

coracidium. The procercoid, first metacestode stage, is a solid body with a cercomer, a caudal 

appendix with hooks, with an unknown function (Hammerschmidt & Kurtz, 2007). The 

cercomer is shed with the outer lining when the procercoid develops into the plerocercoid 

(Hammerschmidt & Kurtz, 2007). The plerocercoid, second metacestode stage, has an elongated, 

solid body with adult mouthparts (Soulsby, 1982).  

Adult 

 Adults of D. latus, the ‘broad fish tapeworm’, can reach 1 meter, or longer, in length. The 

head has an elongated, spoon-shaped, slit-like bothria, or the holdfast organ, that open anteriorly 
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and posteriorly. The neck is long and narrow with the strobila containing proglottids that are 

wider than they are long. Sexually mature proglottids have one set of reproductive organs. The 

ovaries are bilobed and rosette shaped located medially in the proglottid. The testes are 

numerous and located in the cortex of the proglottid. The uterine pore is located on the 

medioventral surface of the proglottid (Waeschenbach et al., 2017). 

Life Cycle 

The life cycle, as illustrated in Figure 1.1, begins when operculated, unembryonated eggs 

are shed in the feces of infected animals. In water, the coracidium develops inside the egg, 

hatches and then is ingested by the first intermediate host, a Diaptomus spp. copepod. Inside the 

copepod, the oncosphere develops into a procercoid (Hatsushika et al., 1981; Scholz et al., 2019). 

The infected copepod is then ingested by the 2nd intermediate host, a freshwater or brackish 

water fish, and the procercoid develops into a plerocercoid in the fish musculature (Kuchta et al., 

2015; Kuchta & Scholz, 2017)(Dubinina, 1980). The plerocercoid can survive predation of the 

infected 2nd intermediate host and migrate to the musculature of a paratenic host. The infected 2nd 

intermediate host, or paratenic host, is ingested by the definitive host, a domestic dog or cat. The 

plerocercoid uses the adult bothria and attaches to the intestinal wall to mature into an adult and 

segment.  
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Figure 1.1  Life cycle of Dibothriocephalus latus. Definitive hosts include fish eating mammals 

such as domestic canids, seals and birds, while intermediate hosts include Diaptomus spp. 

copepods first and small fish second (CDC, 2019a). 

 

 

Prevalence 

Diphyllobothrium tapeworms have a cosmopolitan distribution, with most species 

occurring in cold weather climates (Scholz & Kuchta, 2016). Dibothriocephalus latus has been 

most commonly reported in North America, in the Canadian provinces of Manitoba, 

Saskatchewan, Alberta, and the forested lakes of Ontario, and around Lake Superior in the 

United States (Scholz & Kuchta, 2016). Dibothriocephalus latus adults have been found in 

humans, domestic dogs and cats, wild canids and felids, and raccoons (Scholz & Kuchta, 2016). 

The prevalence of D. latus in domestic dogs and cats ranges from 2 to 50% (Scholz et al., 2019). 
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Metacestode stages have been found in freshwater fish, most commonly found in pike, perch, 

and burbot and less commonly in ruff, pikeperch and yellow perch (Scholz & Kuchta, 2016).  

Clinical Disease 

Typically, infected domestic dogs have subclinical gastrointestinal signs. However, 

experimental infections showed decreased red blood cell counts and hemoglobin levels (Wardle 

et al., 1947). 

Zoonosis 

Diphyllobothriosis infects an estimated 20 million people worldwide, with six species 

considered true human parasites: Andenocephalus pacificus, Diphyllobothrium balaenopterae, 

Diph. stemmacephalum, Dibothriocephalus dendriticus, Diboth. latus, and Diboth. 

nihonkainensis (Muller et al., 2002; Waeschenbach et al., 2017). Dibothriocephalus latus and 

Diboth. nihonkaiensis, are considered true parasites of humans because the adult tapeworms 

grow at a faster rate in humans than domestic dogs, cats, wolves and foxes (Von Bonsdorff, 

1977). Most human diphyllobothriosis cases have been reported from Japan, but autochthonous 

infections have also been reported from the Alpine lakes (Lakes Maggiore, Como, Iseo, and 

Garda), Baltic countries and Russia in Europe; China, Korea, and Russia in Asia; Peru in South 

America; and Canada and the Great Lakes and Pacific coast in northern United States in North 

America (Gustinelli et al., 2016; Kuchta et al., 2015; Scholz & Kuchta, 2016). In the United 

States, cases from California and North Carolina were molecularly confirmed as D. 

nihonkaiensis after initially being diagnosed as D. latus (Scholz & Kuchta, 2016). An increase in 

human infections worldwide is attributed to a few factors: i) increased demand for fish, ii) 

increased popularity for consumption of raw or undercooked fish in common cuisines such as 

ceviche, sushi, and sashimi, fish carpaccio, and iii) importation of chilled or insufficiently frozen 

fish, international travel, and migration of people (Arizono et al., 2009; Broglia & Kapel, 2011; 
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Kuchta et al., 2015; Waeschenbach et al., 2017). Diphyllobothriosis causes clinical disease in 

humans exhibited as mild abdominal discomfort, nausea, diarrhea, constipation, and weakness. 

Adult Diboth. latus absorb Vitamin B12 from the gastrointestinal tract and, as a result, 

megaloblastic anemia can develop in heavy infections (Hochberg & Bhadelia, 2015). 

Diphyllobothriosis in humans has been successfully treated with praziquantel and niclosamide 

(Scholz et al., 2019). 

1.2.1.1.2 Spirometra spp. 

Taxonomy 

 Spirometra is a taxonomically complicated group of tapeworms with major challenges in 

the systematics and species identification (Kuchta & Scholz, 2017). Spirometra was once 

thought to be synonymous with Diphyllobothrium, but molecular data confirmed Spirometra as a 

separate, valid genus (Waeschenbach et al., 2017). The variability of adult Spirometra 

morphology between tapeworm specimens found in the same host and even proglottids on the 

same strobila has made it difficult to definitively identify Spirometra spp. based off morphology 

alone (Kuchta et al., 2024). Therefore, molecular techniques targeting the cytochrome c oxidase 

subunit I (COI) gene from preserved samples have been used to determine Spirometra taxonomy 

(Kuchta et al., 2024).  

Currently, there are seven accepted Spirometra species: Spirometra mansoni found 

worldwide, S. asiana in Japan in Korea, S. theileri in Africa, S. erinaceiuropaei in Europe, S. 

decipiens in South America, Spirometra sp. 2 (American lineage) in North and South America, 

and Spirometra sp. 3 (North American lineage) found in the United States, which was 

historically reported as Spirometra mansonoides (Kuchta et al., 2024).  Recently, morphological 

and molecular evidence indicate that S. mansonoides could potentially be a separate species, but 
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more data is needed for a final determination (Kuchta et al., 2024). Therefore, all Spirometra 

isolates from the United States are currently referred to as Spirometra sp. 3 (Kuchta et al., 2024).  

Morphology 

Egg 

Eggs are light brown, subspherical, operculate, unembryonated with a smooth surface 

(Waeschenbach et al., 2017) when shed in the feces. They are relatively large, measuring 66 x 44 

µm, and a golden brown. 

Metacestode 

The oncosphere, the tapeworm embryo, develops inside a ciliated embryopore, and 

measures around 43.8 x 36.9 µm. The first metacestode stage is a procercoid, a solid body with a 

cercomer, a caudal appendage with embryonic hooks and an unknown function. The second 

metacestode stage is the plerocercoid, also referred to as sparganum, an elongated, solid body 

with adult mouthparts.  

Adult  

Adult Spirometra spp. can reach 1.5 meters in length and use bothria as the holdfast 

organ located on the anterior end of the tapeworm. The bothria are elongated, slit-like, and open 

both anteriorly and posteriorly. The neck of Spirometra spp. is long and narrow followed by 

immature, mature, and gravid proglottids that make up the tapeworm body. Proglottids are wider, 

than they are long, and the uterine pore is located on the medioventral surface. Mature 

proglottids have one set of reproductive organs and many testes located on both sides of the 

uterus. Adults of Spirometra sp. 3 (reported as S. mansonoides) have a spiraled uterus and S. 

decipiens has a rosette shaped uterus in the middle of the proglottid (Kuchta et al., 2024).  

Life Cycle 
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Spirometra spp. commonly infect domestic cats more frequently than domestic dogs and 

a variety of wild carnivore hosts, mainly bobcats, as definitive hosts (Kuchta et al., 2024; 

Verocai et al., 2023). The lifecycle, illustrated in Figure 1.2, begins when adults shed operculated 

eggs in the feces of infected animals. A coracidium hatches out the egg when it touches water 

and is ingested by a Cyclops spp. copepod, the 1st intermediate host. Within the body cavity of 

the copepod, a procercoid develops (Kuchta et al., 2024). The infected copepod is then ingested 

by a fish, amphibian, or reptile, 2nd intermediate host, and a plerocercoid, or sparganum, the 

infective stage, develops in the connective tissue, or musculature, of the infected intermediate 

host. The plerocercoid, or sparganum, can survive predation of the infected 2nd intermediate host 

and migrate to the musculature of the paratenic host (Kuchta et al., 2024). When the infected 2nd 

intermediate or paratenic host is ingested by the domestic cat or dog, the adult scolex attaches to 

the intestinal wall and the tapeworm begins to segment and mature. 
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Figure 1.2  Life cycle of Spirometra spp. Felid and canid definitive hosts include domestic cats, 

bobcats, and domestic dogs, while intermediate hosts include Cyclops spp. copepods first and 

fish, reptiles and amphibians second (CDC, 2017). 

 

 

Prevalence 

 In North and South America, four Spirometra spp. have been reported: Spirometra 

mansoni, Spirometra decipiens and Spriometra sp. 2 and sp. 3. In South America, S. decipiens is 

found in wild felids, and Spirometra sp. 2 is found in a variety of wild felids and domestic cats 

and dogs, with one isolate found in a bobcat from Illinois, USA (Kuchta et al., 2021). In the 

United States, Spirometra sp. 3 (includes samples reported as S. mansonoides) is the main 

species found in wild and domestic felids (Kuchta et al., 2021). Recently, S. mansoni was 



12 

reported in a crab-eating fox in Columbia in South America and a captive samar cobra (Naja 

samarensis) in the southern United States (Brabec et al., 2022; Verocai et al., 2023).  

Spirometra spp. tapeworms have been reported in 24 states in the United States. 

Spirometra spp. adults have been found more frequently in domestic cats than domestic dogs 

from the Southeastern and Gulf Coast states, as well as Hawaii, New Jersey, New York and 

Pennsylvania. Surveillance studies show 2.9% (3/103) of shelter cats in Georgia and 7.6% (6/76) 

in Florida are infected with Spirometra sp., as determined by double centrifugal fecal flotation. 

Spirometra sp. 3  plerocercoids (spargana) have been reported in a western rat snake 

(Pantherophis obsoletus) in Louisiana, an eastern racer (Coluber constrictor) and a western 

ribbon snake (Thamnophis proximus) in Mississippi, and three meerkats (Suricata suricatta) in a 

zoo in South Carolina, all serving as intermediate or paratenic hosts (Kuchta et al., 2021; McHale 

et al., 2020; Verocai et al., 2023; Waeschenbach et al., 2017). More notably, fish were not 

thought to be suitable hosts for Spirometra spp; however, 58% of killifish (Austrolebias charrua) 

in Uruguay were infected with plerocercoids belonging to S. decipiens complex 1 (Vettorazzi et 

al., 2023). While the role that fish play in the life cycle seems to be limited, this does create a 

shift in the historical thoughts that fish were not involved in the life cycle of Spirometra spp. 

(Kuchta et al., 2015, 2024).  

Clinical Disease 

Spirometriosis, or intestinal infections with adult Spirometra spp. tapeworms, are 

typically subclinical in domestic dogs and cats. However, some clinical signs such as 

vomiting/diarrhea and weight loss have been reported (Lillis & Burrows, 1964; Mueller, 1974). 

Sparganosis, caused by infections with Spirometra sp. plerocercoids (spargana), is a 

condition where domestic cats and dogs serve as paratenic or second intermediate hosts 

(Buergelt et al., 1984; Drake et al., 2008; McHale et al., 2020; Woldemeskel, 2014). Infections 
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occur after ingestion of i) procercoid infected copepods in freshwater or ii) plerocercoids through 

predation or scavenging of infected intermediate hosts (Bowman, 2021). The plerocercoids 

(spargana) can either be proliferative (asexual replication of the plerocercoids with continuous 

branching and budding) or non-proliferative (presence of a single larva) after ingestion 

(Woldemeskel, 2014). The clinical disease and prognosis can vary for both forms, but fatal 

outcomes are most associated with the proliferative form (Buergelt et al., 1984; Drake et al., 

2008; McHale et al., 2020; Woldemeskel, 2014).  

Clinical signs of sparganosis reported in domestic dogs range depending on anatomic 

location, from a palpable abdominal mass and distention, pneumothorax cause by nodules on the 

pleura and pulmonary parenchyma, and forelimb lameness (Beveridge et al., 1998; Drake et al., 

2008; Simpson et al., 2012). Clinical signs reported in domestic cats include subcutaneous cyst-

like masses (Woldemeskel, 2014). In general, clinical signs are associated with the area where 

the spargana are found. Treatment has a guarded prognosis, often requiring a combination of 

drug therapy to treat and surgical lavage to remove plerocercoids that are often unsuccessful 

(Drake et al., 2008).  

Zoonosis 

Sparganosis, caused by migrating Spirometra spp. plerocercoids (spargana), is a 

condition where humans become aberrant paratenic hosts. Sparganosis has been reported more 

than 2000 times in humans with the majority of those cases reported in China and Korea (Kuchta 

et al., 2021). In North America, approximately 70 human cases have been reported since 

sparganosis the first two cases were reported in Florida in 1908 and Texas in 1914 (McHale et 

al., 2020; Mueller et al., 1963). Humans are infected after i) ingestion of procercoid infected 

copepods from drinking contaminated freshwater, ii) ingestion of plerocercoids from infected 

intermediate hosts, mainly snakes and frogs, and iii) contact with infected poultices to open 
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wounds (Kuchta et al., 2021; Waeschenbach et al., 2017). Human sparganosis is clinically seen 

as migrating plerocercoids (spargana) with symptoms depending on the infection location 

(Kuchta et al., 2021). The most common form of sparganosis reported in humans is cutaneous, 

but other locations such as cerebral, visceral, and ocular have also been documented (Kuchta et 

al., 2021; Y. Zhu et al., 2019). Cutaneous sparganosis is characterized by local erythema or 

nodules slowly growing under the skin mainly on the limbs, trunk, or scrotum (Kuchta et al., 

2015, 2021; Q. Liu et al., 2015). Diagnosis can be achieved using a combination of 

neuroimaging, serological tests and accurate species identification targeting the COI gene 

(Kuchta et al., 2021). Treatment varies based on the form of sparganosis but can be broadly 

achieved through medical or surgical intervention in localized infections and high doses of 

praziquantel in proliferative sparganosis (Kikuchi & Maruyama, 2020; Kuchta et al., 2021).  

 1.2.2 Order Cyclophyllidea 

 Cyclophyllidean tapeworms, often referred to as true tapeworms, are a diverse group with 

18 families that infects a variety of hosts including domestic dogs and cats (Families 

Dipylidiidae, Mesocestoididae, Taeniidae), horses, cattle, sheep and goats (Family 

Anplocephalidae), and birds, rodents and humans (Families Davaineidae and Hymenolepididae) 

(Špakulová et al., 2011). Unlike Diphyllobothriidean tapeworms that use bothria as a holdfast 

organ, Cyclophyllidean tapeworms have a highly specialized holdfast organ called a scolex. The 

scolex has four muscular suckers and a rostellum that can be retractable or non-retractable, and 

can also be armed (has hooks), or unarmed (no hooks). The indirect life cycles mostly involve 

terrestrial food chains including small vertebrates and/or arthropods. 

 1.2.2.1 Family Mesocestoididae 
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 1.2.1.1.1 Mesocestoides spp. 

Taxonomy 

There are at least 27 recognized species of Mesocestoides (Schmidt, 1986). However, the 

presence of overlapping morphologic features and measurements, and the absence of molecular 

verification has made it difficult to definitively identify individual Mesocestoides spp., and 

therefore, most case reports do not report Mesocestoides to species (H. A. James, 1968; J. R. J. 

Jesudoss Chelladurai & Brewer, 2021; Loos-Frank, 1990). Despite these challenges, 

morphological descriptions and the COI gene were used to provide high statistical support for the 

following Mesocestoides spp: M. literatus, M. melesi, M. corti/M. vogae, M. canislagopodis, M. 

lineatus, and the two unnamed species groups Mesocestoides spp. M1 and Mesocestoides spp. 

(Mongolia) (J. R. J. Jesudoss Chelladurai & Brewer, 2021).  

Morphology 

Egg 

The egg is clear, oval, thin-walled, measures about 40 -60 µm by 35 – 43 µm, and 

contains an oncosphere embryo with three pairs of visible hooks (Bowman, 2021).  

Metacestode 

There are two intermediate stages, the first is hypothesized to be a cysticercoid, a single 

non-invaginated scolex withdrawn into a small vesicle with practically no cavity. The second is a 

tetrathyridia, which have been described as normal or aberrant, cephalic or acephalic (Conn et 

al., 2011). Normal tetrathyridia have a well-developed tetra-acetabulate scolex, a solid hind body 

with well-organized musculature, normal excretory ducts, and normal tegument (Conn et al., 

2011). Normal tetrathyridia are either free in the body cavity or individually enclosed in host-

induced fibrotic capsules (Conn et al., 2011). Aberrant tetrathyridia also have a normal scolex, 

tegument, and excretory ducts, but have an unusually elongated body with deep convolutions and 
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one or multiple aberrant tetrathyridia can be contained within a fibrous capsule (Conn et al., 

2011). Cephalic tetrathyridia have a well-developed scolex and four suckers and acephalic 

tetrathyridia lack suckers (Padgett, 1991). Recently, a post-larval, pre-tetrathyridia stage was 

found in a skink in Oklahoma (McAllister et al., 2018). There were four different stages found, 

all of which have lost the hooks of the hexacanth embryo but have not formed the cercomer 

typically found in developing metacestode stages (McAllister et al., 2018). The four 

morphologies are described as: i) a slightly elongated axis with no specific features; ii) slightly 

larger formed showing early develops of a scolex, but absent an apical sucker; iii) larger forms 

with a more developed and organized scolex, a muscular apical sucker, and a single excretory 

bladder with a posterior excretory pore; and iv) a fully formed tetra-acetabulate scolex with well-

differentiated muscular suckers, well-formed muscular apical suckers and a well-developed 

excretory bladder and pore posteriorly (McAllister et al., 2018). 

Adult 

Adults of Mesocestoides spp. have a scolex that is slightly angular and oval shaped. 

Adults have four suckers but are lacking a rostellum. Immature proglottids are wider anteriorly 

than posteriorly with a medioventral genital pore. Gravid proglottids are longer than they are 

wide. The mature proglottids have one set of reproductive organs with many testes located 

laterally along the total length of the proglottid. The ovary is bilobed and the eggs are stored in 

thick-walled, slightly oval, paruterine organ measuring 530-600 µm x 440-550 µm (Cho et al., 

2013).  

Life Cycle 

Mesocestoides spp. have a complex, and still, poorly understood life cycle (J. R. J. 

Jesudoss Chelladurai & Brewer, 2021; McAllister et al., 2018). There is debate over whether the 
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life cycle requires the first intermediate host to be an arthropod or not (H. A. James, 1968; J. R. 

J. Jesudoss Chelladurai & Brewer, 2021; Loos-Frank, 1990). Currently, there is evidence 

supporting the three-host lifecycle with Mesocestoides DNA found in naturally infected ants and 

acephalic larvae found in the celomic cavity of the dung beetle Onthophagus hecate (H. A. 

James, 1968; Padgett & Boyce, 2005). However, in both studies infections could not be 

established in mice (H. A. James, 1968; Padgett & Boyce, 2005). 

The life cycle, illustrated in Figure 1.3, begins with adults in the small intestine of 

definitive hosts shed eggs in the feces. Eggs are hypothesized to be ingested by a coprophagic 

arthropod, the first intermediate host, most likely forms a cysticercoid as the first metacestode 

stage (Bowman, 2021). The coprophagic arthropod is then ingested by an amphibian, rodent, 

reptile, or bird, as the second intermediate host, and tetrathyridia develop in the body cavity (J. 

R. J. Jesudoss Chelladurai & Brewer, 2021). The infected intermediate host is then ingested by 

the definitive host where the tetrathyridia develop into adults in the small intestine. 
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Figure 1.3  Life cycle of Mesocestoides spp. Definitive hosts include domestic dogs, red foxes 

(Vulpes vulpes), and raccoons, while intermediate hosts include an unidentified arthropod first 

and a reptile, rodent or amphibian second. (CDC, 2019d) 

 

 

Prevalence 

Mesocestoides spp. has been documented in a wide range of definitive hosts in North 

America including, domestic dogs and cats, foxes, wild canids and felids, raccoons, and 

opossums. Mesocestoides spp. has also been reported in various intermediate hosts as well 

including rodents, lizards, snakes, and birds. A recent study combined prevalence data reported 

from definitive and intermediate hosts to determine global prevalence of Mesocestoides spp. in 

North America (J. R. J. Jesudoss Chelladurai & Brewer, 2021). The overall pooled prevalence of 

Mesocestoides spp. in definitive hosts in the United States is 18% (J. R. J. Jesudoss Chelladurai 
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& Brewer, 2021). In North America, there was a higher pooled prevalence in wild canids and 

felids, 17.95% and 14.4%, respectively, than domestic dogs and cats, 0.82%, and 0.75%, 

respectively (J. R. J. Jesudoss Chelladurai & Brewer, 2021). In intermediate hosts, the overall 

pooled prevalence in intermediate hosts in North America was 7.04% (J. R. J. Jesudoss 

Chelladurai & Brewer, 2021). The pooled prevalence in North America is highest in amphibians 

(11.26%), followed by snakes (10.88%), rodents (3.92%), and lizards (3.24%) (J. R. J. Jesudoss 

Chelladurai & Brewer, 2021).  

Clinical Disease 

Intestinal infections of adult Mesocestoides spp. are acquired after ingestion of 

tetrathyridia in infected second intermediate hosts. Intestinal infections of adult Mesocestoides 

spp. area typically subclinical (McGarry et al., 2020). Owners often report visualizing motile 

proglottids in the feces of infected animals. Other clinical signs reported are diarrhea and ill 

thrift.  

Peritoneal larval cestodiasis, caused by Mesocestoides spp., is a clinical disease that 

occurs when domestic dogs or cats become accidental intermediate hosts after ingestion of an 

infected first stage intermediate host with a first-stage larva or a second intermediate host with a 

tetrathyridium (Boyce et al., 2011; Dahlem et al., 2015). The disease is characterized by 

tetrathyridia asexually multiplying, penetrating the intestinal wall, invading the peritoneal cavity, 

and causing potentially life-threatening peritonitis (Conn, 1990; Montalbano Di Filippo et al., 

2018; Siles-Lucas & Hemphill, 2002). Clinical signs are secondary to peritonitis and include 

abdominal distension, lethargy, anorexia, vomiting, urinary incontinence, and excessive urination 

and drinking (Boyce et al., 2011; Crosbie et al., 1998; Papini et al., 2010; Wirtherle et al., 2007; 

Yasur-Landau et al., 2019). The tetrathyridia have been documented in various forms within the 

abdomen including cephalic, larvae with an inverted scolex and four-well developed suckers, and 
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acephalic, larvae without a scolex or suckers (Wirtherle et al., 2007). The tetrathyridia have also 

been found floating in abdominal fluid and/or enclosed in small cysts (Wirtherle et al., 2007). 

Prognosis and survival of the infected animal is significantly influenced by the severity of 

clinical signs (Boyce et al., 2011). Diagnosis involves a combination of abdominal 

ultrasonography, abdominocentesis, and a laparotomy followed by morphological and molecular 

identification of parasite larva found (Carta et al., 2021). These rare cases of canine and feline 

peritoneal larval cestodiasis can be difficult to treat and there is no treatment available that can 

completely eradicate or prevent reinfection of the disease (Carta et al., 2021). Tetrathyridia can 

be removed from the abdomen by closed peritoneal lavage using a large bore needle or catheter 

when free-floating in the abdomen or when found in cysts (Boyce et al., 2011). Lavage can be 

followed by fenbendazole or praziquantel, but ultimately prolonged treatment of fenbendazole at 

high doses is the most effective method (Carta et al., 2021). 

Zoonosis 

Human infections with adult Mesocestoides spp. have been reported worldwide (Fuentes 

et al., 2003). Mesocestoides variabilis adults have been reported, in low numbers, from the 

United States. Infections are clinically characterized by non-specific and recurrent 

gastrointestinal signs. There have been no reports of peritoneal larval cestodiasis in humans 

(CDC, 2019e).  

 1.2.2.2 Family Dipyliididae 

 1.2.2.2.1 Dipylidium caninum 

Taxonomy 

 Dipylidium caninum, also known as the flea tapeworm, double-pored tapeworm, or 

cucumber seed tapeworm, is ubiquitous and the most common tapeworm of domestic dogs and 

cats in North America. The genus Dipylidium was thought to be monotypic, with only one 
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recognized species. However, recent studies have suggested that may not be true. Phylogenetic 

analysis of the partial mitochondrial 12S gene and the 28S genes showed genetic differences 

between D. caninum infections of domestic dogs and cats (Beugnet et al., 2014; Low et al., 

2017). Furthermore, Jesudoss Chelladurai et al. provided the entire genome sequence of the 

feline strain and used benchmarking universal single-copy orthologs (BUSCO) to delineate that 

the canine and feline strains are two distinct species of D. caninum (J. R. J. Jesudoss Chelladurai 

et al., 2023). The genotype differences were solidified when an in vivo experimental study 

showed biological adaptation with shorter prepatent periods and longer life spans when the 

canine or feline genotype infected the corresponding host compared to cross-infections (Beugnet 

et al., 2018).  

Morphology 

Egg 

Eggs are clustered together in packets of no more than 29 eggs (Bowman, 2021). Egg 

packets are formed from outer pockets of the uterus and measure 120 – 200 µm with individual 

eggs measuring approximately 30 µm. Each individual egg contains a hexacanth embryo with 3 

pairs of hooks (Bowman, 2021; Oehm et al., 2024).  

Metacestode 

There is only one metacestode stage for D. caninum, a cysticercoid. It is a single, non-

invaginated scolex withdrawn into a small vesicle with no cavity (Soulsby, 1968). 

Adult 

Adults of D. caninum have a scolex with four suckers and a retractable, armed rostellum 

with 3-4 rows of thorn-shaped hooks (Bowman, 2021; Oehm et al., 2024). Mature proglottids 

have two sets of reproductive organs each set located laterally in the proglottid near the bilateral 

genital pores. The ovaries are paired and there are many testes. Mature, gravid proglottids found 
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at the posterior end of the tapeworm are white and tapered on both ends resembling cucumber 

seeds (Oehm et al., 2024).  

Life Cycle 

The indirect life cycle, as illustrated in Figure 1.4, begins when gravid proglottids are 

shed in the feces. When fresh proglottids are shed in the feces, they move by contracting and 

relaxing to empty egg packets into the environment. The egg packets are ingested by 

Ctenocephalides felis (the cat flea), Trichodectes canis (the canine biting louse), or rarely 

Ctenocephalides canis (the dog flea) in the environment, and a cysticercoid develops. Of the 

three, C. felis is considered to be the most common intermediate host in the US. The infected 

arthropod is then ingested, and the cysticercoid evaginates, attaches to the intestinal wall, and 

develops into an adult in the small intestine of domestic dogs and cats. The infection becomes 

patent and proglottids are shed in the feces 14 – 21 days post-infection (Soulsby, 1982).  
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Figure 1.4  Life cycle of Dipylidium caninum. Definitive hosts include domestic dogs and cats, 

while the intermediate host is Ctenocephalides felis, the cat flea. (CDC, 2019b) 

 

Prevalence 

Dipylidium caninum infection is likely found wherever the primary intermediate host, 

Ctenocephalides felis, is found and prevalence varies depending on diagnostic test used (C. B. 

Adolph & Peregrine, 2021; Rousseau et al., 2022). Prevalence of D. caninum infection in dogs 

varies with reports being as low as 4.0% or as high as 60% in domestic dogs and 1.8% to 52.7% 

in domestic cats (CAPC, 2025). A study evaluating the prevalence of gastrointestinal parasites 

through necropsy in shelter cats in Oklahoma, USA revealed that 40/116 (34.5%) of shelter cats 

were positive for D. caninum (Little et al., 2015). In Georgia, a study analyzing the feces of 

shelter cats using a centrifugal fecal flotation with Sheather’s sugar only found 1/103 (1.0%) of 

shelter cats positive for D. caninum infection (Hoggard et al., 2019). In Florida, a study also 

analyzing the feces of shelter cats using a centrifugal fecal flotation with Sheather’s sugar found 
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0/76 of the shelter cats infected with D. caninum (Wyrosdick et al., 2017). A study in shelter 

dogs in Oklahoma also revealed that 48/97 (49.5%) of shelter dogs were infected with D. 

caninum adults at necropsy, when only 3/48 (6.3%) of those positive dogs at necropsy also 

positive for egg packets on fecal flotation (C. Adolph et al., 2017).  

A study analyzing parasite prevalence in client owned-cats in Oklahoma over a 12 year 

period revealed that D. caninum proglottids and eggs were found in 29/2586 (1.1%) of fecal 

samples (Nagamori et al., 2020b). Similarly, the same study was performed in client-owned dogs 

and D. caninum proglottids and eggs were found in 62/7,409 (0.84%) of fecal samples 

(Nagamori et al., 2020a). 

Clinical Disease 

The most common clinical sign reported in infected domestic animals is scooting due to 

perianal irritation from proglottid movement (Saini et al., 2016). It is also not uncommon to also 

see proglottids in the perianal region, stuck on fur on the hind legs, or moving on fresh feces of 

infected animals.  

Zoonosis 

Humans dipylidiasis is rare in the United States with less than 100 case reports since it 

was first reported in 1903 (Molina et al., 2003; Stiles, 1903). Human dipylidiasis is a clinical 

disease that occurs when humans, especially children, accidentally ingest the infected arthropod 

intermediate host and the adult tapeworm develops in the intestines. Similar to domestic dogs 

and cats, proglottids can be found in the feces of infected humans. Infections are self-limiting 

unless there is repeated environmental exposure. Praziquantel and niclosamide have also been 

effective in treating infections in humans (Molina et al., 2003). In human dipylidiasis, house pets 

serve as the main source of infection for both D. caninum and the arthropod intermediate host. 

To prevent recurrent human infections, house pets should be treated for both D. caninum, 
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eliminating the production of gravid proglottids, and fleas, interrupting the tapeworm life cycle 

(Molina et al., 2003). 

 1.2.2.3 Family Taeniidae 

Tapeworms belonging to the Taeniidae family are unique in that they all produce a 

morphologically similar eggs commonly referred to as “taeniid eggs” or “taenia-type egg”. 

Therefore, when taenia-type eggs are found in the feces of infected domestic dogs and cats, in 

the absence of a proglottid, morphologic identification can only be to the family level. In order to 

confirm identity past the family level, molecular confirmation is needed. This is important since 

some taeniid tapeworms are zoonotic, i.e. Taenia multiceps and Echinococcus spp..  

 1.2.2.3.1 Taenia spp. 

Taxonomy 

Taenia spp. tapeworms have been found worldwide and the metacestode stages can cause 

significant economic loss in the intermediate hosts in endemic areas (Varcasia et al., 2022; Wang 

et al., 2021). There are multiple Taenia spp. that can infect both domestic cats and dogs as 

definitive hosts (see Table 1.1). The main species that infects dogs is Taenia pisiformis, but T. 

hydatigena, T. ovis, T. serialis, and T. multiceps have also been reported. The main species that 

infects domestic cats is T. taeniaeformis. 

Table 1.1.  Species of Taenia that infect Domestic Dogs and Cats in North America 

Taenia spp. Distribution Definitive 

Host 

Intermediate 

Host 

Metacestode 

Stage 

Zoonosis 

T. 

taeniaeformis 

Worldwide Domestic 

cats 

Mice and rats Strobilocercus None 

T. pisiformis Worldwide Domestic 

dogs 

Cottontail 

rabbits 

Cysticercus None 

T. crassiceps Worldwide Dog, wild 

canids 

Rodents Cysticercus Yes 

T. hydatigena Worldwide Domestic 

dogs 

Mainly sheep Cysticercus None 
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T. ovis Worldwide Domestic 

dogs 

Mainly sheep Cysticercus None 

T. serialis Worldwide Domestic 

dogs 

Cottontail 

rabbits 

Coenurus None 

T. multiceps Absent in US 

and New 

Zealand 

Domestic 

dogs 

Mainly sheep Coenurus Yes 

 

Morphology 

Egg 

Eggs produced by Taenia spp. are morphologically similar to other taeniid tapeworms 

including Echinococcus spp. Taenia-type eggs are spherical to ellipsoidal and range from 30 – 50 

µm in size. The outer shell is passively removed before the egg is freed into the environment. 

The taenia-type eggs have an oncosphere larva, that is immediately infectious, with three pairs of 

hooks contained in a thick, impermeable embryopore made up of a keratin-like protein. (R. C. A. 

Thompson, 2017).  

Metacestode 

 The metacestode stages of Taenia spp. can be found in one of three distinct stages a 

cysticercus, strobilocercus, or coenurus. A cysticercus has a single bladder with an evaginated 

protoscolex, which is a juvenile scolex formed from the germinal layer of a metacestode (C. B. 

Adolph & Peregrine, 2021). A strobilocercus has an elongated body with an evaginated 

protoscolex. A coenurus has a single bladder with many protoscolices; each capable of maturing 

into a tapeworm (Soulsby, 1982). 

Adult 

Taenia spp. adult tapeworms are morphologically similar between species. Strobila are 

long, ranging from a few centimeters to a few meters in length, and have numerous proglottids 

that vary in size between species (Bowman, 2021; Jones & Pybus, 2000). On the anterior end, 

there is a scolex with four acetabulate suckers and an armed rostellum (Jones & Pybus, 2000). 
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The rostellum has two circular rows of hooks, one circle has large hooks and the other circle has 

small hooks and the number and length of the hooks can be used to identify Taenia spp. (Table 

1.2) (Bowman, 2021; Loos-Frank, 2000). Mature proglottids have one set of reproductive organs 

and with irregularly alternating unilateral genital pores. Mature proglottids have numerous testes 

situated in one or more horizontal layers. The ovary is bilobed and located posterior to the testes. 

The compact vitelline gland is located posterior to the ovary. The uterus has a longitudinal 

median stem with multiple bilateral branches (Jones & Pybus, 2000).  

Table 1.2  Number and Size of rostellar hooks found in Taenia spp. that infect dogs and cats in 

North America (Bowman, 2021; Loos-Frank, 1990). 

Taenia spp. Number of hooks Large hooks (m) Small hooks (m) 

T. taeniaeformis 26-52 300-450 187-293 

T. pisiformis 32-48 220-294 114-117 

T. crassiceps 28-34 172-200 121-155 

T. hydatigena 26-44 170-226 110-160 

T. ovis 22-36 137-195 84-141 

T. serialis 22-34 110-177 85-160 

T. multiceps 22-34 120-180 73-160 

  

Life Cycle 

The typical Taenia spp. life cycle begins when taenia-type eggs (thick, striated, brown 

shelled eggs) are shed in gravid proglottids in the feces of the infected animal. Taenia spp. has an 

indirect lifecycle requiring intermediate hosts that differ depending on species (Table 1.1). A 

suitable intermediate host ingests taenia-type eggs where one of the three distinct intermediate 
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metacestode stages develops. The infected intermediate host is predated upon by the definitive 

host and the metacestode develops into an adult in the small intestine. 

Prevalence 

Taenia spp. are a group of tapeworms with worldwide distribution with infections in 

domestic dogs and cats most likely being underestimated based off necropsy studies (C. B. 

Adolph & Peregrine, 2021). Infections are higher in shelter dogs than client-owned dogs 

seemingly due to the administration of broad-spectrum monthly preventatives in client-owned 

dogs (C. Adolph et al., 2017). A necropsy study evaluating the prevalence of gastrointestinal 

parasites in shelter cats at an animal shelter in Oklahoma, USA revealed that 30/116 (25.9%) of 

shelter cats were positive for Taenia taeniaeformis (Little et al., 2015). A study in shelter dogs in 

Oklahoma also showed that 7/97 (7.2%) of shelter dogs were infected with Taenia spp. adults at 

necropsy (C. Adolph et al., 2017). 

A study analyzing parasite prevalence in client owned-cats in Oklahoma over a 12 year 

period revealed that taeniid proglottids and eggs were found in 30/2586 (1.2%) of fecal samples 

(Nagamori et al., 2020b). Similarly, the same study was performed in client-owned dogs and 

taeniid proglottids and eggs were found in 35/7,409 (0.47%) of fecal samples (Nagamori et al., 

2020a) 

Clinical Disease 

Intestinal infections of domestic dogs and cats typically do not cause clinical disease; 

however, vomiting/diarrhea, lethargy, weight loss, and intestinal obstruction have been seen 

(Bowman, 2021; Wilcox et al., 2009). 

Larval infections with Taenia pisiformis have been reported in rabbits and hares after the 

ingestion of eggs from the environment. The metacestode stage, cysticercus, develops and infects 

the liver capsule, mesentery, and greater omentum (Stancampiano et al., 2019; Wang et al., 
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2021). This condition greatly affects breeding rabbits, especially in China (Wang et al., 2021). 

Clinical signs are usually asymptomatic, but heavy infections can lead to intestinal obstruction, 

abdominal discomfort, severe hepatitis, and emaciation leading to economic losses in 

slaughterhouses (Wang et al., 2021).  

Cerebral coenurosis, caused by Taenia serialis, occurs after accidental ingestion of eggs 

from contaminated feces (Jull et al., 2012). It is proposed that the oncosphere larva goes through 

aberrant larval migration to the brain to cause cerebral coenurosis (Huss et al., 1994; Jull et al., 

2012). This condition has sporadically been reported in domestic cats in Australia, North 

America, and the United Kingdom (Jull et al., 2012; Slocombe et al., 1989). Clinical signs are 

typically not seen in small cysts that are alive because the cysts evoke a small or minimal 

inflammatory response (Jull et al., 2012). An inflammatory response is normally evoked when 

cysts start to degenerate and neurological signs develop and deterioration occurs over a course of 

one to two weeks (Jull et al., 2012; Mahanty & Garcia, 2010). Diagnostic imaging such as 

magnetic resonance imaging (MRI) and computed tomography (CT) can be used to identify cysts 

caused by cerebral coenurosis (Jull et al., 2012). While CT is better suited for visualizing 

calcified lesions, MRI is a more sensitive and specific diagnostic tool when diagnosing cerebral 

coenurosis in domestic cats (Jull et al., 2012; Nash et al., 2006). Treatment studies in domestic 

cats are not available. However, treatment can be adapted from human coenurus cases where 

medical management can be effective in early small lesions and surgical intervention on 

accessible cysts (Jull et al., 2012). Despite this suggestion all cerebral coenurosis cases in 

domestic cats to date have been fatal (Jull et al., 2012).  

Zoonosis  

Human coenurus, caused by Taenia serialis in North America, occurs in humans after 

accidental ingestion of eggs after contact with infected feces or contaminated and unwashed 



30 

fruits and vegetables (Varcasia et al., 2022). Human coenurus was first reported in Africa in 

1913, and since then approximately 100 cases have been reported worldwide, with six of those 

cases coming from North America (Ing et al., 1998; Varcasia et al., 2022). Commonly referred to 

as sturdy or gid, after ingestion of eggs, oncospheres hatch, penetrate intestines, and travel to the 

brain, spinal cord or eyes (Varcasia et al., 2022). Clinical signs include seizures, headaches, 

vomiting and papilledema (swelling of the optic disc) (Varcasia et al., 2022). This condition can 

present as giant cysts mimicking other cysticerci cysts or hydatid cysts and go undiagnosed 

(Varcasia et al., 2022). 

Human cysticercosis, caused by Taenia crassiceps, is acquired after ingestion of 

infectious taenia-type eggs from contaminated food or water (Deplazes et al., 2019). Mainly a 

tapeworm found in red foxes, there are only 12 documented cases of T. cassiceps infection in 

humans worldwide with most of them occurring in immunocompromised individuals. 

Additionally, four of those individuals were from North America with 1/4 being from Canada. 

Most infections involve the subcutaneous or muscle tissue and cysticerci have been reportedly 

found in a hematoma in the right temple, in the shoulder, intercerebellar, and intraocular 

infections . Treatment normally involves a combination of praziquantel and albendazole 

(Deplazes et al., 2019; Ntoukas et al., 2013).  

It is important to note, humans are definitive hosts for two Taenia spp. tapeworms, 

Taenia solium, the pork tapeworm, and Taenia saginata, the beef tapeworm. However, theses 

tapeworms are no associated with infections in domestic dogs and cats. Human taeniasis, caused 

by T. solium, occurs in the United States when undercook pork containing the cysticerci is 

consumed and adults develop in the small intestine of the infected human host (Sorvillo et al., 

2007). Neurocysticercosis develops when eggs are ingested from contaminated food or water and 
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the larva invade the tissue of the central nervous system (Sorvillo et al., 2007). Human taeniasis, 

caused by T. saginata, occurs after the consumption of raw or undercooked bovine meat or offal 

containing the cysticerci and the adults develop in the intestines of the infected human host 

(Braae et al., 2018).     

Echinococcus spp.  

Echinococcus spp. are zoonotic tapeworms that exist in a predator-prey lifecycle. Like 

Taenia spp., Echinococcus spp. produce the same taenia-type eggs that are indistinguishable 

beyond the family level. Unlike Taenia spp., Echinococcus spp. adults are microscopic and their 

metacestode stages can infect domestic dogs, cats, and humans with potentially fatal outcomes if 

untreated. There are currently nine recognized Echinococcus spp. that occur throughout the 

world (Romig et al., 2017), but Echinococcus granulosus sensu lato and Echinococcus 

multilocularis are the two species that are found globally and are a major public health threat.  

1.2.2.3.2 Echinococcus granulosus sensu lato 

Taxonomy 

Echinococcus granulosus sensu lato (s.l.), “dangerous dog tapeworm” or “dwarf dog 

tapeworm”, is a genotypic cluster of zoonotic tapeworms that infects domestic dogs, wild canids 

and lions as definitive hosts (see Table 1.3). The predominate genotypes found in North America 

are Echinococcus granulosus sensu stricto (s.s.) sheep strains (G1-G3) found mainly in domestic 

life cycles involving domestic dog definitive hosts and sheep intermediate hosts (R. C. A. 

Thompson, 2017). Echinococcus granulosus canadensis (cervid strains G8 and G10) are found 

mainly in sylvatic life cycles where wild canids serve as definitive hosts and large ungulates (i.e. 

elk and moose) serve as intermediate hosts (R. C. A. Thompson, 2017).  
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Table 1.3.  Species, Strains, and Genotypes of Echinococcus granulosus sensu lato 

Species/Strain/Genotype Distribution Definitive 

Host 

Intermediate 

Host 

Zoonosis 

Echinococcus granulosus 

s.s./sheep (and buffalo) 

strains/G1-G3 

Worldwide Domestic 

dog, wild 

canids 

Sheep, cattle, 

buffalo, goat, 

camel, yak 

CE 

Echinococcus equinus/horse 

strain/G4 

Africa, Europe, 

Middle East, 

USA 

Domestic 

dog 

Horse, donkey, 

zebra 

Not 

reported 

Echinococcus 

ortleppi/cattle/G5 

Africa, Asia, 

Central & South 

America, 

Europe 

Domestic 

dog 

Cattle, buffalo, 

goat, sheep 

CE 

Echinococcus canadensis 

cluster 

Camel strain/G6 

Africa, Asia, 

South America 

Domestic 

dog 

Camel, cattle, 

goat, sheep 

CE 

Pig strain/G7 Worldwide 

focally 

Domestic 

dog 

Pig, wild boar, 

(cattle) 

CE 

Cervid strains/G8, G10 Eurasia, North 

America 

Domestic 

dog, wild 

canids 

Moose, 

reindeer, wapiti 

CE 

Echinococcus felidis/lion 

strain 

Africa Lion Warthog  Not 

reported 

CE = Cystic Echinococcosis 

Morphology 

Egg 

Eggs produced by Echinococcus granulosus are morphologically similar to other taeniid 

tapeworms including Taenia spp. Taenia-type eggs are spherical to ellipsoidal and range from 30 

– 50 µm in size. The outer shell is passively removed before the egg is freed into the 

environment. The taenia-type eggs have an oncosphere larva, that is immediately infectious, with 

three pairs of hooks contained in a thick, impermeable embryopore made up of a keratin-like 

protein (R. C. A. Thompson, 2017). 

Metacestode 

The metacestode stage is a unilocular, subspherical, fluid-filled mass called a unilocular 

hydatid cyst (R. C. A. Thompson, 2017). The cysts consist of an inner germinal layer where 
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brood capsules form via asexual replication. The protoscolices form inside the brood capsule 

from the germinal layer. There is an acellular laminal layer that is external, tough and elastic. 

The cyst is then surrounded by a host-induced fibrous layer called the adventitial layer (R. C. A. 

Thompson, 2017). Unilocular hydatid cysts can be fertile containing protoscolices, brood 

capsules, and calcareous corpuscles, called hydatid sand. Unilocular cysts can also not be fertile 

and just contain cyst fluid (Thompson, 1983, Deplazes, 2016).   

Adult 

Adults of E. granulosus are 2-7 mm in length and usually made up of only 3-5 segments 

(R. C. A. Thompson, 2017). Adults also have a scolex, with four suckers and an armed rostellum 

with two rows of hooks. Mature proglottids have one set of reproductive organs including 20-50 

testes located laterally to the ovary and uterus. The ovary has two branches and a medially 

located uterus with lateral branches. The genital pore is unilateral and located in the middle or 

posterior to the middle of the proglottid. Adults of E. granulosus s.l. can produce and detach new 

proglottids every 7 – 14 days (R. C. A. Thompson, 2017). 

Life Cycle 

The predator-prey lifecycle, as illustrated in Figure 1.5, begins when taenia-type eggs are 

shed in the feces of infected animals into the environment. Eggs ingested by sheep or large 

ungulate intermediate hosts, and the oncosphere larvae develop into unilocular hydatid cysts in 

the liver and lungs of infected animals (Romig et al., 2017). A domestic dog or wild canid 

definitive host ingests unilocular hydatid cysts either through predation or ingestion of offal 

(infected organs) (R. C. A. Thompson, 2017). Adults mature in the small intestines and can 

produce taenia-type eggs in the feces 34 – 58 days post infection (R. C. A. Thompson, 2017). 
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Figure 1.5  Life cycle of Echinococcus granulosus sensu lato. Canid definitive hosts include 

domestic dogs, coyotes (Canis latrans) and wolves (Canis lupus), while ungulate intermediate 

hosts include domestic sheep, moose, and elk (CDC, 2019c). 

 

 

Prevalence 

The global disease burden is still unknown largely due to poor disease surveillance, 

which hinders proper disease reporting (De La Cruz-Saldana et al., 2024). North America is not 

immune to this global issue, and the prevalence is not known here either. 

In Canada, E. granulosus s.s. sheep and buffalo strains, G1 and G3, respectively, are 

absent from livestock species (Priest et al., 2021). Echinococcus canadensis cervid strains G8 

and G10 however, have been found in all Canadian provinces west of the Maritimes (Nova 

Scotia, Prince Edward Island and New Brunswick) and south of the high arctic (J. Schurer et al., 
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2013). It was thought that all Echinococcus spp. were free from the eastern Canadian provinces 

due to the areas being historically free of wolves (Deplazes et al., 2017; Sweatman, 1952). 

However, the absence of wolves has granted the movement and expansion of coyotes into 

eastern Canada and the Northeastern United States from the Great Lakes region of Southern 

Canada and Northcentral United States (Priest et al., 2021). Adults of E. canadensis were found 

in 1/262 coyotes, and unilocular hydatid cysts were found in the lungs and liver of 4/8 moose in 

Nova Scotia (Priest et al., 2021). These were the first reports of any Echinococcus spp. in eastern 

Canada.  

In the United States, a recent study in Wyoming found 63.6% of gray wolves, 0.55% of 

coyotes, and 0% of red foxes were positive for E. granulosus s.l. Studies from Alaska found 30% 

of wild canids and 34% of moose infected (Pipas et al., 2021). In California, 1.3% of the deer 

population in an established coyote/deer sylvatic cycle were infected (Cerda et al., 2018). Other 

reports of E. granulosus s.l. infections in the Unites States from Minnesota, Montana, Idaho, and 

a moose in Maine have been reported (Cerda et al., 2018). Recently, in a retrospective study 

analyzing banked elk tissues from re-established populations in the Great Smoky Mountains and 

North Cumberland Wildlife Management in Tennessee, E. canadensis were found in 4/253 

(1.5%) of elk (Cervus canadensis) that were translocated from Alberta, Canada (Dell et al., 

2020). A list of case reports for E. granulosus in wild and domestic canids and humans in the 

United States, can be found in Appendix A. 

Clinical Disease 

Echinococcosis, caused by Echinococcus granulosus, occurs when adults live in the 

small intestine of infected animals. Infection is acquired after ingestion of unilocular hydatid 
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cysts containing protoscolices that develop to adults in the small intestine. Intestinal infection 

typically does not cause disease as domestic dogs are the natural definitive host. 

Cystic echinococcosis (CE), caused by Echinococcus granulosus sheep strain (G1, G3), 

occurs when domestic dogs and cats serve as aberrant intermediate hosts. This condition occurs 

after accidental ingestion of eggs in the environment from coprophagy (Bonelli et al., 2018). 

After ingestion of eggs, fertile (containing protoscolices) or infertile (containing no 

protoscolices) unilocular hydatid cysts develop slowly, mimicking a space occupying lesion in 

the liver and lungs and infected animals. Due to the slow-growing nature, unilocular hydatid 

cysts are not discovered until years after ingestion first occurred. Surgical removal of cysts is the 

gold standard of treatment for CE in domestic dogs (Woolsey & Miller, 2021).  

Domestic cats are not suitable definitive hosts for E. granulosus s.l. However, there have 

been reports of CE in domestic cats. Cystic Echinococcosis caused by E. granulosus s.s. was 

reported in Russia and Uruguay, and CE caused by E. granulosus s.l. was reported in Turkey 

(Armua-Fernandez et al., 2014; Burgu et al., 2004; Konyaev et al., 2012). All cases described 

multiple, non-painful, unilocular hydatid cysts in the abdominal cavity that were successfully 

treated with surgical removal unilocular hydatid cyst (Armua-Fernandez et al., 2014; Burgu et 

al., 2004; Konyaev et al., 2012). 

Cystic echinococcosis (CE), caused by E. granulosus s.s. sheep strain (G1-G3), occurs 

when sheep intermediate hosts accidentally ingest eggs from the environment. Infected animals 

can exhibit clinical signs, with older animals having a higher burden of cysts than younger 

animals (Romig et al., 2017). The economic burden is apparent when multiple organs or whole 

carcasses are condemned due to unilocular hydatid cysts. Echinococcus gransulosus s.l. causes 
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an estimated $3 billion dollars in food animal production losses, globally (De La Cruz-Saldana et 

al., 2024). 

Zoonosis 

Cystic echinococcosis (CE), caused by Echinococcus granulosus sheep strain (G1-G3), 

occurs in humans after accidental ingestion of infectious eggs from the environment (WHO, 

2021). The disease process is similar to domestic dogs and cats diagnosed with CE (R. C. A. 

Thompson, 2017). The slow growing unilocular hydatid cysts can vary in size from 1 – 15 cm 

and be fertile (have protoscolices) or sterile (no protoscolices) (Eckert & Deplazes, 2004). Cysts 

can also rupture in the abdomen and release protoscolices or small cysts that can grow to larger 

cysts (Eckert & Deplazes, 2004). 

The risk factors for human CE are i) large sheep and dog populations, ii) dogs that have 

access to dead livestock or offal (infected organs), iii) low availability or acceptance of cestode 

treatment in dogs, iv) low socioeconomic communities (Cardona & Carmena, 2013). Diagnosis 

is made using a combination of advanced imaging and serological tests (WHO, 2021). Treatment 

is difficult, expensive, and often extensive and prolonged (WHO, 2021). WHO recognizes four 

treatment options: i) PAIR (puncture, aspiration, injection, and re-aspiration) technique; ii) 

surgery; iii) drug treatment to inhibit the spread of cysts, and iv) “watch and wait”. 

Human CE is considered a neglected zoonotic disease (NZD) and represents a substantial 

disease burden worldwide with an excess of 1 million people living with this disease at one time 

(WHO, 2021). Cystic echinococcosis causes an estimated 19,300 deaths worldwide and around 

871,000 disability-adjusted life-years (DALYs), which are one lost year of healthy life, globally 

each year (WHO, 2021). Unfortunately, this disease can be very difficult to treat with 6.5% of 

cases relapsing after interventions and 2.2% of surgical cases ending in death (WHO, 2021). 
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Prevention and Control Strategies in Intermediate and Definitive Hosts 

The transmission of E. granulosus sheep strain is dependent upon wild or domestic 

canids harboring adult tapeworms, domestic or wild herbivores infected with the metacestode 

stages, and eggs in the environment. The most effective way to reduce active transmission is to 

reduce the environmental contamination of eggs by removing or reducing the worm burden in 

domestic dogs (P. S. Craig et al., 2017). Successful and effective control programs for E. 

granuslosus should be multifaceted targeting definitive hosts with four key components: i) 

regular deworming of domestic dogs, ii) improved management of infected viscera (offal), iii) 

dog population control, and iv) health education programs (P. S. Craig et al., 2017; WHO, 2021). 

This program has proven to be successful on a large scale when Iceland eradicated E. granulosus 

in the 1970s (Saarma et al., 2023). On the Falkland Islands in Cyprus, a five-year program 

targeted educating school-aged children, housewives, and dog owners. In addition, dogs were 

screened and infected dogs were euthanized or given arecoline bromide. After three years the 

prevalence in dogs decreased from 50% to 6.8% (De La Cruz-Saldana et al., 2024). In Utah, 

USA a decade-long control program involved the four main components plus increased 

diagnostic testing options for humans and domestic dogs. These efforts decreased domestic dog 

infections from 28% to 1%, although, a year later, infections did rise to 10% due to owner 

compliance (De La Cruz-Saldana et al., 2024).  

1.2.2.3.3 Echinococcus multilocularis 

Taxonomy 

Echinococcus multilocularis is a zoonotic tapeworm that infects domestic dogs and cats, 

wild canids, and humans (R. C. A. Thompson, 2017). Historically, E. multilocularis was divided 

into subspecies based on geographic location, E. m. multilocularis in Europe, E. m. sibiricensis 
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in Alaska, and E. m. kasakhensis in Kazakhstan (Nakao et al., 2009a). However, genetic 

variation in the mitochondrial gene haplotypes has designated 18 haplotypes from 76 geographic 

isolates: Asian haplotypes (A1-A10), European haplotypes (E1-E5), North American haplotypes 

(N1 and N2), and an Inner Mongolian haplotype (O1) (Nakao et al., 2009a). A distinctive EmsB 

microsatellite profile, a type of genotyping that uses capillary electrophoresis to analyze complex 

PCR profiles, was also found in wildlife (Knapp et al., 2007). There have been additional 

European haplotypes of E. multilocularis found in the Canadian NCR including BC1 haplotype 

in British Columbia (K. Gesy, Hill, et al., 2013; K. M. Gesy & Jenkins, 2015; E. J. Jenkins et al., 

2012; Massolo et al., 2019). 

A TCS haplotype network, using the nad2 gene in Figure 6 and the cob gene in Figure 7, 

was created to show the relationship between known haplotypes (Conlon et al., 2023; K. M. 

Gesy & Jenkins, 2015; Laurimäe et al., 2020; Nakao et al., 2009b). The number of distinct 

haplotypes recognized when comparing relationships using the nad2 gene are 11 (Figure 6). The 

European, Asian and North American haplotypes are all grouped together. The Austria-E1 

haplotype includes France-E2-E4, Canadian haplotypes AB1, BC1, MC3 and SK1, Poland 

haplotypes EmPL6 and EmPL10 along with canine samples from two Missouri case reports, plus 

the four representative samples from this study, C-KS-52 and 53 and C-MO-16 and 42. The 

Slovakia-E5 haplotype contains Poland haplotype EmPL14, and 1 isolate from Virginia and 3 

isolates from New York, E316, E320 and E321. The Asian haplotypes from Kyrgyzstan is 

grouped with Kazakhstan-A-1-A2. The Canadian haplotypes SK5 and Sk2 are grouped with the 

North American N2 haplotypes from Indiana and South Dakota. The Canadian SK4 haplotype is 

grouped with Canadian haplotype SK3. The haplotype from Mongolia, China shows a distant 
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relationship to the other sequences. All representative sequences with GenBank accessions can 

be found in Table 5.8 in Appendix C. 

 

 

Figure 6  A TCS haplotype network of all reported E. multilocularis haplotypes using the nad2 

gene. The GenBank accessions can be found in Table 5.8 in Appendix C. 

 

The number of distinct haplotypes recognized when comparing relationships using the 

cob gene is 10 (Figure 7). Overall, the European haplotypes (Austria-E1, France-E2-E4, and 

Slovakia-E5) are grouped together with a haplotype from Canada-British Columbia-MC3 being 

similar. The Asian haplotypes, Kazakhstan-A1-A2 and Kyrgyzstan-A19 are grouped together 

and have similar relationship with Japan: Hokkaido-A3-A4. The haplotype network shows a 

distant relationship between the samples found in Alaska (USA: Alaska St. Lawrence Island N1 

and USA: Alaska St. Lawrence Island isolate A1-A2) and the United States, which includes 

North American N2 haplotype (Indiana and South Dakota) and Canada: Saskatchewan SK2, 

European 

North American 

Asian 
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SK6, SK7 and SK8. The four representative sequences from our study (C-KS 52 and 53, C-MO-

16 and 42) again being grouped with the Austria_E1 haplotype along with Canada SK1 and 

Alberta AB1, Poland haplotypes EmPL6 and EmPL10, and domestic dog samples from two case 

reports in Missouri. All representative sequences for this haplotype network can be found in 

Table 5.8 in Appendix C. 

 

 

Figure 7  A TCS haplotype network of all reported E. multilocularis haplotypes using the cob 

gene. 

 

Morphology 

Egg 

Eggs produced by E. multilocularis are morphologically similar to other taenia-type eggs 

produced by taeniid tapeworms including Taenia spp and E. granulosus. Taenia-type eggs are 

European 

North American 

Asian 
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spherical to ellipsoidal and range from 30 – 50 µm in size. The outer shell is passively removed 

before the egg is freed into the environment. The taenia type eggs have an oncosphere larva, that 

is immediately infectious, with three pairs of hooks contained in a thick, impermeable 

embryopore made up of a keratin-like protein (R. C. A. Thompson, 2017). 

Metacestode 

The metacestode stage is a multivesicular, infiltrating mass consisting of numerous small 

vesicles entrenched in a dense stroma of connective tissue, called a multilocular hydatid cyst (R. 

C. A. Thompson, 2017). The cysts grow externally by exogenous budding when the germinal 

layer extends by infiltrating tissue and creating tube-like structures (R. C. A. Thompson, 2017). 

Then, internally the germinal layer creates brood capsules where protoscolices develop through 

asexual replication (R. C. A. Thompson, 2017). The cysts take 2 – 4 months to mature in the 

natural intermediate host, containing a mixture of invaginated protoscolices, brood capsules, and 

calcareous corpuscles collectively called hydatid sand (R. C. A. Thompson, 2017). 

Adult 

Adults of E. multilocularis are 1.2 – 3.7 mm in length and consists of 3-5 segments. 

Adults have a scolex with four suckers and an armed rostellum with two rows of hooks. Mature 

proglottids have one set of reproductive organs including 16-35 testes located laterally to the 

ovary and uterus The ovary has two branches and a sac-like uterus with no side branches. The 

genital pore is located in the middle or anterior to the middle of the proglottid (Heidari et al., 

2019). Gravid proglottids can have 100 – 1500 eggs per proglottid (R. C. A. Thompson, 2017).  

The life cycle, as illustrated in Figure 1.8, begins when adults in the small intestine shed 

infectious taenia-type eggs in the feces of infected canid hosts. The eggs are ingested by small 

rodent intermediate hosts, like the meadow vole (Microtus pennsylvanicus), southern red-backed 
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vole (Myodes gapoperi), and deer mouse (Peromyscus maniculatus), and the oncosphere 

develops into a multilocular hydatid cyst in the liver. Canid definitive hosts predate upon the 

infected rodent intermediate host and ingests the hydatid cysts containing protoscolices that 

develop into adults, 28 – 35 days post infection (R. C. A. Thompson, 2017). 

 

Figure 1.8  Life cycle of Echinococcus multilocularis. Canid definitive hosts include domestic 

dogs, red foxes (Vulpes vulpes), coyotes (Canis latrans) and wolves (Canis lupus), while rodent 

intermediate hosts include voles, lemmings, muskrats, and shrews (CDC, 2019c). 

 

 

Prevalence 

The first report of E. multilocularis in Canada was in 1928 in Manitoba and in the United 

States in the 1960s in North Dakota (E. James & Boyd, 1937; Leiby & Olsen, 1964). Since, then 

the North American distribution of Echinococcus multilocularis has been limited to two endemic 
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geographic regions: i) the Northern Tundra Zone (NTZ) extending along the coast of Alaska, 

including sub-Arctic islands of St. Lawrence, St. George and Nunivak and the Canadian Arctic 

and ii) the North Central Region (NCR) including three Canadian provinces (Alberta, 

Saskatchewan, and Manitoba) and 13 contiguous states in the United States (Illinois, Indiana, 

Iowa, Michigan, Minnesota, Missouri, Montana, Nebraska, North Dakota, Ohio, South Dakota, 

Wisconsin, and Wyoming) (Eckert et al., 2000). Historically in the NTZ region, the Asian 

haplotypes A2 and A4, and North American haplotype N1 were considered endemic (Nakao et 

al., 2009a). In the NCR region, the North American haplotype N2 was considered to be endemic 

(Nakao et al., 2009a). 

In the Canadian NCR, the prevalence of E. multilocularis in coyotes was 21/92 (25%) in 

Alberta from 2009-2011, 9/10 (90%) in Saskatchewan from 2010-2012, and 10/43 (23%) in 

Manitoba in the 1970s (Catalano et al., 2012; K. M. Gesy et al., 2014; Samuel et al., 1978). In 

the United States NCR, the overall prevalence of E. multilocularis in wild canids was ~15% in 

Indiana, Nebraska, and Ohio, but was reported as high as 20% in South Dakota (Deplazes et al., 

2017). Additionally, 18% of wild canids in Illinois tested positive for E. multilocularis, while 

only unpublished reports of positive foxes have been cited in Missouri (Deplazes et al., 2017; 

Kuroki et al., 2022) (Bates, 1995). Notably, a study in Kansas analyzed 111 coyotes, and none of 

them were positive for E. multilocularis adults (Storandt et al., 2002). 

In Canada, the emergence of European strains of E. multilocularis started outside the 

Canadian NCR, in British Columbia, when a domestic dog was diagnosed with Alveolar 

Echinococcosis (AE) in 2009 (Peregrine et al., 2012). Then wildlife surveillance in British 

Columbia confirmed establishment of the European strain of E. multilocularis, finding 37% 

(10/27) of coyotes and 17% (1/6) red foxes infected with the tapeworm (K. Gesy, Pawlik, et al., 
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2013). This started a cascade of reports outside of the known Canadian NCR region, including 

six AE cases in domestic dogs in Ontario since 2012 (Kotwa et al., 2019). Again, these findings 

were substantiated when 105/460 (23%) of fecal samples collected from 416 coyotes and 44 

foxes were positive for E. multilocularis (Kotwa et al., 2019). To date, additional cases of AE in 

domestic dogs have been reported in the Canadian provinces of Alberta, British Columbia and 

southern Ontario (Massolo et al., 2019; Peregrine et al., 2012; Skelding et al., 2014). These 

additional cases come in spite of a study analyzing the prevalence of various parasites in shelter 

dogs and cats across the Canadian provinces where E. multilocularis was not detected in any of 

the 1,722 fecal samples tested, using centrifugal fecal flotation using Sheather’s sugar, from both 

domestic dogs and cats (Villeneuve et al., 2015a). 

In the United States, the first case of a European strain of E. multilocularis outside of the 

historical NCR was AE in a domestic dog in Virginia (A. Zajac et al., 2020). A study collecting 

feces from red foxes in Virginia showed that 2/296 (0.6%) in Virginia were positive for the 

European strain of E. multilocularis (Polish et al., 2021). Then, the first report of echinococcosis 

was reported from a 17-week-old puppy in Missouri, which was followed by another case of AE 

in a 10-year-old Boxer also in Missouri both confirmed as the European strain of E. 

multilocularis (Kuroki et al., 2020, 2022). Areas where domestic dogs are infected with AE 

suggest that the environmental contamination is high from local predator-prey lifecycles, and 

those areas should be considered endemic (Kuroki et al., 2022). Wild canid surveillance has 

resurged in response to the recent case reports of the European strain of E. multilocularis in 

domestic dogs in North America. Recently, 3/48 (7%) coyotes in New York and 2/155 (2%) in 

Pennsylvania were positive for the European strain of E. multilocularis making these the first 

reports in wild canids and outside of the NCR (Conlon et al., 2023; Garrett, 2021). This is 
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significant because previous research found 22/307 (7%) of coyotes from Quebec, Canada and 

Maine, USA positive for E. canadensis (G8 and G10 cervid strain) not E. multilocularis (J. M. 

Schurer et al., 2018). Additionally, recent wild canid surveillance from Michigan, a confirmed 

endemic region in the NCR, found only 1/223 (0.4%) of coyotes were infected with E. 

multilocularis (Melotti et al., 2015). 

Although cats are not considered suitable definitive hosts, there are two reports of E. 

multilocularis in domestic cats in Saskatchewan and North Dakota (Leiby & Kritsky, 1972; 

Wobeser, 1971). The study in Saskatchewan found 2% (3/131) of free-roaming cats were 

positive for E. multilocularis with many of them having a low worm burden (30-50 adult worms) 

with gravid proglottids observed in some infections (Massolo et al., 2014). These infections are 

considered to be spill-over after an infected house mouse was found in the same area (Massolo et 

al., 2014). Therefore, domestic cats are not considered suitable hosts and play a marginal role in 

the life cycle (Romig et al., 2017). 

There have been additional reports of intestinal echinococcosis in a grey fox (Urocyon 

cinereoaegeneteus) in Michigan, USA and alveolar echinococcosis in a chipmunk in Southern 

Ontario, Canada (French et al., 2018; Vande Vusse et al., 1978). Experimental infections in a 

black bear and a lynx did not produce eggs 31 days post infection, therefore, these species were 

not thought to be suitable definitive hosts (Massolo et al., 2014). A list of case reports for E. 

multilocularis in wild and domestic canids and humans in the United States, can be found in 

Appendix A.  

Clinical Disease 

Echinococcosis occurs when domestic dogs and cats serve as definitive hosts with E. 

multilocularis adults in the small intestine. Typically, intestinal tapeworm infections do not cause 



47 

overt clinical disease. However, domestic dogs infected with E. multilocularis have exhibited a 

variety of clinical signs reported including, vomiting, diarrhea, hematochezia (bloody diarrhea), 

weight loss, and inappetence (Evason et al., 2025; Kuroki et al., 2020). In one notable case from 

Missouri, a 17-week-old puppy presented with hematochezia and was negative on a passive fecal 

flotation for parasite ova (Kuroki et al., 2020). After, clinical signs returned and radiographs 

suggested a foreign body, an exploratory surgery was performed with an intestinal biopsy 

(Kuroki et al., 2020). Echinococcus multilocularis adults were discovered by histopathology on 

an hematoxylin and eosin (H&E) stained slides (Kuroki et al., 2020). Domestic dogs and cats 

with intestinal echinococcosis are potentially sources of environmental contamination for other 

domestic animals, humans and the local predator-prey lifecycle (Kuroki et al., 2020). This is 

troubling because the eggs are immediately infectious and can withstand desiccation in a range 

of temperatures from -70ºC (-110.2ºF) to 40ºC (104ºF) for up to 1 year (R. C. A. Thompson, 

2017).  

Alveolar Echinococcosis (AE), caused by E. multilocularis, occurs when domestic dogs, 

cats, or humans serve as aberrant intermediate hosts after accidental ingestion of infectious eggs 

from the environment (Romig et al., 2017). The oncosphere larva hatches and travels mainly to 

the liver via the bloodstream where the alveolar hydatid cysts begin to grow slowly (Romig, 

2017). Alveolar hydatid cysts can seemingly grow undetected for 5 – 10 years within the infected 

host before the cyst infiltration causes clinical signs (Romig et al., 2017). The hydatid cysts 

consist of necrotic tissue in the center of the mass, with an inner germinal layer that may or may 

not have protoscolices, a laminated layer, and a host-induced fibrous layer called the adventitial 

layer (Kuroki et al., 2022; Williams & Walzthoni, 2023).  Clinical signs that have been reported 

in dogs include painful, distended abdomen, muscle wasting, lethargy, and vomiting (Kuroki et 
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al., 2022; Williams & Walzthoni, 2023). AE can be difficult to treat with prognosis depending on 

the extent of hydatid cyst growth and infiltration into host tissue. The curative treatment for AE 

is complete surgical resection of the alveolar hydatid cyst; however, this is often unsuccessful 

due to the infiltration of cysts into neighboring tissue (Woolsey & Miller, 2021) (Woosley, 2021; 

Peregrine, 2009). Therefore, a combination of surgery, both complete and partial, and drug 

therapy using albendazole is recommended (Grüner et al., 2017; Kuroki et al., 2022). If surgery 

is not an option, the PAIR (percutaneous aspiration injection and reaspiration) method can be 

used when multiple alveolar hydatid cysts are present that cannot be removed (Williams & 

Walzthoni, 2023). The largest and most accessible cyst fluid is aspirated, and 95% ethanol is 

injected into the cyst, allowed to sit for 10-15 minutes, and then reaspirated from the cyst 

(Williams & Walzthoni, 2023). The PAIR method has varying results with some cysts growing 

larger and rupturing and others shrinking over time until surgery is possible, or the cysts are 

undetectable (Williams & Walzthoni, 2023).   

Zoonosis 

Alveolar echinococcosis (AE), caused by E. multilocularis, occurs when humans become 

aberrant intermediate hosts after accidental ingestion of infectious eggs from the environment 

through contact with contaminated feces, gardening, or ingestion of contaminated food and water 

(Frey et al., 2019; Kuroki et al., 2022). In historic autochthonous human AE cases, patients 

commonly reported a history of fox hunting as a child (Gamble, 1979). The disease process is 

similar to what occurs when domestic dogs become aberrant intermediate hosts. Hydatid cysts 

form in distant organs after germinal cells disseminate from cysts and travel via lymph or blood 

cells to other organs (Kuroki et al., 2022). 
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Human AE cases are considered highly endemic in portions of Western Europe, Central 

and Eastern Europe, and a large geographic area spanning from Russia to northern Japan (Polish 

et al., 2021). The annual incidence of human AE ranges from 0.03 to 1.2 per 100,000 inhabitants, 

but could be higher in endemic regions (Polish et al., 2021). There are an estimated 18,000 new 

cases of human AE per year globally with approximately 91% of those cases being reported from 

China, followed by 42% of cases reported from France, 24% from Germany, and 21% from 

Switzerland, all areas where cases have dramatically risen (Polish et al., 2021).  

The first case reports of Human AE in North America were a man from Winnipeg, 

Manitoba, Canada and a woman from Minnesota, USA (Gamble, 1979; E. James & Boyd, 1937). 

In Canada, the drastic increase human AE cases appeared to follow and increase in case reports 

from wild canids and domestic dogs outside of the Canadian NCR in British Columbia and 

Ontario. There were 12 human AE cases reported between 2001 and 2014, and an additional six 

cases reported since 2016 in Alberta (Massolo et al., 2014, 2019). In the United States NCR, 

outside of the historic case from Minnesota, there are only two human AE cases reported both 

originating in Vermont (Polish et al., 2021, 2022). The historic human AE case in Minnesota was 

identical to the North American N2 haplotype, while all new human AE cases in Canada and the 

United States are all the European strain of E. multilocularis (Massolo et al., 2014, 2019; Nakao 

et al., 2009a; Polish et al., 2021, 2022). The recent case reports of human AE shed more light on 

the emergence and spread of the European haplotype of E. multilocularis outside of the NCR in 

North America. 

Prevention and Control Strategies in Intermediate and Definitive Hosts 

 The main goal of prevention and control programs are to reduce the risk infection in 

humans and domestic dogs and to decrease the geographic spread of disease. There have been 
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multiple programs targeting both intermediate and definitive hosts with effective control 

programs on Ruben Island, Japan and Cyprus (P. S. Craig et al., 2017). Control programs 

targeted towards rodent intermediate hosts are challenging because rodents can repopulate very 

quickly and using poison baits can harm large predators (P. S. Craig et al., 2017). Although, 

there are multiple rodent species that can serve as intermediate hosts, foxes have certain prey 

preferences with specific rodent species being consumed more than others (P. S. Craig et al., 

2017). For example, in Europe, Arvicola scherman and the common vole (Microtus arvalis), are 

considered the main intermediate host for E. multilocularis (P. S. Craig et al., 2017). In the 

contiguous United States, the deer mouse (Peromyscus maniculatus), the meadow vole (Microtus 

pennsylvanicus) and the house mouse (Mus musculus) are the species most commonly found 

infected with E. multilocularis (Deplazes et al., 2017).  Therefore, it is recommended to 

investigate how agricultural and land management maintain rodent populations so that they can 

be altered in order to control rodent numbers, especially near human settlements (P. S. Craig et 

al., 2017). 

 Prevention and control strategies targeting domestic dogs have also been useful, but the 

effectiveness of these strategies depend heavily upon the role of domestic dogs in maintaining 

the lifecycle. If domestic dogs serve as the primary definitive host in an endemic region, then this 

clearly increases the risk of human AE infections. Therefore, regularly treating dogs with 

praziquantel (PZQ) has been shown to be helpful in not only decreasing the number of infected 

animals but also decreasing the environmental contamination of eggs. This strategy was 

successful in St. Lawrence Island, Alaska, where a monthly dog-dosing regimen of PZQ for 10 

years decreased the prevalence of E. multilocularis from 29% to 1-5% in the vole population, 

despite there also being an established transmission life cycle between red foxes and rodents (P. 
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S. Craig et al., 2017). Population management and control has also been attempted in some 

endemic regions in Asia because stray, unowned, and/or community-owned, free-roaming dogs 

would significantly contribute to the zoonotic risk and transmission to humans. However, these 

programs are often unsuccessful because culling domestic dogs is often seen as unethical and is 

widely opposed in many communities (P. S. Craig et al., 2017). 

Prevention and control strategies targeting wild canids, such as red foxes, have also been 

used with mixed success. In European countries, fox populations significantly increased when 

rabies was eradicated, and this was exacerbated by continual decrease in fox hunting and 

trapping (Romig et al., 2017; Schweiger et al., 2007). Any hunting efforts to decrease population 

have been countered by the fox’s ability to successfully reproduce and rebuild the population. 

Culling fox populations was successful in the eradication of E. multilocularis on Ruben Island in 

Japan. Red foxes were considered an invasive species after 12 pairs were introduced between 

1924 and 1926 for rodent control (P. S. Craig et al., 2017). The control program, 1950 to 1970, 

helped to eradicate foxes on the island and capture and necropsy domestic dogs and cats. This 

aggressive, yet effective, program helped decrease the number of human AE cases from 111 in 

1964 to no new cases reported since 1994 (P. S. Craig et al., 2017). Lastly, the use of PZQ baits 

can be challenging, and costly, because baits must be administered on a monthly basis to account 

for reinfection. However, these programs have been utilized successfully in foxes in countries 

like Germany, Switzerland, Japan, Slovak Republic and France (Romig et al., 2017). 

 1.3 Current and Historical Diagnosis of Tapeworms of Veterinary 

Importance 

 1.3.1 Historical Diagnosis 

 1.3.1.1 Passive (or benchtop) fecal flotation 
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 The goal of performing a fecal flotation is to concentrate parasite eggs while 

simultaneously separating them from fecal debris (A. M. Zajac et al., 2021). A passive fecal 

flotation is typically used in veterinary clinics where centrifugation is not available. There are 

limitations when performing a passive fecal flotation to detect tapeworm eggs. First, tapeworm 

eggs are dense and heavy, taenia-type eggs have a SPG of 1.2-1.3 and Dipylidium egg packets 

have a SPG of 1.30-1.45. Therefore, a flotation solution with an SPG of at least 1.27 is needed in 

order to float and recover eggs (David & Lindquist, 1982; Dryden et al., 2005). Sheather’s sugar 

flotation solution (SPG 1.27), which is the preferred flotation solution used to float most parasite 

eggs, has a low sensitivity in passive flotations because the viscosity doesn’t allow eggs to 

passively float (Dryden et al., 2005). Passive fecal flotations using a salt flotation solution (Sp. G 

< 1.18) are unable to float eggs from Taenia spp. and Dipylidium and can quickly crystalize on 

the microscope slide, causing a distortion of parasite eggs making them difficult to identify (A. 

M. Zajac et al., 2021). Therefore, tapeworm infections often go undiagnosed when using this 

method, as was the case of echinococcosis in a 17-week old puppy in Missouri, USA (Kuroki et 

al., 2020).   

 1.3.1.2 Adult worm identification 

Historically, tapeworm species have been described using the similarity concept, which is 

centered primarily on morphological differences or host identity, to identify different tapeworm 

species (Padgett et al., 2005). Tapeworm proglottids are normally shed in individual, or multiple, 

segments, stained and preserved to identify key morphological features such as tegument, genital 

pores, reproductive structures, and eggs.  

This method, while useful for identifying tapeworm morphology, has brought widespread 

confusion when it comes to identifying tapeworm species. These were the hurdles that plagued 
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Kuchta & Scholz (2017) when aiming to understand the epidemiology and distribution of broad 

tapeworms (Kuchta & Scholz, 2017). Just relying on morphology alone did not account for the 

high intraspecific, host-related variability and uniformity of general morphological features 

within a tapeworm taxon (Kuchta et al., 2024). For example, Anderson (1972) observed 

morphologically smaller mature segments, with smaller ovaries and uteri, of Diphyllobothrium 

dendriticum in golden hamsters (Mesocricetus auratus) infected with single tapeworm infections 

versus heavy infections (Andersen, 1972). Meanwhile, also observed no correlation with 

increasing population size when looking at differences in scolex height and length, neck length, 

number of segment anterior to the primordia or number of segments anterior to the first gravid 

uterus (Andersen, 1972). These observations lead to a large number of species identified from 

the same hosts and regions bringing to question the validity of the taxa (Kuchta & Scholz, 2017).  

Additionally, it is common to find reports of new species from ill-preserved specimens that lack 

well-defined morphological detail (Kuchta et al., 2024). These difficulties were also observed in 

Mesocestoides spp. and Dipylidium caninum (J. R. J. Jesudoss Chelladurai & Brewer, 2021) 

 1.3.1.3 Arecoline Purgation 

Arecoline was used as a crude dewormer and pre-mortem diagnostic test for 

Echinococcus spp. infections in domestic dogs (Siles-Lucas et al., 2017). Arecoline 

hydrobromide is a synthetic compound given orally, or rectally, that relaxes the smooth muscles 

of the intestine and paralyzes worms (P. S. Craig et al., 2017). Arecoline was used in the late 19th 

to early 20th centuries including the 1960s as a surveillance method for rural-owned domestic 

dogs in Iceland, New Zealand, Tasmania and Cyprus (P. S. Craig et al., 2017). 

Limitations to arecoline usage is that some domestic dogs may take >60 minutes to 

purge, may need a second dose, or may not purge at all. This method has a sensitivity of 68% 
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because the tapeworms recovered have to be preserved and identified, and a specificity of 100% 

because if worms are not present in the gastrointestinal tract, then they will not be recovered 

(Deplazes et al., 1999; Eckert, 2003; Eckert et al., 2001). The method is also laborious and time 

consuming in large-scale surveillance (P. S. Craig et al., 2017). Arecoline can cause intestinal 

perforation, which can lead to death, and is contraindicated in younger, older, and pregnant dogs 

(Eckert et al., 2001). Despite still being used today, this method is dangerous and potentially 

unreliable. 

 1.3.1.4 Sedimentation and counting technique (SCT) 

Sedimentation and counting technique (SCT) was once considered the ‘gold standard’ for 

post-mortem diagnosis of Echinococcus multilocularis in domestic and wild canids. The process 

involves collecting intestines at necropsy, scraping them to remove the intestinal lining and 

counting to evaluate infection intensity (Conraths & Deplazes, 2015). It was recommended for 

the use of large-scale wild canid surveillance. 

Limitations for SCT include being labor-intensive, time consuming, requires special 

equipment, and the skillset to morphologically identify Echinococcus spp. tapeworms (K. Gesy, 

Pawlik, et al., 2013). SCT requires sedimentation of sample that may take hours before sifting 

can begin and can still lead to a false negative if there is a low infection intensity (Conboy, 2009) 

(Thompson, 1986; Conboy, 2009). This method also uses saline, which can distort worm 

structure making it difficult to identify morphologically and molecularly (K. Gesy, Pawlik, et al., 

2013).  

 1.3.2 Current Diagnostic Techniques 

 1.3.2.1 Centrifugation Fecal Flotation 
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Centrifugal fecal flotation is the most common fecal diagnostic technique used to identify 

parasite eggs and diagnose tapeworm infections (A. M. Zajac et al., 2021). Centrifugal fecal 

flotation requires two to five grams of fresh feces mixed with Sheather’s sugar (SPG 1.27-1.33) 

most commonly, but Zinc Sulfate (SPG 1.24) can also be used, flotation solution and centrifuged 

to float the egg stages. Limitations for this method include low sensitivity of recovering 

tapeworm eggs because the eggs are often contained in proglottids that are shed in the feces 

(Little et al., 2023). Breaking up the proglottids during feces homogenization would help 

recovery, but proglottids are shed intermittently and may not be found in every fecal sample 

(Conboy, 2009; Dryden et al., 2005; A. M. Zajac et al., 2021). Even when using a high specific 

gravity solution, such as Sheather’s sugar, cestode eggs such as taenia-type eggs (SPG 1.2 – 1.3) 

and D. caninum egg packets (SPG 1.30-1.45) are dense and heavy and may not float (Dryden et 

al., 2005; Little et al., 2023). Additionally, taenia-type eggs cannot be identified past the family 

level because all taeniid eggs are morphologically similar (Urqhuart et al., 1996). Lastly, this 

method requires experienced personnel that can correctly identify and distinguish parasite eggs 

(Dryden et al., 2005). 

 1.3.2.2 Molecular detection of DNA in feces 

Molecular detection using polymerase chain reaction (PCR) can be used to detect pre-

patent and current tapeworm infections. This has become a widely accepted method, not only for 

taxonomic classification, but is especially useful for adult and/or egg samples are damaged or 

degraded. Perianal swabs have been used for the detection of D. caninum infection. Perianal 

swabs collect remnant parasite material from proglottids concentrated in the perianal region 

(Elsemore et al., 2023; Labuschagne et al., 2018). However, perianal swabs cannot be used to 

determine active infection because residual parasite material can persist after successful 
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treatment (Labuschagne et al., 2018; Muchaamba et al., 2021). A fecal PCR for D. caninum  has 

also been used, but was shown to underperform when compared to PCR of the perianal swab 

(Elsemore et al., 2023). The underperformance of the D. caninum fecal PCR to perianal swab 

PCR could be due to fecal inhibitors affecting sensitivity of fecal PCR and the intermittent 

shedding of proglottids as well as egg packets not being evenly distributed in the sample 

(Monteiro et al., 1997; G.-Q. Zhu et al., 2019). Diagnostic companies have used molecular 

detection for the rapid screening of feces from domestic dogs and cats for multiple parasites at 

once. Specifically, Antech Diagnostics Inc. (Fountain Valley, CA) has created a multiplex PCR 

that detects over 20 common parasites infecting domestic dogs and cats including tapeworms 

(Evason et al., 2025; Leutenegger et al., 2023). The KeyScreen GI Parasite PCR (Antech 

Diagnostics Inc.) is a copro-PCR that amplifies DNA from the following tapeworms: D. 

caninum, Taenia spp., E. granulosus, and E. multilocularis. Recently, the KeyScreen GI Parasite 

PCR (Antech Diagnostics Inc.) was able to detect 26 of 2,333,797 dog fecal samples from a 

reference laboratory as E. multilocularis in multiple states and provinces in North America 

(Evason et al., 2025; Peregrine et al., 2012). In a research setting, a multiplex PCR was 

developed to differentiate Taenia spp., E. granulosus, and E. multilocularis for the screening of 

wild canid feces and molecular identification of taenia-type eggs in those samples (Trachsel et 

al., 2007).  

 1.3.2.3 Coproantigen testing 

 Immunologic tests have been used to detect host antibodies to certain tapeworm species 

but have a problem with differentiating exposure from active infection (D. J. Jenkins et al., 

1990). This is worrisome, especially when detecting Echinococcus spp. infections, because it is 

difficult to start treatment and control programs in endemic areas. A coproantigen ELISA was 
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created for E. multilocularis with the capability of detecting antigen from eggs and adults and the 

ability to detect pre-patent infections (Allan et al., 1992; Deplazes et al., 1992). This test still 

comes with limitations, struggling to detect low worm burden and cross-reactivity with Taenia 

spp., which lead to decreased diagnostic sensitivity and specificity, respectively (Torgerson & 

Deplazes, 2009). In D. caninum, however, a coproantigen immunoassay created and used by 

IDEXX diagnostic laboratory (IDEXX Laboratories, Inc., Westbrook, ME) has increased 

diagnostic sensitivity able to detect infections as early as 10 days before proglottid shedding in 

some cases (Elsemore et al., 2023). In a recent study evaluating the fecal samples from pet-

owned and shelter dogs in six states in the United States, the coproantigen immunoassay 

increased detection of D. caninum by several fold (Little et al., 2023). A total of  877 dogs (589 

pet and 288 from municipal shelters) were tested using a zinc sulfate centrifugal flotation, D. 

caninum  coproantigen, and perianal swab PCR. In pet-owned dogs, D. caninum infection was 

detected in 2.2% of samples by coproantigen, 0% by fecal flotation and 1.2% by perianal swabs 

and in shelter dogs D. caninum infection was detected in 12.5% of samples using coproantigen, 

0.3% using fecal flotation and 11.1% using perianal swabs (Little et al., 2023).  

 1.3.2.4 Scraping, filtration and counting technique (SFCT) 

Sedimentation, filtration, and counting technique (SFCT) is an improved method of the 

SCT and considered the new ‘gold standard’ for large-scale surveillance of Echinococcus spp. 

tapeworms in wild canids. This process involves freezing intestines at -80ºC for at least 7 days 

for biosafety, thawing the samples, cutting the intestines into sections, and then longitudinally 

cutting the intestines open to access intestinal lining (Duscher et al., 2005; Eckert & Deplazes, 

2004). These samples are shaken in jars of distilled water (dH2O), then scraped between two 

fingers to remove any remaining lining. The slurry is then sieved once through a large mesh 
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sieve (1 mm pore size) to remove large debris and macroscopic parasites and again through a 

smaller sieve (150 um pore size) to retain all scolices and segments (K. Gesy, Pawlik, et al., 

2013). The addition of the filtration step helped to improve the sensitivity of Echinococcus sp. 

recovery in one study from 25% (21/85) using SCT to 27% (23/85) using the SFCT (K. Gesy, 

Pawlik, et al., 2013). Also helped to reduce false positive and negative results by decreasing 

intestinal villi that could be mistaken for tapeworms (K. Gesy, Pawlik, et al., 2013). 

Limitations still exist for this study, despite being improved from the SCT. This method 

is still time consuming despite decreasing the average processing time by 68.5 minutes per 

sample (K. Gesy, Pawlik, et al., 2013). This method requires both space to process intestines and 

a skillset to morphologically identify Echinococcus spp. adults. 

 1.4 Treatment and Prevention of Tapeworms of Veterinary Importance 

 1.4.1 Treatment with anthelmintics 

 Treatment of tapeworms of veterinary importance is predominantly achieved by using 

two drugs: praziquantel and epsiprantel (Bowman, 2021). Belonging to the isoquinolone drug 

class, these drugs are safe, effective and approved anthelmintics for use in the United States 

(Bowman, 2021). Treatment can also be achieved using other anthelminthics such as 

Fenbendazole and  

 1.4.1.1 Praziquantel 

 Praziquantel (PZQ) is an isoquinolone primarily used for the treatment of tapeworms in 

domestic dogs and cats (Bowman, 2021). The biochemical mechanism of action of praziquantel 

is unknown in tapeworms (C. M. Thomas & Timson, 2020). However, studies evaluating the 

effect of praziquantel on the fluke Schistosoma mansoni, have shown that praziquantel acts on 

calcium channels and causes rapid release of calcium into the cytoplasm of cells, leading to 
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muscle contraction and paralysis (Coles, 1979). The paralysis prevents mating and egg 

production and enables expulsion of adult parasites by the host immune system (Coles, 1979). 

Praziquantel also caused vacuolization of the tegument by slowing depolarization leading to 

regionalized lesions, erosion of the tegument, exposure of worm antigens important for immune 

function and eventually expulsion of worms from the host (Park & Marchant, 2020).  

Praziquantel has marked efficacy against a wide range of tapeworms. When administered 

orally, PZQ has complete absorption and rapid distribution throughout the body and across the 

blood-brain barrier (Bowman, 2021). Praziquantel is metabolized to 4’-hydroxy-praziquantel in 

dogs, inactivated in the liver, and 80% of the drug is eliminated in the urine (Bowman, 2021; 

Dayan, 2003). Praziquantel is very safe with only vomiting recorded at dosages greater than 200 

mg/kg; therefore, there is no establish oral LD50 for domestic dogs (Bowman, 2021; Dayan, 

2003).  

 Praziquantel is labeled for the routine treatment of many common tapeworms infecting 

domestic dogs and cats including Dipylidium caninum, Echinococcus granulosus, E. 

multilocularis, Mesocestoides spp., Taenia taeniaformis, T. pisiformis, and T. hydatigena 

(Bowman, 2021). PZQ can be administered orally or injected subcutaneously (SQ) at 5 mg/kg to 

treat the aforementioned tapeworm species (Bowman, 2021). The false tapeworms, D. latus and 

Spirometra sp. 2, can be more difficult to treat so it is recommended to increase the dose to 25 

mg/kg for two consecutive days (Bowman, 2021).  

 1.4.1.2 Epsiprantel 

 Epsiprantel, another cestocidal isoquinolone, has poor oral bioavailability, no known 

metabolites, and only 0.1% of the drug is recovered in the urine (Riviere & Papich, 2018). 

Epsiprantel is chemically related to praziquantel and has similar affects calcium homeostasis 
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within the parasite by damaging to tegument and making the parasite vulnerable to lysis and 

digestion in the host gut (Riviere & Papich, 2018). Epsiprantel has low gastrointestinal 

absorption, therefore it is a safe drug. However, it is unknown if epsiprantel is safe to give in 

pregnant dogs and cats (Bowman, 2021). The LD50 oral dose in mice and rats was greater than 

5000 mg/kg. In dogs, doses 36 times the labeled dose were well tolerated. Doses given 40 times 

the therapeutic dose caused vomiting in some kittens (Riviere & Papich, 2018). 

 Epsiprantel is labeled for the removal of common tapeworms in domestic dogs and cats 

such as Dipylidium caninum, Taenia hydatigena, T. pisiformis, and T. taeniaformis (Bowman, 

2021). It is available in an oral tablet at 2.75 mg/kg for cats and 5.5 mg/kg for dogs.  

 1.4.1.3 Fenbendazole 

 Fenbendazole belongs to the benzimidazole drug group that have a broad spectrum of 

anthelminthic activity. This drug group is overall remarkably safe. Fenbendazole acts by binding 

to the parasite -tubulin causing disruption of cell division, cell shape maintenance, cell motility, 

cell secretion, nutrient absorption and intracellular transport (Riviere & Papich, 2018). The loss 

in cell function leads to decreased glucose uptake and loss of transport of secretory vesicles and 

ultimately leads to death of the parasite (Riviere & Papich, 2018). Fenbendazole has poor water 

solubility so dosages are given by mouth (Riviere & Papich, 2018). Despite this, fenbendazole is 

lipophilic and remain in the bloodstream for longer periods of time (Riviere & Papich, 2018). 

Fenbendazole can be used to treat Taenia spp. tapeworms, except for E. granulosus and E. 

multilocularis, at 50 mg/kg daily for 3 consecutive days (Riviere & Papich, 2018).  

 1.4.1.4 Nitroscanate 

Nitroscanate (4-(4’-nitrophenoxyl) phenyl isothiocyanate) is a synthetic 

chemotherapeutic agent with broad spectrum activity against tapeworms of dogs (Bowman et al., 
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1991). The mechanism of action of nitroscanate in tapeworms is unknown (Bowman et al., 

1991). In other flatworms, like flukes, nitroscanate has been shown to inhibit the uptake of 

adenosine triphosphate, which inhibits cellular processes like muscle contraction, the transport of 

ions across the cell membrane, and energy for rebuilding and repairing cellular components 

(Cornish & Bryant, 1976). Field trials evaluating the efficacy of nitroscanate in dogs with Taenia 

hydatigena and Echinococcus granulosus using a particle size of 10-20 m showed efficacy in 

clearing both infections (Gemmell & Oudemans, 1975). However, the medication given at this 

dose caused vomiting, diarrhea, and a transient tranquilizing in some dogs (Gemmell & 

Oudemans, 1975). So, the active ingredient of nitroscanate was micronized to a particle size of 2-

3 m and used in a field trial for the elimination of E. granulosus and T. pisiformis in domestic 

dogs and showed reduced worm burdens without the increase in toxic effects (Gemmel et al., 

1977). Nitroscanate has also shown efficacy against Dipylidium caninum with 100 percent 

clearance of worms at 200 mg/kg and 97.9 percent at the micronized dose of 50 mg/kg (Richards 

& Somerville, 1980). Nitroscanate is not approved by the Food & Drug Administration (FDA) 

and is not available in the United States.  

 1.4.1.5 Nitazoxanide 

Nitazoxanide is a nitrothiazolyl-salicylamide, a broad spectrum antiparasitic drug used 

for the treatment of protozoans (i.e. Cryptosporidium sp. And Giardia sp.) (De Lima et al., 

2021). Nitazoxanide acts on the glutamate-gated ion channel. Several studies have shown that 

nitazoxanide affects the cystolic and mitochondrial energetic metabolism of Taenia crassiceps 

(De Lima et al., 2021). Additionally, nitazoxanide also effects the parasite morphology by 

inducing lesions on the mitochondrial membrane (De Lima et al., 2021). Nitazoxanide also 

affects hydatid cysts by attacking the germinal layer to prevent growth and production of 
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protoscolices (De Lima et al., 2021). Nitazoxanide is FDA-approved for the treatment of 

Giardiasis in humans (White Jr, 2004). In dogs, nitazoxanide has been effective for extra-label 

use for the treatment of tapeworms (C. Liu et al., 2015; Shakya et al., 2018).  

 1.4.2 Prevention using broad spectrum products containing praziquantel 

 Broad spectrum products have different combinations, dosing regiments, and applications 

to fit pet and owner preferences and lifestyles. There are a few approved broad-spectrum 

products available for the prevention of common tapeworms in domestic dogs and cats including 

Dipylidium caninum, Taenia pisiformis, T. taeniaformis, and the adult stages of Echinococcus 

granulosus and E. multilocularis in the United States (see Tables 1.3 and 1.4).  

Table 1.3  Canine broad spectrum products effective against tapeworms in the US 

Product 

Name 

Min. 

weight 

(lbs) 

Min. age 

(weeks) 

Drugs (minimum dose) Route of 

Application 

Parasites 

Treated 

Credilio 

Quattro 

3.3 8w Lotilaner (20 mg/kg) + 

moxidectin (0.02 mg/kg) 

+ praziquantel (5 mg/kg) 

+ pyrantel (5 mg/kg) 

PO – tablet Dc, Tp, Eg, 

Di, Tc, Tl, 

Us, Cf, Aa, 

Dv, Is, Rs 

Interceptor 

Plus 

2 6w Milbemycin oxime (0.5 

mg/kg) + praziquantel (5 

mg/kg) 

PO – 

monthly 

chew 

Tp, Em, Eg,  

Di, Ac, Tc, 

Tl, Tv 

Iverheart 

Max 

 8w Ivermectin (0.006 

mg/kg) + pyrantel (5 

mg/kg) + praziquantel (5 

mg/kg) 

PO – 

monthly 

chew 

Dc, Tp, Di, 

Ac, Ab, Us, 

Tc, Tl 

Sentinel 

Spectrum 

 

2 6w Milbemycin oxime (0.5 

mg/kg) + lufenuron (10 

mg/kg) + praziquantel (5 

mg/kg) 

PO – 

monthly 

chew 

Tp, Em, Eg, 

Di, Ac, Tc, 

Tl, Tv  

Dc = Dipylidium caninum; Tp = Taenia pisiformis; Em = Echinococcus multilocularis; Eg = E. 

granulosus; Di = Dirofilaria immitis; Ac = Ancylostoma caninum; Ab = Ancylostoma bazilense; 

Us = Uncinaria stenocephalus; Tc = Toxocara canis; Tl = Toxascaris lenonina; Tv = Trichuris 

vulpis; Cf = Ctenocephalides felis; Aa = Amblyomma americana; Dv = Dermacentor variabilis; 

Is = Ixodes scapularis; Rs = Rhipicephalus sanguineus 
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Table 1.4  Feline broad spectrum products effective against tapeworms in the US 

Product 

Name 

Min. 

weight 

(lbs) 

Min. age 

(weeks) 

Drugs (minimum 

dose) 

Route of 

Application 

Parasites 

Treated 

NexGaurd 

Combo 

1.8 8 Esafoxolaner (1.44 

mg/kg) + 

eprinomectin (0.48 

mg/kg) + praziquantel 

(9.98 mg/kg) 

Spot-on Dc, Di, At, 

Ab, Tc, Aa, 

Is 

Profender 2.2 8w Emodepside (3 

mg/kg) + praziquantel 

(12mg/kg) 

Spot-on Dc, Tt, At, 

Tc 

Dc = Dipylidium caninum; Tt = Taenia taeniaformis; Di = Dirofilaria immitis; At = Ancylostoma 

tubaeformae, Ab = Ancylostoma brazilense; Tc = Toxocara cati; Aa = Amblyomma americana; 

Is = Ixodes scapularis 

 

 1.4.3 Praziquantel Resistance 

Resistance has been widely documented in veterinary parasitology, most notably in 

Dirofilaria immitis (canine heartworm) and Ancylostoma caninum (canine hookworm) 

(Bourguinat et al., 2015; Jimenez Castro et al., 2023; Venkatesan et al., 2023). Resistance is 

described as the phenomenon when heritable genetic changes in a population of helminths result 

in a larger proportion of the population remaining alive following the administration of a 

previously effective drug dose (Loftus et al., 2022). 

Recently, the first documented case of PZQ resistance in D. caninum was reported in five 

domestic dogs from Michigan, Colorado, Minnesota, and two dogs from Iowa (J. Jesudoss 

Chelladurai et al., 2018). None of the cases could be resolved with labeled doses of PZQ, 

Epsiprantel, or higher doses and durations (J. Jesudoss Chelladurai et al., 2018). Although one 

case was lost to follow-up, the other cases resolved eventually using a variety of treatment 

options (J. Jesudoss Chelladurai et al., 2018). One case was successfully treated with 

nitroscanate, and two cases were treated with a combination of pyrantel/praziquantel/oxantel 

compound, where pyrantel was thought to play a synergistic role with the other compounded 
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anthelmintics (J. Jesudoss Chelladurai et al., 2018). One case ceased shedding proglottids 

spontaneously after several months of treatment and it was proposed that the worms reached 

their natural lifespan and were expelled from the body (J. Jesudoss Chelladurai et al., 2018). 

Another case of a probable PZQ-resistant case of D. caninum was successfully treated with 

nitroscanate in New York state (Loftus et al., 2022). 

The first international report of PZQ-resistance was reported from Europe (Oehm et al., 

2024). Treatment was ultimately successful with mebendazole at an increased dose of 86.2 

mg/kg after treatments with PZQ, fenbendazole, epsiprantel, a combination of 

praziquantel/pyrantel/febantel, and lower doses of mebendazole were unsuccessful (Oehm et al., 

2024). 

Anecdotal cases of PZQ resistance are received monthly to the Parasitology Department 

at Kansas State University Veterinary Diagnostic Lab and are presumably increasing in clinical 

practice. In order to ensure success in treating potentially PZQ-resistant cases it is key to ensure 

correct identification of the tapeworm species, there is adequate flea control, correct 

administration of anthelminthics and broad-spectrum products and, most importantly, owner 

compliance (Oehm et al., 2024). 
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 2.1 Abstract 

Background: The cat flea, Ctenocephalides felis, is a common external parasite that can 

transmit a variety of pathogens, including Dipylidium caninum, a zoonotic tapeworm that infects 

the small intestine of cats and dogs.  

Methods: For this study, fleas were collected from cats, dogs, and the home environment of 

residential homes in the Tampa, FL area. A total of 1391 fleas were collected: 281 fleas from 40 

cats, 99 fleas from 8 dogs, and 1011 fleas from 24 home environments. A PCR targeting 28s 

subunit was utilized to detect D. caninum within individual and pools of cat fleas, and sequences 

were compared to known canine and feline D. caninum genotypes.  

Results: A total of 213 pools of three fleas and 65 individual fleas were tested, and of those, 74 

pools were from cats, 26 pools were from dogs, and 113 pools were from the environment. Of 

the pools tested, 8/213 (3.8%) total pools were positive for D. caninum; 2/74 cat pools (2.7%); 

0/26 dog pools (0.0%); 6/113 environmental pools (5.3%). A total of 4/65 (6.2%) of individual 

fleas from the environment were also positive for D. caninum. There was no significant 

difference in the prevalence of D. caninum between the three pool groups (X2
 < 1.45, p > 0.22) 

nor between the pools and individual fleas tested (X2
 = 0.69, p = 0.405). All D. caninum 

sequences shared 100% identity with published feline genotypes of the tapeworm.  

Conclusions: Given there was no significant difference in the percentage of infected on-animal 

or environmental fleas, the tapeworm is likely found at a low level throughout all cat flea 

populations. Additionally, pooled flea testing may be a valid method estimating infection rate for 

more widespread surveillance efforts. These findings provide further evidence of the importance 

for the use of consistent and effective flea control as a method for tapeworm prevention for cats 

and dogs. 
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 2.2 Introduction 

 Dipylidium caninum, the flea tapeworm, is the most common tapeworm of domestic dogs 

and cats in North America. The most common vector for D. caninum is the cat flea, 

Ctenocephalides felis. The cat flea is the most common and important ectoparasite found on 

domestic cats and dogs worldwide (Rust, 2017). Infection with D. caninum occurs when 

domestic cats, dogs, or rarely humans ingest fleas infected with the cysticercoid larval stage. 

Adults develop, mature, and live in the small intestines and shed proglottids containing eggs 

packets in the feces. In order to prevent new and recurrent infections of D. caninum, house pets 

should be treated for current infections and placed on monthly broad-spectrum preventative that 

includes flea control to prevent reinfection.  

 Recent publications have documented molecular differences in D. caninum specimen that 

suggest there are likely two separate species, one which predominantly infects cats and another 

that infects dogs (J. R. J. Jesudoss Chelladurai et al., 2023; Labuschagne et al., 2018; Low et al., 

2017). These molecular differences have been confirmed with infection studies where cats and 

dogs were infected with both genotypes (Beugnet et al., 2018). Dipylidium caninum were more 

likely to successfully infect their corresponding host, and those tapeworm genotypes in the 

correct host also had a shorter prepatent period and a longer lifespan (Beugnet et al., 2018). All 

of this suggests that, while both cats and dogs can be infected with either genotype, the 

genotypes have host-adapted to more successfully live in either cats or dogs, respectively. In 

addition, there have been several case reports documenting D. caninum that was not susceptible 

to normal, and even elevated, doses of praziquantel (J. R. J. Jesudoss Chelladurai et al., 2023; 

Loftus et al., 2022; Oehm et al., 2024). All of the reported cases were in dogs, but the 

publications do not specify the genotype of the Dipylidium collected.  
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 Despite D. caninum being the most common tapeworm of dogs and cats worldwide, 

being zoonotic, and exhibiting newly documented drug-resistant phenotypes, there is a lack of 

information about this tapeworm within the flea intermediate host. Specifically, very few 

publications describe the percent of fleas infected with D. caninum in a given area. In fact, to the 

author’s knowledge, there are no studies documenting the percent of fleas that are positive for D. 

caninum in North America. Worldwide, there are several studies that report 1.5 – 5.2% of cat 

fleas tested were positive for D. caninum, although a variety of pooling and testing methods have 

been utilized (Abdullah et al., 2019; Beugnet et al., 2014; Low et al., 2017). Additionally, 

previous research suggests there may also be differences in the percentage of positive fleas 

removed from cats compared to dogs (Beugnet et al., 2014). This study aims to provide a first 

description of the percent of fleas infected with D. caninum in North America as well as assess 

any differences in infection percentages between fleas removed from cats, dogs, or collected in 

the home environment.  

 2.3 Methods 

 2.3.1 Ethical approval 

All animal handling and treatment procedures were reviewed and approved by Kansas 

State University IACUC #4704. 

 2.3.2 Enrollment 

This study is a portion of a larger study evaluating the efficacy of lotilaner 

(Credelio®CAT; Elanco Animal Health) in controlling natural flea infestations of cats in 

residential homes in the Tampa, FL area. To be included in the “efficacy study”, cats had to be 

healthy and spend the majority of time indoors, no on-animal or premises treatments could have 

been recently given, and the owner had to consent to in-home evaluations for the 12-week study 
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period. Full enrollment and inclusion criteria can be found in the publication for the efficacy 

portion of this study (Sutherland et al., In Review). 

 2.3.3 Flea collections 

Fleas were counted on each cat enrolled in the study using a flea combing technique 

described in a previous study (Dryden et al., 1994). Cats or dogs with ≥ 10 fleas had a subset 

removed for testing and the remainder were returned to the animal to evaluate product efficacy. 

Animals with 10 – 14 fleas, three were removed; 15 – 24 fleas, six removed; 25 – 49 fleas, nine 

removed; ≥50 fleas, 12 fleas removed.  

 The environmental flea population in each participating home was assessed using 

validated intermittent light traps (Dryden & Broce, 1993). Two traps were placed in separate 

rooms for a 16 – 24 h period. The trap locations were selected based on owners’ observations of 

where animals spent most of their time. Fleas were left on the adhesive traps at -20 oC until they 

could be processed in the laboratory.  

All fleas utilized in this study were collected on Day 0 prior to any drug treatments. The 

fleas were morphologically identified as Ctenocephalides felis by a board-certified veterinary 

parasitologist. Fleas were divided into pools of three based on household and source (cat, dog, 

trap), and each individual pet or trap could have up to four pools of three fleas. All additional 

fleas were retained at -20oC for individual testing.  

 2.3.4 DNA extraction and PCR 

Pools of fleas were placed in 500µl of 95% EtOH and vortexed for 30s. The EtOH was 

then removed, and the step was repeated using nuclease-free water (Sridhar et al., 2022). The 

fleas were then removed and placed into ZR BashingBead™ Lysis Tubes (0.1- & 2.0-mm 

Beads) (Zymo Research; Irvine, CA). The pools were homogenized for 1 minute using a 
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FastPrep-24™ Classic bead beating grinder and lysis system (MP Biomedicals; Santa Ana, 

CA) and DNA extracted using the QIAwave DNA Blood & Tissue Kit (Qiagen; Hilden, 

Germany). A conventional PCR targeting the 28S rDNA was performed using primers (DC28S-

1F and DC28S-1R) and protocol previously described by Beugnet et al., (2014). DNA from 

positive samples was purified using Wizard DNA Cleanup System (Promega; Madison, WI) and 

set for Sanger sequencing at Eurofins Scientific (Lancaster, PA). Sequences were compared with 

known D. caninum strains on GenBank.  

 2.4 Results 

A total of 1391 fleas from 47 homes were collected during the enrollment period of the 

“efficacy study”. There were 1011 fleas recovered in environmental flea traps, 281 fleas from 

cats, and 99 fleas from dogs (Table 1). A total of 113 pools of fleas from 40 traps in 24 homes, 

74 pools from 40 cats in 31 homes, and 26 pools from 8 dogs in 7 homes were tested. Of the 

pools tested, 8/213 pools (3.8%) tested positive by PCR for D. caninum; 6/113 (5.3%) of pools 

from traps, 2/74 (2.7%) of pools from cats, and 0/26 (0%) of pools from dogs. There were no 

homes with more than one positive pool from the traps or cats, and only one home (Home 39) 

had a pool from a trap and cat both tests positive. There is no significant difference between the 

percentage of positive pools from traps, cats, or dogs (X2
 < 1.45, p > 0.22). The Minimum 

Infection Rate (MIR) calculated for the total 213 pools of fleas is 1.25% (Std. Error = 0.44). In 

homes where pools of fleas were tested, there was a significant difference in the total number of 

pools tested (trap + cat) in homes with at least one positive pool (Mean = 11.17) and homes with 

no positive flea pools (Mean = 7.17) (U = 18.5, p = 0.017).  There was not a significant 

difference between the mean trap flea numbers of positive (Mean = 36.6) and negative homes 

(Mean = 43.9) (U = 39.0, p = 0.317).   
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Additionally, 65 individual fleas from environmental flea traps in 37 homes were also 

tested with only one flea tested from 20 homes, two fleas from 9 homes, three fleas from 5 

homes, and four fleas from 3 homes (Table 1). Of the individual fleas tested, 4/65 (6.2%) tested 

positive for D. caninum, including two fleas from the same trap in Home 24. There was no 

significant difference between the percentage of pools testing positive for D. caninum and 

individual fleas tested (X2
 = 0.69, p = 0.405). All of the positive individual fleas were collected 

from homes with a positive pool of trap fleas (Homes 13, 24, and 41).  

All Dipylidium caninum sequences from positive pools and individual fleas most closely 

matched published feline genotypes (MH045477: 100.00% identity) and were more dissimilar to 

canine genotypes (MH04566: 96.17% identity).  

 

Table 2.1 Description of the total fleas, traps, cats, pools of fleas, and individual fleas collected 

from each home. 

Home Number 

of fleas 

collected 

in traps 

Number 

of traps 

with 

fleas 

Trap 

pools 

tested 

Number 

of cats 

with 

fleas 

Cat 

pools 

tested 

Number 

positive 

pools 

Total 

pools 

tested 

Individual 

fleas 

tested 

1 25 2 5 2 4 - 9 3 

2 - - - - - - - 1 

3 - - - 1 2 - 2 - 

4 - - - 1 2 - 2 - 

5 - - - - - - - 1 

6 - - - 1 1* 1 1 - 

7 - - - 1 3 - 3 2 

8 59 2 7 1 3 - 10 3 

9 - - - - - - - 1 

10 - - - 1 1 - 1 - 

11 6 1 2 1 2 - 8 1 

12 18 1 4* 2 3 1 7 2 

13 20 1 4* 1 1 1 9 4* 

14 - - - - - - - 1 

15 10 2 2 1 1 - 3 2 

16 17 2 5 1 1 - 6 1 

17 - - - 1 1 - 1 - 
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18 - - - - - - - 1 

19 38 2 8 1 3 - 11 4 

20 - - - 1 1 - 1 - 

21 4 1 1 - - - 1 1 

22 27 1 4 3 9 - 13 3 

23 - - - 1 1 - 1 - 

24 34 2 7* 3 5 1 16 3** 

25 - - - - - - - 1 

26 99 2 7 1 1 - 8 2 

27 - - - - - - - 1 

28 - - - - - - - 2 

29 13 2 4 2 4 - 8 1 

30 - - - - - - - 1 

31 17 2 5 - - - 9 2 

32 10 2 3 2 2 - 8 1 

33 33 2 5 - - - 5 3 

34 - - - 1 2 - 2 1 

35 387 2 8 1 1 - 9 4 

36 - - - 1 1 - 1 - 

37 - - - 1 1 - 1 - 

38 - - - 1 1 - 1 - 

39 42 2 8* 2 6* 2 14 2 

40 7 1 2* 1 4 1 10 1 

41 99 2 8* 1 3 1 11 2* 

42 - - - - - - - 1 

43 7 1 2 1 1 - 6 2 

44 12 1 4 - - - 4 1 

45 20 2 6 - - - 6 1 

46 - - - - - - - 1 

47 7 2 2 1 3 - 5 1 

Totals 1011 40 113 40 74 8 213 65 

*Indicates a positive PCR test for Dipylidium caninum 

**Indicates two positive PCR tests for Dipylidium caninum 

 

 2.5 Discussion 

 Dipylidium caninum remains an important parasite affecting dogs and cats worldwide. 

Recent reports of praziquantel resistance highlight the need for multimodal prevention focusing 

on effective flea control, and yet, the lack of prevalence data for fleas and Dipylidium caninum in 

fleas leaves pets at unknown risk levels. In this study, we were able to document the percent of 

D. caninum-infected fleas in a small geographic region in west central Florida, which is the first 
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description of infection prevalence in North America. This was a cat-focused product efficacy 

study where fleas were opportunistically collected from infested pets and home environments. 

Despite having significant flea infestations, no owners reported seeing proglottid shedding at the 

time of enrollment, although pets in Home 44 were later diagnosed with D. caninum infections. 

This is of note as all of the 4 flea pools and 1 individual flea tested negative for D. caninum.  

The percent of positive trap pools (5.3%), cat pools (2.7%), and individual fleas (6.2%) 

are similar to the few published of D. caninum in cat fleas. The previous studies described 2.23% 

of individual C. felis from cats and 5.2% from dogs testing positive for D. caninum (Beugnet et 

al., 2014). Several studies looked at pooled prevalence, although the pool sizes were variable. 

Low et al. tested 42 individual fleas and 10 pools of 3 – 8 fleas (Total fleas = 92) and determined 

a MIR = 2.2% (Low et al., 2017). Similarly, Abdullah et al. tested pooled fleas for D. caninum 

but by flea species and animal. While there is no exact description of the pool sizes, 13/429 pools 

tested positive for D. caninum, although no MIR was calculated from the pooled testing 

(Abdullah et al., 2019). Therefore, the MIR calculated from this study (1.25%) represents the 

lower bound of the reported prevalence of D. caninum in the cat flea. The pool size of 3 fleas 

was chosen for a separate study focusing on Bartonella spp. and Rickettsia spp., but this pool 

size may be appropriate for larger surveillance efforts given there was no significant difference 

between the percent of positive pools from the environment (5.3%) and individual fleas (6.2%).   

There were no significant differences between the percent of positive flea pools from 

traps and cats (p = 0.22) suggesting that the prevalence of D. caninum remains at a low level in 

fleas throughout the infested environment. Given that significantly more fleas were collected 

from the home environment than from animals, testing more trap-collected fleas could increase 

the sensitivity of testing compared to lower numbers of on-animal fleas. This is highlighted by 
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the fact that the likelihood a household would have a D. caninum positive at all was correlated 

with the number of pools tested and not total fleas collected. Increasing the total pools tested is 

more feasibly done through testing increased numbers of trap pools than enrolling more cats in a 

study.  

The main efficacy portion of this study was focused on the efficacy of lotilaner in 

controlling fleas on cats (Sutherland et al., In Review), and therefore the household 

demographics were skewed to include more cats than dogs. While some fleas were collected 

from dogs, there were significantly more pools of fleas tested from cats. Because of the low 

number of flea pools tested, there was no difference between the percent of positive fleas from 

cats (2.7%) and dogs (0%) (p = 0.4). Additionally, all of the positive D. caninum samples most 

closely matched reported published sequences for the feline genotype found in the United States, 

Europe, and South Africa (Labuschagne et al., 2018). Further research focusing on fleas 

collected from dogs would be needed to understand any prevalence or genotype differences from 

fleas collected from cats and dogs in Florida.  

 2.6 Conclusions 

Dipylidium caninum is a worldwide parasite, seemingly found in approximately 2 – 5% 

of cat fleas. This represents an ever-present risk to dogs, cats, and humans. Testing pools of fleas 

may be an efficient method for surveillance of D. caninum, not just for prevalence, but 

potentially genotype variation and drug resistance markers in the future. Overall, more studies 

are needed to determine if the percentage of cat fleas infected with D. caninum varies 

geographically, seasonally, or by vertebrate host. Given the unknown risk of D. caninum from 

fleas and the variable seasonality of fleas across North America, pets should be kept on high-
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quality flea control as an additional measure to not only prevent flea infestations, but also 

infection with the flea tapeworm. 
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 3.1 Abstract 

Background: Echinococcus multilocularis and Echinococcus granulosus sensu lato are zoonotic 

tapeworms of wild canids that also infect humans and domestic animals. The number of sporadic 

human and animal cases of Echinococcus spp. infections being reported in North America is 

driving a need to address the gap in wildlife surveillance of these important cestodes. 

Methods: Coyotes are routinely trapped for fur trading and nuisance control. Carcasses were 

collected from Kansas (n = 53), Missouri (n = 52), Illinois (n = 50), and Indiana (n = 49) and 

processed. Intestinal tracts were removed, frozen at -80°C for at least 7 days, and then processed 

by sifting, filtration, and counting technique (SFCT) to identify adult Echinococcus spp. Positive 

samples were morphologically and molecularly identified using PCR targets for nad1 and rrnS 

genes.  

Results: Echinococcus spp. adults were recovered from 25/53 coyote from KS, 22/52 from MO, 

10/50 from IL, and 8/49 from IN, with an overall prevalence of 31.4%. All, but one, of positive 

samples were morphologically and molecularly identified as E. multilocularis, with sequences 

closely matching isolate E4 using the nad1 and cob gene. The was one positive sample 

molecularly identified as E. granulosus from a coyote in Indiana, U.S.A.. Sufficient feces were 

obtained from 197 coyotes, 144 of which had adult Taenia spp. and/or Echinococcus spp. found 

during SFCT. Taenia-type eggs were recovered from 51/143 adult-positive samples giving a 

sensitivity of 35%. Of the 51 fecal samples positive for taenia-type eggs, 14 had Echinococcus 

spp. adults only, 21 had Taenia spp. adults only, and 16 were coinfections. Additionally, taenia-

type eggs were only found in 1/54 adult-negative samples.  

Conclusion: As the first description of E. multilocularis in wild canids in Kansas, and the first 

systematic description of E. multilocularis in Missouri, this study confirms the expanding range 
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of E. multilocularis. Because coyotes and other wild canids can serve as a source of infection for 

domestic dogs and humans, these findings demonstrate a growing zoonotic threat, given the 

increase in urban and peri-urban coyote populations. Investigation of additional definitive and 

intermediate hosts in historically non-endemic areas is warranted to gain further insights into this 

growing zoonotic threat. 

 3.2 Background 

Echinococcus multilocularis and Echinococcus granulosus sensu lato are zoonotic 

tapeworms with definitive hosts that include wild canids, such as red foxes (Vulpes vulpes), 

coyotes (Canis latrans) and domestic dogs. The eggs of Echinococcus spp. are resistant in the 

environment, and under optimal conditions can remain infective for more than a year (Eckert et 

al., 2001).  After ingestion by intermediate hosts the eggs hatch to release oncospheres that 

penetrate the intestinal wall and migrate to internal organs (Eckert et al., 2001). Humans and 

dogs become aberrant, intermediate hosts after inadvertent ingestion of infectious eggs. 

Infectious eggs may be ingested from contaminated soil or vegetation or activities and 

occupations with significant exposure to canid wildlife or carcasses (Cerda et al., 2018; Lavallée-

Bourget et al., 2024; Nunnari, 2012; Polish et al., 2021). This presents a significant public health 

concern because of the zoonotic alveolar and cystic hydatid disease caused by E. multilocularis 

and E. granulosus, respectively (Eckert et al., 2001; Frey et al., 2017). 

Reports of human and canine echinococcosis in Canada indicate a geographic expansion 

of the range for E. multilocularis (Kotwa et al., 2019; Lavallée-Bourget et al., 2024; Peregrine et 

al., 2012). The increase in cases appears to coincide with reports that the emerging strains most 

closely match pathogenic European haplotypes (Massolo et al., 2019; Polish et al., 2021). 

Historically, in the Midwest United States the North American N2 haplotype of E. multilocularis 
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was endemic with 18 - 21% of wild canids infected in Illinois and Indiana in the 1980s and 

1990s (Ballard & Vande Vusse, 1983; Storandt & Kazacos, 1993). Unpublished data in red foxes 

provided evidence of endemicity in Missouri, while, in Kansas 111 wild canids were tested and 

none were positive . In the United States, the first report of canine alveolar echinococcosis 

outside the known historic endemic range for E. multilocularis was in a domestic dog in Virginia 

(A. Zajac et al., 2020). More cases of alveolar echinococcosis in domestic dogs were reported 

from Missouri, Washington, and Kansas, as well as cases of intestinal echinococcosis of a 

domestic canine was reported in Missouri, Colorado, Kansas, Idaho, Illinois, Montana, Nevada, 

Oregon, Washington, and Wyoming (Evans et al., 2006; Kuroki et al., 2020, 2022; Williams & 

Walzthoni, 2023).  

Surveillance of domestic animals for infection with Echinococcus spp. is complicated and 

unrewarding, as antemortem diagnosis is difficult. A positive fecal flotation may be diagnosed as 

taeniid egg positive without further pursuit of specific identification, and until recently, routine 

PCR testing of canine fecal samples for parasites like Echinococcus spp. was not common  (K. 

Gesy, Pawlik, et al., 2013; E. J. Jenkins et al., 2023; Villeneuve et al., 2015b). With increases in 

urban and peri-urban interactions of coyotes with pet dogs and humans, there is a need for 

surveillance of the associated growth in risk of echinococcosis (C. A. Thompson et al., 2021). To 

provide insight into this risk, this study was initiated to investigate the occurrence of E. 

multilocularis by collecting and examining carcasses of coyotes in the Midwest United States.  

 3.3 Methods 

 3.3.1 Sample Collection 

All animal use was conducted under Kansas State University IACUC #4944, in which no 

animals were harvested specifically for this project. Coyote carcasses were opportunistically 
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collected after being discarded by licensed trappers and hunters in Kansas, Missouri, Illinois, and 

Indiana. Necropsies and carcass disposal were carried out at the Kansas State University 

Veterinary Diagnostic Laboratory. Standard necropsies were performed on all well-preserved 

carcasses with an intact abdominal wall and gastrointestinal tract. Intact intestinal tracts were 

double-ligated using twine, double-bagged in sealable bags, and preserved at -80ºC for a 

minimum of 7 days to inactivate any taenia-type eggs present in the sample (Eckert et al., 2001).  

 3.3.2 Museum Catalog for Host Specimens 

Given that studies on parasites and pathogens invariably lead to extended research 

questions, we prepared host voucher specimens in the form of complete skull, or limb long bones 

(where skull was damaged or absent) and cataloged these, along with cryopreserved muscle 

tissue in the Kansas State Biorepository to facilitate future studies related to our findings 

(Galbreath et al., 2019; C. W. Thompson et al., 2021). All archived vouchers and tissues can be 

accessed through the Arctos digital specimen database (https://arctos.database.museum/) and 

museum catalog numbers for all host specimens have been provided in Appendix B. 

 3.3.3 Sifting, filtration, and counting technique (SFCT) 

After egg inactivation, the intestines were thawed overnight at 4ºC, arranged from 

pylorus to anus, and cut into four sections (K. Gesy, Pawlik, et al., 2013). The two distal sections 

were squeezed to extract any feces present into sample cups, to be used for flotation and PCR 

analysis. The four sections were then longitudinally cut to expose the internal lining and 

individually shaken in a glass jar with 250mL of water. To remove any remaining intestinal 

lining, the intestines were scraped between two fingers into the glass jar and then discarded. The 

contents of the glass jar were then filtered through a 1.4 mm mesh sieve (Fisher Scientific 

Company, No. 14; Pittsburgh, United States) to remove any macroscopic helminths or debris. 

https://arctos.database.museum/
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The filtrate was then sieved through a 150 µm mesh sieve (Dual MFG Co., No. 100; Chicago, 

Illinois, United States) to collect Echinococcus spp. adults or segments. The contents in the 

second sieve were back rinsed into a 50mL falcon tube using water. All intestinal contents were 

microscopically evaluated for Echinococcus spp. adults in 3mL aliquots. If Echinococcus spp. 

adults were found, the sample was deemed positive, adults were morphologically identified 

(Heidari et al., 2019), and a subset of adults was preserved in 70% EtOH for molecular testing.  

 3.3.4 PCR: Echinococcus spp. adults 

For all samples positive for Echinococcus spp. adults, three individual adults and three 

pools of five intact adults were collected and stored in 70% EtOH at -20ºC. Individual adults and 

pools were processed using Zymo Research Quick-DNA Miniprep Kit (Zymo Research; Irvine, 

California, United States) following the Cell Suspensions and Proteinase K Digested Samples 

protocol with modifications. Briefly, first the Echinococcus spp. adults and pools were digested 

in a solution of 95 µL Genomic Lysis Buffer (Zymo Research; Irvine, California, United States), 

nuclease-free water, and Proteinase K, 5 µL for individuals and 10 µL for pools. Then, following 

kit instructions, the adults in solution were incubated in a dry bath at 55ºC for 2 hours prior to 

DNA extraction. Adults were molecularly identified using a multiplex PCR targeting nad1 for 

Echinococcus multilocularis, rrnS for both Echinoccocus granulosus, and Taenia spp. (see Table 

3.1) (Trachsel et al., 2007). PCR reactions were performed in a 50 µL solution of 25 µL GoTaq 

Green, 18 µL Nuclease-free water, 1 µL of each primer (Cest 1-5), and 2 µL of sample gDNA. 

Table 3.1  PCR reaction targeting the nad1 and rrnS gene of E. multilocularis and Taenia spp., 

respectively to determine the species of taeniid DNA (Trachsel et al., 2007). 

Target 

species 
Gene 

Primer 

name 
Sequence (5’-3’) 

Amplicon 

size 

Cycling 

conditions 

E.  

multilocularis 
nad1 

Cest 1 
TGCTGATTTGTTAAAGTTA

GTGATC 
395 bp 

94°C for 

30sec 

 Cest 2 
CATAAATCAATGGAAACA

ACAACAAG 
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E. granulosus rrnS 

Cest 4 
GTTTTTGTGTGTTACATTA

ATAAGGGTG 
117 bp 

58°C for 

90sec 

  

72°C for 

10sec 

 

Repeat for 

40 cycles 

Cest 4 
GCGGTGTGTACMTGAGCT

AAAC 

Taenia spp. rrnS 

Cest 3 
YGAYTCTTTTTAGGGGAA

GGTGTG 
267 bp 

Cest 5 
GCGGTGTGTACMTGAGCT

AAAC 

 

 3.3.5 PCR: Echinococcus spp. Haplotyping 

 To further genetically characterize cestodes for phylogenetic analyses, we evaluated 

additional mitochondrial DNA (mtDNA) genes to determine the haplotype. PCR was performed 

as above using primers designed by Gesy and Jenkins (2015) for the cytochrome b (cob) and 

NADH dehydrogenase subunit 2 (nad2) gene (K. M. Gesy & Jenkins, 2015). Nucleotide 

sequences were concatenated manually using BioEdit (Hall, 1999, 2011). Multiple alignment 

files in PHILIPS and NEXUS formats were prepared in AliView (Larsson, 2014). The resulting 

sequences were compared and aligned to published haplotypes from Asia, Europe, and North 

America. A maximum likelihood phylogenetic tree with 1000 bootstraps was conducted using IQ 

Tree (Hoang et al., 2018; Nguyen et al., 2015). The best-fit substitution model for the data set 

was Hasegawa-Kishini-Yano model using a discrete gamma distribution and assuming a certain 

fraction of sites is evolutionary invariable (KHY + G + I). Taenia saginata was used as an 

outgroup.  

Table 3.2  PCR reaction targeting the nad2 and cob gene of E. multilocularis to determine the 

haplotype (K. M. Gesy & Jenkins, 2015). 

Gene Primers set (5’ – 3’) Amplicon 

parameters 

Amplicon 

bp nt 

NADH 

dehydrogenase 

subunit 2 

(nad2) 

F: GGGTTTTTTTGGAGTTGTG 

R: AAGGCATAGAYACAGGAGTCA 

95 C for 3 min;  

(94 C for 30 s, 

54 C for 30 s, 

623 104 - 727 
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Cytochrome B 

(cob) 

F: TGCGTTATTGGCATATGGTAG 

R: GTGCCACCCTCAGTTGGTACT 

72 C for 45 s) 

x 40; 

72 C for 5 min 

693 209 - 902 

 

 3.3.6 Fecal testing: Flotation and PCR 

 Standard double centrifugal fecal flotations using Sheather’s sugar (S.G. 1.27) were 

performed to recover eggs from ~2 – 5 grams of feces (A. M. Zajac et al., 2021). Any taeniid 

eggs that were recovered were washed off the slide into a 50mL falcon tube using distilled water. 

The tube was centrifuged at 1000 rpm, the supernatant was decanted, and the pellet preserved in 

70% EtOH at -20ºC for PCR. If taeniid eggs were not present, then the slide was discarded.  

Taeniid eggs recovered during flotation were identified to species through molecular testing. A 

QIAamp® Fast DNA Stool Mini Kit (Qiagen, Cat. No. 51604; Hilden, Germany) was used for 

DNA extraction following the “For Pathogen Testing” protocol with a modification of adding 

200uL of InhibitEX buffer to the samples prior to lysis in a dry bath at 70ºC for 5 minutes. For 

PCR identification of taenia-type eggs, a single PCR reaction targeting the NADH 

dehydrogenase subunit 1 (nad1) mitochondrial gene of E. multilocularis and the small subunit of 

ribosomal RNA (rrnS) of Taenia spp., respectively were used (see Table 3.1) (Trachsel et al., 

2007).  

All PCR reactions were visualized on a 2% agarose gel and bands were visualized using 

EZ-Vision® Three. DNA was purified from positive PCR reactions using Promega Wizard SV 

Gel and PCR Clean-Up (Promega; Madison, WI), and sent to Eurofins (Eurofins; Des Moines, 

USA) for sequencing. Sequences were compared to published targets on GenBank (Appendix C).  

 3.4 Results  

From December 2021 to February 2024, 206 wild canid carcasses were collected. In total, 

there were 53 coyotes from 22 counties in Kansas, 52 from 22 counties in Missouri, 50 from 10 
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counties in Illinois, and 49 from 4 counties in Indiana. There were 2 additional red fox carcasses, 

one from Kansas and one from Missouri.  

 

Figure 9  Distribution of Echinococcus multilocularis in wild canids in Kansas, Missouri, 

Illinois, Indiana, Iowa, and Oklahoma. Map includes historical wild canid surveillance and 

current surveillance from this study (Ballard & Vande Vusse, 1983; Dyer & Klimstra, 1980, 

1981; Leiby et al., 1970; Storandt et al., 2002; Storandt & Kazacos, 1993). 

 

From SFCT, Echinococcus spp. adults were collected in 65/204 (31.8%) of coyotes and 

adult Taenia spp. from 122/204 coyotes. Adult Echinococcus spp. were found in 25/53 (47.1%) 

coyotes from Kansas, 22/52 (42.3%) from Missouri, 10/50 (20%) from Illinois, and 8/49 (16%) 

from Indiana; and one red fox 1/1 (100%) from Jackson County in Missouri (Figure 8). Only 
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Echinococcus spp. were recovered from 29/204 coyotes, while 36/204 were co-infected with 

both taeniid adults, and 86/204 were infected with Taenia spp. adults (see Table 3.2). For report 

of additional internal and external parasites found, see Appendix A. Significantly more 

Echinococcus spp. adults were recovered from coyotes from KS and MO coyotes compared to IL 

and IN (X2
KS/IL(1, N = 103) = 8.46, p = 0.003; X2

KS/IN(1, N = 102) = 11.07, p = 0.0009; X2
MO/IL(1, N = 102) 

= 5.89, p = 0.015; X2
MO/IN(1, N = 101) = 8.15, p = 0.004). States with a lower percent of 

Echinococcus spp. positive samples (Illinois and Indiana) had a statistically significant higher 

percent of Taenia spp. positive samples than states with a higher percent of Echinococcus spp. 

positive samples (Kansas and Missouri) (X2
(1, N = 204) = 15.54, p < 0.0001). This difference in 

Taenia spp. positive samples is exacerbated when co-infections are removed and individual 

tapeworm infections are compared between low Echinococcus spp. states (IN/ILEchino = 4%; 

IN/ILTaenia = 53%) and high Echinococcus spp. states (KS/MO(Echino) = 23%; KS/MO(Taenia) = 

25%) (X2
(1, N = 204) = 23.99,  p < 0.0001).  

 

Table 3.3  Number of Echinococcus spp., Co-infection, and Taenia spp. only coyote samples 

collected from Kansas, Missouri, Illinois, and Indiana 

Tapeworm Status Number of coyote samples by state 

 Kansas Missouri Illinois Indiana Total 

Echinococcus spp. only 13 12 2 2 29 

Co-infection 12 10 8 6 36 

Taenia spp. only 11 16 31 28 86 

No adult tapeworms recovered 17 14 9 13 53 

Total coyotes collected 53 52 50 49 204 

 

There were enough adult worms for full PCR testing (3 individual worms and 3 pools of 

5 worms) in 44/66 coyotes. Using PCR, all Echinococcus spp. adults in KS, MO, and IL were 

molecularly confirmed as E. multilocularis (% nucleotide match; GenBank accession nos.), and 

only one coyote in IN was infected with E. granulosus. The haplotype of E. multilocularis most 
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closely matches a European haplotype reported in Poland as well as recently in Alberta, Canada 

(Figure 9). 
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Figure 10  Phylogenetic tree of Echinococcus multilocularis haplotypes based on concatenated 

sequences of the nad2 and cob genes. Values on the tree nodes represent bootstrap values. 

Representative sequences from our study are identified by a red bracket. Taenia saginata was 

used as an outgroup. 

 

From the SFCT procedure, sufficient feces were recovered from 197 coyotes (50 from 

KS, 51 from MO, 49 from IL, 47 from IN) for flotation examinations to detect taeniid ova (see 

Table 3.3). Because both Taenia spp. and Echinococcus spp. tapeworms produce 

morphologically similar taeniid eggs, comparison of fecal flotation results analyzed samples with 

either adult tapeworm. Taenia-type eggs were found in fecal samples from 51/143 (35%) coyotes 

infected with taeniid adults and there was no significant difference in recovery of eggs from 

adult positive samples between any of the states (X2 < 0.71; p > 0.40). Of the 50 samples that 

were adult and egg positive, significantly more of those samples had Echinococcus spp. adults 

recovered (only or co-infection) compared to Taenia spp. only or co-infection (X2
(1, N = 177) = 8.61 

p = 0.003). Again, removing samples that were co-infected, there were significantly more taeniid 

egg positive samples from coyotes infected with only Echinococcus spp. compared to only 

Taenia spp. (X2
(1, N = 109) = 8.61; p = 0.002). One sample from Indiana was positive for taenia-type 

eggs despite not finding any intestinal cestode adults. Those eggs were molecularly identified as 

Echinococcus multilocularis by PCR.  

 

Table 3.4  Total number of fecal samples tested for taenia-type eggs from Echinococcus spp., 

Co-infection, Taenia spp., and coyote samples with no taeniid adults. 

 
Echinococcus 

Adults Only 
Co-infection 

Taenia 

Adults Only 
No Adults Total 

Fecal Float 

positive 
14 20 17 1 52 

Fecal Float 

negative 
14 14 64 52 144 

Total 28 34 81 53 197 
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 3.5 Discussion 

This study reports the first positive cases of Echinococcus multilocularis in coyotes in 

both Kansas and Missouri. Previous research in Kansas found 0/89 coyotes and 0/22 red foxes 

infected with Echinococcus spp., and in that same study 27/72 red foxes in Nebraska tested 

positive for Echinococcus multilocularis but 0/31 coyotes were infected (Storandt et al., 2002). 

The positive red foxes were all from northern Nebraska above the 41st parallel line. It was 

speculated at that time that since coyotes have a much broader diet than red foxes, the data 

suggested that the prevalence in rodents was likely very low or absent in many areas of Kansas 

and Nebraska. No previous surveillance of wild canids in Missouri had been conducted although 

an intestinal and alveolar case of echinococcus in a dog were reported in 2020 and 2022 

respectively (Kuroki et al., 2020, 2022). Given that >40% of coyotes from Kansas and Missouri 

both had E. multilocularis adults, this may represent both a southern expansion of the range as 

well as a shift in the predominant definitive host, although there were not enough red foxes 

included in this study to evaluate that claim. Storandt & Kazacos (1993), also reported red foxes 

and coyotes infected with E. multilocularis in Indiana and Illinois, but again, all positive cases 

were in the northern and central portions of the state about the 39th parallel. The one coyote that 

was positive for E. granulosus was from Davies County in southern Illinois, outside of the 

traditional range. Taken together, the findings of this study further raise the concern about the 

increasing prevalence of this parasite and the associated risk of alveolar echinococcosis in 

humans and domestic animals. Furthermore, as coyotes are reported to have established 

populations in most urban areas across North America, the zoonotic risk clearly extends to non-

rural areas (Catalano et al., 2012; C. A. Thompson et al., 2021).  
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To our knowledge, this is the first study to compare Echinococcus spp. and Taenia spp. 

infections in coyotes. The inverse relationship between the two tapeworms seen in this study 

might suggest differences in diets between coyotes tested in Kansas and Missouri compared to 

Illinois and Indiana, although diet analysis and species identification of the Taenia spp. 

tapeworms were outside the scope of this study. Further analysis of the samples might provide 

more insight on these relationships.  

Microscopic detection of cestode infections by fecal flotation is recognized as having low 

sensitivity, and yet, is still considered the primary diagnostic technique used in domestic dogs 

(Conraths & Deplazes, 2015; A. Zajac et al., 2020). The low sensitivity (35%) of the fecal 

flotation to detect taeniid adult infections is similar to previous research from Canada that found 

taeniid eggs were recovered by fecal flotation in 23 – 25% of coyotes infected with adult 

tapeworms (Kolapo et al., 2021a). The poor recovery of taeniid eggs can be due to multiple 

factors including the presence of prepatent infections, few eggs being produced when infection 

intensity is low, eggs not being released from proglottids, and taeniid eggs being too heavy to 

recover with traditional flotation solutions. Both fecal PCR and fecal sedimentation have been 

shown to be more sensitive methods of detecting taeniid adult infections, both of which will be 

discussed in Chapter 4 (Kolapo et al., 2021a; Yasur-Landau et al., 2023).  

 3.6 Conclusion 

This is the first description of E. multilocularis in wild canids in Kansas and Missouri, as well as 

an updated surveillance on the parasite in Illinois and Indiana. This study documents the 

expanding known range of E. multilocularis in the US, warranting further investigation of 

additional definitive and intermediate hosts in historically non-endemic areas. Because coyotes 
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and other wild canids can serve as a source of infection for domestic dogs and humans, these 

findings demonstrate a growing zoonotic threat given the increase in urban coyote populations.  
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  4.1 Abstract 

Background: Taeniid tapeworms, like Taenia pisiformis and Echinococcus multilocularis, infect 

domestic dogs worldwide. All taeniid tapeworms produce a morphologically similar egg that 

cannot be differentiated between zoonotic Echinococcus spp. and other commonly seen Taenia 

spp., such as T. pisiformis and T. taeniaeformis that are not zoonotic. Since Echinococcus spp. 

are a major public health threat to domestic and dogs, reliable diagnostics tests are needed for 

surveillance and diagnosis of these zoonotic parasites. 

Methods: Coyotes are routinely trapped for fur trading and nuisance control. Carcasses were 

collected, processed, and intestinal tracts were analyzed using the sifting, filtration, and counting 

technique (SFCT) to identify taeniid adults. Fecal material was collected during the intestinal 

analysis from the distal half of the intestines and preserved in 70% ethanol at 4ºC. A double 

centrifugal fecal flotation and sedimentation was performed to identify taenia-type eggs. Copro-

PCR, was also performed, targeting the nad1 and rrnS genes.  

Results: Taeniid adults were collected from 151/204 coyotes in the Midwest United States, with 

an overall prevalence of 31.4%. Sufficient feces were obtained from 157/204 coyotes such that 

two fecal flotations and sedimentation could be performed. Of those 157 samples, 113 had adult 

Taenia spp. and/or Echinococcus spp. found during SFCT. Taenia-type eggs were recovered 

from 43/113 (38%) (CI 26 – 51) adult positive samples by fecal flotation and 46/113 (40%) (CI 

31 – 50) adult positive samples by sedimentation. The combined overall sensitivity for 

centrifugal fecal flotation and sedimentation was 54/113 (47%). Sufficient feces were obtained 

from 89 coyotes to additionally run a copro-PCR, with 62/89 of those samples positive for 

Taenia spp. and/or Echinococcus spp. adults. Taenia-type eggs were recovered from 20/62 

(32%) (CI 26 – 51) adult-positive samples on centrifugal fecal flotation, 26/62 (41%) (CI 29 – 
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55) samples were positive on sedimentation, and 20/62 samples (32%) (CI 21 – 45) were positive 

on copro-PCR. The combined sensitivity for all fecal techniques compared to adult recovery was 

32/62 (51%) (CI 38 – 64). 

Conclusions: Adult cestode recovery remains the gold standard for the diagnosis of 

Echinococcus multilocularis in coyotes. A float/sediment may improve taenia-type egg recovery. 

There is still a need to find a reliable method for extracting DNA from taenia-type eggs.  

 4.2 Introduction 

Taeniid tapeworms, Taenia and Echinococcus spp., have predator-prey life cycles, and 

live in the small intestines of wild and domestic canids and felids. The two Echinococcus spp., 

found globally are Echinococcus granulosus and E. multilocularis, zoonotic tapeworms that 

infect wild and domestic canids and felids, as well as humans in North America. Cystic and 

alveolar echinococcosis, caused by E. granulosus and E. multilocularis, respectively, are 

neglected zoonotic diseases (NZDs) in humans that are potentially fatal if left untreated (WHO, 

2021). Taenia species found in North America include T. crassiceps, T. hydatigena, T. krabbei, 

T. polycantha, and T. twitchelli (Bouchard et al., 2021).  Despite not being zoonotic to humans, 

these species have veterinary importance because taeniid tapeworms produce a morphologically 

similar egg, a taenia-type egg, that cannot be identified by the genus level (Lightowlers et al., 

2021; Varcasia et al., 2022). Additionally, taenia-type eggs are immediately infectious once shed 

in the environment and can remain viable for up to one year (Romig et al., 2017). 

Domestic dogs can serve as definitive hosts for E. multilocularis. Endemic regions can 

have an established domestic life cycle pattern involving domestic dogs and rodents, where 

domestic dogs serve as the main source of contamination of infectious taenia-type eggs in the 

environment. Therefore, domestic dogs can be used to assess the prevalence of E. multilocularis  
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in these endemic regions (Romig et al., 2017). Domestic dogs can also be used for overall 

disease control and prevention because they are prime targets for prevention strategies such as 

deworming (P. Craig et al., 2015; P. S. Craig et al., 2017).   

Gastrointestinal parasitic infections are commonly diagnosed by fecal exams including 

fecal smears, sedimentations, and centrifugal fecal flotations. Studies have shown that tapeworm 

infections often go underdiagnosed in domestic dogs (Little et al., 2015). Proglottids can be 

difficult to find on fecal examination because they are fragile and susceptible to desiccation 

(Elsemore et al., 2023). Therefore, tapeworm infections are typically diagnosed by visualizing 

proglottids in the feces, perianally, in the fur, or in the environment.  

The gold standard for diagnosing Echinococcus spp. infections is through post-mortem 

identification of adults in the intestinal contents of definitive hosts using the sedimentation, 

counting, and filtration technique (SFCT) (Gesy, et al., 2013). Post-mortem diagnosis has been 

the most widespread surveillance method in wild canids due to the fact that coyotes and red fixes 

are often trapped and hunting for fur and nuisance. Ante-mortem diagnosis with arecoline 

bromide and copro-ELISA are possible but met with challenges. For example, the use of 

arecoline bromide for purgation can take multiple dosages, cause bowel perforation, and the 

contents have to be boiled in harmful chemicals before it can be analyzed. The use of 

coproantigen has also been promising, but the test has low specificity and cross reacts with other 

taeniid tapeworms; therefore should not be used if samples cannot be confirmed with PCR (P. S. 

Craig et al., 2017). Because E. multilocularis has major health implications for humans and 

domestic animals, it is important to determine if an animal has an active infection.    
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 The aim of this study was to analyze the detection of taenia-type eggs in feces using 

centrifugal fecal flotation, sedimentation, and copro-PCR against adult cestode recovery, the 

gold standard.   

 4.3 Methods 

 4.3.1 Coyote Sampling and Intestinal analysis of adult cestodes  

All animal use was conducted under Kansas State University IACUC #4944, in which no 

animals were harvested specifically for this project. Coyote carcass collection and intestinal 

analysis for adult cestodes using the sifting, counting, and filtration technique (SFCT) were 

performed as stated in Chapter 3 (section 3.3.1 and 3.3.3). 

 4.3.2 Fecal Sample Collection 

For fecal testing, rectal feces, if present, or intestinal contents were collected as distally 

as possible. Samples for fecal testing were preserved in aliquots at -20ºC prior to processing and 

thawed at room temperature. The remaining fecal material was preserved in 70% Ethanol and 

stored at 4ºC.  

 4.3.3 Centrifugal Fecal Float & Sedimentation 

A standard double centrifugal fecal flotation using Sheather’s Sugar (specific gravity 

1.27) were performed to recover eggs from ~2-5 grams of feces as described in Zajac et al. 

(2021). Feces were weighed, 2-5 grams, and homogenized with distilled H2O (dH2O) using a 

wooden tongue depressor. The fecal solution was strained through a tea strainer into a 50mL 

glass tube and centrifuged at 1000 rpm for five minutes. The supernatant was decanted, and the 

fecal pellet was resuspended in Sheather’s Sugar (SPG 1.27) and homogenized by vortexing. The 

fecal solution was transferred to a 15mL glass tube and Sheather’s sugar was used to fill the tube 

and form a positive meniscus. An 18 x 18 mm coverslip was placed on the tube and centrifuged 
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at 1300 rpm for five mins then allowed to stand for an additional 10 mins. The coverslip was 

transferred to a microscope slide and analyzed under a microscope on 10X magnification for 

parasite ova.  

Instead of discarding the sedimented contents from the fecal flotation, a fecal 

sedimentation was then performed. After fecal flotation, Sheather’s sugar was first decanted, and 

the fecal pellet was resuspended in dH2O and allowed to sit for 15 – 30 minutes. This process of 

filling, sedimenting, decanting, and refilling, was repeated until the supernatant was clear. Then, 

500 L of the sediment was removed, placed in a 1.5 mL microcentrifuge tube and preserved at -

20ºC for gDNA extraction and PCR. To analyze the sediment sample for taenia-type eggs, three 

slides were created from the sediment and microscopically examined. Any extra sediment was 

saved in a 1.5 mL microcentrifuge tube and stored at -20ºC. For all microscopic examination of 

taenia-type eggs, technicians were blinded to which samples were positive for Echinococcus spp. 

and Taenia spp. adults. Taenia-types eggs were enumerated and recorded, with counting 

stopping at 100 sample.  

 4.3.4 Fecal DNA extraction 

 DNA was extracted from 0.2 mg of feces using the QIAamp® DNA Stool Mini Kit 

(Qiagen, Cat. No. 51604; Hilden, Germany) and performed per kit instructions with no 

modifications. 

 4.3.5 Fecal PCR 

For PCR testing of fecal samples, a single reaction targeting the NADH dehydrogenase 

subunit 1 (nad1) mitochondrial gene of E.multilocularis, the small subunit of ribosomal RNA 

(rrnS) of Taenia spp. and E. granulosus were used (see Table 3.1 in Chapter 3) (Trachsel et al., 

2007). All PCR reactions were visualized on a 2% agarose gel and bands were visualized using 
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EZ-Vision® Three. DNA was purified from positive PCR reactions using Promega Wizard SV 

Gel and PCR Clean-Up (Promega; Madison, WI), and sent to Eurofins (Eurofins; Des Moines, 

USA) for sequencing. Sequences were compared to published targets on GenBank.  

 4.3.6 Data Analysis 

To calculate sensitivity and specificity for centrifugal fecal flotation, sedimentation, and 

fecal PCR, adult cestode recovery was used as a reference. Data were only analyzed for samples 

that were positive of both float 1, float 2, and sedimentation. Data were collated and statistical 

analysis was performed using BioStat for Excel for the comparison of techniques to estimate 

Kappa value for agreement and statistical significance using McNemar’s Chi Square Statistic for 

comparison between techniques. A Chi Square analysis was used for the comparison of 

diagnostic techniques to adult cestode recovery. Then, for fecal PCR analysis data was analyzed 

for samples positive on both flotations, sedimentation and fecal PCR, with overall diagnostic 

technique analysis coming from this subset of samples. Statistical analysis was performed using 

Vassar Stats (http://vassarstats.net/clin1.html) to calculate sensitivity, specificity, positive 

predictive value, and negative predictive value with 95% confidence intervals for fecal flotation, 

sedimentation, and PCR.  

 4.4 Results 

 4.4.1 General Fecal Results 

 As stated in Chapter 3 (section 3.4), Echinococcus and Taenia spp. were collected from 

151/204 (74%) coyotes. Only Echinococcus spp. were recovered from 29/204 coyotes, while 

36/204 were co-infected with both taeniid adults, and 86/204 were infected with only Taenia spp. 

adults. 

http://vassarstats.net/clin1.html
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From SFCT, sufficient feces were collected from 157 coyotes (45 from KS, 44 from MO, 

26 from IL, and 42 from IN) to perform two centrifugal fecal flotations and a sedimentation (see 

Table 4.1). Analyses could not be conducted on 40 fecal samples (3 Echinococcus spp. only, 7 

co-infections, 21 Taenia spp. only, and 9 with no taeniid adults) because insufficient feces were 

available for sedimentation.  

 

Table 4.1  Number of samples analyzed in coyotes harvested in Kansas, Missouri, Indiana, and 

Illinois. 

Location 

Positive 

Negative 
Total Fecal 

Samples 
Echinococcus spp. 

Only 

Co-

infected 

Taenia spp. 

Only 

Kansas 12 9 9 15 45 

Missouri 12 8 13 11 44 

Illinois 1 5 15 5 26 

Indiana 2 6 22 12 42 

Total 27 28 59 43 157 

 

 4.4.2 Microscopy 

 Sufficient feces were recovered from 157 coyotes for two fecal flotations and a 

sedimentation and 113 of those samples came from coyotes with adult Taenia spp. and/or 

Echinococcus spp. recovered by SFCT (see Table 4.2). Taeniid eggs are produced by both 

Echinococcus spp. and Taenia spp., so comparison of microscopy results analyzed samples with 

either adult tapeworm. In Chapter 3 (section 3.4), the fecal float sensitivity for float 1 was low 

51/143 (35%); therefore, those samples were retested using a float/sediment technique to detect 

taenia-type eggs. The float sensitivity for float 2 was 24/113 (21%), with no statistical difference 

in taenia-type egg recovery between the two flotations (kappa value κ = 0.66) (X2 = 1.16, p > 

0.2). 
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 A comparison between the number of taenia-type eggs recovered from centrifugal fecal 

flotation (float 2) and sedimentation was performed. Overall, the total number sedimentation 

positive samples were 50/157 (31%), with a sensitivity of 46/113 (40%) (CI 31 - 50) for samples 

from coyotes with taeniid adults. The four samples positive for taenia-type eggs were negative 

for taeniid adults, with the number of taenia-type eggs recovered on sedimentation ranging from 

1-24. Furthermore, there was only one sample that was positive on sedimentation and both fecal 

flotations, despite not finding any taeniid adults. There was a difference between taenia-type egg 

recovery on sedimentation when compared to float 2 (kappa value κ = 0.60) (X2 = 20.1, p < 7.0E-

6). There was a statistical difference in the mean egg recovery in sedimentation, 50 eggs, and 

fecal float 2, 24 (U = 655, P < 0.05 one-tailed). 

 To compare the flotation technique to sedimentation technique, all taeniid positive 

samples that were positive at least once on float 1 and/or float 2 were compared to positive 

sedimentations (see Table 4.2). Overall, the sensitivity of centrifugal fecal flotations was 43/113 

(38%) (CI 29 - 47) and sedimentations were 46/113 (40%) (CI 31 - 50), with no difference in 

performance between the two techniques (kappa value κ = 0.66) (X2 = 1.6, p > 0.2).  

 In Chapter 3, there was a significant difference in the number of taenia-type eggs 

recovered from Echinococcus spp. only samples compared to Taenia spp. only samples. 

Combining Float 1 and Float 2, there are a total of 43/113 (38%) (CI 29 - 47) taeniid egg positive 

samples, with 12 Echinococcus spp. only, 18 co-infections, and 13 Taenia spp. only samples. 

There is a significant difference in taenia-type eggs recovered from samples that have 

Echinococcus spp. adults (30/55) when compared to Taenia spp. adults (31/87) (X2
(1, N =142) = 

4.91, p < 0.02). That difference is magnified when co-infections are removed and comparing 

Echinococcus spp. only (12/26) samples to Taenia spp. only (11/56) samples (X2
(1, N = 82) = 6.18, 
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p < 0.01). The same comparison was made for sedimentation to adult cestode recovery. Overall, 

sedimentation sensitivity was 46/113 (40%) (CI 31 - 50) in taeniid positive samples, with 11 

Echinococcus spp. only, 19 co-infections, and 16 Taenia spp. only. There was no difference seen 

in taenia-type egg recovery when comparing Echinococcus spp. samples to Taenia spp. samples 

by sedimentation (X2
(1, N = 141) = 3.14, p > 0.07). Again, removing co-infections and analyzing 

Echinococcus spp. only (11/26) and Taenia spp. only samples (16/58) do not affect taenia-type 

egg recovery (X2
(1, N = 84) = 1.73, p > 0.18). 

 

Table 4.2  Total number of fecal samples tested for taenia-type eggs by flotation and 

sedimentation of Echinococcus spp. only, Co-infection, Taenia spp. only, and coyote samples 

with no taeniid adults. N=157 fecal samples in which both techniques were performed. 

  
Echinococcus 

only 

Co-

infection 

Taenia 

only 

No 

Adults 

Combined Float 1 & 

2* 

Pos 12 18 13 1 

Neg 14 11 45 43 

Sedimentation 
POS 11 19 16 4 

NEG 15 9 43 39 

*Represents the total number of taeniid positive samples, positive at least once on centrifugal 

fecal flotation 

 

 

Table 4.3 Sensitivity, specificity, and predictive values (95 % CI) for centrifugal fecal flotation 

and sedimentation with reference to adult cestode recovery as the gold standard. 

Test Parameters Combined F1/F2* Sedimentation 

Sensitivity % (CI) 38 (29 - 47) 40 (31 - 50) 

Specificity % (CI) 97 (86 - 99) 90 (77 - 97) 

Positive Predictive Value % (CI) 97 (86 - 99) 92 (79 - 97) 

Negative Predictive Value % (CI) 38 (29 - 47) 37 (28 - 47) 

*Represents the total number of taeniid positive samples, positive at least once on centrifugal 

fecal flotation 

 

 4.4.3 Fecal PCR 

 Sufficient feces were recovered from 89 samples to perform 2 fecal flotations, 

sedimentation, and fecal PCR (see Table 4.3). Overall, fecal PCR was able to detect taeniid DNA 



101 

from 22/89 (24%) of fecal samples with a sensitivity of 20/62 (32%) (CI 21 - 45). Within that 

subset, fecal flotation technique recovered taeniid eggs from 24/89 (26%) samples and the 

sedimentation technique recovered taenia-type eggs from 26/89 (29%) of samples positive for 

taeniid adults. All of the fecal float positive samples were from taeniid adult positive coyotes, 

while 2 of the sedimentation positive samples were from taeniid adult negative coyotes and the 2 

samples were also negative on fecal flotation. There was no difference seen between taenia-type 

egg recovery in fecal flotation to fecal PCR technique (kappa value κ = 0.64) (X2 = 0.33, p > 

0.56) or sedimentation to fecal PCR (kappa value κ = 0.44) (X2 = 1.8, p > 0.17). However, 

combining F1, F2, and sedimentation together is statistically more likely to detect taeniid eggs 

when compared to PCR (kappa value κ = 0.52) (X2 = 5.5, p < 0.018). Finally, copro-PCR 20/89 

(22%) diagnosed statistically less positive coyote samples when compared to adult cestode 

recovery 62/89 (69%) (X2
(1, N = 89) = 6.24, p < 0.012). 

 4.4.4 Comparison of all techniques 

 Finally, when comparing if a sample was positive on at least one diagnostic test (i.e. 

flotation vs sedimentation vs fecal PCR) to adult cestode recovery, the gold standard of adult 

cestode recovery was superior, 36/89 (40%) and 62/89 (69%), respectively. Therefore, taeniid 

adult recovery performed better than all three techniques combined (X2
(1, N = 89) = 10.5, p < 

0.001). 

 

Table 4.4  Total number of fecal samples tested for taenia-type eggs by flotation, sedimentation, 

and fecal PCR of Echinococcus spp. only, Co-infection, Taenia spp. only, and coyote samples 

with no taeniid adults. N=89 fecal samples in which all three techniques were performed.  

 Fecal Flotation Sedimentation Fecal PCR 
Positive on 

any test* 

Total taeniid positive samples 62 62 62 62 

Echinococcus spp. only 12 11 12 14 
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Co-infection 8 9 4 10 

Taenia spp. only 4 6 4 6 

Taeniid adult negative 0 2 2 2 

*Represents the total number of taeniid positive samples, positive at least once on centrifugal 

fecal flotation, sedimentation or fecal PCR 

 

Table 4.5 Sensitivity, specificity, and predictive values (95 % CI) for fecal PCR and a positive 

on any test with reference to adult cestode recovery as the gold standard. 

Test Parameters Fecal flotation 
Fecal 

Sedimentation 
Fecal PCR 

Positive on 

any test* 

Sensitivity % (CI) 38 (26 – 51) 41 (29 – 55) 32 (21 - 45) 51 (38 - 64) 

Specificity % (CI) 1 (84 – 100) 92 (74 – 98) 92 (74 - 98) 85 (65 - 95) 

Positive Predictive Value 

% (CI) 

1 (82 – 100) 92 (75 – 98) 90 (69 - 98) 88 (72 - 96) 

Negative Predictive Value 

% (CI) 

41 (29 – 54) 40 (28 – 54) 37 (26 - 50) 43 (30 - 57) 

*Represents the total number of taeniid positive samples, positive at least once on centrifugal 

fecal flotation, sedimentation or fecal PCR 

 

 4.5 Discussion 

Our study showed the hardship that can accompany parasitology diagnostics when 

analyzing feces for parasite ova and DNA. Our study showed that fecal sedimentation was better 

at recovering taenia-type eggs than fecal flotation, and recovery of taenia-type eggs improved 

when both of these techniques are combined. Fecal PCR performed the worst when compared to 

fecal flotation and sedimentation in detecting samples positive on adult cestode recovery. The 

ability to detect adult positive samples using fecal PCR only improved when combining positive 

samples on fecal flotation and sedimentation. In this present study, adult cestode recovery has 

higher sensitivity than all techniques when compared individually and combined. These findings 

support previous reports that prove diagnosing cestode infections using adult cestode recovery is 

the most reliable method (Eckert, 2003). It has been reported that cestode egg recovery, in 

general, is difficult when using fecal flotation due to intermittent shedding of eggs, prepatent 

infections, and egg shedding in discreet proglottids (C. Adolph et al., 2017; Dryden et al., 2005; 
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Little et al., 2015). The low sensitivity in our fecal flotations was not surprising since our results 

match previous reports from similar wild canid surveillance for Echinococcus spp. (Kolapo et al., 

2021a; Yasur-Landau et al., 2023). In fact, our study solidifies the difficulties of recovering 

taenia-type eggs through fecal flotation with the varying sensitivities between float 1 (41%) and 

float 2 (28%) (C. Adolph et al., 2017; Dryden et al., 2005; Little et al., 2015).  

The float/sediment technique in this study performed on the same fecal sample, had 

higher sensitivity (40%) than flotation 2 (28%), which demonstrated the density of taeniid eggs 

and the difficulty in recovering them through fecal flotation (Bucur et al., 2019). A similar study 

in Canada, found that sedimentation had a higher sensitivity (49-53%) when compared to 

centrifugal sucrose flotation (35-39%) (Kolapo, 2023). The float/sediment technique performed 

in our study, shows that a flotation technique should not be used alone for the recovery of taenia-

type eggs.  

Diagnostic sensitivity of fecal PCR used in this study was low, which is different from 

other reports that show the superiority of fecal PCR when compared to fecal flotation or 

sedimentation (Kolapo, 2023; Kolapo et al., 2021b; Yasur-Landau et al., 2023). In a study 

comparing PCR sensitivity between DNA recovered from feces and DNA recovered from taenia-

type eggs on flotation, fecal PCR performed better 32/317 (10.1%) to float PCR 19/317 (6%) 

(Yasur-Landau et al., 2023). This is despite taenia-type eggs being recovered from the same 

number of samples, 32/317 (10.1%), that were positive on fecal PCR (Yasur-Landau et al., 

2023). Ideally, fecal PCR can be used to identify the false positive samples when taenia-type 

eggs are not found on flotation, sedimentation, and even adult cestode recovery. However, in our 

study there was no significant difference seen between flotation and sediment when compared to 

PCR because all of tests performed similarly to another. 
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Reasons our fecal PCR sensitivity could be low are possibly due to the effect of multiple-

freeze thaw cycles of carcasses and samples from collection to testing. Although previous 

literature supports that freezing taenia-type eggs at -20 and -80ºC does not reduced the sensitivity 

of fecal flotations (J. Schurer et al., 2013). Additionally, there is an overall reduction in the 

amount of feces collected due to the presence of hair and/or undigested bone being present, 

which is a stark difference when compared to the amount of feces present in domestic dogs fed a 

commercial diet. There is also a link between low worm burdens and fecal inhibitors to reduced 

sensitivity in PCR (Lahmar et al., 2007).  

Diagnostic specificity was better in fecal flotation than fecal sedimentation and PCR 

when compared to the gold standard of adult egg recovery. We can conclude that if taeniid eggs 

are recovered in fecal flotation then the animal is most likely infected with taeniid tapeworms. 

Although, taenia-type eggs cannot be differentiated past the genus level when visualized on fecal 

flotation, domestic canines that are positive for taenia-type eggs on fecal float in an endemic 

region should be highly suspicious of E. multilocularis infection (Kolapo et al., 2021b). In 

comparison, the diagnostic specificity for sedimentation and PCR were lower when compared to 

fecal flotation. Some reasonings for the decreased specificity in sedimentation could be due to 

ingestion of taenia-type eggs during coprophagy, which leads to taenia-type eggs passing 

through the gastrointestinal tract (A. M. Zajac et al., 2021). Because all four sedimentation 

samples were truly negative for taeniid adults, this could be a likely reason. Additionally, the 

reason for low specificity in fecal PCR could be due to the inability to detect low intensity 

infections and adults becoming fragile after multiple freeze-thaw cycles thereby making them 

difficult to identify during intestinal analysis. 
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Finally, it is notoriously difficulty of extract DNA from taenia-type eggs that have a 

thick, striated shell built to withstand harsh temperatures and conditions (Klein et al., 2014). 

Therefore, choosing a reliable DNA extraction method is paramount to the success of any PCR 

test. In our study the QIAamp® DNA Stool Mini Kit was used for the extraction of DNA from 

feces with no modifications. The performance of the same kit was compared to the FastDNA™ 

SPIN Kit for Soil for the detection of taenia-type eggs washed from produce (Frey et al., 2019). 

Because of difficulty with breaking open taeniid eggs, the kit was used with modifications, 

incorporating the addition of ASL buffer followed by, 8 freeze-thaw cycles in liquid nitrogen and 

95ºC water baths, and 20uL of Proteinase K, then the samples were incubated at 56ºC for 3 

hours (Frey et al., 2019). The Fast DNA™ Spin kit for Soil included bead beating in the 

extraction step. Even with these modifications added, the QIAamp® DNA Mini Stool kit still 

underperformed on qPCR with higher Cq values when compared to the FastDNA™ Spin kit for 

Soil (Frey et al., 2019). Therefore, the addition of bead beating to the extraction method may 

increase the detection of taeniid DNA in samples. In fact, Kolapo (2023), used the FastDNA™ 

Spin kit for Soil in the extraction of taeniid DNA from fecal samples, which yielded 92-93% 

sensitivity on a fecal qPCR with a melting curve analysis (copro-qPCR-MCA) (Kolapo, 2023). 

Additionally, bead beating has proven to increase DNA isolation in other parasites, such as 

Cryptosporidium parvum and Giardia duodenalis and nematodes such as Trichuris trichura 

(Cazeaux et al., 2022; Kaisar et al., 2017). 

Our study shows the high percentage of cestode infection in wild canids, especially 

Echinococcus multilocularis. This highlights the importance of wildlife surveillance programs 

and the need for improved diagnostic strategies in domestic dogs. Especially with the occurrence 

of E. multilocularis spillovers into domestic dogs and humans 
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 4.6 Conclusion 

Based on our study, adult taeniid recovery remains the gold standard for the detection of 

Echinococcus spp. in wild canids and domestic dogs. Fecal flotation can be used for the 

detection of taenia-type eggs in feces but could be paired with a sedimentation for a complete 

assessment of taenia-type eggs present in a fecal sample. Fecal PCR can be a reliable method for 

detection of taeniid DNA, however, the ability to break apart taenia-type eggs most notably 

affects PCR sensitivity. Therefore, choosing a reliable extraction method, like bead beating, may 

aid in detecting taeniid DNA in fecal samples. The need to improve fecal diagnostics for the 

detection of taenia-type eggs and taeniid DNA in wild canid and domestic dogs remains.  
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Chapter 5 - Conclusions and Future Directions 

 5.1 Conclusions 

Tapeworms are ubiquitous, flat, segmented, parasites that are found in a plethora of 

aquatic and terrestrial hosts. The Diphyllobothriidean and Cyclophyllidean tapeworms of 

veterinary importance remain a challenge for taxonomic classification, diagnosis and treatment. 

The use of PCR has aided in eliminating and reclassifying taxa in the genus Spirometra and 

Mesocestoides. Also, aiding in the identification of two distinct species, canine and feline, in 

Dipylidium caninum and various haplotypes of Echinococcus multilocularis found worldwide. 

The improvement of molecular testing has provided new insights into tapeworm infections in the 

United States and have shown that tapeworm infections are more common than previously 

documented. In fact, many studies have shown that using fecal flotation to diagnose D. caninum 

and taeniid tapeworm infections underestimates the prevalence (C. Adolph et al., 2017; Little et 

al., 2023). Additionally, fecal flotation, while it remains a reliable diagnostic technique, should 

not be used alone to diagnose cestode infections (Kolapo et al., 2021b; Little et al., 2023). The 

development of antigen testing for D. caninum infections has increased the number of infections 

detected in domestic dogs and cats, even when proglottids are not seen in feces and egg packets 

are not detected on fecal flotation (Elsemore et al., 2023). Despite this, there are challenges that 

remain for the detection of taeniid tapeworms, and a reliable method for detection has yet to be 

determined. Taenia-type eggs, like D. caninum egg packets, are not only difficult to float, but 

eggs are shed intermittently, and number of eggs found depends on the intensity of infection. 

More, importantly, the eggshell of taenia-type eggs is thick and difficult to break open, making 

taeniid DNA difficult to detect in feces when using molecular tests. Different methods like 

multiple freeze-thaw cycles in liquid nitrogen and chemical washes to weaken the egg shell have 
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varying results and the process is labor some (Frey et al., 2019; Mathis et al., 1996). Antigen 

testing for Echinococcus spp. has proven to be effective, but the difficulties with detection in low 

burdens and cross-reactivity with Taenia spp. have not been fixed for this to be considered a 

reliable method. As there is an increase in the number of domestic and wild canids positive for 

Echinococcus multilocularis, the expansion of coyotes into urban areas in the United States, and 

the high zoonotic health risk that E. multilocularis poses to the human and animal health, the 

need to develop a reliable diagnostic method is important. 

Lastly, treatment of tapeworms is achieved through the use of Praziquantel, but the recent 

reports of Praziquantel resistance to normal and elevated levels in the treatment of D. caninum is 

concerning. Especially since the mechanism of action of how praziquantel acts on tapeworms 

remains unknown.  

In Chapter 2, the prevalence of Dipylidium caninum in flea populations in Florida is 

likely low with a total of 3.8% of flea pools from cats and the environment positive for D. 

caninum. This matches previous reports of low number of infected fleas when pooled tested 

(Abdullah et al., 2019; Low et al., 2017). Ctenocephalides felis also causes health problems to 

the infested host causing anemia and flea allergy dermatitis (FAD). The cat flea is also an 

intermediate host for parasites such as Dipylidium caninum, the flea tapeworm, and 

Acanthocheilonema reconditum, a cutaneous filarial nematode. Previous chapters in this thesis 

work have described that using fecal flotation alone to diagnose D. caninum infection 

underestimates the number of animals infected, but fecal antigen testing has helped to improve 

the detection of D. caninum in infected animals. Alternatively, our work has shown that pooled 

testing of fleas can also be a reliable method for assessing the infection risk to humans and 

animals in the environment. It is known that D. caninum infection is found in locations where 
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Ctenocephalides felis, the cat flea intermediate host, is also found, and pooled testing could be 

used to assess infection risk in situations where fecal antigen testing is not available (Little et al., 

2023). In addition, new reports suggest that D. caninum is actually two different species, canine 

and feline, and the feline species of D. caninum has a shorter life span and prepatent period when 

infecting cats versus dogs and the same with the canine species of D. caninum (Beugnet et al., 

2014, 2018; Low et al., 2017). The discovery of two distinct species will be helpful especially 

when choosing to use cats or dogs as the definitive host for an establishment of a laboratory 

colony. However, it is yet to be determined how having to distinct species of D. caninum affects 

treatment with praziquantel since none of the previous cases reported identified the species of D. 

caninum (J. Jesudoss Chelladurai et al., 2018; Loftus et al., 2022; Oehm et al., 2024). 

Concluding, it is important to determine the role the two species, canine and feline, of D. 

caninum have, if any, in the development of praziquantel resistance. Also, if the seasonality of 

fleas plays a role in the epidemiology of D. caninum species across the United States.  

In Chapter 3, the first reports of Echinococcus multilocularis in wild canids in Kansas 

and Missouri. This is also the first report of the European haplotype in wild canids and in 

Missouri where cases in domestic dogs have been reported (Kuroki et al., 2020, 2022). This is 

also the highest prevalence to date, 31.4%, in coyotes in the United States (Conlon et al., 2023; 

Garrett, 2021). My findings document that the European strain of E. multilocularis is endemic in 

the Midwest United States. The challenge is that every endemic region is different, and each 

region may not have the same factors affecting transmission and endemicity (Hegglin & 

Deplazes, 2013). But, determining the definitive host  responsible for E. multilocularis 

transmission, and the interactions between the intermediate and definitive hosts involved are 

important baseline information for the implementation of control and prevention programs . In 
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the United States, a baseline of E. multilocularis endemic regions is being established through 

wild canid surveillance and partially through the screening of owned domestic dogs  (Conlon et 

al., 2023; Evason et al., 2025; Garrett, 2021). However, robust surveillance also involves looking 

at rodent communities; agricultural practices; integration of, and interaction with, wildlife; and 

density of wild canids and domestic dogs in an endemic region (Giraudoux, 1997; Giraudoux et 

al., 2002). Therefore, it is important to start an integrated approach to surveillance in order to 

assess the public health risk for all populations of domestic dogs and humans (Kern, 2004; 

Piarroux et al., 2013; Wang et al., 2006). 

In chapter 4, the sensitivity of centrifugal fecal flotation, fecal sedimentation, and fecal 

PCR for the detection of taeniid tapeworms in comparison to the gold standard of post-mortem 

taeniid adult recovery. This work demonstrated that the sensitivity of all three diagnostic 

techniques was 51% compared to adult taeniid recovery, 69%. I also demonstrated that fecal 

flotation is not a reliable method to be used alone in the recovery of taenia-type eggs. In addition, 

the sediment from a float can be analyzed to increase the recovery of taenia-type eggs when 

using a fecal flotation. Our study did not support the pairing of sedimentation with fecal PCR or 

fecal flotation with fecal PCR to increase taenia-type egg recovery, despite previous studies 

demonstrating that fecal PCR is a superior method to sedimentation and flotation (Kolapo, 2023; 

Yasur-Landau et al., 2023). However, PCR is needed to identify taenia-type eggs to species. The 

success of fecal PCR depends on how well DNA can be extracted from taenia-type eggs, bead 

beating thus far has proven to be the superior method for DNA extraction. As seen in Kolapo et 

al. (2023) when the FastDNA™ Spin Skit for soil demonstrated a dramatic increase in PCR 

sensitivity, especially when paired with quantitative PCR with a melting curve analysis (Kolapo, 

2023). Interestingly, the same multiplex primers designed by Trachsel et al. (2007), and used for 
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conventional PCR described throughout this dissertation, were adapted into quantitative PCR 

(qPCR) with melting curve analysis protocol used in the aforementioned Kolapo (2023), and 

Frey et al. (2019).  Although not mentioned specifically in our study, the intensity of 

Echinococcus spp. adults found through adult cestode recovery ranged from 2 gravid proglottids 

to 1 intact adult to numerous immature adults and numerous intact mature adults. Because there 

is so much variability in the infection intensities, taeniid egg shedding and recovery, and fecal 

inhibitors in wild and domestic canids, a method with high sensitivity and specificity is needed, 

especially in large scale surveillance.  

 5.2 Future Studies 

I would like to focus on continuing Echinococcus surveillance in the United States. The 

surveillance described in this dissertation highlights the endemicity of European haplotypes in 

North America. The reports of echinococcosis in domestic canines in states like Colorado and 

Kansas, plus increasing anecdotal reports of echinococcosis and alveolar echinococcosis in 

Kansas, prove that surveillance is needed. First, I want to establish the baseline transmission 

cycle present in endemic regions where positive coyotes have been collected. I would like to 

collect rodents for surveillance of alveolar hydatid cysts in the liver, and screen feces of domestic 

dogs used for hunting, in shelters, or from owned pets that predate on rodents. Establishing a 

baseline transmission cycle helps to identify if domestic dogs or a wild canid are the main 

contributor of eggs in the environment therefore, a prevention and control strategy can be 

developed to slow the infection rate in other domestic dogs and humans. I would like to evaluate 

the copro-qPCR-MCA method on the coyote feces collected during this project to evaluate if that 

method will improve the copro-PCR sensitivity in the fecal samples collected during this project. 

Disease surveillance in coyotes is important especially as more coyote populations adapt to 
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urban settings and interact with domestic animals and humans. I would like to also survey 

coyotes and coyote scat for additional parasites that are being transported, and introduced, into 

new areas. I would like to continue working with the trapping community to promote awareness 

of zoonotic parasites that can be transmitted in the species targeted for fur and nuisance.   
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Appendix A - Reports of Echinococcus granulosus and E. 

multilocularis in domestic and wild canids and humans in the United 

States 

Table 5.1  Reports of E. granulosus in domestic and wild canids in the United States, listed by 

state, definitive host, and disease state, and haplotype in domestic dogs. 

State Disease State & 

Genotype 

Host species Prevalence (%) Reference 

Alabama     

Alaska Echinococcosis 

No genotype 

specified 

Artic foxes 

(Alopex lagopus) 

Wolf (Canis 

lupus) 

65/207 (31.4%) (R. Rausch & 

Schiller, 1951; 

R. Rausch & 

Williamson, 

1959) 

Echinococcosis 

No genotype 

specified 

Domestic dogs 15/106 (14%) (R. L. Rausch, 

1960) 

Arizona Echinococcosis Domestic dogs 3/429  (Schantz, Van 

Alstine, et al., 

1977) 

Echinococcosis Domestic dogs 1/110 (Schantz, von 

Reyn, et al., 

1977) 

Arkansas     

California Echinococcosis Sheep dogs 7/17 (41.1%) (Sawyer et al., 

1969) 

Echinococcosis Coyote (Canis 

latrans) 

10/213 (4.6%) (Crellin & 

Harmon, 1980; I. 

K. Liu et al., 

1970) 

Colorado Echinococcosis Wolf (Canis 

lupus) 

1 animal (Colorado 

Conservation 

Alliance Inc., 

2025) 

Connecticut     

Delaware     

Florida     

Georgia     

Hawaii     
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Idaho E. canadensis 

(G8/G10) 

Gray wolves 43/63 (68.2%) (Cerda et al., 

2018; Foreyt et 

al., 2009) 

Illinois     

Indiana Echinococcosis Coyote (Canis 

latrans) 

1/49 (2%) Our study 

Iowa     

Kansas     

Kentucky Echinococcosis Domestic dog 1 case report (Edney, 1949) 

Louisiana Echinococcosis Domestic dogs 4 naturally 

infected 

(Beaver, 1954) 

Maine Echinococcosis. 

E. canadensis 

(G8/10) 

Coyotes (Canis 

latrans) 

5/23 (21.7%) (J. M. Schurer et 

al., 2018) 

Maryland     

Massachusetts     

Michigan Echinococcosis; 

Cervid strain 

(G8) 

Gray wolf 

(Canis lupus) 

1/302 (0.32%) (Melotti, 2013) 

Minnesota     

Mississippi Echinococcosis; 

Genotype not 

specified 

Domestic dogs 2/50 (4%) (Franklin & 

Ward, 1953) 

Missouri     

Montana Echinococcosis; 

Genotype not 

specified 

Gray wolf 

(Canis lupus) 

38/60 (63%) (Foreyt et al., 

2009) 

Nebraska     

Nevada     

New Hampshire     

New Jersey     

New Mexico E. granulosus Domestic Dogs 6 case reports (Schantz, Van 

Alstine, et al., 

1977) 

 E. granulosus Domestic dogs 4 case reports (Schantz, von 

Reyn, et al., 

1977) 

New York     

North Carolina     

North Dakota     

Ohio     

Oklahoma     

Oregon     
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Pennsylvania Echinococcosis; 

E. canadensis 

(G8) 

Coyotes (Canis 

latrans) 

2/155 (1.29%) (Garrett, 2021) 

Rhode Island     

South Carolina     

South Dakota     

Tennessee Echinococcosis Domestic dogs 2/40 case reports (Edney, 1940) 

Texas     

Utah Echinococcosis;  Domestic Dogs 95/839 (11.3%) (Loveless et al., 

1978) 

Vermont     

Virginia     

Washington     

West Virginia     

Wisconsin     

Wyoming E. granulousus 

sensu and 

E. canadensis 

(G8/G10) 

Gray wolf 

(Canis lupus) 

Coyote (Canis 

latrans) 

Red fox (Vulpes 

vulpes) 

26/277 (9.3%) 

 

(Brandell et al., 

2022; Pipas et 

al., 2021) 

*Shaded states indicate no cases reported of E. granulosus in wild or domestic felids. 

 

Table 5.2  Reports of E. multilocularis in domestic and wild canids in the United States, listed 

by state, definitive host, and disease state in domestic dogs. 

State Disease state & 

Haplotype 

Host species Prevalence (%) Reference 

Alabama     

Alaska Echinococcosis Arctic fox 

(Vulpes lagopus) 

Red fox (Vulpes 

vulpes) 

1229/1819 

(67.6%) 

Rausch, 1956; 

Rausch and 

Fay, 2002; 

Kirk, 2011 

Arizona     

Arkansas     

California     

Colorado Echinococcosis; 

European 

haplotype 

Domestic dog 2 case reports (Evason et al., 

2025) 

Connecticut     

Delaware     

Florida     

Georgia     

Hawaii     
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Idaho Echinococcosis; 

European 

haplotype 

Domestic dog 1 case report (Evason et al., 

2025) 

Illinois Echinococcosis Red fox (Vulpes 

vulpes) 

Coyote (Canis 

latrans) 

10/57 (17.5%) (Ballard & 

Vande Vusse, 

1983; Storandt 

& Kazacos, 

1993) 

 Echinococcosis: 

European 

haplotype 

Domestic dog 3 case reports (Evason et al., 

2025) 

 Echinococcosis Coyote (Canis 

latrans) 

10/50 (20%) Our Study 

Indiana Echinococcosis Red fox (Vulpes 

vulpes) 

1 animal (Nakao et al., 

2009b) 

 Echinococcosis Red fox (Vulpes 

vulpes) 

Coyote (Canis 

latrans) 

29/141 (20.6%) (Storandt & 

Kazacos, 1993) 

 Echinococcosis Coyote (Canis 

latrans) 

7/49 (14%) Our study 

Iowa Echinococcosis Red fox (Vulpes 

vulpes) 

Coyote (Canis 

latrans) 

8/2050 (0.39%) (Leiby et al., 

1970; Redman 

et al., 2016) 

Kansas Echinococcosis Red fox (Vulpes 

vulpes) 

Coyote (Canis 

latrans) 

0/111 (0%) (Storandt et al., 

2002) 

 Echinococcosis Domestic dog 1 case report (Evason et al., 

2025) 

 Echinococcosis; 

European 

haplotype 

Coyote (Canis 

latrans) 

25/53 (47%) Our Study 

Kentucky Echinococcosis Coyote (Canis 

latrans) 

1 (Kentucky Fish 

& Wildlife, 

2024) 

Louisiana     

Maine     

Maryland     

Massachusetts     

Michigan Not identified Coyote (Canis 

latrans) 

5/400 (1.3%) (Melotti, 2013; 

Storandt & 

Kazacos, 2012) 

Minnesota Red fox Red fox (Vulpes 

vulpes) 

14/277 (5.0%) (Leiby et al., 

1970) 
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Mississippi     

Missouri Echinococcosis Coyote (Canis 

latrans) 

22/52 (42%) Our study 

Montana Echinococcosis Red fox (Vulpes 

vulpes) 

Coyote (Canis 

latrans) 

9/260 (3.5%) (Leiby et al., 

1970; Seesee et 

al., 1983) 

 Echinococcosis; 

European 

haplotype 

Domestic dog 2 case reports (Evason et al., 

2025) 

Nebraska Echinococcosis Red fox (Vulpes 

vulpes) 

Coyote (Canis 

latrans) 

44/168 

(26.1%)(Kentucky 

Fish & Wildlife, 

2024) 

(Ballard & 

Vande Vusse, 

1983; Redman 

et al., 2016; 

Storandt et al., 

2002) 

Nevada Echinococcosis; 

European 

haplotype 

Domestic dog 1 case report (Evason et al., 

2025) 

New Hampshire     

New Jersey     

New Mexico     

New York E. 

multilocularis;  

Slovakia 

haplotype 

Coyote (Canis 

latrans) 

8/96 (8.3%) (Conlon et al., 

2023) 

North Carolina     

North Dakota  Red fox (Vulpes 

vulpes) 

Coyote  (Canis 

latrans) 

403/2251 (17.9%) (Kritsky & 

Leiby, 1978; 

Leiby et al., 

1970; R. L. 

Rausch & 

Richards, 

1971) 

 Echinococcosis; 

No haplotype 

identified 

Domestic cats 2 cats in one case 

report 

Leiby and 

Kritsky, 1972 

Ohio  Red fox (Vulpes 

vulpes) 

Coyote (Canis 

latrans) 

17/84 (20.2) (Storandt & 

Kazacos, 1993, 

2012) 

Oklahoma     

Oregon Echinococcosis; 

European 

haplotype 

Domestic dog 1 case report (Evason et al., 

2025) 
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Pennsylvania E. 

multilocurlaris; 

Haplotype not 

identifed 

Coyote (Canis 

latrans) 

2/155 (1.29%) (Garrett, 2021) 

Rhode Island     

South Carolina E. 

multilocularis; 

haplotype not 

identifed 

Red fox (Vulpes 

vulpes) 

3/44 (6.8%) Davidson et 

al., 1992 

South Dakota  Red fox (Vulpes 

vulpes) 

Coyote (Canis 

latrans) 

107/397 (27%) (Hildreth et al., 

2000; Leiby et 

al., 1970) 

 Echinococcosis  1 animal Nakao et al., 

2009 

Tennessee     

Texas     

Utah     

Vermont     

Virginia AE; 

European 

haplotype 

Domestic dog 1 case report (A. Zajac et al., 

2020) 

Washington AE; 

European 

haplotype 

Domestic dog 4 case reports (Williams & 

Walzthoni, 

2023)  

 Echinococcosis; 

European 

haplotype 

Domestic dog 4 case reports (Evason et al., 

2025) 

West Virginia     

Wisconsin  Red fox (Vulpes 

vulpes) 

Gray fox 

(Urocyon 

cinereoargenteus) 

6/103 (5.8%) 

 

(Ballard & 

Vande Vusse, 

1983) 

Wyoming  Red fox (Vulpes 

vulpes) 

0/31 (0%) (Storandt et al., 

2002) 

 Echinococcosis Domestic dog 1 case report Evason et al., 

2024 

*Shaded states indicate no cases reported of E. multilocularis  in wild or domestic felids. 

 

Table 5.3  Reports of E. granulosus and E. multilocularis in humans in the United States, listed 

by state, disease state with E. granulosus strain and E. multilocularis haplotype and speculation 

of where infection was acquired. 
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State Echinococcus 

spp. 

Disease Speculation of 

infection location 

References 

Alabama E. granulosus 

No genotype 

identified 

Pulmonary 

CE 

Immigrated to USA 

from the Middle East 

(Zhang et al., 

2024) 

Alaska E. granulosus 

No genotype 

identified 

Pulmonary 

CE 

(30 cases) 

Alaska (Pinch & 

Wilson, 1973)p 

E. granulosus 

and 

E. multilocularis 

41 CE cases 

10 AE cases 

Alaska (R. L. Rausch, 

1960) 

E. granulosus 101 CE cases Alaska (Wilson et al., 

1968) 

E. granulosus 33 CE Cases Alaska (Wilson & 

Rausch, 1980) 

E. granulosus 2 CE cases Washington State (Castrodale et 

al., 2002) 

Arizona E. granulosus Hepatic CE Immigrated to USA 

from Uzbekistan 

(Lloyd et al., 

2014) 

E. granulosus CE in 7 

Navajo, 2 

Zuni and 2 

Domingo 

Indiana 

Locally acquired (Schantz, von 

Reyn, et al., 

1977) 

E. granulosus 16 CE cases Arizona and New 

Mexico 

(Schantz et al., 

1976) 

E. granulosus 2 Pulmonary 

CE 

Arizona (R. Katz et al., 

1980) 

Arkansas E. granulosus CE Arkansas (Narain et al., 

1986) 

California E. granulosus CE Lived in Arizona 

seven years prior 

(Snyder, 1914) 

 E. granulosus Hepatic CE California (Lavers, 1957) 

 E. granulosus 2 cases of CE California or Spain (Sawyer et al., 

1969) 

 E. granulosus Pulmonary 

CE 

California (Schantz et al., 

1970) 

 E. granulosus 26 cases of 

Hepatic CE 

California Pitt et al., 1986 

 E. granulosus Hepatic CE California or Mexico (Passarelli et 

al., 2022) 

Colorado     

Connecticut E. granulosus CE Immigrated from and 

travels to/from Poland 

(Hernandez-

Trujillo et al., 

2009) 

Delaware     
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Florida E. granulosus Pulmonary 

CE 

Moved from 

California, and 

stationed in 

Afghanistan 

(Rybolt et al., 

2024) 

 E. multilocularis AE Florida or Albania (Harper et al., 

2020) 

 E. multilocularis Pulmonary 

AE 

Lived in Africa, Asia 

and Europe 

(Harper et al., 

2020) 

Georgia     

Hawaii     

Idaho     

Illinois E. granulosus 

and E. 

multilocularis 

5 CE cases 

2 AE cases 

Travel history 

unknown 

(Taxy et al., 

2017) 

Indiana     

Iowa     

Kansas     

Kentucky E. granulosus CE Immigrated to USA 

from Italy 

(Bryan & 

Schantz, 1989) 

Louisiana E. granulosus Uterine CE Louisiana (Miller & 

Collins, 1937) 

 E. granulosus Hepatic CE Minnesota or 

Louisiana 

(Sawitz, 1938) 

 E. granulosus Pulmonary 

CE 

Lived in Idaho, Alaska 

and Louisiana 

(Burlew et al., 

1990) 

Maine E. granulosus Cerebral CE Immigrated to USA 

from Rwanda 

(Rebusi, n.d.) 

Maryland E. granulosus Hepatic CE Immigrated to USA 

from the Middle East 

(Parwani et al., 

2004) 

Massachusetts E. granulosus 79 cases of 

CE up to 

1948 

1 case originated in the 

USA 

(A. M. Katz, 

1958) 

 E. granulosus Hepatic and 

Pulmonary 

CE 

Spent 11 months in 

Bolivia, 3 years before 

presentation 

(Cabot et al., 

1987) 

 E. granulosus Hepatic and 

Pulmonary 

CE 

Immigrated to USA 

from Albania 

(Baden & 

Elliott, 2003) 

 E. granulosus Hepatic CE Immigrated to USA 

from Romania 

(Murali et al., 

2015) 

Michigan     

Minnesota E. multilocularis 

North American 

N2 haplotype 

Hepatic AE Minnesota (Gamble, 1979; 

Yamasaki et al., 

2008) 

Mississippi E. granulosus Pulmonary 

CE 

Mississippi (Johnston & 

Twente, 1952) 
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Missouri E. granulosus Pulmonary 

CE 

Immigrated to USA 

from Israel 

(Lev‐Tzion & 

Goldbart, 2012) 

Montana     

Nebraska     

Nevada     

New 

Hampshire 

E. granulosus Pulmonary 

CE 

New Hampshire (AlSalman et 

al., 2023) 

New Jersey E. granulosus Hepatic CE  (Demos, 1974) 

New Mexico E. granulosus 16 CE cases New Mexico or 

Arizona 

(Schantz et al., 

1976) 

 E. granulosus Pulmonary 

CE 

New Mexico or 

Arizona 

(R. Katz et al., 

1980) 

New York     

North 

Carolina 

    

North Dakota     

Ohio E. granulosus Pulmonary 

CE 

Immigrated to USA 

from Italy 

(G. Thomas et 

al., 1984) 

Oklahoma     

Oregon     

Pennsylvania E. granulosus Pulmonary 

CE 

Born and raised in 

Pennsylvania with 

travel to Palestine 

(Blatz et al., 

2022) 

 E. multilocularis Hepatic AE Pennsylvania with a 

distant travel history to 

Morocco and recent 

travel history to 

Northern Europe 

(Komisarof et 

al., 2000) 

Rhode Island     

South 

Carolina 

E. granulosus Hepatic CE Traveled to Guatemala 

several years before 

presentation 

(Lin et al., 

2024) 

South Dakota     

Tennessee E. granulosus Hepatic CE Mississippi or 

Tennessee 

(Finck & 

Hunninen, 

1954) 

 E. granulosus Hepatic Mississippi or 

Tennessee 

(Finck & 

Hunninen, 

1954) 

Texas E. granulosus Pulmonary 

CE 

Spent 3-months in 

Republic of Georgia 

and New Mexico, 3 

years earlier 

(Kornfeld & 

Mark, 1999) 

Utah E. granulosus 56 cases of 

CE 

32 considered 

autochthonous 

Andersen et al., 

1977 
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Vermont E. multilocularis 

European 2, 4, 5 

haplotypes 

Hepatic AE 

and  

Pulmonary 

AE 

Vermont (Polish et al., 

2021, 2022) 

Virginia E. granulosus Hepatic CE Immigrated to USA 

from Afghanistan 

(Carter et al., 

2009) 

Washington     

West Virginia     

Wisconsin     

Wyoming     

*Shaded states indicate no cases reported of E. granulosus or E. multilocularis in humans. 
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Appendix B - Museum catalog for host specimens collected in 

Kansas, Missouri, Indiana, and Illinois, U.S.A. 

Table 5.4  Museum catalog for host specimens collected in Kansas listed by catalog number, 

species, county and gastrointestinal parasites found. To view the full data set, visit Arctos digital 

specimen database (https://arctos.database.museum/) and enter the catalog number. 

Catalog Number 
Animal 

ID 
Species County Endoparasites found 

 C-KS-01 
Canis 

latrans 
Jefferson Taenia spp. 

KSB:Mamm:1589 C-KS-02 
Canis 

latrans 
Jefferson Echinococcus multilocularis 

KSB:Mamm:1596 C-KS-03 
Canis 

latrans 
Morris 

Echinococcus multilocularis, 

Toxascaris leonina 

KSB:Mamm:1673 C-KS-04 
Canis 

latrans 
Geary Toxascaris leonina 

 C-KS-05 
Canis 

latrans 
Mitchell Toxascaris leonina 

KSB:Mamm:1711 C-KS-06 
Canis 

latrans 
Ellis Toxascaris leonina 

 C-KS-07 
Canis 

latrans 
Chase 

Echinococcus multilocularis, 

Toxascaris leonina 

 C-KS-08 
Canis 

latrans 
Sumner Taenia spp., Toxascaris leonina 

KSB:Mamm:1571 C-KS-09 
Canis 

latrans 
Clay Physaloptera spp. 

KSB:Mamm:1631 C-KS-10 
Canis 

latrans 
Morris Taenia spp., Physaloptera spp. 

KSB:Mamm:1603 C-KS-11 
Canis 

latrans 
Jefferson 

Echinococcus multilocularis, 

Taenia spp., Ancylostoma spp. 

KSB:Mamm:1533 C-KS-12 
Canis 

latrans 
Morris No parasites found 

KSB:Mamm:1277 C-KS-13 
Canis 

latrans 
Saline 

Echinococcus multilocularis, 

Physaloptera spp. 

https://arctos.database.museum/
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KSB:Mamm:1684 C-KS-14 
Canis 

latrans 
Jefferson Echinococcus multilocularis 

KSB:Mamm:1634 C-KS-15 
Canis 

latrans 
Jefferson Toxascaris leonina 

KSB:Mamm:1648 C-KS-16 
Canis 

latrans 
Jackson 

Ancylostoma spp., Physaloptera 

spp., Toxascaris spp. 

KSB:Mamm:1602 C-KS-17 
Canis 

latrans 
Osage Echinococcus multilocularis 

KSB:Mamm:1632 C-KS-18 
Canis 

latrans 
Osage Echinococcus multilocularis 

KSB:Mamm:1718 C-KS-19 
Canis 

latrans 
Osage 

Echinococcus multilocularis, 

Taenia spp., Toxascaris leonina 

KSB:Mamm:1705 C-KS-20 
Canis 

latrans 
Clay Toxascaris leonina 

KSB:Mamm:1594 C-KS-21 
Canis 

latrans 
Kiowa Taenia spp., Physaloptera spp. 

KSB:Mamm:1686 C-KS-22 
Canis 

latrans 
Ness Taenia spp., Toxascaris leonina 

KSB:Mamm:1604 C-KS-23 
Canis 

latrans 
Rush Toxascaris leonina 

KSB:Mamm:1605 C-KS-24 
Canis 

latrans 
Gray 

Echinococcus multilocularis, 

Taenia spp., Physaloptera spp. 

KSB:Mamm:1569 C-KS-25 
Canis 

latrans 
Gray No parasites found 

KSB:Mamm:1591 C-KS-26 
Canis 

latrans 
Kiowa 

Echinococcus multilocularis, 

Taenia spp., Toxascaris leonina 

KSB:Mamm:1288 C-KS-27 
Canis 

latrans 
Rooks Taenia spp., Mesocestoides spp. 

KSB:Mamm:1152 C-KS-28 
Canis 

latrans 
Rush Taenia spp., Toxascaris leonina 

KSB:Mamm:1636 C-KS-29 
Canis 

latrans 
Rush Taenia spp. 

KSB:Mamm:1607 C-KS-30 
Canis 

latrans 
Rush No parasites found 

KSB:Mamm:1708 C-KS-31 
Canis 

latrans 
Kiowa No parasites found 
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KSB:Mamm:1516 C-KS-32 
Canis 

latrans 
Gray Taenia spp., Physaloptera spp. 

KSB:Mamm:1609 C-KS-33 
Canis 

latrans 
Rush No parasites found 

KSB:Mamm:1692 C-KS-34 
Canis 

latrans 
Gray Echinococcus multilocularis 

KSB:Mamm:1620 C-KS-35 
Canis 

latrans 
Neosho 

Echinococcus multilocularis, 

Taenia spp. 

KSB:Mamm:1575 C-KS-36 
Canis 

latrans 
Lincoln No parasites found 

KSB:Mamm:1691 C-KS-37 
Canis 

latrans 
- Toxascaris leonina 

KSB:Mamm:1695 C-KS-38 
Canis 

latrans 
Neosho Echinococcus multilocularis 

KSB:Mamm:1700 C-KS-39 
Canis 

latrans 
Neosho Toaxascaris leonina 

KSB:Mamm:1622 C-KS-40 
Canis 

latrans 
Neosho 

Echinococcus multilocularis, 

Toaxascaris leonina 

KSB:Mamm:1685 C-KS-41 
Canis 

latrans 
Neosho Echinococcus multilocularis 

KSB:Mamm:1612 C-KS-42 
Canis 

latrans 
Neosho 

Echinococcus multilocularis, 

Taenia spp. 

KSB:Mamm:1697 C-KS-43 
Canis 

latrans 
Neosho 

Echinococcus multilocularis, 

Taenia spp. 

KSB:Mamm:1592 C-KS-44 
Canis 

latrans 
Neosho No parasites found 

KSB:Mamm:1696 C-KS-45 
Canis 

latrans 
Neosho Echinococcus multilocularis 

KSB:Mamm:1626 C-KS-46 
Canis 

latrans 
Neosho 

Echinococcus multilocularis, 

Taenia spp., Ancylostoma spp. 

KSB:Mamm:1698 C-KS-47 
Canis 

latrans 
Neosho 

Echinococcus multilocularis, 

Toxascaris leonina 

KSB:Mamm:1699 C-KS-48 
Canis 

latrans 
Neosho Taenia spp., Toxascaris leonina 

KSB:Mamm:1601 C-KS-49 
Canis 

latrans 
Thomas Taenia spp., Physaloptera spp. 
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KSB:Mamm:1590 C-KS-50 
Canis 

latrans 
Lyon 

Echinococcus multilocularis, 

Taenia spp. 

KSB:Mamm:1647 C-KS-51 
Canis 

latrans 
Lyon 

Echinococcus multilocularis, 

Taenia spp., Ancylostoma spp. 

KSB:Mamm:1688 C-KS-52 
Canis 

latrans 
Leavenworth 

Echinococcus multilocularis, 

Taenia spp., Ancylostoma spp., 

Trichuris spp. 

KSB:Mamm:1608 C-KS-53 
Canis 

latrans 
Leavenworth 

Echinococcus multilocularis, 

Taenia spp., Toaxacasris leonina 

KSB:Mamm:1531 F-KS-01 
Vulpes 

vulpes 
McPherson No parasites found 

*Shaded rows had no samples submitted for cataloging. 

 

Table 5.5  Museum catalog for host specimens collected in Missouri listed by catalog number, 

species, county and gastrointestinal parasites found. To view the full data set, visit Arctos digital 

specimen database (https://arctos.database.museum/) and enter the catalog number. 

Catalog Number 
Animal 

ID 
Species County Endoparasites found 

KSB:Mamm:1198 
C-MO-

01 

Canis 

latrans 
Boonville No parasites found  

KSB:Mamm:1611 
C-MO-

02 

Canis 

latrans 
Boonville 

Echinococcus multilocularis, 

Taenia spp., Toxascaris leonina 

KSB:Mamm:1490 
C-MO-

03 

Canis 

latrans 
Boonville 

Echinococcus multilocularis, 

Taenia spp. 

KSB:Mamm:1694 
C-MO-

04 

Canis 

latrans 
Boonville No parasites found  

KSB:Mamm:1252 
C-MO-

05 

Canis 

latrans 
Howard 

Echinococcus multilocularis, 

Taenia spp. 

KSB:Mamm:1196 
C-MO-

06 

Canis 

latrans 
Howard Taenia spp. 

KSB:Mamm:1703 
C-MO-

07 

Canis 

latrans 
Howard Taenia spp. 

KSB:Mamm:1364 
C-MO-

08 

Canis 

latrans 
Howard 

Echinococcus multilocularis, 

Taenia spp. 

KSB:Mamm:1203 
C-MO-

09 

Canis 

latrans 
Howard  No parasites found 

https://arctos.database.museum/
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KSB:Mamm:1630 
C-MO-

10 

Canis 

latrans 
Howard 

Echinococcus multilocularis, 

Toxascaris leonina 

KSB:Mamm:1199 
C-MO-

11 

Canis 

latrans 
Howard Toxascaris leonina 

KSB:Mamm:1193 
C-MO-

12 

Canis 

latrans 
Putnam Taenia spp. 

KSB:Mamm:1606 
C-MO-

13 

Canis 

latrans 
Putnam Taenia spp. 

KSB:Mamm:1197 
C-MO-

14 

Canis 

latrans 

Mercer & 

Grundy 
Echinococcus multilocularis 

KSB:Mamm:1228 
C-MO-

15 

Canis 

latrans 

Mercer & 

Grundy 
Echinococcus multilocularis 

KSB:Mamm:1323 
C-MO-

16 

Canis 

latrans 

Atchinson & 

Holt 

Echinococcus multilocularis, 

Physaloptera spp. 

KSB:Mamm:1160 
C-MO-

17 

Canis 

latrans 

Atchinson & 

Holt 
 No parasites found 

KSB:Mamm:1194 
C-MO-

18 

Canis 

latrans 
Platte Echinococcus multilocularis 

KSB:Mamm:1188 
C-MO-

19 

Canis 

latrans 
Platte 

Echinococcus multilocularis, 

Taenia spp., Toxascaris leonina 

KSB:Mamm:1689 
C-MO-

20 

Canis 

latrans 

Dekalb & 

Gentry 

Echinococcus multilocularis, 

Ancylostoma spp. 

KSB:Mamm:1229 
C-MO-

21 

Canis 

latrans 
Sullivan  No parasites found 

KSB:Mamm:1141 
C-MO-

22 

Canis 

latrans 
Sullivan Taenia spp. 

KSB:Mamm:1666 
C-MO-

23 

Canis 

latrans 
Putnam Taenia spp. 

KSB:Mamm:1670 
C-MO-

24 

Canis 

latrans 
Putnam Taenia spp., Toxascaris leonina 

KSB:Mamm:1195 
C-MO-

25 

Canis 

latrans 

Atchinson & 

Holt 

Echinococcus multilocularis, 

Taenia spp., Physaloptera spp. 

KSB:Mamm:1334 
C-MO-

26 

Canis 

latrans 

Atchinson & 

Holt 
Ancylostoma spp. 

KSB:Mamm:1221 
C-MO-

27 

Canis 

latrans 

Mercer & 

Grundy 
Taenia spp. 
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KSB:Mamm:1624 
C-MO-

28 

Canis 

latrans 

Mercer & 

Grundy 
Taenia spp., Physaloptera spp, 

KSB:Mamm:1225 
C-MO-

29 

Canis 

latrans 
Harrison Taenia spp., Physaloptera spp, 

KSB:Mamm:1230 
C-MO-

30 

Canis 

latrans 
Harrison No parasites seen  

KSB:Mamm:1226 
C-MO-

31 

Canis 

latrans 

Dekalb & 

Gentry 
Taenia spp., Toxascaris leonina 

KSB:Mamm:1231 
C-MO-

32 

Canis 

latrans 

Dekalb & 

Gentry 

Echinococcus multilocularis, 

Taenia spp. 

KSB:Mamm:1677 
C-MO-

33 

Canis 

latrans 

Atchinson & 

Holt 
Toxascaris leonina 

KSB:Mamm:1637 
C-MO-

34 

Canis 

latrans 
Cole Taenia spp., Physaloptera spp. 

KSB:Mamm:1524 
C-MO-

35 

Canis 

latrans 
Howard 

Echinococcus multilocularis, 

Dirofilaria immitis 

KSB:Mamm:1671 
C-MO-

36 

Canis 

latrans 
Howard  No parasites found 

KSB:Mamm:1709 
C-MO-

37 

Canis 

latrans 
Howard Toxascaris leonina 

KSB:Mamm:1599 
C-MO-

38 

Canis 

latrans 
Howard 

Echinococcus multilocularis, 

Dirofilaria immitis 

KSB:Mamm:1706 
C-MO-

39 

Canis 

latrans 
Howard  No parasites found 

KSB:Mamm:1597 
C-MO-

40 

Canis 

latrans 
Howard 

Ancylostoma spp., 

Dirofilaria immitis 

KSB:Mamm:1149 
C-MO-

41 

Canis 

latrans 
Dade Taenia spp., Toxascaris leonina 

KSB:Mamm:1627 
C-MO-

42 

Canis 

latrans 
Cass Echinococcus multilocularis 

KSB:Mamm:1528 
C-MO-

43 

Canis 

latrans 
Polk 

Echinococcus multilocularis, 

Taenia spp. 

KSB:Mamm:1579 
C-MO-

44 

Canis 

latrans 
Lawrence Taenia spp., Toxascaris leonina 

KSB:Mamm:1600 
C-MO-

45 

Canis 

latrans 
Lawrence 

Echinococcus multilocularis, 

Physaloptera spp. 
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KSB:Mamm:1587 
C-MO-

46 

Canis 

latrans 
Barton Taenia spp.  

KSB:Mamm:1227 
C-MO-

47 

Canis 

latrans 
Barton Echinococcus multilocularis 

KSB:Mamm:1598 
C-MO-

48 

Canis 

latrans 
Barton 

Echinococcus multilocularis, 

Taenia spp. 

KSB:Mamm:1159 
C-MO-

49 

Canis 

latrans 
McDonald Taenia spp.  

KSB:Mamm:1588 
C-MO-

50 

Canis 

latrans 
McDonald Ancylostoma spp.  

KSB:Mamm:1690 
C-MO-

51 

Canis 

latrans 
Camden 

Echinococcus multilocularis, 

Toxascaris leonina 

KSB:Mamm:1610 
C-MO-

52 

Canis 

latrans 
Camden Echinococcus multilocularis  

KSB:Mamm:1707 
F-MO-

01 

Canis 

latrans 
Jackson Echinococcus multilocularis 

*Shaded rows had no samples submitted for cataloging. 

 

Table 5.6 Museum catalog for host specimens collected in Illinois listed by catalog number, 

species, county and gastrointestinal parasites found. To view the full data set, visit Arctos digital 

specimen database (https://arctos.database.museum/) and enter the catalog number. 

Catalog Number 
Animal 

ID 
Species County Endoparasites found 

KSB:Mamm:1674 
C-IL-

01 

Canis 

latrans 
Macoupin/Fayette 

Echinococcus multilocularis, 

Ancylostoma spp.  

KSB:Mamm:1633 
C-IL-

02 

Canis 

latrans 
Macoupin/Fayette Taenia spp. 

KSB:Mamm:1641 
C-IL-

03 

Canis 

latrans 
Macoupin/Fayette 

Echinococcus multilocularis, 

Taenia spp. 

KSB:Mamm:1715 
C-IL-

04 

Canis 

latrans 
Macoupin/Fayette  Taenia spp. 

KSB:Mamm:1567 
C-IL-

05 

Canis 

latrans 
Macoupin/Fayette Ancylostoma spp. 

KSB:Mamm:1644 
C-IL-

06 

Canis 

latrans 
Macoupin/Fayette Taenia spp. 

KSB:Mamm:1643 
C-IL-

07 

Canis 

latrans 
Macoupin/Fayette 

Taenia spp., Ancylostoma spp., 

Toxascaris leonina 

https://arctos.database.museum/


159 

KSB:Mamm:1720 
C-IL-

08 

Canis 

latrans 
Christian 

Echinococcus multilocularis, 

Ancylostoma spp., Toxascaris 

leonina 

  
C-IL-

09 

Canis 

latrans 
Christian 

 Echinococcus multilocularis, 

Taenia spp., Toxascaris leonina 

KSB:Mamm:1668 
C-IL-

10 

Canis 

latrans 
Christian 

Taenia spp., Ancylostoma spp., 

Toxascaris spp. Trichuris spp. 

KSB:Mamm:1651 
C-IL-

11 

Canis 

latrans 
Christian 

Echinococcus multilocularis, 

Taenia spp., Ancylostoma spp.. 

Physaloptera spp., Toxascaris 

spp. 

KSB:Mamm:1539 
C-IL-

12 

Canis 

latrans 
Christian No parasites found 

KSB:Mamm:1649 
C-IL-

13 

Canis 

latrans 
Christian Taenia spp., Ancylostoma spp. 

KSB:Mamm:1570 
C-IL-

14 

Canis 

latrans 
Christian 

Taenia spp., Ancylostoma spp., 

Physaloptera spp., Toxascaris 

spp. 

KSB:Mamm:1655 
C-IL-

15 

Canis 

latrans 
Christian Taenia spp., Physaloptera spp. 

KSB:Mamm:1669 
C-IL-

16 

Canis 

latrans 
Christian 

Taenia spp., Ancylostoma spp., 

Tocascaris leonina 

KSB:Mamm:1658 
C-IL-

17 

Canis 

latrans 
Henry 

 Ancylostoma spp., Physaloptera 

spp. 

KSB:Mamm:1664 
C-IL-

18 

Canis 

latrans 
Rock Island Taenia spp. 

KSB:Mamm:1638 
C-IL-

19 

Canis 

latrans 

Knox/Henry/Rock 

Island 

Taenia spp., Ancylostoma spp., 

Physaloptera spp. 

KSB:Mamm:1513 
C-IL-

20 

Canis 

latrans 
Bureau/La Salle 

Taenia spp., Ancylostoma spp., 

Toxascaris leonina 

KSB:Mamm:1522 
C-IL-

21 

Canis 

latrans 
Rock Island  Taenia spp., Ancylostoma spp. 

KSB:Mamm:1635 
C-IL-

22 

Canis 

latrans 
Rock Island Taenia spp. 

KSB:Mamm:1511 
C-IL-

23 

Canis 

latrans 
Henry Taenia spp., Physaloptera spp. 

KSB:Mamm:1657 
C-IL-

24 

Canis 

latrans 
Henry 

Ancyslostoma spp., Toxascaris 

leonina 
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KSB:Mamm:1656 
C-IL-

25 

Canis 

latrans 
Bureau/La Salle 

Taenia spp., Dirofilaria immitis, 

Toxascaris leonina 

KSB:Mamm:1527 
C-IL-

26 

Canis 

latrans 
Whiteside Taenia spp., Ancylostoma spp. 

KSB:Mamm:1537 
C-IL-

27 

Canis 

latrans 
Rock Island Taenia spp., Toxascaris leonina 

KSB:Mamm:1663 
C-IL-

28 

Canis 

latrans 
Rock Island Taenia spp., Ancylostoma spp, 

KSB:Mamm:1650 
C-IL-

29 

Canis 

latrans 
Bureau/La Salle 

Echinococcus multilocularis,  

Taenia spp., Toxascaris spp, 

KSB:Mamm:1544 
C-IL-

30 

Canis 

latrans 
Whiteside 

 Ancylostoma spp. Toxascaris 

leonina 

KSB:Mamm:1549 
C-IL-

31 

Canis 

latrans 
Bureau/La Salle 

Taenia spp., Physaloptera spp., 

Toxascaris leonina 

KSB:Mamm:1667 
C-IL-

32 

Canis 

latrans 
Warren 

Taenia spp., Ancylostoma spp., 

Toxascaris leonina 

KSB:Mamm:1672 
C-IL-

33 

Canis 

latrans 
Warren Ancylostoma spp. 

KSB:Mamm:1659 
C-IL-

34 

Canis 

latrans 
Whiteside 

Ancylostoma spp., Physaloptera 

spp., Toxascaris leonina 

KSB:Mamm:1645 
C-IL-

35 

Canis 

latrans 
Whiteside Taenia spp., Ancylostoma spp. 

KSB:Mamm:1525 
C-IL-

36 

Canis 

latrans 

Knox/Henry/Rock 

Island 

 Echinococcus multilocularis, 

Ancylostoma spp., Physaloptera 

spp. 

KSB:Mamm:1642 
C-IL-

37 

Canis 

latrans 
Henry 

Taenia spp., Ancylostoma spp. & 

Toxascaris spp. 

KSB:Mamm:1565 
C-IL-

38 

Canis 

latrans 
Henry 

Echinococcus multilocularis, 

Taenia spp., Ancylostoma spp. &  

Physaloptera spp. 

KSB:Mamm:1572 
C-IL-

39 

Canis 

latrans 
Whiteside 

Taenia spp., Ancylostoma spp., 

Physaloptera spp., Toxascaris 

spp. 

KSB:Mamm:1577 
C-IL-

40 

Canis 

latrans 
Bureau/La Salle 

Taenia spp., Ancylostoma spp., 

Physaloptera spp. 

KSB:Mamm:1662 
C-IL-

41 

Canis 

latrans 
Rock Island Taenia spp. 
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KSB:Mamm:1526 
C-IL-

42 

Canis 

latrans 
Whiteside Toxascaris spp. 

KSB:Mamm:1584 
C-IL-

43 

Canis 

latrans 
Henry Taenia spp., Ancylostoma spp. 

KSB:Mamm:1581 
C-IL-

44 

Canis 

latrans 
Whiteside Taenia spp., Ancylostoma spp. 

KSB:Mamm:1580 
C-IL-

45 

Canis 

latrans 
Henry 

Echinococcus multilocularis, 

Taenia spp., Ancylostoma spp., 

Physaloptera spp., Toxascaris 

leonina 

KSB:Mamm:1621 
C-IL-

46 

Canis 

latrans 
Rock Island 

Taenia spp., Ancylostoma spp. & 

Toxascaris leonina 

KSB:Mamm:1583 
C-IL-

47 

Canis 

latrans 
Henry Taenia spp., Physaloptera spp. 

KSB:Mamm:1578 
C-IL-

48 

Canis 

latrans 

Knox/Henry/Rock 

Island 

Echinococcus multilocularis, 

Taenia spp. 

KSB:Mamm:1710 
C-IL-

49 

Canis 

latrans 
Whiteside No parasites found 

KSB:Mamm:1573 
C-IL-

50 

Canis 

latrans 
Rock Island Taenia spp. 

*Shaded rows had no samples submitted for cataloging. 

 

Table 5.7  Museum catalog for host specimens collected in Indiana listed by catalog number, 

species, county and gastrointestinal parasites found. To view the full data set, visit Arctos digital 

specimen database (https://arctos.database.museum/) and enter the catalog number. 

Catalog Number 
Animal 

ID 
Species County Endoparasites found 

  
C-IN-

01 

Canis 

latrans 
Greene Taenia spp.  

KSB:Mamm:1515 
C-IN-

02 

Canis 

latrans 
Davies 

Echinococcus multilocularis, 

Taenia spp., Dirofilaria immitis 

KSB:Mamm:1701 
C-IN-

03 

Canis 

latrans 
Kokomo Physaloptera spp. 

KSB:Mamm:1523 
C-IN-

04 

Canis 

latrans 
Selma 

Echinococcus multilocularis, 

Taenia spp., Toxascaris leonina 

KSB:Mamm:1518 
C-IN-

05 

Canis 

latrans 
Selma Taenia spp., Toxascaris leonina 

https://arctos.database.museum/
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KSB:Mamm:1534 
C-IN-

06 

Canis 

latrans 
Selma Physaloptera spp. 

KSB:Mamm:1553 
C-IN-

07 

Canis 

latrans 
Selma Taenia spp., Toxascaris leonina 

KSB:Mamm:1542 
C-IN-

08 

Canis 

latrans 
Selma Taenia spp., Toxascaris leonina 

KSB:Mamm:1547 
C-IN-

09 

Canis 

latrans 
Selma Taenia spp., Physaloptera spp. 

KSB:Mamm:1512 
C-IN-

10 

Canis 

latrans 
Selma Taenia spp.  

KSB:Mamm:1514 
C-IN-

11 

Canis 

latrans 
Greene 

Ancylostoma spp., Physaloptera 

spp. 

KSB:Mamm:1551 
C-IN-

12 

Canis 

latrans 
Greene Dirofilaria immitis 

KSB:Mamm:1564 
C-IN-

13 

Canis 

latrans 
Greene Toxascaris leonina 

KSB:Mamm:1543 
C-IN-

14 

Canis 

latrans 
Greene 

Taenia spp., Toxascaris leonina,  

Trichuris spp. 

KSB:Mamm:1554 
C-IN-

15 

Canis 

latrans 
Greene Taenia spp., Toxascaris leonina 

  
C-IN-

16 

Canis 

latrans 
Greene 

Taenia spp., Dirofilaria immitis,  

Toxascaris leonina 

KSB:Mamm:1532 
C-IN-

17 

Canis 

latrans 
Greene 

Echinococcus multilocularis, 

Taenia spp., Physaloptera spp. 

KSB:Mamm:1552 
C-IN-

18 

Canis 

latrans 
Greene 

Ancylostoma spp.,  Toxascaris 

leonina 

KSB:Mamm:1558 
C-IN-

19 

Canis 

latrans 
Greene Dirofilaria immitis 

KSB:Mamm:1521 
C-IN-

20 

Canis 

latrans 
Greene 

Echinococcus multilocularis, 

Ancylostoma spp., Physaloptera 

spp., Trichuris spp. 

KSB:Mamm:1530 
C-IN-

21 

Canis 

latrans 
Greene Taenia spp. 

KSB:Mamm:1541 
C-IN-

22 

Canis 

latrans 
Greene 

Taenia spp., Dirofilaria immitis,  

Physaloptera spp., Toxascaris 

leonina, Trichuris spp. 

KSB:Mamm:1517 
C-IN-

23 

Canis 

latrans 
Greene 

Taenia spp., Physaloptera spp., 

Trichuris spp. 
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KSB:Mamm:1535 
C-IN-

24 

Canis 

latrans 
Greene  Taenia spp. 

KSB:Mamm:1536 
C-IN-

25 

Canis 

latrans 
Greene Dirofilaria immitis 

KSB:Mamm:1510 
C-IN-

26 

Canis 

latrans 
Greene No parasites found 

KSB:Mamm:1550 
C-IN-

27 

Canis 

latrans 
Greene No parasites found 

KSB:Mamm:1546 
C-IN-

28 

Canis 

latrans 
Greene  Taenia spp. 

KSB:Mamm:1529 
C-IN-

29 

Canis 

latrans 
Greene Taenia spp., Physaloptera spp. 

KSB:Mamm:1538 
C-IN-

30 

Canis 

latrans 
Greene 

Taenia spp., Ancylostoma spp., 

Toxascaris leonina 

KSB:Mamm:1623 
C-IN-

31 

Canis 

latrans 
Kokomo  Taenia spp. 

KSB:Mamm:1582 
C-IN-

32 

Canis 

latrans 
Kokomo 

Echinococcus multilocularis, 

Physaloptera spp. 

  
C-IN-

33 

Canis 

latrans 
Kokomo 

Dirofilaria immitis, Physaloptera 

spp. 

  
C-IN-

34 

Canis 

latrans 
Kokomo  No parasites found 

KSB:Mamm:1561 
C-IN-

35 

Canis 

latrans 
Kokomo  Taenia spp. 

KSB:Mamm:1576 
C-IN-

36 

Canis 

latrans 
Kokomo  Taenia spp. 

KSB:Mamm:1713 
C-IN-

37 

Canis 

latrans 
Kokomo 

Echinococcus multilocularis, 

Taenia spp., Physaloptera spp. 

KSB:Mamm:1625 
C-IN-

38 

Canis 

latrans 
Kokomo 

Echinococcus multilocularis, 

Physaloptera spp. 

KSB:Mamm:1563 
C-IN-

39 

Canis 

latrans 
Selma Taenia spp.  

KSB:Mamm:1559 
C-IN-

40 

Canis 

latrans 
Selma  Taenia spp.  

KSB:Mamm:1556 
C-IN-

41 

Canis 

latrans 
Selma  Taenia spp.  
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KSB:Mamm:1560 
C-IN-

42 

Canis 

latrans 
Selma  Taenia spp.  

KSB:Mamm:1723 
C-IN-

43 

Canis 

latrans 
Selma  Taenia spp.  

KSB:Mamm:1562 
C-IN-

44 

Canis 

latrans 
Selma  Taenia spp.  

KSB:Mamm:1661 
C-IN-

45 

Canis 

latrans 
Selma 

Echinococcus multilocularis, 

Ancylostoma spp., Physaloptera 

spp., Toxascaris leonina 

KSB:Mamm:1555 
C-IN-

46 

Canis 

latrans 
Selma Taenia spp., Dirofilaria immitis 

KSB:Mamm:1540 
C-IN-

47 

Canis 

latrans 
Selma 

Taenia spp., Ancylostoma spp., 

Physaloptera spp., Toxascaris 

leonina 

KSB:Mamm:1545 
C-IN-

48 

Canis 

latrans 
Selma Taenia spp., Toxascaris leonina 

KSB:Mamm:1519 
C-IN-

49 

Canis 

latrans 
Selma 

Ancylostoma spp., Toxascaris 

leonina 

*Shaded rows had no samples submitted for cataloging. 
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Appendix C - GenBank References for Echinococcus multilocularis 

haplotypes 

Table 5.8 Haplotypes and corresponding GenBank accession numbers for the nad2 and cob 

genes.  

Echinococcus multilocularis 

Haplotype and Outgroup 
nad2 cob References 

Austria (E1) AB461403 AB461395 Nakao et al., 2009 

Canada: Alberta Haplotype AB1 KC582634 KC582620 Gesy and Jenkins (2015) 

Canada: British Columbia isolate 

BC1 
KC550005 KC550003 Gesy and Jenkins (2015) 

Canada: British Columbia isolate 

MC3 
JF751036 JF751035 Jenkins et al. (2012) 

Canada: Saskatchewan haplotype 

SK1 
KC550008 KC550006 Gesy and Jenkins (2015) 

Canada: Saskatchewan haplotype 

SK2 
KC582628 KC582614 Gesy and Jenkins (2015) 

Canada: Saskatchewan haplotype 

SK3 
KC549993 KC549999 Gesy and Jenkins (2015) 

Canada: Saskatchewan haplotype 

SK4 
KC582629 KC582615 Gesy and Jenkins (2015) 

Canada: Saskatchewan haplotype 

SK5 
KC582630 KC582616 Gesy and Jenkins (2015) 

Canada: Saskatchewan haplotype 

SK6 
KC582631 KC582617 Gesy and Jenkins (2015) 

Canada: Saskatchewan haplotype 

SK7 
KC582632 KC582618 Gesy and Jenkins (2015) 

Canada: Saskatchewan haplotype 

SK8 
KC582633 KC582619 Gesy and Jenkins (2015) 

China: Inner Mongolia (O1) AB461411 AB461402 Nakao et al. (2009) 

France (E2, E3, E4) AB461404 AB461396 Nakao et al. (2009) 

Japan: Hokkaido (A3, A4) AB461407 AB461399 Nakao et al. (2009) 

Kyrgyzstan isolate (A19) MN829521 MN829505 
(Alvarez Rojas et al., 

2020) 

Poland haplotype EmPL6 KY205697 KY205667 (Karamon et al., 2017) 
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Poland haplotype EmPL10 KY205701 KY205671 (Karamon et al., 2017) 

Poland haplotype EmPL14 KY205705 KY205675 (Karamon et al., 2017) 

Slovakia (E5) AB461405 AB461397 Nakao et al. (2009) 

United States: Alaska, St. Lawrence 

Island (N1) 
AB461409 AB461400 Nakao et al. (2009) 

United States: Alaska, St. Lawrence 

Island Isolate A1 
MT429275 MT429271 (Laurimäe et al., 2020) 

United States: Indiana (N2) AB461410 AB461401 Nakao et al. (2009) 

United States: Missouri LC645086 LC645085 Kuroki et al. (2022) 

United States: Missouri LC380930 LC380929 (Kuroki et al., 2020) 

United States: South Dakota (N2) AB374427 AB374426 Nakao et al. (2009) 

United States: Virginia isolate 

197WR 
OK268249 OK268251 Polish et al. (2022) 

United States: New York Isolate 

E316 
OP596325 OP596328 Conlon et al. (2024) 

United States: New York Isolate 

E320 
OP596326 OP596329 Conlon et al. (2024) 

United States: New York Isolate 

E321 
OP596327 OP596330 Conlon et al. (2024) 

Taenia saginata NC_009938 NC_009938 (Jeon et al., 2007) 

 

 


