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Abstract 

Rift Valley fever virus (RVFV) is a zoonotic arbovirus that is a significant threat to 

livestock and humans. It is listed as #3 for most dangerous animal threats and is in the top 10 

pathogens needing urgent research in preventative and control measures. Although RVFV has 

never been reported in the US or Europe, outbreaks outside the African continent have sparked 

renewed interest in developing diagnostics and vaccines to protect both agriculture and public 

health. Having specific and versatile diagnostics is critical for vaccine development and 

application. For example, diagnostic tools that aid in identifying key immunogens and 

understanding the virus-host interaction directly contribute to developing protective vaccines. 

Additionally, vaccines that are used prophylactically or in response to an outbreak require 

diagnostic tests to differentiate infected from vaccinated animals (DIVA). This is critical for 

assessing the return to ‘disease free’ status after an outbreak. Unfortunately, there are limited 

RVFV diagnostic tests that are versatile and DIVA compatible with the newest RVFV vaccines. 

We describe the development of several diagnostic tools that are DIVA compatible for detecting 

RVFV nucleic acid, antibodies, and antigens. First, we evaluate a fluorescence microsphere 

immunoassay (FMIA) for the detection of antibodies against a RVFV surface glycoprotein and 

the nucleocapsid protein. The targets developed in this assay provide the basis for a DIVA-

compatible serological assay with a candidate RVFV Gn/Gc subunit vaccine, as well as, offer a 

multiplexing platform that can simultaneously screen for several ruminant diseases. Second, we 

describe a novel chromogenic in situ hybridization (ISH) assay to detect RVFV in formalin-

fixed, paraffin-embedded (FFPE) tissues. This molecular assay offers a highly sensitive, 

multiplexing platform that detects RVFV RNA on the cellular level of diagnostic tissue samples. 

Moreover, we demonstrate the first application of ISH as a DIVA-compatible assay for candidate 



  

RVFV gene-deletion vaccines. Third, we provide working protocols for western blot (WB), 

immunohistochemistry (IHC), and immunofluorescence (IF) that use monoclonal or polyclonal 

antibodies against key RVFV antigens. These tools can be applied to pathogenesis research and 

used in the development of vaccine and therapeutic countermeasures against RVFV. The RVFV 

diagnostic methods developed and evaluated in this dissertation can serve as a model for 

developing diagnostic strategies for other transboundary animal diseases.  
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RVFV gene-deletion vaccines. Third, we provide working protocols for western blot (WB), 

immunohistochemistry (IHC), and immunofluorescence (IF) that use monoclonal or polyclonal 

antibodies against key RVFV antigens. These tools can be applied to pathogenesis research and 

used in the development of vaccine and therapeutic countermeasures against RVFV. The RVFV 

diagnostic methods developed and evaluated in this dissertation can serve as a model for 

developing diagnostic strategies for other transboundary animal diseases.  
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Chapter 1 - Literature Review 

 Introduction 

Rift Valley fever virus (RVFV) is a zoonotic, mosquito-borne pathogen of great 

economic and public health importance (1). It is a reportable disease under the World 

Organization for Animal Health (OIE) Terrestrial Animal Health Code (2). With the re-

emergence of viruses like Zika in 2016 and Ebola in 2014, RVFV and other transboundary 

animal pathogens are on the radar as a threat to human health (3). Factors such as climate 

changes that are expanding mosquito distribution, growing agricultural trade, and an increase in 

bioterrorism threats have made Rift Valley fever (RVF) disease a critical international priority. 

Recently reported African outbreaks of RVFV have led to a renewed urgency for innovative 

diagnostics and vaccines to combat this disease. It is important to focus on pathogen control as a 

global problem and develop diagnostics applicable to both endemic and non-endemic countries. 

Therefore, an emphasis should be put on universal and versatile diagnostic platforms to support 

coordinated global containment efforts. Successful control of RVFV would pave the way for the 

management of other transboundary animal diseases.  

 

 The virus 

RVFV is classified under the order Bunyavirales, family Phenuiviridae. The virus is an 

enveloped spherical virus approximately 120 nm in diameter. The genome is tripartite consisting 

of small (S), medium (M), and large (L) segments (Figure 1.1) (4). All three segments are 

packaged with viral nucleocapsid (N) protein and the viral RNA-dependent RNA polymerase to 

form ribonucleoprotein complexes (RNP). The RNP within the inner core is separated by a lipid 

bilayer. The viral envelope contains glycoprotein projections of 10 nm in diameter that are 
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anchored in an icosahedral lattice. Unlike other bunyaviruses, RVFV does not have a matrix 

protein (5). Understanding the structural organization of RVFV aids in the development of 

diagnostic assays that target important viral components and epitopes.  

 

Figure 1.1 Structure of RVFV virion 

 

The S segment (1690 nucleotides in length) is an ambisense segment that encodes the 

nucleocapsid protein (N) and the nonstructural protein (NSs). The N protein is transcribed in the 

viral-sense orientation while NSs is transcribed in the viral-antisense orientation (6). With the L 

polymerase, the N protein forms RNPs that associate with viral RNA and cDNA to assist in viral 

transcription and replication (7). The N protein is the most abundant protein in the virion and is 

considered to be highly immunogenic, making this protein an ideal target for diagnostic 

development (8, 9). The NSs protein is a major virulence factor. It forms nuclear filaments that 

disrupt host nuclear proteins and inhibiting transcription (10, 11). It also promotes apoptosis as 

Ó 2015. Mal Hoover, CMI 
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well as blocks interferon (IFN-b) and mediates early Protein Kinase R degradation to counter 

cellular antiviral activities (12-15). Therefore, NSs is an important target for attenuating the virus 

(16, 17). 

The M segment (3885 nucleotides in length) encodes for two glycoproteins (Gn, Gc) and 

two minor proteins, a 78-kDa nonstructural protein and the 14-kDa nonstructural protein (NSm) 

(18). Depending on where the initiation of translation occurs, cleavage of the M polyprotein can 

yield the two glycoproteins, Gn and Gc, the two glycoproteins with NSm, or Gc with the 78-kDa 

nonstructural protein. NSm is believed to suppress virus-induced apoptosis and contributes to 

establishing host infection (19). This comes from the observation that RVFV recombinant strains 

lacking the 14-kDa NSm expression are attenuated (20), although they can still cause clinical 

disease (21). The larger 78-kDa protein may be important in virus dissemination in mosquitos 

(20, 22). Gn (54-kDa) is thought to be involved in receptor binding while Gc (56-kDa) plays a 

major role in membrane fusion (23). The glycoproteins elicit the production of neutralizing 

antibodies and are a correlate of protective immunity (24). Therefore, the glycoproteins have 

become widely used as targets in serological assays and vaccines to monitor immune protection 

against RVF infections. 

The L segment (6404 nucleotides in length) encodes for the RNA-dependent RNA 

polymerase that with N, is required for viral RNA synthesis (25). Like other bunyaviruses, 

RVFV uses a ‘cap-snatching’ method for mRNA transcription (26). Because of the large size of 

the segment and its highly conserved nucleic acid sequence among RVFV strains, the L segment 

is a good target for molecular diagnostic development.  
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Transmission 

RVFV poses a significant global threat because it can be transmitted by multiple routes. 

Mosquitoes are an important vector for transmission to animals and are essential in maintaining 

an enzootic cycle. Whereas direct contact with infected tissues and bodily fluids is a major risk 

factor for transmission to humans (27). Humans can also acquire the virus by mosquito bites, 

vertical transmission (28), infected milk (29), and aerosolization (30) although less frequently 

when compared to direct contact. The zoonotic potential of RVFV has resulted in its designation 

as an Overlap Select Agent (31). Currently, there is no licensed human vaccine for this disease. 

Therefore, rapid and accurate diagnosis is critical during an outbreak to minimize the spread of 

RVFV. 

With several modes of transmission, the risk of RVFV spreading outside of its endemic 

areas is high. The first likely scenario would be by wind-borne spread of infected mosquitoes as 

seen in the 1977 outbreak when RVFV spread from Sudan to Egypt. Another likely route would 

be by transportation of viremic animals and/or people to non-endemic countries with competent 

vectors, which was observed in the 2000 Saudi Arabian outbreak (32). Due to the challenges of 

vector control and increasing international livestock trade, we must rely on accurate diagnostic 

tests for early detection in outbreaks and for surveillance.  

 

 Epidemiology 

The virus was first isolated in 1930 from sheep in a forest in Uganda after reports of 

aborting ewes and high lamb mortality (33). Periodic outbreaks in African countries have been 

reported along the east and south coasts of Africa and in Madagascar since then (34). The disease 

is now considered to be endemic in sub-Sahara Africa and outbreaks are still being reported 
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during episodes of heavy rainfall and flooding as seen in Niger (2016), and Mauritania (2012-

2016) (35).  

RVFV can move outside traditionally endemic areas by the movement of viremic 

livestock to area with a high vector density. This poses a huge risk for human infections in 

ranchers and others handling the livestock (36). The first report of RVFV spreading outside the 

African continent occurred in 2000 when an outbreak occurred in the Middle East. It is believed 

that the introduction of RVFV occurred during the transport of infected livestock from East 

Africa to the Arabian Peninsula (37). With the potential for movements of viremic animals 

between countries there is concern that RVFV could spread to Europe and cause public health 

issues (38). International cooperation and monitoring is critical in controlling the disease.  

 Other factors that facilitate the spread of RVFV include agricultural development and 

climate change leading to changes in rain patterns and an increase in vectors (39-41). Most 

outbreaks in Eastern and Southern Africa are linked to heavy rain fall and flooding while those in 

Northern and Western Africa are associated with irrigation practices (34). In both situations, 

there is a dramatic increase in RVFV-competent mosquitoes and viral dissemination. Several 

RVFV control measures have been discussed and implemented including tighter regulation of 

livestock movement, vector control, vaccination, and public education (42). No single measure 

can be successful independently. Instead these measures need to be implemented together with 

detection tools and global support to stop the spread of RVFV.  
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The Threat of RVFV 

 Economic threat 

The economic impact from the introduction of RVFV into Europe and/or the U.S. would 

be devastating. As with many emerging diseases, including SARS in 2003 and Ebola in 2014, 

there would be major socioeconomic impacts. Tourism, healthcare and business sectors can be 

impacted globally (1, 43). Because of its zoonotic potential, RVFV may create public panic due 

to fear of contracting the disease through contact with infected animals and/or tissues. Ruminants 

are highly susceptible to infection leading to high morbidity in adults and high mortality in 

newborns. As seen with foot-and-mouth disease (FMD), highly contagious viral pathogens can 

lead to high economic costs due to animal testing and quarantine, trade embargos, and 

destruction of infected animals. A few reports from African countries that have estimated 

substantial economic losses from RVFV including US $32 million in Kenya during the 2007 

outbreak (44) and over US $75 million per year in Saudi Arabia (45). The magnitude of 

economic loss that would be expected if an outbreak occurred in the US is still unclear.  

Immediate costs would include mitigation costs and loss of animals leading to a disruption in the 

food supply chain. Longer term costs would come from potential vaccine production and 

administration as well as international trade restrictions (46). Early detection of zoonotic 

pathogens is critical for protecting agriculture and public health (47). Therefore, investment in 

the development of early-detection tests for RVFV in livestock will reduce the economic impact 

of this transboundary animal pathogen in non-endemic countries.  

 Bioterrorism 

RVFV has the potential to be used as a bioterrorism weapon because of its high 

morbidity and mortality rates, its ability for zoonotic transmission, and the potential for large-
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scale production (48). Another key factor is its potential for aerosol dissemination allowing for 

easy dispersion over large populations. RVFV is very stable in the environment and believed to 

require a low aerosol dose to cause infection (49). Because of these properties, the virus is 

currently listed as a Category A agent by the CDC and the USDA. RVFV is considered a high 

priority transboundary disease with devastating international impacts. 

 The need to monitor and control 

RVFV is a significant viral threat to both endemic and non-endemic countries, therefore, 

it is important to monitor the disease. Inadequate surveillance in animals and humans can lead to 

delayed detection and response. In turn, the severity of RVFV outbreaks may increase (50). 

Meteorological forecasting of heavy rainfall in endemic countries has been shown to be a 

valuable tool in predicting RVFV emergence. In 2006, mathematical modeling was used to 

produce a risk map that successfully predicted an outbreak in the Horn of Africa (51). Despite 

having a 2-6 week warning period in which a response and surveillance program were 

implemented, human cases were reported across multiple countries. Future research needs to 

focus on rapid vaccination and diagnostic tests to improve preventative measures and limit the 

spread of the disease. Because RVFV emerges in irregular cycles followed by long inter-

epizootic periods, efforts should be focused on monitoring enzootic activity in livestock (34). 

Livestock can reach high levels of viremia leading to transmission to mosquitoes and humans. 

Furthermore, livestock have the potential to establish RVFV in non-endemic areas. Therefore, 

monitoring should include regular testing of aborted fetuses and serological testing of livestock 

operations near water sources.  
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 RVF Disease 

RVFV causes disease in both animals and humans leading to devastating losses. The 

virus has broad tissue and cell tropism. It replicates primarily in the liver, lymphoid tissue such 

as the spleen, and in some cases the brain. Ikegami, et al., 2011 provides a summary of RVFV 

pathology in humans and various animal species (52). Ross, et al., 2011 describes the 

pathobiology of key animal models used to study RVFV (53). Finally, Odendaal, et al., 

unpublished provides an in-depth evaluation of RVFV pathology in naturally infected adult 

sheep. 

 Disease in animals 

RVFV can infect several animal species including ruminants, camelids, rodents, non-

human primates, and household pets (33, 54-57). Animals from the families Bovidae, Camelidae, 

and Muridae as well as non-human primates are used as the primary animal models for RVFV 

studies. Conversely, clinical disease is not apparent in guinea pigs, bats, rabbits, horses, pigs, 

reptiles, and birds (58-60). RVFV infection causes limited morbidity and mortality in African 

wildlife but they may serve as epidemiological reservoirs. Antibodies have been detected in 

African wildlife including Rhinocerotidae, Cervidae, Bovidae, and Elephantidae families (60-

62). Yet, little is known about wildlife hosts in non-endemic countries. Cell lines from livestock, 

wild ruminants, pigs, frogs and coyotes are permissive and susceptible to RVFV replication (63). 

Additionally, there is ongoing research into the potential role of U.S. white-tailed deer as an 

animal reservoir for RVFV (Wilson et al., unpublished). Nonetheless, more research is needed to 

identify competent wildlife hosts and potential ecological reservoirs for RVFV in the US and 

Europe. This knowledge would be extremely valuable for predicting the economic impact and 

zoonotic risk in the event of an RVFV introduction. 
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 Bovidae 

Domestic livestock, including sheep, goats, and cattle, are important primary hosts for 

RVFV. Abortion storms, fetal malformation, and high neonatal mortality are common in sheep 

and cattle during outbreaks. Sheep are considered to be the most susceptible to RVFV infections. 

Since the first reported outbreak on a sheep farm in 1930, RVF has been described in various 

breeds as well as in both young and adult animals (33). Newborn lambs infected with RVFV 

develop acute disease and have a mortality rate near 95% (64). The RVFV incubation period in 

lambs is about 12 to 36 hours (hr) after which they become weak, febrile and show signs of 

abdominal pain. Death can occur 12 hr after the onset of pyrexia. Older animals are less 

susceptible and have variable clinical signs. The incubation period is slightly extended in adults 

to 24-72 hr and is followed by gastrointestinal signs, lymphadenopathy, icterus, and pyrexia. 

Unlike the high mortality seen in lambs, the adult mortality is lower ranging from 10 to 70% 

(34). Pregnant ewes are at a high risk of abortion and death with a mortality rate of about 20% 

(65). The divergence of host genetics affects the susceptibility and clinical signs among various 

breeds (52). Because of their susceptibility, sheep are important animal models in vaccine 

development and pathogenesis research. 

Goats are generally less susceptible to RVF and have lower abortion and morbidity rates 

than sheep (38). Their clinical signs can vary depending on the route of infection and may 

include lethargy, mild fever, and diarrhea. A recent experimental challenge study showed that 

goats are less viremic for a shorter amount of time than sheep (66). Yet, goats are still suitable 

models for RVF studies in small ruminants and have been used to study the innate immune 

response to RVFV (67).  
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Cattle are susceptible to the disease but to a lesser extent than sheep. Although, they are 

considered to be more susceptible than goats. Juvenile calves have a mortality rate close to 40%, 

while adult mortality is only approximately 10%. Calves can have a peracute infection and die 

within 24 hr. Clinical signs of experimentally infected adult cattle include inappetence, dullness, 

dysgalactia, icterus, and blood-stained, mucoid nasal discharge, and abortion (34). Alternatively, 

cows may be asymptomatic. The aborted fetus is usually autolyzed, making testing and diagnosis 

potentially difficult (34, 68). As with sheep, cattle are used frequently for experiential challenge 

and vaccine efficacy studies. 

 Camelidae 

Camels can become infected with RVFV which can lead to abortion storms (56). Like 

cattle, camels can be asymptomatic when infected (34). Camels that do show clinical signs have 

an acute infection with nasal discharge, oral hemorrhage, foot lesions, icterus, conjunctivitis, 

fever, and abortion (69). A peracute form of the disease can lead to sudden death within 24 hr 

(70). Several African countries have reported seroprevalance of RVFV in camels (69). Because 

of this, it is important to include these animals in disease surveillance and evaluate the zoonotic 

potential. Camels are not commonly used as animal models for RVFV research due to their size. 

Instead, alpacas can serve as a model for RVFV infection in dromedary camels as already 

reported in an MP12 vaccine efficacy study (71).  

 Muridae 

Rodents are highly susceptible to RVFV and therefore are a cost-effective animal model. 

Mice, Syrian hamsters, rats, and gerbils have been used to examine the hepatic and/or neurologic 

disease caused by RVFV.  
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  Mice are highly susceptible to RVFV infections. They develop severe hepatitis and die as 

early as 3 days post infection (dpi). Those that recover from hepatic disease may succumb to 

encephalitis around 8 dpi (72). Mice have been used to examine how the route of RVFV 

inoculation influences clinical outcome. For example, intranasal or aerosol exposure leads to 

neuropathology (30, 73). Furthermore, inoculation of mice by intraperitoneal injection leads to 

replication of the virus primarily in the liver, while intradermal inoculation leads to both liver 

and neurological disease (74). Mouse models are in wide use for virulent RVFV infections 

because of this disease profile. 

Syrian hamsters are the most susceptible of all rodents to RVFV (33). Because they 

develop acute, fulminating hepatitis without the progression to neurological disease hamsters are 

more advantageous for testing RVFV therapeutics (75). 

Rats are moderately susceptible to RVFV infection. Rats demonstrate RVFV-associated 

hepatitis and encephalitis and also an age dependent susceptibility where less than 2 week old 

rats die in 2-4 days while 26 day old rats can survive RVFV infection (76). Additionally, there 

are differences in susceptibility among various inbred rat strains (57). Therefore, rats are used for 

investigating host genetics’ influence on RVFV susceptibility. 

Susceptibility of gerbils is also considered to be moderate. They differ from other rodent 

models in that in them RVFV causes neurological disease with minimal liver involvement. 

Resistance to encephalitis is age dependent with younger animals having a higher mortality rate. 

Interestingly, the development of encephalitis is viral dose independent (77). Therefore, gerbils 

have become an important animal model for studying RVFV-induced encephalitis. 
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 Non-human primates 

Like humans, non-human primates are considered to be moderately susceptible to RVFV. 

Hemorrhagic fever-like disease has been described in Rhesus macaques but only a small 

percentage of infected animals develop these signs (78). One study presents marmosets as an 

ideal animal model because their disease profile is most similar to that seen in severe human 

RVFV infections (79). The incubation period in the marmoset is about 2-4 days and is followed 

by weakness, vomiting, anorexia, petechial hemorrhages, and depression. A coagulopathy may 

occur leading to disseminated intravascular coagulation (80). It appears that South American 

monkeys are more susceptible and become febrile from experimental inoculation of RVFV 

compared to African monkeys (81).  Non-human primates are valued animal models for the 

development of vaccines and therapeutics for humans. 

 Disease in humans 

Human infections can lead to a wide range of clinical signs, but the infection is usually 

self-limiting with mild, flu-like symptoms. The incubation period is about 2-6 days in humans. 

Clinical cases can lead to severe disease characterized by biphasic fever, encephalitis, hepatitis, 

retinitis, and/or a hemorrhagic syndrome (82). The disease can progress to hepatic and renal 

dysfunction as well as disseminated intravascular coagulation (83). Reports from the 2007-2008 

Sudan RVFV outbreak revealed that severe clinical cases can also have acute renal damage (84). 

The fatality rate is about 2% (85). Identification of RVF by clinical signs typically occurs later 

during an outbreak because of its non-specific symptoms and low incidence of the hemorrhagic 

syndrome. Yet, understanding the clinical symptoms in humans and the ability to identify RVF 

cases early is critical to mitigating future human RVF casualties (50). 
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 Vaccines 

The vaccination of livestock supports long term strategies in minimizing the impact on 

agriculture from RVFV infections (86). Two important vaccine strategies against RVFV 

currently being evaluated are live attenuated and subunit vaccines. Additional strategies include 

inactivated, vector-based, DNA-based, and virus-like particles (VLP)-based vaccines. An ideal 

RVFV vaccine should: confer protection after a single immunization, provide safe production 

outside biocontainment, not revert to virulence, maintain stability for long term storage, and be 

low cost. More importantly, RVFV vaccines need to contain markers that will enable the 

differentiation of infected from the vaccinated animals (DIVA). DIVA-compatible vaccines help 

in disease surveillance and enable countries to use vaccination as a control method while 

maintaining “disease-free” status. Currently, several live attenuated and subunit vaccine 

platforms are being evaluated as DIVA-compatible vaccines for RVF. These candidate vaccines 

will require diagnostic assays that can detect their DIVA markers. Both vaccines and companion 

diagnostic tests are critical to implementing surveillance and control measures for RVFV. 

 Live attenuated vaccines 

Live attenuated vaccines are favored for their ability to rapidly induce protective 

immunity without requiring additional boosters. The RVFV live-attenuated vaccines include 

Smithburn, Clone 13, MP12, and several reverse genetics-derived vaccines.  

The Smithburn vaccine, a RVFV strain isolated from mosquitoes in Uganda and serially 

passaged in mouse brains, is one of the oldest vaccines developed to control RVF in Africa (87). 

The vaccine is low cost and induces long-lasting immunity, which is ideal in endemic countries. 

Despite the extensive passaging and consequent attenuation of this strain, there is still a potential 

for its reversion to virulence (88). Additionally, the vaccine has been shown to cause abortions in 
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livestock (89). The Smithburn vaccine is not suitable for non-endemic countries but may be 

valuable to nomadic farmers in Africa where higher costs and the need for booster vaccination 

may prohibit the use of newer and safer vaccine alternatives. 

Clone 13 vaccine has a natural large deletion of the NSs segment leading to its 

attenuation. It is derived from a plaque isolate from a human infected with RVFV in Central 

Africa (90). The vaccine does not cause any clinical signs of RVFV and is highly immunogenic 

in sheep and cattle (91, 92). However, a recent study showed that Clone 13 can cross the sheep 

placental barrier causing fetal infections and malformations (93). The vaccine is licensed in 

Kenya, South Africa, Namibia, and Botswana (94). Because of the large deletion in its NSs gene, 

there is an interest in developing DIVA diagnostics tests to detect NSs. 

MP12 is an attenuated vaccine derived from the Egyptian strain ZH548 after 12 serial 

passages in the presence of mutagen 5-fluorouracil resulting in point mutations in all genomic 

segments. The vaccine was shown to be immunogenic and safe for ewes and younger lambs (95). 

However, a later study in South Africa showed that MP12 can cause abortions and teratogenesis 

in sheep (96). Additionally, experimental inoculation of 4-month-old calves with MP12 caused 

multifocal hepatic necrosis positive for RVF viral RNA (97). While MP12 is genetically stable at 

low passage on cultured cells, questions regarding its stability when serially passaged more 

extensively and the virulence associated with generated mutant genotypes remains (98).  The 

vaccine was tested for human use in a phase II clinical trial and there was a 95% antibody 

seroconversion rate (85). Currently, the vaccine is conditionally licensed for animals in the U.S. 

(99). 

Reverse genetic systems have been used to create RVFV deletion mutants and improve 

the safety of live attenuated vaccines. Recent work has focused on deletions in the NSm and/or 



 15 

NSs genes. Two major RVFV strains have been evaluated for their efficacy after gene deletion; 

ZH501 (16, 17, 21) and MP12 (17, 100-104). More recently, RVFV strain 35/74 was used as a 

backbone strain to develop a four-segmented variant where the M segment was divided in two 

(105). Such large deletions and genetic rearrangements can lead to a highly attenuated RVFV 

strains and are DIVA compatible.  

 Subunit vaccines 

Subunit vaccines have become popular in the last few years because they can be 

produced outside of high containment. Additionally, subunit vaccines do not require harsh 

inactivating agents that could alter important viral epitopes. Several subunit vaccines based on 

the recombinantly produced glycoproteins, Gn and Gc, (106-108) or the N protein (107, 109) 

have been investigated. Vaccination with the N protein conferred only partial protection in mice 

due the production of non-neutralizing antibodies for antibody-dependent cell-mediated 

cytotoxicity (109). Conversely, vaccination with the glycoproteins conferred a high-level of 

protection by inducing a strong neutralizing antibody response.  A candidate vaccine with both 

Gn and Gc induced the production of neutralizing antibodies in sheep within 2 weeks after 

primary vaccination (106). The detection of antibodies against immunogenic RVFV antigens 

such as N and the glycoproteins enables subunit vaccines to be DIVA compatible.  

 Other vaccine strategies 

 Inactivated vaccines 

Some of the first RVFV vaccines developed were formalin-inactivated. These vaccines, 

which include NDBR103 and TSI-GSD-200 derived from the Entebbe RVFV strain, give long-

term immunity (110, 111). The TSI-GSD-200 vaccine has been evaluated as a candidate vaccine 

for human use (110, 112). Nonetheless, the vaccines require several primary doses and therefore 
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are not effective for use in rural communities (113). Also, the vaccines are considered to be less 

immunogenic than live-attenuated vaccines although they are safer by eliminating the potential 

for reversion (114).  

 Vector vaccines 

Viral vectors have become a promising vaccine platform to deliver viral genes of interest 

and support antigen expression intracellularly. In turn, they can stimulate both the humoral and 

more importantly the cell-mediated immune response to induce long-term immunity (115). 

Several vector formats have been explored to express RVFV antigens. These includes Newcastle 

disease virus (108), poxvirus (107, 116-118), alphavirus (119, 120), adenovirus (121-123), and 

equine-herpes virus type 1 (124). These vaccines still need additional evaluation for use in 

veterinary medicine.  

 DNA and virus-like particle vaccines 

DNA-based vaccines have been evaluated as a low-cost and temperature-stable option 

but require multiple priming doses to induce a strong immune response (125). RVFV DNA 

encoding for the glycoproteins or the nucleocapsid have been evaluated (107, 126, 127). RVFV 

DNA-based vaccines have also been tested in conjunction with DNA from other viruses as a 

cocktail vaccine (128). Because of their strong immunogenic properties, VLPs have been 

explored as an alternative to inactivated vaccines (129). Most VLPs do not contain genetic 

material but instead are composed of immunogenic proteins such as the viral capsid. The 

advantage of this platform over subunit vaccines is the improved immunogenicity from using the 

native confirmation of the virus particles (129). VPL strategies that have been tried for RVFV 

include its glycoproteins and/or nucleocapsid protein (130-132). Applications of VLP vaccines 

are currently under evaluation for veterinary use.   
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 The need for DIVA-compatible vaccines  

For transboundary animal pathogens, DIVA-compatible vaccines are critical for disease 

control while allowing areas to maintain “disease-free” status. FMD, avian influenza (AI), and 

classical swine fever (CSF) are examples of transboundary animal diseases that demonstrate the 

need for DIVA vaccines with companion diagnostic tests for their eradication (133). The ability 

to differentiate infected from vaccinated animals has a strong economic incentive. For example, 

DIVA-compatible vaccines for FMD offer an alternative to the “stamping-out” method of 

depopulating all clinical animals and potentially exposed animals despite vaccination status. 

Implementing a DIVA-compatible vaccination protocol can minimize agricultural losses. 

However, DIVA-compatible vaccines and their companion diagnostic tests will need to be 

accepted by both livestock producers and agricultural trade partners globally to be successful in 

disease control (134). RVFV vaccine platforms such as the NSs/NSm deletion mutant vaccines 

and glycoprotein subunit vaccines are currently under evaluation to determine their efficacy as 

DIVA vaccines in livestock. Nonetheless, there is a lack of available DIVA-compatible 

companion diagnostic tools to accompany these candidate vaccines. The continuing development 

and evaluation of DIVA-compatible vaccines in conjunction with companion diagnostic tests 

should be emphasized to control the spread of RVFV.  

 

 Diagnostic techniques 

Because RVFV shares similar clinical signs to many other pathogens, accurate diagnosis 

is critical during an outbreak. In the U.S. and Europe, there is a need to equip national and public 

health labs with diagnostic tests to rapidly identify viral hemorrhagic pathogens such as RVFV, 

Ebola, and anthrax. In Africa, cost-effective assays to identify pathogens and minimize their 
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agricultural impacts are needed when sudden death of neonates or abortion storms in livestock 

are observed. In these situations, multiplexing platforms are ideal to quickly rule out abortive 

diseases including Nairobi sheep disease, bluetongue, brucellosis, infectious bovine 

rhinotracheitits, and chlamydiosis. Additionally, RVF infections can be subclinical in animals 

and can easily be missed. It is important to have a versatile and specific assay to identify these 

cases so surveillance programs can monitor the status of disease in endemic areas. Several 

diagnostic assays are available for RVFV detection and can be categorized into virus isolation, 

antigen detection, nucleic acid detection, and antibody detection post-exposure. Early detection, 

versatility, and DIVA compatibility are important factors that currently drive the development of 

RVF diagnostic tests.  

 Virus isolation 

RVFV can easily be isolated from whole blood and serum during its viremic phase (135). 

Additionally, infected liver, brain, spleen, and aborted fetuses are commonly used for RVFV 

isolation. Historically, in vivo virus isolation was performed by intracerebral injection of infected 

tissue homogenate into suckling mice. In vitro options have replaced this method due to animal 

welfare issues and biocontainment requirements. Several cell lines can be used for in vitro 

isolation including Drosophila (136), African green monkey kidney cells, baby hamster kidney 

(BHK), human fetal lung fibroblast cells (MRC-5), and various mosquito cells (137). RVFV is 

known for its consistent cytopathic effect (CPE) (138). CPE can be seen as early as 12-24 hr post 

infection (hpi) (2). As a routine diagnostic test, virus isolation is used less due to the 

biocontainment requirements. Therefore, recent diagnostic development has focused on safer 

alternative methods such as antigen detection.  
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 Antigen Detection 

An important technique for detecting RVFV antigens within tissue samples is 

immunohistochemistry (IHC). The technique enables visualization of antigens within the context 

of the wider tissue architecture including its histopathology and is valuable in both diagnostic 

testing and pathogenesis studies, including retrospective ones. The major organs in which RVFV 

antigens are typically found include liver and spleen. Viral antigens can also be found in brain, 

kidneys, lymph nodes, lungs, heart, adrenal glands, reproductive tract, skin, gall bladder, tongue, 

and the gastro-intestinal tract (33, 64, 139, 140). Additionally, the placenta from infected animals 

is usually positive by IHC although no lesions are seen (34). Finally, aborted fetuses contain 

detectable virus in visceral organs and brain (34, 141). It is important to note that detection of 

RVFV induced necrosis by histology does not guarantee detection of antigen by IHC in infected 

animals. This can be due to heterogeneous distribution of virus in infected tissues, timing of 

tissue collection in relation to disease progression, or the tissue quality at time of testing. 

Some of the first RVFV studies with IHC used hyperimmune ascites fluid to detect 

RVFV antigen in tissues. Van der Lugt, et al. showed extensive hepatic necrosis in lambs as 

early as 18 hpi (64). Their IHC had no cross-reactivity with Wesselsbron virus in newborn lambs 

with severe hepatic disease. Shieh, et al. used monoclonal antibodies (mAbs) and polyclonal 

antibodies (pAbs) to determine the distribution of antigen in RVFV infected tissues from animals 

and humans (142). Their study concurred with previous findings that show RVFV replication 

occurring primarily in hepatocytes. Recently, IHC was developed using a polyclonal rabbit anti-

RVFV N antibody. The assay correlates strongly with reverse transcription polymerase chain 

reaction (RT-PCR) and is more sensitive than virus isolation with experimental samples (143). In 

testing RVFV naturally infected tissues from South Africa, polyclonal hyperimmune mouse 
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ascites fluid was used as the primary antibody for IHC. This IHC had high specificity when 

compared to histological results and quantitative reverse-transcription PCR (RT-qPCR). A few 

false positive results were reported due to severe tissue autolysis potentially causing a loss of 

epitopes for detection (68). Therefore, care must be taken in the collection and treatment of 

tissues for accurate detection by IHC. A standardized RVFV antigen-detection protocol is 

needed to provide consistent and accurate results. 

 Nucleic acid detection 

Nucleic acid detection offers a rapid testing method for RVF viral RNA. This is 

important for quickly identifying the virus and providing appropriate treatment and control 

measures. PCR and in situ hybridization (ISH) are popular nucleic acid detection techniques for 

viral pathogens. Several PCR tests have been developed to detect RVFV RNA including RT-

PCR, macroassay RT-PCR, RT loop-mediated isothermal amplification (RT-LAMP), and 

recombinase polymerase amplification (RPA). An agarose gel-based RT-PCR and a real time 

RT-PCR for confirmation of samples infected with RVFV are recommended by the OIE 

terrestrial manual (2). To date, ISH has not been developed as a diagnostic tool for RVFV but it 

would offer an alternative method for testing for RVFV in tissues.  

 Polymerase chain reaction 

Molecular detection by PCR has proven to be extremely valuable early in outbreaks for 

rapid diagnosis. It enables the identification of RVFV during an outbreak. Additionally, viral 

load can be determined, which aids in determining proper treatment courses for severe cases 

(144). PCR can be used for testing mosquito pools to better monitor disease spread and vector 

distribution (145, 146) and can be used as a DIVA-compatible companion test (147).  
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Several RVFV quantitative RT-PCR assays have been developed to provide molecular-

based testing (143, 148-150). To extend the testing capability, real time RT-PCR has been 

designed in multiplex format to detect high consequence pathogens including RVFV, filoviruses, 

flaviviruses, variola virus, and vaccinia virus (151, 152). Another multiplex assay was developed 

for the differential diagnosis of RVFV, peste des petits ruminants, bluetongue, and rinderpest in 

ruminants using dual-priming oligonucleotides (153). Multiplexing molecular assays enables 

rapid screening of multiple pathogens in parallel using one sample. For example, an adaptation 

of macroarray-based technology and multiplex PCR was recently established to detect 29 

pathogens that cause fevers or nervous system damage including RVFV commonly found in 

Africa (154). Lastly, a real time RT-PCR has been applied in a multiplex format to test multiple 

RVFV genes simultaneously, which enables for internal confirmation of positive samples (147). 

Additionally, this assay has been demonstrated to be DIVA-compatible with the NSs deletion 

Clone 13 vaccine strain. Multiplexing RT-PCR assays are valuable tools for both endemic and 

non-endemic areas. 

There is a demand for molecular tests that can rapidly detect RVFV in the field during an 

outbreak. Techniques like isothermal amplification RT-LAMP and recombinase polymerase 

amplification (RPA) methods have been used for RVFV detection in the field. RT-LAMP has 

been used to amplify the RVFV L segment for blood and tissue and shows sensitivity 

comparable to real-time RT-PCR (155). Additionally, no cross-reactivity with other arboviruses 

was observed and it is in 100% agreement with virus isolation (156). Interpretation of results is 

simplified to visualizing a color change. A disadvantage to using RT-LAMP is the challenge of 

designing multiple primers including two inner, two outer, and two loop primers. An alternative 

isothermal amplification system is RPA. This technique uses dried and pelleted reagents making 
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it advantageous for field use. An RPA test designed to amplify RVFV S segment showed a high 

sensitivity of 10 molecules per reaction and a rapid assay time of 8 minutes (157). The use of 

isothermal amplification is ideal for field testing and rapid screening in outbreak situations. 

 In situ hybridization 

In situ hybridization is a valuable tool for identifying nucleic acids of infectious 

pathogens accurately within tissues. The technique can be applied in both surveillance programs 

when livestock abortions are being reported and for research purposes. As a research tool, ISH 

can help improve understanding of viral pathogenesis in specific host tissues, which in turn can 

assist in vaccine and therapeutic development. For example, fluorescence ISH has been used to 

investigate the role of the NSs protein and its interactions with the host on a cellular level (158, 

159). Additionally, fluorescence ISH using RNA probes has been used to visualize the packaging 

of RVFV genome segments (160). Conversely, ISH has not been used to detect RVFV RNA in 

tissues, specifically formalin-fixed, paraffin-embedded (FFPE) tissues. Testing of FFPE tissues 

offers a safe means of handling Select Agents and enables analysis of archived samples. 

Currently, RT-PCR (Upreti, et al., unpublished) and IHC methods are used to detect RVFV in 

FFPE tissues at Kansas State University but not ISH. RVFV RNA detection using ISH would be 

a valuable tool for virus confirmation in tissues outside biocontainment and offer an accurate tool 

in pathogenesis studies.  

 Antibody Detection 

Detection of antibodies post-exposure enables the detection of the host immune response 

to disease. For RVFV, serological assays that detect ongoing or previous infections are important 

in surveillance programs and therapeutics development. Several assays have been developed for 

the detection of IgM and IgG antibodies against RVFV in animals and humans. The first RVFV 
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serological tests include agar gel immunodiffusion, hemagglutination inhibition, 

radioimmunoassay, immunofluorescence, and complement fixation (161). These assays are not 

commonly performed now due to technology advancements that provide for more rapid, safe, 

and accurate results. The virus neutralization test and enzyme-linked immunosorbent assay 

(ELISA) have become the primary serological assays for RVFV detection. 

 Plaque Reduction Neutralization Test 

The plaque reduction neutralization test (PRNT) is a virus neutralization test that is 

extensively used for RVFV antibody detection. PRNT is considered to be the gold standard for 

RVFV diagnosis because of its high specificity in detecting RVFV neutralizing antibodies (2). 

Therefore, PRNT has become an important assay for testing serum from any species exported 

internationally. The standard PRNT for RVFV uses an 80% neutralization cutoff (162). A study 

reports the detection of neutralizing antibodies as early as 3 dpi in sheep (161). Yet, as seen in 

several challenge studies with sheep and cattle, a strong rise in titer is not detected until 6-7 dpi 

(66, 140). Unfortunately, PRNTs are laborious and time consuming thus non-ideal in outbreak 

situations beyond acting as a confirmatory test. Furthermore, because of the use of live virus the 

assay can only be performed in endemic countries or in biocontainment laboratories. This has led 

to a need for alternative serological tests that can rapidly screen samples and does not require 

handling of live virus. 

 Enzyme-linked immunosorbent assay 

As an alternative to PRNTs, ELISAs offer a rapid, sensitive, and safe platform for the 

detection of RVFV. Both IgM and IgG ELISAs have been developed for human and animal 

testing. Initial ELISA development used whole virus and could detect antibodies earlier than 

other traditional serological methods. Nonetheless, high background was often observed despite 
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efforts to optimize reagents (161). ELISA platforms have since improved and diversified. IgM 

ELISAs can be used to detect antibodies as early as 4 dpi (9, 163-165). Therefore, these ELISAs 

are ideal for detecting RVFV early in the time-course of infection. IgG ELISAs detected a rise in 

antibodies as early as 5 dpi (9, 165). IgG ELISAs require testing of paired serum samples to 

distinguish active from past RVFV exposures. Current testing standards require a four-fold rise 

in antibody titer to confirm positive samples. The OIE Reference Laboratory in South Africa 

uses two ELISA tests: an IgM capture ELISA and an indirect IgG ELISA using the recombinant 

RVFV N protein (2). Detection of both IgM and IgG antibodies against RVFV by ELISAs is 

valuable for surveillance and demonstrating freedom from disease (166).   

Several RVFV ELISA formats have been developed and validated. The first ELISA tests 

used whole cell lysate or purified protein as the target antigen (163, 167-169). Due to biosafety 

risks and the high production costs of these formats, there was a shift to developing ELISAs 

using recombinant proteins. The RVFV N is a strongly immunogenic and relatively easy to 

produce (165), and therefore, used frequently in indirect ELISAs for IgG antibody detection 

(170-172). Other RVFV recombinant antigens have also been developed including the 

glycoproteins Gn and Gc (173, 174) and the nonstructural protein NSs (175). The Gn and NSs 

targets have been shown to be immunogenic and offer a means for multiplex detection of RVFV 

antibodies. Currently, recombinant-based antigen ELISAs offer sensitive testing in non-endemic 

countries but most assays still require further validation and quality control for routine testing in 

national reference labs.  

An important consideration influencing current serological assay development for RVFV 

is DIVA compatibility. To date, only a few DIVA-compatible RVFV ELISAs have been 

developed. McElroy et al. developed an indirect ELISA using recombinant N and NSs to be 
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compatible with NSs-deleted vaccine candidates (175). However, using a serological assay to 

detect the lack of antibody detection to NSs may lead to false negative results due to the variable 

antibody response to NSs between individuals (176). Additionally, anti-NSs antibodies are 

detected later during infection compared to anti-N antibodies (176). More recently, RVFV 

glycoproteins were shown to be DIVA compatible by ELISA when testing a candidate RVFV 

Gn/Gc subunit vaccine (177). DIVA detection by serological methods look promising; yet 

individual ELISAs are needed to test each RVFV antigen making the process laborious for 

routine testing.  There is a need for a multiplexing serological assay that can simultaneously 

detect antibodies to several RVFV targets and allow high-throughput analysis. 

 

 Gaps in Knowledge 

In 2017 the World Health Organization listed RVFV as one of the top ten emerging 

diseases that lack sufficient preventative and control measures (178). The advancements in 

vaccine and diagnostic technology are growing rapidly, yet there are a few validated diagnostic 

assays for rapid detection and control of RVFV. With recent changes in the regulations for the  

movement of infectious agents and samples, it is now more difficult to ship samples to 

laboratories equipped to test infectious samples (179). Therefore, there is a need to safely screen 

and confirm samples on the local level. The aim of this dissertation is to provide new diagnostic 

tools for testing various RVFV samples in both endemic and non-endemic countries. 

DIVA-compatible vaccine strategies are critical in controlling transboundary animal 

diseases (134). Yet, there is a lack of DIVA-compatible companion diagnostic tools to 

accompany candidate RVFV vaccines.  Serological testing using ELISAs can detect differences 

in antibody responses to a DIVA vaccine and a wild-type strain. However, ELISAs can only 
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detect antibodies against one antigen at a time, which can make testing cumbersome when 

testing for antibodies against multiple antigens. In contrast, a bead-based multiplex assay enabled 

the simultaneous detection of antibodies against the Gn and N protein, demonstrating the DIVA 

compatibility of the assay with subunit-based vaccines (180). Such assays still need validation 

with experimental and field samples for routine use. 

  Tissue samples are important in RVFV detection for they are typically the first thing 

acquired and submitted to a laboratory during an outbreak. Nonetheless, infected tissues must be 

handled with care due to their zoonotic risk. FFPE tissues offer a safe and versatile method for 

the diagnosis of Select Agents such as RVFV. PCR, IHC, and ISH are common detection 

methods for testing FFPE tissues. ISH is a rapidly growing technique and a powerful tool that 

provides nucleic acid detection in a histological context; yet, there is no ISH for the detection of 

RVFV RNA in FFPE tissues. Furthermore, to our knowledge, ISH has not been used as a DIVA-

compatible assay to detect RVFV vaccine strains in tissues. 

To develop effective vaccines and therapeutics against RVFV, there needs to be a better 

understanding of the virus and its interactions within the host. RVFV tissue tropism and 

pathogenesis are still poorly understood (52, 181). This is in part due to a lack of diagnostic tools 

needed to perform these studies. MAbs and pAbs have been developed against several RVF 

antigens including N, Gn, Gc, and NSs (9, 143, 182-184). Several mAbs against N, Gn, and Gc 

are readily available. However, these antibodies have not been evaluated for routine use in 

methods like IHC, western blot (WB), and immunofluorescence (IF). Access to robust working 

protocols and commercial antibodies would provide continuity in RVFV research. 

 Dissertation Objectives  
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This dissertation addresses the gaps in RVFV diagnostics. We describe the development 

of both a multiplexing serological and a molecular detection method for RVFV. We also provide 

protocols for RVFV antigen detection using readily-available antibodies. In Chapter 2, the 

objective is to evaluate a bead-based multiplexing immunoassay for the detection of antibodies 

against multiple strains of RVFV and its application as a DIVA compatible assay. We 

demonstrate that RVFV can be safely tested outside of biocontainment using recombinant 

protein targets to detect IgG and IgM antibodies against RVFV. Furthermore, the multiplexing 

capability of the assay enables the detection of DIVA compatibility with appropriate candidate 

RVFV subunit vaccines. In Chapter 3, we develop an ISH assay using RNAscope technology to 

detect RVFV RNA. We demonstrate the ability to detect RVF viral RNA in FFPE tissues, which 

is of great value in pathogenesis studies and as a confirmatory diagnostic test. Moreover, we 

develop a multiplexing RVFV ISH assay that is DIVA compatible with multiple RVFV gene 

deletion vaccines. Finally, in Chapter 4, we evaluate the suitability of several mAbs and pAbs 

against various RVFV antigens for standard immunodetection procedures. We expect these new 

diagnostic tools to be comparable in accuracy to current methods for RVFV detection. All the 

diagnostic tools developed and evaluated are critical tools for the control of RVFV and support 

vaccination strategies in both endemic and non-endemic areas. More importantly such work can 

be applied to the development of countermeasures for other high-consequence animal diseases.  
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Chapter 2 - Evaluation of Fluorescence Microsphere Immunoassay 

for the Detection of Antibodies to Rift Valley Fever Nucleocapsid 

Protein and Glycoprotein 
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Introduction 

Serological testing is a useful tool for the global surveillance of infectious diseases. It 

offers an economical and accurate means to detect disease status in animals. Advancements in 

diagnostics are replacing single-pathogen point-of-care tests with multiplexing platforms that can 

simultaneous and rapidly screen for several biomarkers (185). Until recently, applications of 

multiplexing immunoassays have lagged due to the complexity in coupling chemistry, poor 

antigen stability, susceptibility to cross-reactivity, and the difficulty in validating them for 

diagnostic use compared to singleplex assays like enzyme-linked immunosorbent assays 

(ELISAs) (186). Yet, the demand for low cost, high-throughput data collection and a more 

holistic approach to disease management will push the advancement of multiplexing technology.  

 

Multiplexing Immunoassays 

Multiplexing immunoassays are divided into two categories: planar and suspension 

assays. In general, they use antibodies or proteins as capture ligands immobilized on a solid 

surface to detect targets. Microarrays are an example of a planar multiplexing immunoassay 

offering high-throughput analysis of biomarkers. They can use proteins anchored in high-density 

microspots to capture target molecules, enabling a large number of targets to be screened with 

high sensitivity using a small sample volume (187, 188). Current technology contains up to 

21,120 capture proteins, which is used for antibody validation (189). Yet, identifying multiple 

highly-specific capture proteins and the coupling of the proteins in correct orientation on slides 

can be challenging (190, 191). In contrast to planar assays, suspension assays use beads coupled 

to capture ligands to detect targets in liquid suspension. A population of beads containing the 

same capture ligand enables multiple independent measurements, which improves assay 
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precision compared to planar immunoassays (188). Moreover, new pathogen targets can be 

added to existing platforms without needing to revalidate the entire assay. Because of the 

dynamics of emerging infectious pathogens, bead-based suspension assays are advantageous 

over planar assays for their flexibility and their ease in incorporating new targets.  

The concept of bead-based suspension assays came about in 1970’s with the invention of 

flow cytometry to sort cells (192). By the 1990’s the bead-based technology was used to detect 

nucleic acids, and proteins (193). Each bead can be bound to a different capture ligand that 

detects targets, also known as analytes, in samples. By being in suspension, analytes have more 

surface area to interact with the ligand compared to planar assays. Unfortunately, suspension-

based multiplexing assays are prone to cross-reactivity when proteins cross link as the beads 

remain in suspension (188). Therefore, assay optimization must address cross-reactivity of (1) 

analytes to non-target analytes, (2) detection antibodies to non-target analytes, and (3) analytes to 

detection antibodies when multiplexing (194). Once validated procedures and controls are 

established, the bead-based suspension assay is a powerful tool for long-term routine testing in 

diagnostic laboratories. 

 

 LuminexÒ Technology 

The most well-known and widely used bead-based multiplexing technology is LuminexÒ 

using xMAP technologyÒ. The technology has the ability to multiplex up to 500 analytes (195) 

but latest validated assays only evaluate up to 30 analytes (196, 197) . Two instrument systems 

are available; a flow cytometry-based system and a magnetic bead-based system using charge-

coupled device (CCD) cameras. The latter system, MAGPIXÒ, offers a more compact and robust 

multiplexing platform compared to the flow cytometry systems. The system uses colored 
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magnetic beads that are covalently coupled to capture antigens that bind to analytes in liquid 

suspension. A CCD camera identifies the color-coded beads and detects a secondary fluorescent 

conjugate that is attached to the target antibody in an indirect format (Fig 2.1). The technology is 

advantageous for foreign animal disease surveillance where routine testing of multiple pathogens 

simultaneously will decrease the cost, time, and sample volume needed (194). The MAGPIXÒ 

system has been proven for the detection of high-consequence viral pathogens like RVFV (180, 

198), influenza (199), Ebola, and Lassa virus (200). The RVFV assay has yet to be validated for 

routine testing. 

 

 Serological testing of RVFV 

Traditional serological detection for RVFV include complement fixation, 

hemagglutination inhibition, immunodiffusion, virus neutralization test (VNT), and ELISA 

(161). VNTs and ELISAs are the more commonly used tests for disease outbreaks and 

surveillance studies. VNTs are highly specific and are the current gold standard serological 

method for RVFV (2). Nonetheless, VNTs are labor intensive, time consuming, and require 

appropriate biocontainment unless using a non-virulent strain (201, 202). ELISAs offer a rapid 

and safe means to detect antibodies to RVFV in animals and humans. Although ELISAs are 

sensitive and reliable screening tests, they can only detect one analyte at a time. 

Bead-based suspension assays allow for simultaneous detection of antibodies to several 

antigens of a single virus, consequently increasing the specificity of the assay. The assays can 

also be used as tests to differentiate infected from vaccinated animals (DIVA), which has been 

previously demonstrated with viral pathogens like avian influenza, foot-and-mouth, and West 

Nile viruses (203-205). A RVFV bead-based suspension assay has been previously developed to 
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simultaneously detect antibodies against RVFV N and Gn but the diagnostic accuracy of the 

assay was not established (180). Currently, there are no validated tests for the detection of RVFV 

antibodies that differentiate infected from vaccinated animals. The versatility and DIVA 

compatibility, with minimal impact on diagnostic accuracy when multiplexing, makes the bead-

based suspension assay for RVFV testing a promising alternative to traditional serological 

methods.  

We evaluate a bead-based suspension assay, alternatively called fluorescence 

microsphere immunoassay (FMIA), for the detection of RVFV antibodies against several antigen 

targets in sheep and cattle. The targets included the N protein, a truncated glycoprotein Gn 

(minus transmembrane domain), NSs, and NSm. The assay was used to detect several RVFV 

strains and was compared side-by-side to the VNT. We also demonstrated the use of FMIA as a 

DIVA-compatible platform for a candidate RVFV Gn/Gc subunit vaccine.  

 

Materials and Methods 

 Sera Samples 

A total of 154 cattle and 272 sheep sera from prior experimental RVFV animal studies 

were used for the evaluation. These included sheep and cattle inoculated with vaccine strain 

MP12 (97), wild-type strains SA01-1322 (SA01) and Kenya-128B-15 (Ken06) (206, 207), and in 

the presence or absence of a candidate Gn/Gc subunit vaccine (106, 177). These sample sources 

are summarized in Table 2.1. All studies were conducted under biosafety level 3-enhanced 

conditions at the Biosecurity Research Institute (Manhattan, KS). Sera were heat inactivated and 

safety tested for further diagnostic evaluation at biosafety level 2 using a modified method that 

successfully inactivated high titer samples. Briefly, all sera were inactivated by adding 0.25% 
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Tween-20 at a dilution of 1:10 to the serum and heating samples to 60˚C in a water bath for 2 

hours (hr) as previously described (207). 

 Additional sera from an experimental study of a RVFV MP12-NSm deletion vaccine 

candidate in sheep were tested. Briefly, a reverse genetics system using the MP12 strain 

produced a vaccine virus in which a portion of the NSm gene has been removed 

(arMP12∆NSm21/384) (102). A total of 119 sheep samples were tested for the evaluation. 

 RVFV challenge sera was obtained from an experimental challenge with wild-type 

Egyptian isolate ZH501 (66). Sheep and cattle were inoculated and kept up to 35 dpi to assess 

antibody production. A total of 4 sheep and 7 cattle samples were tested. These samples served 

as positive-control sera for the FMIA.  

 Sera from animals never exposed to RVFV were used as the negative sera set, which 

included 165 sheep and 325 cattle samples. All samples were obtained from animals born and 

raised in the United States. The sera were heat inactivated following the protocol described 

above. 

  

 Production of Recombinant Proteins   

 RVFV Gn was produced from the coding sequence taken from the RVFV MP12 strain 

(GenBank DQ380208) and modified to remove the transmembrane domain. The sequence was 

synthesized (IDT, Coralville, IA) and cloned into a pHUE expression vector (208), then 

transformed into BL-21 Escherichia coli (E. coli) cells (New England Labs; Coralville, IA). 

Gene expression was induced with 1 mM isopropyl-beta-D-thiogalactoside in LB culture 

medium with constant shaking for 4 hr at 37˚C. Bacterial cells were harvested by centrifugation 

then purified using the PrepEase Histidine-Tagged Protein Purification High Yield Midi Kit 
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(Affymetrix, USB Corp.; Cleveland, OH) under denaturing conditions.  Purified protein was then 

precipitated to remove urea and exchanged with 1x phosphate buffered saline and 0.1% SDS, as 

previously described (209). The precipitated protein was concentrated using Amicon Ultra-2 ml 

Centrifugal Filters (EMD Millipore Corporation; Billerica, MD) with a molecular size cutoff at 

30kDa. The protein concentration was measured by Bradford protein assay (Bio Rad, Hercules, 

CA). Purified protein was analyzed by sodium dodecyl sulfate-polyacrylamide gel 

electrophoresis (SDS-PAGE) 10% and stained with Coomassie Brilliant Blue (Bio-Rad; 

Hercules, CA). 

Purified recombinant RVFV N, NSm, and NSs proteins were produced in an E. coli 

expression system as previously described (198). Before use, proteins were analyzed by SDS-

PAGE 10% and stained with Coomassie Brilliant Blue (Bio-Rad; Hercules, CA) to visualize 

purity and integrity.   

Non-RVFV recombinant proteins were used as negative-control coupled beads to account 

for nonspecific binding of antibodies. Porcine circovirus type 2 nucleocapsid (PCV2) was 

selected to represent a non-RVFV viral nucleocapsid protein that was expressed in an E. coli 

expression system using the pHUE vector and purified using the PrepEase Histidine-Tagged 

Protein Purification High Yield Midi Kit as described above under native conditions. Purified 

protein was then analyzed by SDS-PAGE. 

All proteins were analyzed by western blot (WB) to assess recognition of antigens by 

mAbs and pAbs. Briefly, 10 ng of each recombinant protein was separated by SDS gel 

electrophoresis then transferred onto polyvinylidene difluoride (PVDF) membrane by 

electroblotting using the TransBlot Turbo Transfer Pack on the TransBlot Turbo Transfer System 

(Bio Rad, Hercules, CA). The membranes were blocked with a protein-free blocking buffer (G-
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Biosciences; St. Louis, MO) at 4˚C overnight with rocking. The membranes were washed three 

times using PBS with 0.1% Tween-20. To visualize reactivity of proteins against ruminant sera, 

membranes were incubated with a strong positive sheep sera experimentally infected with RVFV 

ZH501 strain (66) diluted 1:100 for 1 hr at room temperature (RT). The cross-reactivity of 

proteins was also tested using negative lamb sera diluted 1:100. After washing, rabbit anti-sheep 

IgG (H+L)-HRP conjugate (Bio-Rad; Hercules, CA) diluted 1:20,000 was applied for 1 hr at RT. 

To visualize the reactivity of RVFV recombinant proteins against mAbs, primary antibodies 

against N and Gn were acquired from Maine Biotechnology Services (MAB240P) (clone 09F04) 

(Portland, ME) and BEI Resources (NR43190) (clone 4D4) (Manassas, VA), respectively. All 

mAbs were diluted 1:1,000 and incubated for 1 hr at RT. After washing, a peroxidase AffiniPure 

donkey anti-mouse IgG (Jackson ImmunoResearch Laboratories; West Grove, PA) secondary 

antibody was added at a 1:100,000 dilution for 1 hr at RT. After a final wash, Clarity ECL 

Blotting substrate (Bio-Rad; Hercules, CA) was added for 5 minutes (min) for the detection of 

proteins. The membrane was visualized using the ChemiDoc Mp Imaging System (Bio-Rad; 

Hercules, CA).  

 

 Conjugation of antigens to Luminex carboxylated beads 

Recombinant proteins were covalently coupled to MagPlex MicrospheresÒ (Luminex 

Corp.; Austin, TX) by using a two-step carbodiimide reaction as previously described (198). 

Briefly, 6.25 x 106 microsphere beads per target were activated and then incubated with their 

respective recombinant protein for 3 hr at RT with rotation. Coupled bead sets were stored in 

blocking buffer (1% fish gelatin in PBS with 0.05% Tween20 and 0.05% sodium azide, pH 7.4) 

overnight to reduce non-specific binding of antibodies to the beads. The efficiency of the protein 
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coupling reaction was confirmed using a mouse Penta-His antibody, BSA-free (Qiagen; 

Germantown, MD) according to the bead manufacturer’s instructions. Bead sets were stored at 

4°C and used within 4 weeks to minimize signal loss due to protein degradation. To minimize 

photo-bleaching effects on the beads, all coupling reactions, storage, and use of beads were done 

in reduced lighting. The final concentration of each coupled bead set was manually counted 

using a hemacytometer. 

 

 Optimization 

The amount of RVFV protein coupled to the beads was optimized to identify the 

strongest signal against positive sera for each coupled bead set. The beads were coated and tested 

with various protein concentrations, including 12.5, 25, 50, and 100 µg/mL per antigen. The 

antigen concentration that provided the strongest signal-to-noise ratio for all targets was used for 

testing samples. 

The FMIA platform was optimized to determine the ideal concentrations of sera and 

reagents. A well-characterized strong positive-control serum and a negative-control serum were 

serially diluted in a checkerboard fashion to optimize the signal-to-noise ratios. Serum, antibody, 

and fluorescent reporter dilutions were selected based on ideal signal-to-noise ratio for both the 

N and Gn bead targets. 

A set of beads coupled to a non-RVFV viral recombinant antigen, PCV2, was included to 

account for non-specific binding of antibodies to the recombinant antigens coupled to the beads. 

A bead set with no coupled antigen was included to account for background due to antibodies 

non-specifically binding to the beads. Each bead set was tested in singleplex format then in 
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multiplex format to identify any cross-reactivity between multiplexing bead sets and detection 

antibodies.  

 

 Fluorescence microsphere immunoassay 

All FMIA tests used the Luminex MAGPIX ® System (Luminex Corporation; Austin, 

TX). All sheep sera samples were diluted 1:400 in assay buffer (1% fish gelatin in PBS with 

0.05% Tween-20 and 0.05% sodium azide, pH 7.4). All cattle sera samples were diluted 1:200 in 

assay buffer. Samples were transferred to a 96-well round-bottom polystyrene plate (Corning, 

Inc; Corning, NY) and plated in triplicates at 50 µL per well. Control sera, which included a 

strong positive, a medium positive, a low positive and a negative serum sample, were added to 

each plate to serve as an internal quality control. An additional well with only the bead sets and 

assay buffer was added to each plate to calculate background signal.  Each well received 50 µl 

assay buffer containing each bead set at a concentration of 2500 total beads per antigen. Plates 

were covered with foil to minimize light exposure then incubated 30 min at RT on a plate shaker 

set at 800 rpm. Using a magnetic bead separator, plates were washed three times using 190 µL of 

assay buffer per well. The anti-species secondary antibody was diluted in assay buffer and added 

at a volume of 50 µL per well and incubated for 30 min at RT. Ovine antibodies were detected 

with rabbit anti-sheep biotinylated IgG (Jackson ImmunoResearch Laboratories; West Grove, 

PA) diluted to 1 µg/mL and rabbit anti-sheep biotinylated IgM (MyBioSource; San Diego, CA) 

diluted to 1µg/mL. Bovine antibodies were detected with goat anti-bovine biotinylated IgG 

(Jackson ImmunoResearch Laboratories; West Grove, PA) diluted to 1µg/mL. The plates were 

washed as described previously then 50 µL of the fluorescent conjugate, streptavidin-

phycoerythrin (SAPE) (Moss, Inc; Pasadena, MD) was diluted to 1 µg/mL and added to each 
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well. Plates were incubated for another 30 min at RT then washed. Beads in each well were 

resuspended in 100 µL assay buffer and the plate was analyzed on the MAPGIX using 

xPONENT version 4.2 software (Luminex Corporation; Austin, TX). Analysis of fluorescence 

was set to measure 100 beads per bead set per well. Results were recorded as median 

fluorescence intensity (MFI). Background signal detected from the blank well containing only 

beads and assay buffer was subtracted from each sample well. The average MFI was calculated 

for each triplicate set and then converted to sample/positive control (S/P) ratio to normalize 

results across plates. The S/P ratio was calculated by using the formula: S/P = (Mean MFI of test 

sample - Mean MFI of negative control) / (Mean MFI of high positive control – Mean MFI of 

negative control).  

  

 Virus Neutralization 

For the validation of the FMIA, a plaque reduction neutralization test for RVFV was 

performed as described previously (106). Briefly, RVFV MP12 virus was diluted to 

approximately 50 plaque forming units (pfu) per 250 µL in Minimum Essential Medium (MEM) 

(Thermo Fisher Scientific, Grand Island, NY) containing 2% bovine serum albumin (BSA) 

(Sigma-Aldrich, St. Louis, MO). Sera were serially diluted two-fold from 1:10 to 1:1280 in 

MEM with 2% FBS and 1% penicillin-streptomycin-Amphotericin B (Thermo Fisher Scientific; 

Grand Island, NY). The diluted sera were mixed at a 1:1 volume with diluted MP12 virus on a 96 

well plate then incubated for 1 hr at 37°C. Virus-serum mixtures were then used to inoculate a 

confluent monolayer of Vero cells (ATCC® CCL-81TM) on 12-well plates. Plates were 

incubated for 1 hr at 37°C with gentle rocking every 15 min, then an overlay with 1% 

methylcellulose (Sigma-Aldrich; St. Louis, MO) and MEM was added to all wells and plates 
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incubated for 5 days at 37°C. The formation of plaques was visualized, and the plaques were 

counted after staining them with crystal violet fixative stain (0.5% crystal violet, 1% 

formaldehyde, ethanol, and glacial acetic acid in water) for 1 hr at RT. Neutralizing antibody 

titers were determined using an 80% neutralization cutoff, which corresponds to the reciprocal 

titer of the highest serum dilution at which the number of plaques is reduced by ³80% compared 

to the MP12 strain virus control. A sample was considered positive if there was a detectable titer 

at or above the dilution of 1:10 to indicate exposure to the virus.  

 

 Statistics 

 Pearson’s correlation coefficient was calculated to compare the singleplex versus 

multiplex FMIA platform and to compare the FMIA to VNT. Two-graph receiver operating 

characteristic (TG-ROC) was used for determining the FMIA cutoff values for each target. 

Youden’s index was used to calculate diagnostic accuracy for each target using the formula 

(J)=[Sn+(Sp-1)].  The Np (1) and Gn (2) targets were tested in series and in parallel using the 

following formulas: Sn (series)= Sn1 x Sn2, Sn (parallel)= 1 – (1-Sn1) x (1-Sn2), Sp (series)= 1 

– (1-Sp1) x (1-Sp2), Sp (parallel) = Sp1 x Sp2.  A t test was used to analyze differences in 

antibody detection between three strains of RVFV used for experimental challenge.  Analysis 

was done using Graph Pad Prism software (version 7.0) (Graphpad Software; Inc, La Jolla, CA). 

 

Results 

 Expression and immunogenicity of protein targets 

 All FMIA panel proteins were produced, purified, and evaluated for antibody reactivity 

(Fig. 2.2 A). RVFV proteins were reactive against positive sheep serum at 28 dpi with the RVFV 
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ZH501 strain. The N showed the strongest reactivity followed by NSs, Gn, and finally NSm (Fig. 

2.2 B). Negative control proteins were non-reactive. Negative lamb serum, tested against all 

proteins, was also non-reactive (data not shown). Further testing of N and Gn using anti-N and 

anti-Gn mAbs revealed that anti-N reacted strongly with the N protein but not with Gn (Fig. 2.2 

C), while anti-Gn reacted with the Gn protein, and not with N (Fig. 2.2 D), albeit more weakly 

than anti-N and N. A similar examination of the NSs and NSm proteins was not possible due to 

lack of working antibodies. Overall, these results demonstrate the antibody reactivity of target 

proteins to be used for the FMIA. 

 

 FMIA optimization 

 Optimization of RVFV N and Gn protein concentrations revealed that 25µg/mL of each 

offered the strongest signal-to-noise ratio for both bead targets. When seeking the optimal serum 

dilution for detecting IgG and IgM antibodies, serial dilution of the sheep and cattle sera revealed 

a concentration-dependent MFI signal pattern (data not shown).  

Initially, IgG antibody detection by FMIA in both sheep and cattle sera had high 

background. Therefore, subtraction of the MFI signals from PCV2 and the blank (negative 

control) beads from each sample accounted for the non-specific binding of primary antibodies to 

the bead-coupled recombinant antigen and to the beads, respectively. These two adjustments 

afforded a better interpretation of the RVFV antigen targets detecting antibodies in the sera. 

 Each bead set was tested in singleplex then in multiplex format against control sera to 

identify any cross-reactivity between bead sets (Fig. 2.3). The correlation coefficient for each 

bead set was high (R2=0.99), demonstrating minimal cross-reactivity between bead sets. There 

was no statistical difference between the singleplex and multiplex format (P value >0.05).  
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 The MFI signals for the NSs and NSm bead sets against ruminant sera were weaker when 

compared to the MFI signals from the N and Gn bead sets. Detection of antibodies against the 

NSs target was variable in known-positive samples making NSs a poor target for a screening 

assay. MFI signals against the NSm target were at or below assay cutoff in known-positive 

samples and by WB. Additionally, the NSm recombinant protein was only weakly reactive 

against positive sera (Fig. 2.2 B). Due to these issues that require additional optimization, the 

NSs and NSm bead sets were excluded from further analysis and evaluation of the FMIA 

focused on N and Gn targets.  

   

 Humoral immune response detection by FMIA 

 IgG antibody detection over time for the N target was demonstrated using samples from 

experimental challenge studies with three RVFV strains: SA01, Ken06, and MP12. There were 

no detectable IgG responses for any of the targets to mock-challenged animal sera (data not 

shown). Sheep IgG antibodies were detected as early as 4 dpi for SA01 and Ken06, and 7 dpi for 

MP12 (Fig. 2.4 A). Peak response occurred by 10 dpi for SA01 and Ken06, and 14 dpi for 

MP12. Cattle IgG antibodies were detected by 4 dpi for SA01, 5 dpi for Ken06, and 8 dpi for 

MP12 (Fig. 2.4 B). Peak response occurred at 21 dpi for SA01 and Ken06, and 14 dpi for MP12.  

Regardless of species, FMIA results for the N target were similar for SA01 and Ken06 samples. 

While the MP12 vaccine strain samples consistently produced a weaker MFI signal statistically, 

the finding was not significant.  

As demonstrated with the N target, the Gn target was also detected by IgG subtype 

antibodies in the challenge studies. Compared to N, the Gn target had an overall lower MFI 

signal in both species (data not shown). In sheep samples, detection of IgG antibody production 
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occurred at 8 dpi in sheep samples for all strains. Ken06 had the strongest signal with a peak 

response at 14 dpi. For SA01, signal increased until 10 dpi then decreased throughout the rest of 

the study. As seen with the N target, MP12-induced antibodies overall showed the weakest signal 

of all the strains. In cattle samples, detection of IgG antibodies by the Gn target was variable and 

the background was higher. Overall, the N target was more sensitive than the Gn target in the 

detection of IgG antibodies earlier in an infection time course (P value < 0.05).  

 Detection of IgM antibodies against RVFV N and Gn targets was similarly tested in 

sheep sera. IgM antibodies were detected against the N target as early as 4 dpi for the SA01 and 

Ken06 RVFV strains (Fig. 2.5 A). Peak MFI signal occurred by 7 dpi then declined starting at 8 

dpi for SA01 and 14 dpi for the Ken06 respectively. As with the IgG detection, Ken06 had a 

higher MFI signal than SA01on most time points, although the differences were not statistically 

significant. For the Gn target, a rise in IgM antibodies was detected at 6 dpi with a peak signal by 

9 dpi and then a decrease in signal by 21 dpi (Fig. 2.5 B). Similar to IgG antibody detection, the 

detection of IgM by the Gn revealed an overall lower signal that of the N target. Cattle sera were 

not evaluated for IgM detection due to the high background noted in the IgG FMIA assay against 

the Gn target. 

 

 Comparison of FMIA vs. VNT 

 A total of 518 sheep and 447 cattle samples were tested by the gold standard assay, VNT. 

Statistical comparison of the FMIA and VNT showed the two assays to be highly correlated 

(R2=0.89) when a comparison was made between the FMIA panel detecting IgG antibodies 

against the N target for sheep inoculated with wild-type strains (Ken06, SA01) (Fig. 2.6 A). 

Also, a good correlation (R2=0.71) was seen when the VNT was compared to the FMIA for 
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detection of IgG antibodies against Gn (Fig. 2.6 B). There was a strong correlation (R2=0.91) 

when a comparison was made against the N target with sheep inoculated with MP12, but the 

correlation was weaker against the Gn target (R2=0.55).  

  

 Diagnostic accuracy 

 Cutoff MFI values for the Np and Gn bead targets were determined by TG-ROC analysis. 

All samples were classified positive or negative by VNT results. The Youden’s Index (YI) was 

used to determine the “optimal” cutoff value for which Sensitivity (Sn) + [Specificity (Sp) – 1] is 

maximized (210). Table 2.2 summarizes the cutoffs, Sn, Sp, YI, and Area Under Curve (AUC) 

by each bead target in sheep and in cattle. Table 2.2 also contains the Sn and Sp for the two 

targets (N and Gn) when tested in series and in parallel using sheep samples.  

 

  DIVA compatibility with candidate RVFV vaccines 

 Sheep sera from a candidate Gn/Gc subunit vaccine study demonstrated the DIVA 

capability of the FMIA. The DIVA capability of the FMIA was not evaluated in cattle due to the 

lack of available Gn/Gc subunit vaccine cattle sera. In the sheep study, vaccinated and mock-

vaccinated animals were readily separable (Fig. 2.7). The FMIA detected a rise in antibodies 

against Gn by 7 dpi in sera collected after the initial vaccination (Fig. 2.7 A). After a booster 

vaccination at 21 dpi, there was a stronger MFI signal against the Gn target. No antibodies 

against the N target were detected, as expected (Fig. 2.7 B). Mock-inoculated animals had no rise 

in IgG antibodies against either the Gn or N target. All animals were then challenged with a 

wildtype RVFV strain and monitored for 7 days. Sera from animals that were vaccinated had a 

higher MFI signal against the Gn target compared to the MFI detected in the mock-vaccinated 
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animals (Fig. 2.7 C) (P value<0.05). IgG antibodies were detected against the N target as early as 

4 dpi in the mock-vaccinated animal sera and MFI values were higher compared to the 

vaccinated animal MFI signal levels, which remained unchanged after the challenge (Fig. 2.7 D) 

(P value<0.05). This difference in observed MFI demonstrated the FMIA’s DIVA capability.  

 

Discussion 

  FMIA is a growing technology that offers a versatile and rapid multiplexing platform for 

diagnostic testing and epidemiological studies. Yet there are limited reports about the use of 

FMIA in the detection of transboundary animal diseases (180, 204, 211-214). We demonstrate 

the ability of the FMIA assay to detect antibodies against RVFV recombinant antigens. We have 

previously developed the FMIA assay for RVFV N, Gn, NSs and NSm to detect antibodies in 

serum samples from experimental infection trials (198). However, during field trials, high 

background was noted in this assay. Subsequently, we modified and evaluated a new FMIA 

assay that focused on recombinant RVFV N and Gn proteins as antigenic targets for detection of 

IgG and IgM antibodies in experimentally infected ruminant sera. 

Recombinant RVFV N is an ideal diagnostic target for serological tests since it is 

considered the immunogenic protein that induces early production of antibodies during infection 

(9, 215). Our study found that RVFV N to be highly immunogenic, with strong MFI signals for 

detecting both IgM and IgG antibodies. Diagnostic accuracy was high with sheep and even 

higher with cattle samples. There was a stronger correlation (R2=0.89) between the FMIA N 

target and the gold standard VNT assay than between Np-based ELISAs and VNTs (171). Lastly, 

the timing at which antibodies against N were detected by FMIA supports what has been seen 

with recombinant Np-based ELISAs (9, 165, 171). Furthermore, the N target detected antibodies 
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earlier during infection compared to the secondary Gn target in the FMIA. Therefore, the N 

target is ideal for early disease screening of samples by FMIA. 

RVFV glycoproteins are also important antigen targets, as they are the components of 

RVFV that are most exposed to the immune system during infection (166). The FMIA results for 

the Gn target against sheep sera were comparable to a Gn-based IgG ELISA (216). The FMIA 

Gn target correlation to VNT was weaker than that for N but still reasonable. This difference was 

due to the VNT detecting neutralizing antibodies earlier in the infection than were detected by 

the FMIA Gn target resulting in a higher false negative rate. It should be noted that the VNT 

titers for most of the Gn-FMIA negative samples were borderline positive titer (<1:40). The Gn 

bead set could not be fully evaluated for cattle samples due to high background, which has been 

previously noted in other serological assays when using cattle sera (D.S. McVey, personal 

communication). Future development and optimization of smaller Gn peptides with critical 

epitopes for antibody binding may reduce cross-reactivity of antibodies and offer a simpler way 

to produce antigen targets versus whole recombinant proteins (217, 218). Additionally, 

expression of Gn in a nonbacterial system may reduce cross-reactivity from bacterial 

contaminants as well as support posttranslational protein modification that may improve 

antigenicity as was seen in the report of van der Wal et al., in which the Gn was more antigenic 

than the N (174, 180).  

When testing the N target and Gn target in singleplex, the Np target had high Sn and Sp, 

while the Gn target had high Sn but poor Sp. The YI and AUC values also demonstrates the 

higher accuracy of the N target compared to Gn. Most serum samples tested were collected at 

times of early antibody production, when antibodies against N are present but may be too early 

against Gn. Additional sera from later time points need to be tested to better evaluate the Gn 
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target. Overall, the cattle FMIA panel had higher MFI signals compared to the sheep FMIA 

panel, which resulted in higher assay cutoff value. Addressing the background issues with cattle 

sera may reduce the cutoff values to a comparable level with the sheep assay.  

To evaluate the FMIA in multiplex, the N and Gn targets were tested in parallel and in 

series. The analysis was only done with sheep sera due to the high background observed with 

cattle sera. When testing in series the Sp improved to 98% compared to singleplex testing (92% 

for N, %67 for Gn). When testing in parallel the Sn improved to 99% compared to singleplex 

testing (94% for N, 89% for Gn). However, the Sp is greatly reduced in parallel testing. When 

testing the targets in multiplex, testing in series will offer a highly Sp assay ideal for 

confirmatory testing. 

RVFV N and Gn are important as DIVA-compatible targets for a candidate RVFV 

glycoprotein-based vaccine. Recently, a candidate Newcastle disease virus vaccine expressing 

RVFV glycoproteins was used to evaluate a bead-based suspension array for differentiating 

vaccinated and non-vaccinated animals (180). Our study demonstrated that the FMIA is DIVA 

compatible with a candidate RVFV Gn/Gc subunit vaccine. Additionally, we were able to 

differentiate vaccinated and nonvaccinated animals prechallenge. DIVA vaccines and companion 

tests are important tools in control and eradication programs of high-consequence animal 

diseases. Further evaluation of our FMIA with other DIVA-compatible RVFV vaccines such as 

NSm deletion vaccine candidates is under way (102).  

With several candidate nonstructural protein-deletion RVFV vaccines being evaluated, 

RVFV NSm and NSs are valuable diagnostic targets for companion DIVA assays. NSm serves 

as a DIVA marker in some recombinant RVFV vaccine candidates (16, 101, 102, 219). 

Nonetheless, NSm was a poor antigenic target in the FMIA due to a weak antibody response 
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when compared to N and Gn. Additional work may further optimize a recombinant NSm that 

could be used as an effective antigenic target on the FMIA panel, however, the host response to 

NSm may be too limited to be useful. Several NSs-deletion vaccines are being developed thus 

this protein could be used as a DIVA-compatible marker (16, 90, 103, 219). Recombinant NSs 

antigen was used as a target in the FMIA, and strong MFI signals were detected to antibodies 

against NSs. Yet, the antibody response was variable between infected animals similar to what 

has been reported with NSs-based ELISAs (176). Therefore, using NSs could be used as 

confirmatory RVFV target but not a reliable DIVA marker, except on the herd level. Further 

investigation is needed to understand the mechanism of the observed variable antibody responses 

of less immunogenic RVFV antigens to develop a diagnostic assay that can be applied for testing 

on the individual animal level.  

  The FMIA is expected to be more sensitive compared to traditional solid-phase assays 

like ELISAs because of the freedom for the antibodies to bind to epitopes in suspension (194). 

The current antigen targets demonstrated slightly reduced sensitivity. This may be due to the 

coupling of antigen to beads interfering with the antibodies accessing epitopes. Another factor 

may be the potential inactivation of epitopes during the carbodiimide coupling reaction (220). 

Introduction of spacers near epitopes of interest would enhance the ability of the protein targets 

to detect antibodies and improve antigen orientation. Evaluation of shorter peptides for RVFV 

should be done to identify important epitopes that can be used for the FMIA.   

 

Future Directions 

The challenge of validating biomarkers for multiplex testing is to characterize them for 

stability, sensitivity of detection, and the dynamic range of detection in multiplex format (190). 
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Ideally a larger sample set should be tested to validate the FMIA for RVFV detection. Due to 

increasing restrictions on Select Agent research, it may not be feasible to acquire additional 

experimental RVFV samples. The current focus for the assay is to validate with field samples 

from endemic countries. Recently, FMIA coupled beads were tested on naturally-infected 

ruminant sera from Kenya in collaboration with the International Livestock Research Institute. 

The results of the FMIA were compared to two commercial RVFV ELISAs (Lindahl and Ragan, 

et al., unpublished). Additional testing of field samples with VNT results will be needed to 

establish diagnostic accuracy of the FMIA when applied in endemic countries. 

In addition to testing field samples, we are interested in evaluating the stability of 

conjugated-FMIA bead sets for use in endemic countries where optimal storage of bead sets may 

not be available. Currently we are evaluating the stability of conjugated beads for maximal 

storage time and optimal storage temperature (Ragan, et al., unpublished). Conjugated beads 

were regularly tested for one year to identify any changes in MFI signal. Beads were also stored 

at -20°C, 4°C and RT conditions to determine the optimal storage conditions. The results of the 

study will offer insight into the stability of conjugated beads and will optimize the detection of 

antibodies against RVFV.  

 

Conclusion 

We evaluated a multiplexing serological assay using recombinant RVFV N and Gn. The 

initial background seen during field trials has since been resolved and future evaluation of the 

assay will include additional field samples. The results demonstrate that the FMIA offers a high-

throughput and versatile multiplexing tool for animal disease surveillance. This assay can be 

used for routine serological testing in endemic countries or can be incorporated into a foreign 
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animal disease early warning strategy in non-endemic countries. The RVFV N and Gn antigen 

targets could be combined into a larger multiplexing panel for screening several ruminant 

diseases such as bluetongue, Wesselsbron, peste des petits ruminants, and other abortive 

diseases. Lastly, the FMIA can be used as a DIVA-compatible assay for candidate RVFV subunit 

and recombinant vaccines. 
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Figure 2.1 The FMIA utilizes color-coded polystyrene microspheres that can be coated with 

protein.  

(A and B) The Luminex MAGPIX system has up to 50 spectrally distinct bead sets to allow for 

simultaneous detection of multiple biological targets in a single sample. (C) Once the target of 

interest is captured, each bead is individually read using a CCD camera. (D) RVFV recombinant 

proteins are covalently coupled to the beads and incubated with sera for the detection of primary 

antibodies. A biotin-labeled antispecies secondary antibody followed by a fluorescent conjugate 

(streptavidin-phycoerythrin) is added to detect the presence of primary antibody.  

Ó 2016. Mal Hoover, CMI 
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Figure 2.2 RVFV and negative control recombinant proteins used in FMIA.  

(A) All proteins were analyzed by SDS-PAGE to visualize their integrity. Lane M, molecular 

size marker (in kilodaltons); lane 1, RVFV N (32kDa); lane 2, RVFV Gn (54kDa); lane 3, RVFV 

NSs (34kDa); lane 4, RVFV NSm (30kDa); lane 5, GFP (37kDa); and lane 6, PCV2 (22kDa). 

(B) WBs analyses were done to confirm the presence of the RVFV proteins. All four RVFV 

targets were probed with a positive sheep serum. Lane M is molecular size marker (in 

kilodaltons); lane 1, RVFV Gn; lane 2, RVFV Np; lane 3, RVFV NSs; lane 4, RVFV NSm. (C 

and D) N and Gn were further tested against mAbs. (C) Monoclonal MAB240P (clone Np09F04) 

was used against N. Lane 1, RVFV N; Lane 2, RVFV Gn. (D) Monoclonal NR43190 (clone 

4D4) was used against Gn. Lane 1, RVFV Gn; lane 2, RVFV N. 
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Figure 2.3 Comparison of singleplex and multiplex format of FMIA. 

Each bead set was tested in singleplex then in multiplex format against positive sheep sera. The 

correlation coefficient (R2) between the singleplex and multiplex format is provided for each 

bead set. 



 53 

 

Figure 2.4 Detection of IgG antibodies in serum with RVFV N bead set during RVFV 

infections with SA01, Ken06, and MP12 strains.  

Total IgG detection of all sheep and cattle are plotted by days post inoculation. (A) antibody 

detection in sheep; (B) antibody detection in cattle.  
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Figure 2.5 Detection of IgM antibodies in sheep serum over the course of experimental 

RVFV infections with SA01 and Ken06.  

Total IgM detection of all sheep against the RVFV N target (A) and Gn target (B) are plotted by 

days post inoculation (DPI). The controls are serum samples from sheep that were mock-

inoculated. 
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Figure 2.6 Comparing virus neutralization test (VNT) to FMIA.  

FMIA results are represented on the y axis as an S/P ratio; VNT represented on the x axis as a log 

2 of serum dilutions. Correlation coefficients (R2 value) between VNT and FMIA were 

determined from the wild-type RVFV strains (Ken06, SA01). (A) correlation between the FMIA 

N target to VNT (P value <0.05); (B) correlation between the FMIA Gn target to VNT (P value 

<0.05).  
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Figure 2.7 RVFV Np/Gn FMIA enables differentiation of vaccinated from infected sheep. 

 Sheep were initially vaccinated with a Gn/Gc subunit vaccine then challenged with Ken06 and 

maintained for 7 days. The subunit vaccine was given at 0 days post vaccination (DPV) then 

boostered at 21 DPV. Detection of IgG antibodies in sera against the Gn targets (A) and the N 

target (B) are shown. At 35 DPV all sheep were challenged (0 DPC). IgG production in sera was 

monitored using the Gn target (C) and the N target (D). N served as the DIVA-compatible 

marker.  
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Table 2.1 Experimental source and sample count for sera used in the evaluation of FMIA. 

References of each study is included for additional details. DPI represents the last day sera was collected in the study. # of samples 

include total number of samples run on FMIA. 

 

Study Species Age Virus Vaccinated? DPI # of samples 

Wilson et al., 2014(97) Sheep 4 months MP12 No 28 94 

  Cattle 4 months MP12 No 28 94 

Wilson et al., 2016(207) Cattle 4-5 months Saudi Arabia 2001-1322 No 21 26 

      Kenya 2006-128b-15 No 21 23 

      Mock inoculated No 21 11 

Faburay et al., 2016(206) Sheep 4-5 months Saudi Arabia 2001-1322 No 21 32 

      Kenya 2006-128b-15 No 21 33 

      Mock inoculated No 21 20 

Faburay et al., 2014(106) Sheep adult None Gn/Gc Subunit vaccine 49 48 

Faburay et al., 2016(177) Sheep 4-5 months Kenya 2006-128b-15 Gn/Gc Subunit vaccine 7 45 

Morrill et al., 2012(102) Sheep adult None arMP12-NSm delete 21/384 69 119 

Weingartl et al., 2014(66) Sheep 4 months ZH501 No 35 4 

Wilson, unpublished Cattle 4 months ZH501 No 35 7 

RVFV- negative Sheep various None No N/A 165 

RVFV- negative Cattle various None No N/A 325 
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Table 2.2 Diagnostic accuracy of RVFV FMIA for sheep and cattle serum samples  

The disease status was categorized by VNT results. The cut-off values were determined by two-

graph receiver operating characteristic (TG-ROC).  CI, confidence interval; YI, Youden’s index; 

AUC, area under the curve. 

 
Sheep Bead Set Cutoff (MFI) Sensitivity Specificity YI AUC 

TG-ROC 

Results 

N 2500 
94% (95% CI, 89 to 97%) 

 

92% (95% CI, 88 to 95%) 

 
85% 95% 

Gn 3800 
89% (95% CI, 85 to 92%) 

 

67% (95% CI, 59 to 75%) 

 
56% 83% 

Cattle Bead Set Cutoff (MFI) Sensitivity Specificity YI AUC 

TG-ROC 

Results 

N 13000 
98% (95% CI, 97 to 99%) 

 

97% (95% CI, 83 to 100%) 

 
95% 99% 

Gn 9400 
99% (95% CI, 97 to 99%) 

 

51% (95% CI, 37 to 65%) 

 
50% 74% 

   Sensitivity Specificity   

   Series 83% 98%   

   Parallel 99% 62%   
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Chapter 3 - The Detection of RVFV by In Situ Hybridization 

Preface 

A portion of the results of this chapter will be submitted for peer review and publication 

under the title: 

 

Differentiating Infected from Vaccinated Animals Compatible Detection of Rift Valley Fever 

Virus by In Situ Hybridization in Formalin-Fixed, Paraffin-Embedded Tissues 

 

I.K. Ragan1, W. C. Wilson2, J.T. Trujillo1, and A.S. Davis1 

 

1Department of Diagnostic Medicine and Pathobiology, College of Veterinary Medicine, Kansas 

State, Manhattan, KS, USA; 2 Arthropod-Borne Animal Diseases Research Unit, USDA, ARS, 

Manhattan, KS, USA 

  



 60 

Introduction 

In situ hybridization (ISH) assays have been used since 1968 (221) to evaluate gene 

expression, analyze cell proliferation, and detect infectious diseases (222). ISH originally was 

developed to detect and localize nucleic acid in cytological preparations and has since expanded 

to visual detection of nucleic acid in tissues. Early ISH assays detected DNA targets because of 

the high copy number present in cells compared to RNA. Optimizations of ISH techniques 

eventually enabled the detection of RNA (223), but these techniques required larger probe 

design, which made hybridization in tissues difficult, and assay sensitivity was poor if RNA was 

not present in high abundance (224, 225). Recent ISH technology advances provide rapid, 

robust, and highly accurate molecular platforms to analyze RNA, including viral RNA in 

diagnostic tissues. Currently, several companies offer unique detection systems and custom 

probe design capable of both singleplex and multiplex ISH detection. These new systems support 

more sensitive and rapid detection compared to traditional ISH approaches. Moreover, the ISH 

technology has also expanded from use restricted largely to cell preparations to diagnostic testing 

in formalin-fixed, paraffin-embedded (FFPE) tissues, which is extremely valuable for the testing 

high-consequence viral pathogens. First, we compare ISH to other molecular detection 

techniques in FFPE tissues. Second, we review some of the current ISH technologies that 

enhance RNA detection. Third, we discuss our work with two commercial options, Exiqon and 

RNAscope, to develop RVFV ISH in FFPE tissues. Finally, we present future directions for 

validating ISH for RVFV detection.  
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Molecular detection methods in tissues 

Unlike blots and polymerase chain reaction (PCR), ISH provides sensitive detection of 

nucleic acids with cellular and tissue architecture context (226, 227). Additionally, where PCR 

requires RNA extraction for detection, current ISH techniques maximize the use of valuable 

tissues without further processing (228). Unlike immunohistochemistry (IHC), which detects 

protein expression, ISH detects nucleic acids and can differentiate virus types or strains in tissues 

(229, 230). Therefore, ISH is a valuable tool in research and diagnostic testing, a distinct 

alternative approach to molecular detection in tissues. 

FFPE tissue sections are widely used in routine diagnostic procedures. They are a safe 

resource for handling infectious pathogens and cost-effective for long-term storage. Additionally 

these tissues are valuable resources for retrospective case studies (231). However, DNA and 

especially RNA can fragment before, during, and after formalin-fixation. Furthermore, 

formaldehyde induces nucleic acid-protein crosslinkages that decrease nucleic acid accessibility 

(232, 233). While, DNA ISH for FFPE tissues in a clinical setting is in regular use, the adoption 

of RNA ISH has been limited due to assay complexity and poor sensitivity (228). Recent 

advances in ISH technology have improved signal amplification and reduced the technical 

complexity of RNA detection in FFPE tissues. RNA ISH is now a valuable alternative to reverse 

transcription PCR (RT-PCR) for viral pathogen detection in FFPE tissues. 

 

Traditional in situ hybridization detection methods  

The first ISH methods used radiolabeled probes for detection (221). Radiolabeled 

ribonucleotides or deoxynucleotides are incorporated during cDNA synthesis or attached to the 

3’ end of probes by terminal transferase respectively (234). Oligonucleotide probes are 
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commonly labeled with sulfur isotype 35S, which is considered highly sensitive and provides 

high-resolution imaging. Other isotypes that are used include phosphorus (32P, 33P) and tritium 

(3H) (222, 235). Nonetheless, radioactive probes pose health risks and require safe handling and 

complex disposal. Additionally, the required exposure time (up to 1-2 weeks), sensitivity decay 

during long-term storage, and the need for a dark room limits this method’s use (222). Therefore, 

non-radioactive probes were developed for fluorescent detection followed by chromogenic 

detection (224). Most non-radioactive labels use haptens, like biotin or digoxigenin (DIG), that 

can subsequently be detected with antibodies conjugated to a detection molecule (236). DIG is 

reported to be more sensitive in detection compared to biotin due to non-specific binding of 

probes to endogenous biotin in tissues (222, 237). Using chromogenic detection provides a 

permanent signal, lower cost means of detection, and easy review of tissue context with use of a 

standard counterstain (238). Unlike chromogenic detection, fluorescent detection permits the 

direct visualization of targets and excellent localization of individual genes when multiplexing 

(239). However, fluorescent signal fades with long term storage even when slides are placed in 

cold storage and visualization requires a fluorescence microscope and filters (238). The first 

application of fluorescence ISH (FISH) incorporated fluorophore-labeled bases throughout the 

length of the probe (240). Since then FISH has evolved into many forms of direct and indirect 

detection and is well described (241). The use of non-radioactive probes for ISH has become the 

standard detection method as new probe designs improve the sensitivity and amplification of 

signal.  
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Current in situ hybridization detection methods 
  

 Fluorescence in situ hybridization 

FISH has been used since the late 1970s (242) and is a rapidly growing detection method, 

especially for multiplex assays in live-cell imaging and gene analysis (224). More importantly, 

FISH is a popular technique for visualizing mRNA in FFPE tissues. Formally known as single 

molecule FISH, the technique has since been commercialized by companies like StellarisÒ 

(Biosearch Technologies, Petaluma, CA), who design custom probes tailored to specific research 

needs. Custom probes are labeled on the 3’ end with various fluorophores enabling the analysis 

of multiple transcripts simultaneously (243). Moreover, the ISH procedure is completed in one 

day and can be automated offering a rapid detection system in tissues (222). Commercial kits 

using FISH are available for rapid detection of individual pathogens. ID-FISH (ID-FISH 

Technology Inc., Palo Alto, CA) has designed kits to detect malaria and tuberculosis in blood or 

sputum, and is currently developing Babesia, Bartonella, and Plasmodium spp. FISH kits. 

Moreover, the kits are designed for field application in endemic countries where access to 

appropriate lab equipment may be limited (244). FISH has proven to be a versatile platform that 

is used for clinical testing of infectious diseases. 

 

 Rolling-circle amplification 

 Despite the popularity of FISH, there are limitations to the method including background 

from non-specific binding of fluorescent antibodies to cells and proteins (245). Careful selection 

of fluorophores and signal amplification methods is required to improve the signal-to-noise ratio, 

especially when signal intensity is weak due to low RNA copy number (246). An alternative 

method to achieve highly specific signal to single-molecule resolution is rolling-circle 



 64 

amplification (RCA) (247). RCA can amplify signal rapidly by providing multiple sites for the 

annealing of labeled probes. Briefly, ISH probes bind to the target sequence then ligate into a 

circle by DNA ligase to create a circular template. MicroRNA acts as a primer to elongate the 

sequence and generate a continuous complementary strand that enables the annealing of multiple 

detection probes (248). The RCA technique is reported to have low efficiency (247) but with 

optimization, it is valuable in detecting low levels of RNA (249) and can be applied in a 

multiplex format (250) providing a clear signal with high sensitivity. 

 

 Branched DNA probes 

 One of the newest advances in ISH RNA detection is the use of branched DNA probes. 

There are currently two commercial branched DNA probe detection systems, RNAscope 

(Advanced Cell Diagnostics, Hayward, CA), and ViewRNA (Affymetrix, Santa Clara, CA). The 

technologies support both chromogenic and fluorescence-based detection in tissues but differ in 

their probe design. RNAscope uses a patented paired z probe design where both z probes (18-25 

base pairs (bp) each) must hybridize contiguously on the target sequence to form a 28-base 

hybridization site for a preamplifier (Fig. 3.4). Requiring the paired probes to sit contiguously on 

the target sequence minimizes nonspecific hybridization of individual probes. The preamplifier 

contains several sites for amplifiers, which, in turn, contain multiple binding sites for modified 

label probes. The sequential hybridization of preamplifier, amplifier, and label probes enhances 

the signal for detection. A single signal dot represents the detection of one target molecule (228). 

Therefore, gene expression quantification is possible. ViewRNA technology combines several 

synthetic probes that each contain target-specific and blocking oligonucleotides to reduce non-

specific binding. Individual oligonucleotide probes contain a lower region complementary to the 
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target RNA as well as an upper region to promote the branched-DNA signal amplification. The 

branched-DNA probes can detect viral RNA targets as small as 100 bp (251). ViewRNA can be 

used in clinical detection of weak positive samples such as rare hepatitis C virus cases (252). 

RNAscope offers automation for RNA detection, which provided consistency and reproducibility 

(253). Branched DNA probes represent a major advancement in the detection of RNA in cells 

and tissues.  

 

 Locked nucleic acid probes 

 Lastly, locked nucleic acid probes (LNAs) are newly designed probes that also have 

enhanced hybridization efficiency to RNA targets. LNAs are high-affinity RNA analogues 

wherein the ribose ring is “locked” in position to improve thermal stability during hybridization 

to a complementary RNA or DNA strand. The thermal stability enables normalization of probe 

melting temperature and the use of shorter length probes (13-20 bp) compared to traditional 

probes, which supports the detection of small targets like microRNA and single nucleotide 

polymorphisms (254, 255). This in turn improves probe accessibility in the tissue and improves 

binding affinity resulting in high sensitivity detection. Exiqon (Qiagen, Germantown, MD) uses 

LNA technology in their custom design of probes for RNA ISH detection in FFPE tissues. The 

LNA probe is labeled with DIG for chromogenic or with fluorescein for fluorescent detection. 

LNA probes are valuable in detecting single, short nucleic acid sequences such as microRNA in 

cells and tissues (248). However, target selection for FFPE RNA ISH will be challenging 

considering the aforementioned deleterious nucleic acid modifications that occur with FFPE 

tissue processing. 
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RVFV detection with in situ hybridization 

Tissue samples are important in RVFV detection for they are typically the first sample 

type acquired and submitted to a laboratory during an outbreak (256). Infected tissues must be 

handled with care due to their zoonotic risk. Therefore, FFPE tissues offer a safe method for 

handling and testing of Select Agents such as RVFV (257). PCR, IHC, and ISH are routinely 

used for pathogen detection in FFPE tissues, however, validated platforms for RVFV detection 

are limited. The only reported use of ISH for RVFV research is single molecule vRNA 

fluorescent ISH to detect RVFV genes in fixed cells (160). There is no report of RVFV ISH for 

FFPE tissues. Furthermore, an ISH assay that can differentiate infected from vaccinated animals 

(DIVA) for RVFV or any other virus has not been previously reported. ISH can be an important 

diagnostic tool that provides a safe means to detect RVFV nucleic acids within the context of the 

tissue morphology. 

 We have recently applied two commercial technologies to the detection of RVF viral 

RNA in FFPE tissue: Exiqon and RNAscope. The advantages of these commercial platforms 

include consistent production of probes, assay repeatability, and simplified ISH protocol. First, 

we will describe ongoing work to develop an ISH assay to detect RVFV using Exiqon’s 

technology. Then, we provide details on the successful RVFV detection with RNAscope 

technology. Lastly, we describe future directions for validating the RNAscope ISH assay.  

 

Exiqon in situ hybridization for RVFV detection 

Exiqon ISH offers custom ISH probes that are DIG labeled for chromogenic detection in 

FFPE tissues. Exiqon may be a better choice for endemic countries since probes can be 

lyophilized, which permits for stable handling and storage of reagents. Additionally, the assay 
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can be performed in one day and, unlike RNAscope, requires less specialized equipment and 

proprietary reagents. Therefore, there is a greater possibility to phase out the commercial 

reagents and use more affordable options. Our objective is to develop a high sensitivity ISH 

assay for RVF RNA detection in FFPE for use in endemic and non-endemic areas. This project is 

ongoing. 

 

 Materials and Methods 

 To date, testing of Exiqon ISH probes has been on RVFV Kenya-128B-15 (Ken06) strain 

infected sheep tissue from a prior challenge study (206). The uninfected control tissues were 

provided by the Kansas State University Veterinary Diagnostic Lab (KSU VDL). Two LNA 

probes targeting RVFV’s M segment, one in the viral-sense and the other in the viral-antisense 

orientation, were synthesized by Exiqon using the consensus sequence of eight RVFV strains 

(RVF-Moz-Gob-T9-2014, RVF-Moz-Gob-T7-2014, Kenya-128B-15, SA01-1322, ZH-548, S 

Africa 1224_10, S Africa 85_10, S Africa 184_10). The Exiqon probe sequences are: antisense 

/5DigN/TCGCAGACCCCTTTCATTTTTGT/3Dig_N/ (bp 194-216), and sense 

/5DigN/CAACTCAGCACTGCACATGAGG/3Dig_N/ (bp 251-272). Additionally, a positive 

control probe was synthesized in antisense orientation to target the b actin housekeeping gene at 

bp 2042-2062 (probe sequence /5DigN/AGCCAGGTCCAGACGCAGGAT/3Dig_N/). The 

probe targets a consensus of human, cattle, goat, sheep, and mouse species sequences.  Exiqon 

also provided a negative control probe (scrambled) (probe sequence 

/5DigN/GTGTAACAGTCTATACGCCCCA/3Dig_N).  

ISH was performed using the miRCURY LNA miRNA ISH Optimization Kit for FFPE 

tissues (Qiagen; Germantown, MD). Briefly, 4 µm tissue sections were cut and placed on 
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positively-charged slides by KSU VDL Histology lab. The tissues were deparaffinized in xylene 

and rehydrated through graded alcohols (100%-70%) into PBS. Proteinase K diluted in 

Proteinase K buffer or steam retrieval using DAKO citrate pH 6 target retrieval solution 

(Aligent; Santa Clara, CA) was used for antigen retrieval prior to hybridization. Hybridization of 

probes was done according to manufacturer’s instructions. The hybridization temperature was set 

for 30˚C below the RNA melting temperature of each probe. After hybridization the tissues went 

through a series of stringent graded washes with saline-sodium citrate (SCC) buffer (5x-0.2x), 

were blocked using 2% goat serum in PBS with 0.1% Tween (PBS-T), then incubated with an 

anti-DIG primary antibody conjugated with alkaline phosphatase (AP) or horseradish peroxidase 

(HRP) to detect the probes (Sigma Aldrich; St. Louis, MO). For AP detection, BCIP/NBT AP 

substrate was applied according to manufacturer’s instructions (Vector Laboratories; 

Burlingame, CA). For HRP detection, 3,3'-diaminobenzidine (DAB) substrate was applied 

according to manufacturer’s instructions (Vector Laboratories; Burlingame, CA). The tissues 

were lightly counter-stained with Nuclear Fast Red (Vector Laboratories; Burlingame, CA), 

rinsed in tap water, and dehydrated using graded alcohols (70%-100%) and xylene. The slides 

were mounted with Permount Mounting Medium (Electron Microscopy Sciences; Hatfield, PA) 

and reviewed as described prior (206). 

 

 Results 

 Preliminary experiments were completed using either the RVFV probes or the positive 

control probe in conjunction with the negative control probe. Optimization of the Exiqon ISH 

has focused on enzymatic versus heat antigen retrieval, length of time for antigen retrieval, 

hybridization time, change in hybridization oven to increase precision, and AP versus HRP-
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based detection systems. The first experiment tested control probes using an AP detection 

system. Yet no signal was detected. Next, the hybridization time was extended from 60-120 

minutes (min). The third run included testing of the two RVFV ISH probes against the M gene 

using RVFV infected tissue. No signal was detected from the two RVFV probes, therefore, 

further testing focused on optimizing the assay using only the control probes. The control probes 

were tested again with various concentrations of Proteinase K and increasing the length of time 

for antigen retrieval. Next, a steam antigen retrieval system was tested as well as HRP and AP 

detection systems were compared. There was still no signal despite optimization of the critical 

steps in ISH. To eliminate the risk of poor handling and storage of probes at time of shipment, a 

new b actin probe was ordered. The new probe was tested using both steam and enzymatic 

retrieval. Additionally, the probe was tested with HRP and AP detection systems. The new probe 

did not show signal. To ensure the AP labeled anti-DIG antibody was detecting our ISH probes, 

a new antibody was ordered as per vendor’s recommendation. The last experiment to date 

included using a new hybridization oven to ensure the temperature remained constant during 

hybridization. No specific signal has been detected from the experiments thus far. 

 

 Future Directions for RVFV Exiqon in situ hybridization 

 Future experiments include testing sensitivity of probes by dot blotting. Additionally, we 

will test the AP and HRP detection system and ensure the primary antibody’s ability to detect the 

double-DIG labels on the custom LNA probes. Once we demonstrate the sensitivity of the 

probes, all reagents and controls need to be optimized. Optimization of the new b actin probe has 

yet to be done. This includes decreasing the hybridization temperature to decrease hybridization 

stringency and testing various Proteinase K concentrations to improve penetration of probes in 
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FFPE tissues. Once successful, the Exiqon ISH can offer a flexible and affordable means of 

testing RVFV in tissues. 

 

RNAscope in situ hybridization for RVFV detection 

  RNAscope has been successfully demonstrated for detecting viral RNA in FFPE tissues 

for many viral pathogens (258-262). To our knowledge this technology is untested for RVFV 

detection. After the technical issues with Exiqon we tried RNAscope ISH. It was not our first 

choice due to its higher price point. 

Several DIVA-compatible RVFV modified-live vaccines are currently in development 

for livestock. Large deletions in NSm and NSs genes improve the safety of modified-live 

vaccines like MP12 (102). There are three NSs deletion vaccine (DNSs) strains, including Clone 

13 (90, 91), the recombinant MP12 (103, 104)  and ZH501 strains (17). For NSm deletion 

vaccine (DNSm) strains, there is the recombinant MP12 strain (100, 101) and the recombinant 

ZH501 strain (17). Finally, there is the ZH501strain DNSm/DNSs (16). The consensus deletion 

for the DNSs modified-live vaccines (MLVs) is DNSs81/191 in the S segment and the consensus 

deletion for the DNSm MLVs is DNSm22/384 in the M segment. If any of these MLVs were to 

be used prophylactically or in response to an outbreak in a non-endemic region, tools to support 

assessment of return to ‘disease free’ status would be critical. 

 There is a need for DIVA-compatible molecular assays with these MLVs. Currently, the 

only such validated tool is the NSs exclusionary multiplex quantitative reverse transcription PCR 

(RT-qPCR assay) (147). The multiplex RT-qPCR for the DNSs strains was evaluated with 

infected cells and sera, allowing for early RVFV detection. No efficacious DIVA assay for the 
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DNSm strains currently exists. Therefore, a validated molecular DIVA assay for the DNSm and 

DNSs vaccine strains is of high priority. 

 The objectives of the RNAscope ISH development were two-fold: (1) to develop a highly 

sensitive ISH assay for the detection of RVFV RNA in FFPE tissue using RNAscope and (2) to 

develop duplex DIVA ISH assays, capable of differentiating DNSm and DNSm MLVs from a 

virulent RVFV strain. 

 

 Materials and Methods 

 Tissues 

All tissues are summarized in Table 3.1. RVFV-infected mouse tissues came from 2 

studies in which inoculation was: (1) subcutaneously with 7.9x103 pfu of Ken06 wildtype strain 

(263) and (2) intraperitoneal with 1.0x103 pfu of ZH501-DNSm21/384 or ZH501-DNSs16/198 

vaccine strain (17). The infected ruminant tissues came from studies in which the sheep and 

cattle were respectively inoculated with 1-2x106 pfu of the Ken06 strain (206, 207). Uninfected 

control tissues came from either mock-inoculated animals in the aforementioned studies or were 

species matched KSU VDL tissues.  

 

 ISH probes design 

The pan-RVFV and two DIVA exclusionary probes were synthesized by Advanced Cell 

Diagnostics (ACD; Hayward, CA) according to investigator provided target sequences. Seven 

RVFV sequences representative of phylogenetic variance were aligned (MP12, Ken06, Clone 13, 

ZH548, ZH501, Smithburn, and Saudi Arabia 2001-1322). The pan-RVFV probe consisted of 20 

z pairs targeting the RVFV L segment consensus sequence between nucleotides 2-801. The 
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DIVA exclusionary NSm probe, M DIVA probe, consisted of 8 z pairs targeting the RVFV 

DNSm deletion sequence between nucleotides 3-392. The DIVA exclusionary NSs probe, S 

DIVA probe, consisted of 2 z pairs targeting the RVFV consensus S segment DNSs between 

nucleotides 81-191. For the pan-RVFV ISH assay, the pan-RVFV probe was tested in singleplex. 

The two DIVA duplex assays used one of the DIVA probes in conjunction with the pan-RVFV 

probe. ACD recommended negative and species-specific positive control probes were also used. 

 

 RNAscope ISH 

The singleplex and duplex chromogenic ISH assays were conducted according to 

manufacturer’s protocol. The duplex assay was performed using the custom RVFV probes and 

the RNAscope 2.5 HD Duplex Kit (ACD; Hayward, CA). The singleplex assay was performed 

using the custom RVFV L probe and the RNAscope 2.5 HD Brown Kit (ACD; Hayward, CA). 

Briefly, FFPE tissues were sectioned at 4 µm, mounted on positively charged slides, and air 

dried overnight. The slides were baked for 1 hour (hr) at 65˚C, deparaffinized in xylenes, and 

rehydrated in 100% alcohol. Preparation and pretreatment of tissues followed the manufacturer’s 

protocol for FFPE samples using the standard pretreatment times of 15 min for all slides. Probes 

were added to tissues and incubated for 2 hr at 40˚C in a HybEZ oven (ACD; Hayward, CA). 

Following hybridization, the slides were washed with 1x Wash buffer and stored in 5x SCC 

(Thermo Fisher Scientific; Waltham, MA) overnight at RT. Amplification of hybridized probes 

followed the manufacture’s protocol for the Duplex (Chromogenic) Detection Kit and the 

Singleplex Brown Detection Kit. Slides were counter stained with 100 % Mayer’s hematoxylin 

solution (Electron Microscopy Sciences; Hatfield, PA) and briefly rinsed in tap water as a bluing 

reagent. To mount slides for the duplex assay, slides were dried for 15 min at 60˚C and mounted 
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using Vectamount permanent mounting medium (Vector Laboratories; Burlingame, CA). To 

mount slides for the singleplex assay, slides were dehydrated according to the manufacturer’s 

protocol and mounted with Permount mounting medium (Electron Microscopy Sciences; 

Hatfield, PA). Slides were reviewed and images captured with a DP27 camera (Olympus; Center 

Valley, PA) on a BX46 light microscope using CellSens Standard version 1.16. 

 

 Reverse transcription polymerase chain reaction 

All ruminant FFPE tissues were previously tested by RT-qPCR (Upreti, et al., 

unpublished). The mouse DNSm and DNSs FFPE tissues were tested using the same methods. 

Briefly, five 4 µm thick FFPE tissue sections per sample were treated with deparaffinization 

solution (Qiagen; Germantown, MD), lysed with ATL buffer and proteinase K then RLT buffer 

(Qiagen; Germantown, MD), total RNA extracted using magnetic bead extraction (Genereach; 

Taichung City, Taiwan) on the TacoTM mini Automatic Nucleic Acid Extraction System 

(Genereach; Taichung City, Taiwan) and RT-qPCR performed using Quanta qScript XLT 1-Step 

RT-qPCR ToughMix (Quanta BioSciences; Inc, Beverly, MA) on the Bio-Rad CFX 

thermocycler (Bio-Rad, Hercules, CA). The optimized cycling conditions were 50˚C for 20 min, 

95˚C for 10 seconds (sec), 60˚C for 1 min followed by 45 cycles of 95˚C for 10 sec. The cut-off 

cycle threshold (Ct) value was set at 38.  

 

 Immunohistochemistry 

IHC results for all Ken06 ruminant tissue slides were previously published (206, 207). 

Mouse tissue IHC was done according to published methods (264) with an adjusted primary 
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antibody dilution of 1:8000. Finally, for comparison of IHC and ISH results within lesion 

context, hematoxylin and eosin slides were made by KSU VDL following standard procedures.   

 

 Results 

The pan-RVFV singleplex assay readily identified RVFV RNA in lesions of multiple 

tissue types from both sheep (Fig. 3.1 A-B) and cattle (Fig. 3.1 C). It did not label uninfected 

tissues (Fig. 3.1 D). The negative and positive control probes performed as expected (Fig. 3.2).   

The M duplex assay differentiated Ken06 infected mouse liver (Fig. 3.3 A) from DNSm 

infected mouse liver (Fig. 3.3 B). Both probes, pan-RVFV and M DIVA, labeled the wildtype 

infected tissues while the pan-RVFV probe only labeled the DNSm infected tissues. Similar 

results were seen with infected mouse spleen (data not shown). Likewise, the S duplex assay 

similarly differentiated Ken06 infected mouse brain (Fig. 3.3 C) from DNSs infected mouse 

brain (Fig. 3.3 D) and liver (data not shown). 

The ISH results on FFPE tissues correlated 100% with previously tested RT-qPCR results 

(Table 3.1). All positive tissues tested had low Ct values ranging from 21.3-23.6, which 

correlated well with a strong signal by ISH. As expected the DNSs tissue’s RT-qPCR was 

negative for the S segment. ISH labeling correlated with histopathology lesions and with IHC. 

On average, ISH produced a stronger, more widespread and more readily interpreted signal (Fig. 

3.4). 

 

 Discussion 

Here we demonstrated not only RNA ISH to detect RVFV RNA in FFPE tissues but also 

DIVA ISH to differentiate RVFV DNSs and DNSm MLVs RNA from that of RVFV wildtype 
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Ken06. This is the first report of RVFV ISH assays that are appropriate for diagnostic use. 

Additionally, we demonstrated the use of ISH to differentiate vaccine from virulent wild type 

virus strains in FFPE tissue blocks for RVFV. 

RNAscope® ISH technology is a highly sensitive RNA ISH platform previously shown to 

accurately detect viral nucleic acids in FFPE tissues, including those of porcine parainfluenza 

virus 1 (265), simian immunodeficiency virus (260), human immunodeficiency virus (259, 266), 

equine arteritis virus (267), and papillomaviruses (268-270).We found that the pan-RVFV probe 

readily identified vRNA regardless of infecting strain in all species’ tissues tested (Fig. 3.1 and 

3.3). Additionally, the ISH results correlated well with results from IHC and RT-qPCR for the 

same FFPE tissue blocks (Table 3.1 and Fig. 3.4). 

Both of the M and S duplex assays readily differentiated the respective ZH501 deletion 

vaccine strains from the wildtype Ken06 strain (Fig. 3.3). The M duplex assay, based on the pan-

RVFV probe in combination with the M DIVA probe targeting the DNSm MLV’s deletion 

sequence in RVFV’s M segment, differentiated ZH501-DNSm21/384 from Ken06 in FFPE 

mouse liver and spleen. Based on the design of the M DIVA probe, the M duplex assay should 

also be compatible with other candidate DNSm strains (101, 102). Surprisingly, the S duplex 

assay readily differentiated ZH501-DNSs16/198 from Ken06 in mouse brain despite only having 

2 z pairs to detect the deletion sequence. ACD recommends that RNAscope probe design should 

use 3-6 z pairs minimum per probe for adequate signal detection. With the S duplex assay 

targeting the consensus deletion at 81-191 on the S segment, the ISH probe should be compatible 

with all DNSs strains (16, 91, 102-104, 271).  

The advantages to using RNAscope® technology include a low signal to noise ratio and 

high sensitivity due to probe design. The probes have a unique double z design allowing for 
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amplification of target-specific signal while maintaining a low background noise by reducing 

non-specific hybridization of the probes (Fig. 3.5). Each pair of z probes must hybridize 

contiguously to the target sequence in order to form a 28-base pair hybridization site for a 

preamplifier. Then, through a series of amplifiers and labeled probes that attaches to the 

preamplifier, increases the assay’s detection power (228). This assay can be automated to 

improve repeatability and shorten assay time.  

The high costs may limit the application of the RNAscope® pan-RVFV ISH assay as a 

routine diagnostic test. Yet, it has great potential as a confirmatory diagnostic test or RVFV 

pathogenesis research tool including for use with archival FFPE samples. Moreover, the DIVA 

duplex assays are suitable for use during an outbreak wherein the response includes vaccination 

with an RVFV DNSs and/or DNSm strain.  

The results demonstrate that RNAscope® is a sensitive ISH platform that can detect 

RVFV RNA in FFPE tissues. This work can be conducted outside high containment once 

formalin-fixation inactivation of the virus has been confirmed. More importantly, RNAscope® 

ISH assays can be DIVA compatible enabling differentiation of RVFV deletion vaccine from 

wildtype strains. This novel concept is extendable to the management of other transboundary 

animal diseases employing MLVs as well as viral vector-based vaccines in their prevention and 

control strategies. 

 

 Future Directions for RVFV RNAscope ISH 

 With successful detection of RVFV RNA using the RNAscope ISH, further validation of 

the assay is needed to determine diagnostic accuracy. The first step is to optimize all reagents 

and controls in the RNAscope assay. Second, additional experimental tissues and field samples 
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need to be tested with the pan-RVFV ISH then compared to RT-qPCR and IHC to determine 

diagnostic sensitivity and specificity. Third, we are interested in testing the DIVA capability of 

the RVFV ISH to detect additional gene deletion recombinant vaccines using the RNAscope 

duplex assay. Fourth, we want to investigate means to semi-quantify and quantify ISH results, 

which will permit the correlation to IHC and RT-qPCR, respectively. Finally, we want to 

develop a dual ISH-IHC procedure to use in RVFV pathology studies. The intent of these 

experiments is to move the ISH assay beyond proof-of concept and to validate the assay for 

routine use in diagnostics and research. 

 To proceed with validating the RNAscope ISH assay all reagents and controls need 

optimization. This includes running additional samples to demonstrate robustness and 

repeatability of the assay. Analytical specificity of ISH probes should be tested on non-RVFV 

infected tissues such as Schmallenburg virus or Cache Valley virus, both members of the order 

Bunyavirales. Additionally, it is of interest to test the RVFV probes on goat and other African 

ungulate tissues to demonstrate the versatility of the assay with tissues from various ruminant 

species. This would be of great value when using the assay in endemic countries where these 

ruminants are important reservoirs for RVFV.  

Additional experimental tissue samples from RVFV sheep and cattle challenge studies 

will be tested using the pan-RVFV ISH assay (206, 207). The experimental tissues have 

previously been tested by IHC and RT-qPCR (272), which can be used to establish diagnostic 

accuracy estimates for ISH by using a latent class analysis. Furthermore, the RNAscope assay 

will be applied to naturally infected FFPE tissues from the 2010 South African outbreak through 

a research collaboration with the University of Pretoria, South Africa to evaluate the accuracy of 

the assay on field samples. These samples will be tested by RT-qPCR and ISH in parallel.  
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It is important to evaluate the ISH probes’ ability to detect a diversity of RVFV strains. 

To expand the number of strains detected by ISH additional vaccine strains as well as naturally 

infected samples will be tested. In particular, testing the DIVA duplex assay with dual DNSm-

DNSs deletion vaccine infected tissues is of interest. A study to acquire hamster tissues infected 

with MP12-DNSm/DNSs deletion vaccine is planned. Finally, there is interest in an ISH assay 

that can detect single nucleotide polymorphisms within the RVFV MP12 strain, which contains 

point mutations spread across all three gene segments (273).  

To compare ISH to IHC and RT-qPCR, the ISH signal will require interpretation as semi- 

quantitative and quantitative results, respectively. Detection by RNAscope ISH can be correlated 

to IHC using a semi-quantitative score comparison. Typically, the number of positive cells per 

10 high-magnification (400x) fields is determined and a sample score assigned accordingly (267, 

268). An example scoring scale would be 0= no signal, 1= £ 10 positive cells, 2= 11-30 positive 

cells, 3= 31-50 positive cells, 4= 51-75 positive cells, 5= >75 positive cells. To compare 

RNAscope signal to RT-qPCR, the number of individual signals needs to be counted. Wang, et 

al. suggests individual dots represent single molecules of viral RNA (228). Therefore, by using 

an image analysis software to count individual signal dots, the quantitative results can be 

correlated to copy number per cell.  Recently, a custom-designed algorithm with the image 

analysis software, Definiens (Definiens AG, Munich, Germany) counted RNAscope signal from 

HER2 mRNA in breast carcinomas, then compared to copy number per cell determined by RT-

PCR (274). Halo software (Indica Labs, Corrales, NM) is another image analysis software that 

can quantify ISH signal (253). A Spearman correlation can be used to correlate RNAscope dot 

signal to RT-qPCR copy number.  
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 Lastly, ISH and IHC are valuable tools for investigating RVFV expression on both the 

mRNA and protein expression levels, respectively. Combining ISH with IHC provides the 

correlation of mRNA transcripts with post-translational control for target genes (275). Localizing 

mRNA and protein expression to individual cells with high sensitivity using one slide is 

advantageous for precious samples. A dual ISH-IHC assay using RNAscope was successfully 

demonstrated in mouse retina FFPE tissues and free-floating brain sections (275, 276). We 

propose developing dual ISH-IHC assays to provide simultaneous analysis of RVFV mRNA and 

protein antigens. The pan-RVFV singleplex ISH assay will be applied to infected tissues 

followed by detection with IHC as described in Chapter 4. This dual assay provides a tool for 

understanding RVFV pathology at the level of both protein and gene expression within infected 

FFPE tissues. Moreover, this assay can be applied to archival samples where availability of fresh 

tissue is limited due to Select Agent regulations or for retrospective studies of previous RVFV 

outbreaks.  

 

Conclusion 

 With the recent advances in probe technology and improved detection systems, ISH is a 

powerful tool for detecting viral pathogens in tissues. Currently, there is no ISH for the detection 

of RVF viral RNA in FFPE tissues. We recently evaluated two commercial technologies, Exiqon 

and RNAscope, for the detection of RVFV. While, to date, we have been unsuccessful with the 

Exiqon ISH approach, our results with RNAscope are promising. Future directions with the 

RNAscope assays include determining pan-RVFV probe diagnostic accuracy, testing it with 

other RVFV strains, benchmarking ISH against IHC and RT-PCR, and developing a dual ISH-

IHC assay to detect RVFV RNA and proteins together. The pan-RVFV ISH is a valuable 
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diagnostic assay and research tool. Continuing work on lowering costs of these assays using in-

house reagents will promote their wider use, especially in endemic countries. Most importantly, 

the duplex ISH assay is compatible with RVFV candidate deletion vaccines and can be used as a 

surveillance tool to control the spread of RVFV. 
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Figure 3.1. Pan-RVFV ISH detects Ken06 in both sheep and cattle tissues 

The pan-RVFV probe labeled RVFV RNA (brown) in (A) Ken06 infection induced hepatic 

necrosis lesions in sheep; (B) shows that the probe labeled the cytoplasm of macrophages 

circulating in the medullary sinuses of an infected mesenteric lymph node, inset is a 

magnification (mag) of the region outlined by the dashed box. Labeling of Ken06 lesions in 

cattle liver was similar to sheep (C). The signal was punctate and cytoplasmic consistent with 

RVFV intracytoplasmic replication. No signal was present in the uninfected control tissues, (D), 

sheep liver. The bar for the main images is 200 µm and for the insets is 25 µm. 
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Figure 3.2 RNAscope positive and negative control probes tested on ruminant FFPE tissues 

A universal negative control probe against the DapB gene of Bacillus subtilis used on RVFV-

infected sheep liver (A) shows no signal. A positive control probe against the PPIB gene was 

used on RVFV-infected sheep liver (B) and on RVFV-infected cattle liver (C) to assess tissue 

RNA integrity and assay procedure. The positive control probe shows punctate labeling in the 

cytoplasm of intact cells. The bar for the images is 50 µm. 
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Figure 3.3 The DIVA ISH duplex assays differentiate DNSm and DNSs from Ken06 

RVFV M DIVA and S DIVA probes were each used in duplex with pan-RVFV probe. (A) Both 

the pan-RVFV probe (green) and M DIVA probe (red) strongly labeled RVFV RNA in Ken06 

infected mouse liver. The inset is a magnification (mag) of the region outlined by the dashed box 

and shows cytoplasmic dual labeling of infected hepatocytes that is punctate to coalescing due to 

heavy viral loads. (B) Only the pan-RVFV probe labeled RVFV RNA in DNSm infected mouse 

liver. The inset is a mag showing a hepatocyte with a moderate degree of intracytoplasmic 

punctate labeling. Scattered signal is present within adjacent cells. There is no M DIVA probe 

signal. (C) Both the pan-RVFV probe (green) and the S DIVA probe (red) labeled Ken06 
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infected mouse brain. The inset is a mag showing the dual cytoplasmic labeling of brain 

parenchymal cells and cellular debris. (D) Only the pan-RVFV probe labeled the DNSs infected 

mouse brain. In the inset mag, as seen in (B), only pan-RVFV signal is present in the cytoplasm 

of a likely microglial cell. The bar for the main images is 200 µm and for insets is 25 µm. 

  



 85 

 

Figure 3.4 ISH and IHC labeling align with RVFV lesions in DNSm infected liver 

Serial sections of mouse liver infected with Ken06 show that IHC and ISH labeling align with 

RVFV lesions. (A) H&E, inset is a magnification of dashed box region (mag), showing a typical 

RVFV hepatic necrosis lesion. (B) IHC using a rabbit anti-RVFV nucleocapsid polyclonal 

antibody (brown). In the mag, RVFV antigen labeling of a hepatocyte is diffuse and cytoplasmic. 

Additionally, there is multifocal labeling within the cytoplasm of an adjacent macrophage and of 

cellular debris. (C) The pan-RVFV probe (green) labeling is similar to but stronger than the IHC 

labeling. In the mag, the hepatocyte and the macrophage are strongly and nearly diffusely labeled 

throughout their cytoplasm and adjacent hepatocytes have scattered, punctate intracytoplasmic 

labeling. The bar for the main images is 200 µm and for insets is 25 µm. 



 86 

 

Figure 3.5 RNAscope ISH novel z probe design. 

The RNAscope probes have a lower region of 18-25 bp complementary to the target RNA, a 

spacer sequence, and a 14 bp upper region (Step 1). To improve signal-to-noise ratio, two 

independent probes must hybridize to the target sequence contiguously to form a 28 bp base for 

signal amplification (Step 2). A pre-amplifier hybridizes to the 28 bp base (Step 3). A series of 

amplification steps adds amplifiers (Step 4) and labeled probes (Step 5) to the preamplifier for 

chromogenic detection. For each RNA target, about 20 z probe pairs (Step 6) are designed for 

accurate detection. 

Ó 2018. Mal Hoover, CMI 
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Table 3.1 Correlation between IHC, RT-PCR and ISH results on FFPE tissues 

     IHC RT-PCR (Ct)  ISH  

 Species Tissue RVFV virus strain DPI Signal L  M  S  Probe  Results 

 

 

Singleplex 

Pan-

RVFV 

sheep(206) liver Ken06 4 + 21.7 21.5 23.6 L + 

sheep(206) liver Ken06 5 + 23.5 23.7 26.2 L + 

cattle(207) liver Ken06 3 + 21.3 22.2 22.7 L + 

sheep liver Uninfected N/A - * * * L - 

sheep(206) lymph node Ken06 5 + 35.5 28.4 ND L + 

sheep(206) kidney Ken06 10 - ND 33.9 ND L - 

           

 

Duplex 

DNSm 

mouse(17) liver ZH501-NSm-del21/384 3 + 22.3 21.6 22.6 L/M + / - 

mouse(277) liver Ken06 3 + 26.1 25.2 31.5 L/M + / + 

mouse(277) liver Mock Infected 10 - 35.39 ND ND L/M -  / - 

           

 

Duplex 

DNSs 

mouse(17) brain ZH501-NSs-del16/198 11 + 25.40 23.9 ND L/S + / - 

mouse(277) brain Ken06 10 + * * * L/S + / + 

mouse(277) liver Ken06 3 + 26.06 25.2 31.5 L/S + / + 

mouse(277) brain Mock Infected 10 - * * * L/S - / - 

DPI = Days post inoculation, Ct = cycle threshold, ND = not detected, N/A = non-applicable, * = not done 
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Chapter 4 - Rift Valley Fever Virus Proteins Detected by Multiple 

Immunohistochemical Methods 

Preface 

This chapter is based on a collaborative effort. My contribution was optimization of 

western blot technique and final western blot testing of all antibodies as well as all work with the 

anti-NSs polyclonal antibody. Initial western blot development, immunohistochemistry, and 

immunofluorescence work was done by Monica Gamez and Elizabeth Stietzle. This work will be 

submitted for peer review and publication under the title: 

 

Rift Valley Fever Virus Detected by Multiple Immunodetection Methods 

 

M Gamez1*, I.K. Ragan1*, E. Stietzle1, J.A. Richt1, B.S. Drolet2, W.C. Wilson2, and A.S. Davis1 

 

1Diagnostic Medicine and Pathobiology, College of Veterinary Medicine, Kansas State 

University, Manhattan, KS; 2Arthropod-Borne Animal Diseases Research Unit, USDA, ARS, 

Manhattan, KS, USA 

 

*These authors contributed equally to this work 
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Introduction 

RVFV is a single-stranded, negative-sense RNA virus from the order Bunyavirales, 

family Phenuivirdae, genus Phlebovirus (278). Like other bunyaviruses, the RVFV genome is 

comprised of three segments; large (L), medium (M), and small (S) (4). The L segment (~6.4kb) 

encodes for the RNA-dependent RNA polymerase. The M segment (~3.8kb) encodes for two 

glycoproteins, aminoterminal glycoprotein (Gn) and carboxyterminal glycoprotein (Gc), and two 

minor proteins, a 78-kDa nonstructural protein and the 14-kDa nonstructural protein (NSm). The 

S segment (~1.7k) is an ambisense segment that encodes the nucleoprotein (N) and the 

nonstructural protein (NSs). The RVFV nucleocapsid and glycoproteins are considered to be 

strongly immunogenic (174) and have become important protein targets for vaccine and 

diagnostic assay development. 

Although functional studies have been done on several of the viral components, much is 

still unknown regarding RVFV receptor binding and intracellular trafficking. Its tissue tropism, 

localization within tissues, and association with different cell types during infection, are not fully 

understood (279, 280). This limited knowledge is in part due to a lack of research tools needed to 

perform the necessary studies. Various in-house made monoclonal antibodies (mAbs) and 

polyclonal antibodies (pAbs) against different RVFV antigens have been produced and are 

valuable for use in enzyme-linked immunosorbent assays (ELISAs) (9, 182, 183). Nevertheless, 

antibodies made in-house require extensive evaluation before routine use. Readily-available 

antibodies raised against RVFV are accessible for research through the Biodefense and Emerging 

Infections Research Resources Repository (BEI Resources) but their functional activity has been 

limited to testing in immunofluorescence (IF) and ELISA assays (281). There is a need for 

working immunoassay protocols using existing antibodies against RVFV. 
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 A panel of mAbs and pAbs raised against RVFV N, Gn, Gc, and NSs was characterized 

using several common immunodetection assays. The evaluation included three mAbs against N, 

six against Gc, and five against Gn all raised in mouse. Additionally, two pAbs against N and 

one against NSs raised in rabbit were evaluated. All antibodies were screened by western blot 

(WB) against RVFV MP12 strain-infected cell lysates. Antibodies with reactivity by WB were 

then further tested by immunohistochemistry (IHC) in wildtype RVFV-infected formalin-fixed, 

paraffin-embedded (FFPE) tissues as well as by IF in MP12-infected cells and FFPE tissues. 

These antibodies were used to successfully establish working protocols for each immunoassay. 

Throughout, the objective was to identify a set of reliable, multipurpose antibodies, at least one 

per target for every immunoassay and where possible to identify a universal antibody for a given 

antigen. This effort provides a useful set of diagnostic tools for RVFV pathogenesis studies as 

well as for the development of RVFV therapeutics and diagnostics.   

 

Materials and Methods  

 Cells and Tissues 

African green monkey kidney Vero 76 cells (ATCC; Manassas, VA) were used to 

produce RVFV infected and uninfected control cell lysates for the WB work. Vero MARU cells, 

a clone from the Middle America Research Unit, were used for all the IHC assays. All cells were 

cultured in growth media, Dulbecco’s Modified Eagle’s Media (ATCC; Manassas, VA) 

supplemented with 10% fetal bovine serum and 1% Penicillin/Streptomycin (ThermoFisher 

Scientific; Waltham, MA), and maintained at 37°C, 5% CO2. The FFPE infected and uninfected 

sheep liver tissues used in the IF and IHC assays came from a prior experimental challenge study 

with RVFV strain Kenya-128B-15 (Ken06) (206). 
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 Viral Infections 

All in vitro infection experiments used the RVFV vaccine strain MP12.  For the 

immunocytochemistry (ICC) assays, cells were grown to 25% confluency on 8-well chamber 

slides, infected at a multiplicity of infection (MOI) of 1.0, incubated at 37°C, 5% CO2 in growth 

media for 24 hours (hr), and fixed in room temperature (RT) 4% paraformaldehyde for 10 

minutes (min). For WB cell lysate production, cells were grown to 95% confluency using growth 

media, infected with MP12 at an MOI of 1.0, incubated as above, and harvested at 24 hr post-

infection using 1 mL of RIPA buffer (25mM Tris-HCl, 150mM NaCl, 1% NP40, 1% SDS, 1% 

Sodium Deoxycholate, pH 7.6) (ThermoFisher Scientific; Waltham, MA). Uninfected and 

vesicular stomatitis virus (Indiana strain L134-85)-infected cell lysates were collected as 

described for MP12 and used as WB controls.  

 Antibodies 

Table 4.1 provides source information for all 17 antibodies that were evaluated. All 

mouse mAbs except for N1 and N2 were obtained from BEI Resources (Manassas, VA). N1 and 

N2 were purchased from Maine Biotechnology Services (Portland, Maine). These antibodies 

were originally created through a cooperative research and development agreement with the 

USDA ARS Arthropod Borne Animal Diseases Research Unit (ABADRU) (Manhattan, KS). 

Rabbit pAbs N4 and N5 were previously produced and available from ABADRU (143). PAb 

against NSs was kindly provided by Dr. Tetsuro Ikegami at the University of Texas Medical 

Branch. Unless otherwise specified, the working antibody dilutions for each assay are listed in 

Table 4.1.  
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 Western blot  

To separate viral proteins for WB, 20 µl of each sample was loaded on 10% Mini-

PROTEAN TGX stain-free protein gel (Bio-Rad; Hercules, CA) and run at 250V for 25 min 

under denaturing conditions. The proteins were transferred onto 0.2 mm PVDF membrane using 

the TransBlot Turbo transfer system (Bio-Rad; Hercules, CA) at 1.3A for 5 min. The membranes 

were blocked with 5% non-fat milk in phosphate buffered saline with 0.1% Tween 20 (PBSt) for 

1 hr at 4C, washed three times with PBSt, and incubated at 4°C overnight with primary antibody 

diluted in 1% milk in PBSt as per Table 4.1. The membranes were washed three times with 

PBSt, incubated for 1 hr at RT with secondary antibody diluted in 1% milk in PBSt. Peroxidase-

conjugated AffiniPure donkey anti-mouse IgG antibody (Jackson ImmunoResearch Laboratories; 

West Grove, PA) diluted to 1:10,000 in 1% milk in PBSt was used for the detection of all mAbs. 

Peroxidase-conjugated AffiniPure donkey anti-rabbit IgG antibody (Jackson ImmunoResearch 

Laboratories; West Grove, PA) diluted to 1:10,000 in 1% milk in PBSt was used to detect all 

pAbs. Membranes were washed three times with PBSt and Clarity ECL Western Blotting 

Substrate (Bio-Rad; Hercules, CA) applied for 5 min at RT. All the immunoblots were visualized 

using the ChemiDoc Touch Imaging System with Image Lab version 6.0 software (Bio-Rad; 

Hercules, CA). Any primary antibodies that did not detect RVFV antigen initially were further 

evaluated using a more sensitive avidin/biotin complex detection method, Vectastain Elite ABC-

HRP kit (Vector Laboratories; Burlingame, CA). VSV-infected cells and mock (non-infected) 

Vero cells were used as negative controls to screen for antibody cross-reactivity. Primary mouse 

anti-b-Actin mAb (#3700, clone 8H10D10, Cell Signaling Technology; Danvers, MA) diluted to 

1:5000 in 1% milk in PBSt served as a positive control. 
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 Immunohistochemistry  

The FFPE tissues were sectioned at 4 µm and placed on positively charged slides. Tissues 

were deparaffinized in xylenes and rehydrated through graded alcohols from 100%-70% to 

distilled water. Tissues were antigen retrieved using a vegetable steamer technique in 100°C pH 

6.0 sodium citrate buffer for 20 min, then cooled to RT for 15 min, blocked with 3% hydrogen 

peroxide diluted in DiH20 for 10 min, and briefly rinsed with Tris Buffered Saline with 0.01% 

Tween-20 added (TBSt). The primary antibodies were diluted in PBSt according to Table 4.1 

and incubated overnight at 4°C. An avidin-biotin complex detection system was used for all 

tissues, Vectastain Mouse Elite ABC kit or Vectastain Rabbit Elite ABC Kit (Vector 

Laboratories; Burlingame, CA) according to the manufacturer’s instructions for mouse and rabbit 

raised antibodies respectively. The chromogen, 3,3’ diaminobenzidine (DAB) was applied 

according to the manufacturer’s instructions. The tissues were then washed with distilled water 

and counterstained with Mayer’s hematoxylin (Electron Microscopy Sciences (EMS); Hatfield, 

PA), dehydrated and mounted with Permount (EMS). Images were captured and processed as 

described previously (206). All images were color calibrated using ChromaCal software version 

2.5.1 (Datacolor Inc.; Lawrenceville, NJ). 

 Immunofluorescence on paraffin-embedded tissue and cells  

For IF on tissues, infected and uninfected FFPE sheep liver tissues were sectioned, 

rehydrated, and antigen retrieved as previously described for IHC. IF on cells was performed on 

RVFV infected and uninfected Vero cells prepared as described above. The cells were 

permeabilized for 5 min with 0.1% Triton-X 100 in TBS and washed in TBSt. Tissues and cells 

were blocked for 20 min in 5% Donkey serum (Jackson ImmunoResearch Laboratories, West 

Grove, PA) diluted in TBS, and incubated overnight at 4°C with primary antibody diluted 



 94 

according to Table 4.1. The tissues and cells were washed with PBSt and secondary antibody 

was applied for 30 min as follows: donkey anti-mouse 594 (Jackson ImmunoResearch 

Laboratories; West Grove, PA) diluted to 1:200 in TBS for mAbs or donkey anti-rabbit 594 

(Jackson ImmunoResearch Laboratories; West Grove, PA) diluted to 1:200 in TBS for pAbs. For 

Gc1, donkey anti-mouse biotin-conjugated secondary (Jackson ImmunoResearch Laboratories; 

West Grove, PA) was diluted to 1:200 and applied for 30 min followed by streptavidin Alexa 

Fluor 568 conjugate (Thermo Fisher Scientific; Grand Island, NY) for 30 min. Nuclei were 

stained with DAPI (Life Technologies; Waltham, MA) and slides aqueous mounted with 

ProLong Gold antifade reagent (Life Technologies; Waltham, MA). Immunofluorescence images 

were captured on an Eclipse 90i with the DAPI and TRITC filter sets (Nikon; Melville, NJ), a 

Plan Apo 20x/0.75 NA objective and a Plan Apo 40x/0.95 NA objective, for tissues and cells, 

respectively. All images for a given target, tissue or cells, were captured using equivalent 

microscope settings unless otherwise noted. Additionally, adjustments made in Imaris version 

9.0 (Bitplane; Zurich, Switzerland) and Photoshop CC 2018 (Adobe; San Jose, CA) were 

consistent within a given protocol. 

 

Results 

 Screening of mAbs and pAbs for use in WB  

First, WB was used to screen all antibodies for specificity. Antibodies that reacted by WB 

were further serially screened by IHC and IF in line with the objective to identify multipurpose 

antibodies. Only when later assays failed with an initially selected antibody for a given target 

protein was another antibody selected and tested. We identified that the two pAbs against RVFV 

N (N4, N5), the pAb against NSs, four mAbs against Gn (Gn1, Gn2, Gn4, Gn5), two mAbs 
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against Gc (Gc1, Gc2), and two mAbs against N (N1, N2) worked in our WB protocols. Fig. 4.1 

shows reactivity of N4, Gn2, Gc2 and NSs against infected cell lysates. Because N5 had a weak 

signal, an avidin-biotin complex detection system was used to further amplify N5 for the 

detection of RVFV N. Optimized dilutions for each antibody are listed in Table 4.1. All 

antibodies that did react to MP12 cell lysate gave a single, specific band at the appropriate 

molecular size for their respective target.  

 Screening of mAbs and pAbs for use in IHC on FFPE Tissues  

A subset of mAbs and pAbs (N2, N4, N5, Gn2, Gc2, NSs) that reacted on WB were 

screened by IHC for their efficacy on FFPE tissues. Efficacy of the antibodies for IHC is 

summarized in Table 4.1. These antibodies yielded minimal to no background on uninfected 

tissues. Fig. 4.2 shows IHC results for the detection of all four RVFV antigens using mAbs N2, 

Gn2, Gc2, and pAb NSs. Additionally, pAbs N4 and N5 showed similar, distinct labeling of 

lesions in infected tissues (data not shown).  

 Screening of mAbs and pAbs for use in IF on FFPE Tissues and Fixed Cells 

Similar to IHC, mAbs and pAbs against all four antigens were screened for efficacy by IF 

on FFPE sheep tissue and fixed cells. Efficacy of the antibodies for IF is summarized in Table 

4.1.  Fig. 4.3 shows strong labeling of all four RVFV antigen targets in infected FFPE tissues 

with N5, Gn2, Gc2, and NSs. N2 also labeled RVFV in tissues (data not shown). In Fig. 4.4, 

antibodies Gc2, Gn1, N2, and NSs showed strong labeling in the cytoplasm of MP12 infected 

cells. Gc1 and N1 also produced similar results (data not shown). The two rabbit pAb (N4, N5) 

aberrantly labeled intra-nuclearly.  
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Discussion  

Reliable antibodies raised against RVFV antigens are useful for both RVFV research and 

diagnostic applications. We evaluated multiple mAbs and pAbs raised against four different 

RVFV antigens (N, NSs, Gn, and Gc) for their ability to specifically recognize the presence or 

absence of their target viral antigen in a variety of immunodetection assays. Methods were 

developed to use these antibodies in WB, FFPE IHC, and IF on FFPE tissues and fixed cells. 

These methods have applications in research, diagnostic development, and pathogenesis studies. 

Several readily-available pAbs or mAbs have been used to detect the presence and 

distribution of RVFV viral antigen in infected tissues. For example, mAb Gn2 (clone 4D4) has 

been extensively used for RVFV detection. For IHC, Gn2 labels antigen in liver, spleen, tonsil, 

and lymph node from lambs (282) as well as mouse brain (202). Additionally, Gn2 was 

successfully used in ICC (159, 174, 283, 284). Gn2 was also used in WB to demonstrate 

antigenicity of recombinant RVFV proteins (174). Another commonly used antibody is mAb N3 

(clone 1D8), which labeled antigen in WB (174, 285) and in ICC (159, 283, 284). Finally, the 

successful use of a similarly produced but different pAb against the N protein was previously 

described in ICC and in IHC with infected sheep liver as well as cattle liver and brain tissues 

(143).  

The detection of RVFV with various immunohistochemical methods using mAb N3, 

mAb Gn2, and pAb N demonstrates the consistency and reliability of these antibodies. Our 

evaluation identified additional anti-N and anti-Gn antibodies that successfully detected RVFV. 

Furthermore, we tested mAbs and pAbs against other RVFV antigens that have not yet been 

evaluated in WB, IF, and IHC. Specifically, anti-Gc and anti-NSs antibodies are untested for 
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IHC. We expanded upon the tools available for RVFV detection by providing working protocols 

using antibodies against N, Gn, Gc, and NSs. 

All antibodies were initially screened by WB. If no signal was detected by WB, the 

antibody was set aside and not revisited unless no other working options were later found for 

other assays. Consequently, not all the antibodies were exhaustively tested in all 

immunodetection assay types. None of the antibodies showed cross-reactivity with VSV-infected 

or mock-infected cell lysates by WB. Additional testing should be done using non-RVFV 

Phleboviruses to ensure the antibodies’ specificity for RVFV.  

After WB screening, a subset of antibodies (N2, Gn2, Gc2, NSs) to each of the four 

RVFV antigens was further screened by IHC. PAbs N4 and N5 were also included for a 

comparison between mAb and pAb detection using IHC. As expected the pAbs, especially N4, 

were stronger in signal than the mAbs. For all these antibodies, the labeling of RVFV antigen in 

infected tissue is consistent with previous findings (143, 206).  

A subset of antibodies (N1, N2, N4, N5, Gn1, Gn2, Gc1, Gc2, NSs) to each of the four 

RVFV antigens was also tested by IF in tissues and cells. The labeling pattern seen in the cells 

and tissues was consistent with previously published studies in which viral antigens were 

identified in the cytoplasmic compartment of infected cells (160, 174, 283, 286, 287). N2, N5, 

Gn2, Gc2, and NSs were identified to be successful in WB, IHC and IF.  

It is important to note that the IHC and IF FFPE tissue methods reported here are for 

sheep liver samples only. Other species and tissue targets require additional validation. These 

methods have been adapted for a subset of these antibodies for use in different ruminant tissues 

including brain, lymph node, kidney, and lung (177, 206, 207). At times this has required the use 

of different chromogen and counterstain combinations to differentiate the RVFV antigen signal 
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from natural and disease-linked pigments, such as melanin and hemosiderin respectively. VIP 

chromogen (Vector Laboratories), which is violet in combination with methyl green 

counterstain, enabled differentiation of viral antigen from hemosiderin deposits in lymph nodes 

(177).  

Access to widely available, validated antibodies raised against various RVFV proteins 

will help standardize techniques for RVFV detection. Ideally, these antibodies should be 

commercialized and produced in bulk to minimize inter-lot variations (288). While N2 initially 

worked well in WB, continued use of multiple lots revealed inconsistencies in this antibody’s 

reliability for use in immunodetection assays. Attempts to improve N2’s stability and reliability 

with cryoprotectants and preservatives failed. This reinforces the importance of screening 

replacement antibody lots against prior ones in order to ensure continuity of assays. 

 

Conclusion 

 RVFV is a significant mosquito-borne pathogen that can spread from animals to humans 

causing severe disease and mortality. Currently, it is classified as an overlap Select Agent and 

category A priority pathogen by the USDA and CDC. Consequently, ongoing research is focused 

on understanding RVFV pathogenesis in order to develop preventative measures like effective 

vaccines and accurate diagnostic tests. The antibodies and associated immunodetection assay 

methods presented here provide a useful set of tools to support these research and diagnostic 

needs. 
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Table 4.1 RVFV antibody evaluation by WB, IHC, and IF 

Antibody 

name 

Name Clone # Clonality Animal 

Host 

Source WB Enhancing 

step for WB 

IHC  IF in tissue IF in cells 

N1 MAB239P 06C10 monoclonal Mouse MBS 1:1000 * * * 1:500 

N2 MAB240P 09F04 monoclonal Mouse MBS 1:1000 * 1:1000 1:500 1:500 

N3 NR43188 1D8 monoclonal Mouse BEI (NIH) ND * * * * 

N4 Rabbit Ab #2  polyclonal Rabbit ABADRU 1:5000 * 1:500 * ND (nuclear) 

N5 Rabbit Ab #3  polyclonal Rabbit ABADRU 1:500 yes 1:500 1:200 ND (nuclear) 

Gn1 NR43195 4-39-CC monoclonal Mouse BEI (NIH) 1:1000 * * * 1:200 

Gn2 NR43190 4D4 monoclonal Mouse BEI (NIH) 1:500 * 1:1000 1:500 ND 

Gn3 NR43186 3C10 monoclonal Mouse BEI (NIH) ND no * * ND 

Gn4 NR43185 7B6 monoclonal Mouse BEI (NIH) 1:500 * * * * 

Gn5 NR43189 3D11 monoclonal Mouse BEI (NIH) 1:500 * * * * 

Gc1 NR43184 4B6 monoclonal Mouse BEI (NIH) 1:1000 * * * 1:200 

Gc2 NR43191 5D2 monoclonal Mouse BEI (NIH) 1:500 * 1:500 1:200 1:200 

Gc3 NR43192 5E2 monoclonal Mouse BEI (NIH) ND no * * * 

Gc4 NR43193 1F6 monoclonal Mouse BEI (NIH) ND no * * * 

Gc5 NR43738 1G4 monoclonal Mouse BEI (NIH) ND no * * * 

Gc6 NR43187 9C10 monoclonal Mouse BEI (NIH) ND no * * * 

NSs NSs  polyclonal Rabbit UTMB 1:2000 * 1:500 1:500 1:1000 

MBS= Maine Biotechnology Services 

ND= no signal detected 

*= not done 
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Figure 4.1 WB analysis of mAb and pAb specificity against MP12 infected cell lysate. 

Each antibody was tested with the following samples; lane 1= mock-infected Vero cells, lane 2 = 

MP12 infected cell lysate, lane 3 = VSV infected cell lysate. The molecular size markers in kDa 

are on the left. A single band in the target appropriate location was consistently detected in the 

MP12 cell lysate using (A) N4 (29 kDa), (B) Gn2 (54 kDa), (C) Gc2 (60kDa), and (D) NSs 

(34kDa). The antibodies showed no reactivity to mock (non-infected) or VSV-infected cell 

lysate. The anti-b-actin mAb used as a protein loading control showed distinct and expected 

bands at 42 kDa for all wells.  
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Figure 4.2 RVFV antigen IHC on infected FFPE liver tissue. 

Uninfected and RVFV Ken06 infected FFPE sheep liver sections were labeled with individual 

anti-RVFV protein mAbs using an avidin-biotin complex technique with DAB chromogen and a 

hematoxylin counterstain.  Row 1: None of the RVFV antibodies labeled uninfected sheep liver: 

(A) mAb anti-RVFV N2, (B) mAb anti-RVFV Gc2 (C) mAb anti-RVFV Gn2, (D) pAb anti-

RVFV NSs. Row 2: At least one antibody raised against each target RVFV protein labeled 

infected sheep liver: (E) mAb anti-RVFV N2, (F) mAb anti-RVFV Gc2 (G) mAb anti-RVFV 

Gn2, (H) pAb anti-RVFV NSs. The arrowheads denote infected cells, some which still retain 

their nucleus, and positive cellular debris. The cells were primarily hepatocytes and lesser 

numbers of macrophages. Bar is 100 µm. 
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Figure 4.3 RVFV antigen IF on infected FFPE sheep liver tissue.  

Uninfected and Ken06 infected sheep liver tissue were labeled with individual anti-RVFV mAbs 

and visualized with either anti-mouse or rabbit Alexa Fluor 594 conjugated secondary antibody 

or anti-mouse biotin conjugated secondary antibody and streptavidin conjugated Alexa Fluor 

568.  Rows 1 and 2: Anti-RVFV labeling results with infected liver tissue: (A) pAb N5 (red), (B) 

merge with DAPI (blue). (C) mAb Gn2 (red), (D) merge. (E) mAb Gc2 (red), (F) merge. (G) 

pAb NSs, (H) merge. RVFV antigen labeling is concentrated in lesions, identifiable by the 

punctate nuclear debris. Bar is 30 µm. 
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Figure 4.4 RVFV antigen IF on paraformaldehyde-fixed infected cells.  

Uninfected and RVFV MP12 infected Vero cells were labeled with an individual anti-RVFV 

mAbs and visualized with anti-mouse Alexa Fluor 594 conjugated secondary antibody.  Row 1: 
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Uninfected Vero cells, (A) DAPI (blue), (B) anti-RVFV Gc2 (red), (C) merge are representative 

of labeling of uninfected tissues by all antibodies. (D-F): Anti-RVFV Gc2 labeling of infected 

cells shows a cytoplasmic RVFV signal as expected, image order as prior. (G-I): Mouse mAb 

anti-RVFV Gn1.  (J-L): Mouse mAb anti-RVFV N2. (M-O): Rabbit pAb anti-RVFV NSs. Bar is 

10 µm. 
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Chapter 5 - Concluding Remarks 

 

The threat of transboundary animal diseases like RVFV continues to increase as world 

travel and global trade grows. The battle against this re-emerging disease requires continuous 

development of countermeasures like vaccines, therapeutics, and especially diagnostics.  

Versatile and accurate diagnostic assays that can differentiate infected from vaccinated animals 

(DIVA) are needed to supplement vaccine programs.  The research presented in this dissertation 

offers valuable diagnostic tools for pathogenesis and vaccine efficacy studies as well as aids in 

the surveillance of RVFV globally.  

We developed several diagnostic tools for detecting RVFV nucleic acid, antibodies, and 

antigens. In Chapter 2 we evaluated a bead-based multiplexing immunoassay for the detection of 

IgM and IgG antibodies against RVFV Gn and N protein. Moreover, this immunoassay is DIVA 

compatible with a candidate RVFV Gn/Gc subunit vaccine (106, 177). In Chapter 3 we 

developed the first ISH assay to detect RVFV RNA in formalin-fixed, paraffin-embedded 

tissues. Additionally, we demonstrated the DIVA compatibility of this ISH assay to detect 

candidate RVFV NSm and NSs deletion vaccines (17). And in Chapter 4 we assess multiple anti-

RVFV antibodies for their efficacy in a variety of assays including western blot, 

immunohistochemistry, and immunofluorescence. The work in this dissertation offers versatile 

and sensitive diagnostic tools that have applications in both endemic and non-endemic countries. 

The production of innovative and readily available technologies is important for medical 

advancement (289). Therefore, we will continue the validation of the FMIA and ISH assays for 

commercial use in diagnostic laboratories. The FMIA and ISH assays described in this 

dissertation are in the early stages of validation. Currently, under the guidelines for diagnostic 
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assay development (290), the FMIA is at Stage 3 of 4 and the ISH is at Stage 2 of 4 for 

validation. This validation work continues.  

Once validated the FMIA and ISH assays can be used for routine testing of RVFV 

samples in diagnostic laboratories. First, the validated FMIA RVFV antigen targets can be 

incorporated into a larger FMIA panel to simultaneously screen endemic and exotic ruminant 

diseases. For example, during an outbreak in RVFV-endemic areas, the multiplex panel could be 

used to screen for RVF, bluetongue, rinderpest, peste des petits ruminants, Wesselsbron viruses, 

and other abortive pathogens. In non-endemic areas, the panel could be used to screen samples 

during a foreign animal disease investigation or at ports of entry for livestock. The FMIA can 

replace traditional serological testing by enzyme-linked immunosorbent assay (ELISA). 

Ultimately, the FMIA is a versatile tool for rapid screening of multiple pathogens.  

Second, the RVFV ISH assay should be a valuable tool for pathogenesis and vaccine 

research. Specifically, ISH can serve as a confirmatory test for RVFV molecular detection as 

well as for the detection of DIVA markers in candidate gene-deletion vaccines. As the 

RNAscope technology becomes more affordable, the assay can be used in endemic countries to 

test tissues such as aborted fetuses during an outbreak. Both the Luminex FMIA and RNAscope 

ISH platforms are designed to be user friendly and support high-throughput testing, which is 

important for diagnostic laboratories. In summary, the FMIA and ISH have many applications 

and are valuable tools in both endemic and non-endemic countries.  

Despite the development of novel RVFV detection methods, there is still need for 

affordable RVFV diagnostic assays for routine use in endemic countries. The initial costs of the 

diagnostic tools described in this dissertation may be cost-prohibitive in Africa. The cost to run a 

full 96-well plate using the FMIA is about $20 per plate while the ISH is about $60 per slide (not 
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including equipment cost). Nonetheless, other RVFV molecular tests such as real time, reverse 

transcription PCR also require specialized equipment and the commercial ELISA kits like the 

ID-Vet ELISA can also be costly for resource-constrained countries. In-house assays for RVFV 

detection are commonly used to reduce reagent and equipment costs but they lack the proper 

assay validation and reliability for high-volume testing. Consequently, future diagnostic 

development needs to focus on high-throughput yet affordable testing methods in endemic areas.  

To combat the emergence and re-emergence of infectious diseases, a more holistic or 

“One Health” approach is needed. The One Health Initiative expands collaborations with 

scientific-health and environmental fields to tackle human, animal, and environmental concerns 

(291). A critical factor in controlling infectious diseases involves successful national and global 

efforts to create effective surveillance and response systems (292). Not only does the work in this 

dissertation provide solutions to the immediate needs for RVFV diagnostics but it also supports 

the global One Health Initiative by providing new DIVA-compatible diagnostics for controlling 

RVFV and protecting animal and human health. Finally, the successful development of 

diagnostic tools against RVFV can be translated to assay development for other transboundary 

animal diseases. 
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