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Abstract
My doctoral dissertation consists of three fundamental studies: 1) synthesis of
biocompatible materials that can be used as microfluidic substrates, 2) characterizing these
materials with respect to properties important to microfluidic fabrication, biochemical
separations and concentration enrichment, and 3) employing these novel devices for real world
applications in bioanalytical chemistry.
The surface properties of a substrate will dramatically affect the resolution and efficiency
that can be obtained for a specific CE separation. Thus, the ability to modify the surface is very
useful in tailoring a microfluidic chip to a specific separation mode. The substrates we have
synthesized for microfluidic devices include metal oxide modified poly(dimethylsiloxane)
(PDMS), poly(ethyleneoxide)-PDMS (PEO-PDMS) coblock polymers, and surfactant coated
PDMS. The metal oxide modified PDMS materials we synthesized include silica-PDMS, titaniaPDMS, vanadia-PDMS and zirconia-PDMS. The surfaces of these materials were characterized
using contact angle, X-ray photoelectron spectroscopy (XPS), Raman, transmission electron
microscopy (TEM), scanning electron microscopy (SEM), atomic force microscopy (AFM) and
electroosmotic mobility (EOM) measurements. All of the metal oxide modified PDMS surfaces
were significantly more hydrophilic than native PDMS, suggesting potential application in
separations of biopolymers. In addition to being more hydrophilic the EOF and zeta potential of
the channels were stable and quite durable with aging. Well characterized silane chemistry was
used to derivitize the surface of the PDMS metal oxide surfaces allowing a number of different
functionalities to be placed on the surface. This method has the potential for wide applicability in
many different fields, but specifically for the fabrication of microstructures that need specific
surface chemistries.
We have also made a number of advancements using sol-gel chemistry and laminar flow
within microfluidic channels to fabricate nanoporous membranes. Sol-gel patterned membranes
are a simple and facile method of incorporating nanoscale diameter channels within a
microfluidic manifold. These membranes have been used to perform preconcentration of amino
acids, proteins and small particles for further analysis and separation using CE. We are also
using these membranes for further study in desilanization and protein recrystallization studies.
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CHAPTER 1 - Introduction
Microfluidic devices were originally developed to sample microliter volumes for
biological applications.1 Over the last decade microfluidic technologies have burgeoned into a
multi-million dollar industry aimed at analyzing low concentration biomolecules such as
proteins, mRNA, or DNA. Microfluidic devices have the potential to transform the chemical labbench in a similar fashion to how the transistor and semiconductor industry transformed
electrical engineering. Miniaturization of microfluidic components allows both high throughput
analysis and low detection limits for biochemical analysis. The high throughput capability of
microfluidics could potentially generate thousands to millions of chemical assays per day, which
could begin to address some of the issues surrounding the biochemical complexity of cellular
systems. Some other advantages that microfluidic technologies offer for chemical analysis derive
from the fundamental fluid dynamics that is exhibited by channels or capillaries with diameters <
100 µm.2 Generally, such channels have laminar flow, low convection and limit dilution. The
fluid dynamics of microfluidic channels can be employed to generate a number of novel
experiments that can’t be generated using conventional techniques. Some include the ability to
manipulate single cells3, perform single cell assays4 or generate complex concentration
gradients5. These devices also offer the capability of integrating multiple chemical processing
steps along with separations in a single channel manifold so that a complete chemical analysis
can be performed on a chip. The advantages of such a strategy over conventional chemical
analysis instrumentation are manifest and include: 1) automation, 2) reduced consumption of
reagents and analytes, 3) reduced waste generation, 4) high speed analysis with
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equivalent/increased performance, 5) operational simplicity, and 6) compactness. Many different
types of chemical manipulations and separations have been demonstrated on microfluidic
devices which confirm these advantages, and several books and reviews are written annually to
report such progress.6-20
The following sections of this chapter I will describe how to fabricate microfluidic
devices, physical and chemical properties of microfluidics, laser induced fluorescence which can
be used as a detection scheme, and capillary electrophoresis which can be used as a separation
scheme on microfluidics. These topics will introduce the fundamental background for my
dissertation. I also take some time in this section to introduce the basic science behind many of
the topics that are at the heart of my dissertation.

1.1 Microfluidic Fabrication
The inception of the semiconductor industry in the early 1980s has led to a number of
well characterized techniques for fabricating micron scale features. Some common micro and
nano features that can be fabricated using semiconductor lithographic techniques include, rods,
trenches, needles, wires and platforms. Some common fabrication tools include, low pressure
chemical vapor deposition (LPCVD), reactive ion etching (RIE), positive and negative tone
photoresist, wet chemical etching, and evaporative metal vapor deposition. A common tool in
photolithography includes the “stepper” which is a device that allows for nanometer alignment of
mask layers, known as registration, and is currently available in state-of-the-art configurations
for nearly $10 million. More exotic non-photolithographic techniques include e-beam
lithography, X-ray, ion beam milling and “dip-pin” AFM which has been demonstrated to be
capable of achieving, at best, 1 nm features. Although these non-photolithographic techniques
can generate high resolution and low feature size they all have serious limitations in a
2

commercial atmosphere; thus, photolithography is by choice the most robust technique for
generating micron scale features.

1.1.1 Photolithography
Gordon Moore, the Intel founder, observed the trend of smaller IC’s with time,
affectionately known as Moore’s Law. Specifically, Moore’s Law suggests that the number of
electrical components within a specified area, for instance transistors, doubles every 18 months.
Photolithography is currently one of the primary challenges to the engineering community for
developing smaller integrated circuits (IC’s).
Photolithography is limited by the physical properties of light. The Rayleigh equation,
E.1., describes the resolution that can be obtained using a given wavelength and objective, where
λ and NA are the wavelength and numerical aperature of the light and lense.21
E.1 : R =

kλ
NA

Although the Raleigh equation suggests the theoretical resolution limit of ~ λ/2, the practical
limit is much closer to λ due to chromatic aberrations and light scattering. Some methods of
improvement include shorter wavelength UV optics, higher NA objectives, vibration isolation,
and cleaner facilities. The current minimum feature size that can be obtained using
photolithography is 180 nm.22 This feature size was performed using state-of-the-art
instrumentation. It is commonly accepted that 1 µm features can be easily generated using
standard photolithography instrumentation and techniques.23
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1.1.2 SU-8 Resist Photolithography
Photoresist generally comes in two forms: positive and negative. The terminology refers
to the areas of removal after exposure. Positive refers to the removal of areas that have been
exposed, whereas negative refers to areas removed that have not been exposed. Positive
photoresists have photoactive elements which will weaken the polymer matrix, allowing them to
be dissolved when developed. For example, the Novolak polymer with some diazonapthaquinone
dissolved in it is considered a positive photoresist.24 When the diazonapthaquinone is irradiated it
undergoes a Wolf Rearrangement to form a carboxylic acid. The carboxylic acid assists in the
dissolution of the coating and can generate high resolution features, shown in Figure 1.1. It has
been observed that positive photoresists yield the highest resolution and are the most common
photoresists found in the IC industry.25

Figure 1.1 Demonstrates the structure of both the Novolak polymer and the Wolf Rearrangment
to form a carboxylic acid. The carboxylic acid in this case helps dissolve the Novolak polymer.
The exact mechanism for dissolution varies and is presently unknown.24
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Negative photoresists on the other hand have photoactive elements which polymerize the
polymer and are not dissolved when developed. A popular negative photoresis is SU-8 and has
been used extensively for the fabrication of molds for microfluidic devices. SU-8 is an epoxy
based photoresist which is polymerized through a cation polymerization mechanism. The
commercial resist contains three basic components: 1) an epoxy called EPON SU8, 2) a solvent
called gamma-butyrolactone (GBL), and 3) a photoinitiator from the triarylium-sulfonium salt
family.26 The photoinitiatior, HSbF6, generates protons when exposed to light. These protons
protonate the epoxy ring, and entices the nucleophilic attack from a nucleophile, in this case an
alcohol. After the nucleophilic attack the epoxy ring is opened generating another alcohol. The
alcohol can next react with another epoxy and further polymerize the polymer. The mechanism
for this reaction is shown in Figure 1.2.
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Figure 1.2 Mechanism of reaction for epoxy based SU-8.
When using SU-8 for the development of lithographic features generally the SU-8 is spin
coated onto a glass or silica substrate. First a series of thorough cleansing steps must be applied
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to the substrates to remove any debris that may affect the adhesion of the SU-8. Sodium dodecyl
sulfate, acid and base wash, followed by 200°C drying for 2 hrs is used to initially prepare the
substrates. Additional adhesion promoters have been used to further assist in the attachment of
the SU-8 to the substrate. Some of these adhesion promoters include epoxy derivitized silanes
such as: 5,6- epoxyhexyltriethoxysilane which will covalently bond to the silicon under a
silanization procedure, and the epoxy, upon irradiation, will attach to the bulk of the SU-8. After
spin coating the resist on the cleaned and treated substrate, a mask is aligned onto the photoresist
and is placed under a UV flood exposure system. The flood exposure systems use mercury arc
lamps that have a number of intense lines in the UV region including: 280-290 nm, 310-320 nm,
and 360-370 nm. For SU-8 processing the 360-370 nm emission line of the mercury arc lamp is
used. The collimated light that exits the lens of the flood exposure is used to expose the
photoresist in spatial areas defined by the mask. After the exposure the photoresist is placed
through a series of development steps aimed at removing any un-polymerized polymer, resulting
in a series of raised edges which will be used for soft polymer lithography. In Figure 1.3, the
steps of the photolithographic process are illustrated.
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Spin SU-8

Overlay Mask

Develop

Figure 1.3 Photolithographic steps for the generation of micron scale features using SU-8.

1.1.3 Soft Lithography
Soft lithography is a technique of fabricating micron-scale structures using a variety of
polymers. It goes by many names some including: replica molding (REM), microcontact printing
(uCP), micromolding in capillaries (MIMIC), micro-transfer molding (uTM), solvent-assisted
micromolding (SAMIM), and near-field conformal photolithography.27 Soft lithography is
extremely convenient for biological applications that require features ≥ 10 µm. The two primary
features of soft lithography include: 1) use of an elastomeric material that is capable of
micromolding, and 2) ability to pattern complex biochemicals using PDMS stamps.28
Soft lithography relies on a mold that was described in section 1.1.2. This mold defines
the features that will be replicated in the polymer. In this case, poly(dimethylsiloxane) is used
primarily due to its physical properties, some including a) low interfacial free energy (~21.6
dyn/cm), b) inertness, c) gas permeability, d) optically transparent down to ~ 300 nm, and e)
durability.29 Soft lithography has been demonstrated to be capable of obtaining features between
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30-80 nm. Some fundamental advantages of this method is that it is extremely fast with concept
to chip times in under 24 hrs, inexpensive, and can be implemented using a wide variety of
different polymers, not just PDMS.

Cure Polymer

Remove Polymer

Seal Blank and Molded Polymer

Figure 1.4 The micromolding of a PDMS channel using an SU-8 mold and a flat.

The fabrication scheme for PDMS microchips is illustrated in Figure 1.4. First a mold is
cleaned of any debris by either acetone or dry nitrogen. After the mold has been cleaned the
polymer is constituted and applied to the mold, cured and removed from the mold. Several
polymers are available for soft polymer lithography, most notably poly(vinyl alcohol) (PVA),
poly(dimethylsiloxane) (PDMS) and poly(methylmethacrylate) (PMMA). Generally, the
polymerization procedure involves mixing two reactive monomers with a catalyst, degassing the
polymer to remove air bubbles, and consequently pouring this mixture onto a glass slide and the
mold. After a set amount of “cure time” the polymer is mechanically strong enough to release
from the mold and can be placed in conformal contact with a PDMS flat. The surface energy of
8

the PDMS generates a conformal bond that can generate water tight microfluidic manifolds. In
the case of PDMS and PVA the low surface energy usually forms a water tight conformal bond,
but often times an irreversible bond is desired and this involves surface plasma ionization to
ionize the surface to irreversibly bond the two surfaces. An irreversible bonded chip can be
generated by first plasma oxidizing the surface of the PDMS with a corona discharge. The
oxidation generates extremely reactive silanol functionalities at the surface. Once two slabs of
PDMS have been oxidized they are placed in conformal contact, the reactive moites react to form
an irreversibly bonded substrate.
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Figure 1.5 Synthesis Scheme for the hydrosilation reaction responsible for polymerizing PDMS.
The polymerization is catalyzed by a platinum catalyst which is used for polymerization of the
hydride terminated PDMS and the vinyl terminated PDMS.
Using both SU-8 photolithography and soft polymer lithography we were able to generate a
number of microfluidic manifolds. The resulting PDMS channels are illustrated in Figure 1.6.
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Several aspects are important in characterizing the features that are generated in microfluidic
fabrication including the aspect ratio of the features, the resolution, and smallest feature size.
Using 8,000 dpi masks we were capable of easily fabricating 20 µm diameter channels, with
variable depths between 5 and 50 µm. The aspect ratio is generally the height of a feature
divided by the width of the feature. Thus, high aspect ratio features are generally very tall and
slender, whereas low aspect reatio features are short and squat. Our aspect ratios were
approximately 1.

Figure 1.6 Features molded using SU-8 lithography and PDMS soft lithography. Left: profile of
a PDMS channel, Center: turn in a PDMS channel, Right: cross intersection of a PDMS channel.

1.2 Fluid Dynamics of Microfluidics
Microfluidic devices have the potential of fundamentally changing the way chemical
analysis is performed, specifically with biochemical analysis. Many characteristics of
microfluidics that lend itself useful for chemical analysis derive directly from the fluid dynamics
of micron scale channels. For instance micron diameter channels or capillaries have low Peclet
and Reynolds numbers that result in low convection and laminar flow, respectively.
Additionally, the large surface area to volume ratio of microfluidic channels leads to a number of
interesting phenomena including capillarity. These fluidic characteristics can be used to generate
stable chemical gradients, virtual walls and emulsions. The use of microfluidic devices allow for

10

techniques and experiments which are impossible with conventional macroscale techniques, thus
yielding new functionality or experimental paradigms.

1.2.1 Reynolds Number and Laminar Flow
The fluid dynamics within microfluidic devices are classified by the Reynolds number.
The Reynolds number relates the fluid density (ρ), velocity (v), viscosity (µ) and hydraulic
diameter (D). The Reynolds number also relates the inertial to the viscous forces shown in
equation E.2.

E.2 : Re =

pvD

µ

The Reynolds number is a unit-less quantity that describes the turbulence of fluid flow within a
cylindrical capillary. A Reynolds number < 2,300 indicates a non turbulent flow, although as the
Reynolds number approaches 2,300 the fluid flow becomes more turbulent in nature.30 The
Reynolds number for capillaries with diameters of < 100 µm and low fluid viscosities (i.e. H2O)
is often < 1. Two laminar flow streams that meet will simply mix by diffusion alone, which can
be used for several different experiments including molecular mass sensors, chemical assays,
membraneless microfluidic fuel cells, immunoassays, chemotaxis studies, and intracellular
protein trafficking.30 We will show a neat example of microfluidic membrane fabrication using
laminar flow in Chapter 8.

1.2.2 Diffusion
Diffusion can be considered to be the Brownian motion of a molecule or particle in a
volume element.30 Diffusion is described in one dimension using the Einstein-Smoluchowski
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equation E.3, where σ, D, and t are the variance, diffusion coefficient, and t assuming a Gaussian
diffusion profile.

E.3 : σ 2 = 2 Dt
Sigma can be considered the distance a particle or molecule moves in the time element t. The
squared dependence of the spatial motion of a molecule is extremely important. For example, it
takes approximately a billion seconds for Lysozyme to diffuse 1 cm, but only 1 second for it to
diffuse 10 µm.30 The importance of this fact has been utilized thoroughly in biological systems
that work at the nano- micro scale. Many physiological events heavily depend on the diffusion of
biomolecules. Since the diffusion times are relatively fast for microscale systems a number of
novel experiments can be developed, for example using diffusive mixing or the generation of
concentration gradients using diffusion and laminar flow. We use the Einstein Smoluchowski
equation to calculate the effective diffusion coefficients for several different compounds to
assess the efficiency of our chemical separations.

1.2.3 Fluidic Resistance
The flow rate within a microfluidic device is proportional to the change in pressure (∆P)
and inversely proportional to the resistance of the fluidic flow (R), shown in E.4.
E.4 : Q =

∆P
R

This approximation can be used to program a number of fluidic operations, specifically those
that require hydrodynamic fluidic flows. The resistance for a capillary can be calculated from
equation E.5 where µ is the fluid viscosity, L is the channel length, and r is the radius of the
capillary.
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E.5 : R =

8µL
πr 2

The flow rate with the resistance substituted in E.4. yields equation E.6. This again describes the
flow rate for a capillary.
E.6 : Q =

∆Pπr 2
8µL

In most microfluidic devices the channels are rectangular rather than cylindrical. Thus the
average flow rate for a rectangular capillary is described in E.7.31 Where w, d, and L are the half
width, half depth and length of the channel, respectively and µ is the viscosity, ∆P is the pressure
difference and F is a form factor.
E.7 : Q =

E.7.1 : ∆P =

wd ∆P
F
µ L

µLQ
wdF

=Q

4 µL
A F

Equation E.7 can be rewritten in the form E.8, where the cross sectional area is A.
E.8 : ∆P =

Q  µL

A  wdf

 4 µL 


 = Q
2


 (wd ) F 

Interestingly there is an analogy that can be established between volumetric flow and electronic
current. For example, ∆P can be viewed as a voltage difference, while Q can be viewed as an
electronic current flow. In electronic circuits Kirchoff’s laws is used to describe the additive
nature of voltages and currents. The same is also true for bulk fluid flow where ∆P and Q are
also additive in nature. Ohm’s law, V= IR, can be rewritten as ∆P = Qr, where the fluidic
resistance of a square channel is approximated in E.9.
E.9 : r =

4 µL
AF
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This analogy has several consequences, some of them being relationships between how electrical
resistances are calculated when they are placed in a parallel format or a series format. For
instance, flow resistances will add when they are located in series, but alternatively they will add
inversely when placed in parallel. These points are critical when determining fluid flow in a
complex microfluidic circuit.31

1.2.4 Surface area to Volume Ratio
As lateral dimensions of fluidic systems decrease the surface area to volume ratios often
increase dramatically. For instance, a Petri dish with a 35 mm diameter that contains 2.5 mL will
have a surface area to volume ratio of 4.2 cm-1. On the other hand a 50 µm wide, 30 µm long, 75
nL volume microfluidic channel will have a surface area to volume ratio of nearly 800 cm-1.30
The huge difference in surface area to volume ratios can have dramatic effects on microfluidic
performance.30 Thus being able to modify the surface characteristics of a microfluidic channel
can be critical to developing an analytical technique for microfluidic devices.

1.2.5 Surface Tension
Intermolecular interactions between molecules at the surface of a solution give rise to
what is defined as surface tension.30 The surface free energy quantitatively analyzes the strength
of these intermolecular interactions at the surface and translates into a tension or cohesion of a
surface (γ). The surface tension is the phenomena that allows spiders to walk on a water surface.
The spiders legs distributes its weight over an area that is large enough to support its weight. We
employ surface tension to apply some thick coatings on the sidewall of capillaries in section 3.6.
Surface tension or energy has been used in microfluidic devices to further explore the
development of virtual walls. The Young-Laplace equation, E.10 is often a good starting point
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for a discussion of surface tension in microfluidic channels. In the Young Laplace equation, R1
and R2 represent the radii of curvature for a liquid interface. Gamma (γ) represents the surface
tension of the specific solution.
 1
1 

E.10 : ∆P = γ  +
 R1 R2 

The R that defines the wall will go to infinity hence dropping it out of the equation,
simplifying to E.11.
E.11 : ∆P =

γ
R

This is the pressure apparent between two parallel plates separated by distance 2R. If the
surface is spherical the equation reduces to E.12.
E.12 : ∆P =

2γ
R

1.3 Laser Induced Fluorescence
1.3.1 Introduction
The detection of single molecules represents the ultimate sensitivity for a chemical assay.
The sensitivity of fluorescence has allowed a number of different applications including flow
cytometry3, chromatography32, electrophoresis33, 34, and DNA sequencing35. Over the last decade
fluorescence has been used to detect single molecules with detection limits down to the low
picomolar limit36. In addition, a number of new fluorescent probes have been synthesized which
allow research on specific biomolecular assemblies, some including: reactivities of individual
lactate dehydrogenase, individual adensine triphosphate (ATP) molecules have been visualized
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on single myosin molecules, intramolecular transitions, and a number of photochemical
reactions.

1.3.2 Theory
Fluorophores are often polyaromatic compounds which react through a variety of reactive
functional groups that localize it to a specific biomolecule. The absorption and emission
properties of a fluorophore allow researchers to locate this compound within a biological
specimen. The physical process that is responsible for the absorption and emission properties of
a fluorophore is illustrated in the electronic state diagram (i.e. Jablonski Diagram) in Figure 1.7.

Figure 1.7 Electronic State diagram illustrating the singlet transition in (1), followed by an
excited state relaxation (2), which yields a slightly lower electronic state, followed by an
emission (3). The energy difference between S1’ and S1 yield the stokes shift.37

A photon produced by an external excitation source such as a laser drives the fluorophore into an
excited singlet state. It should be noted that chemiluminescence is different from fluorescence in
that a chemical reaction populates the singlet state rather than a photon from a light source. The
excited state electron exists for 1-10 ns before relaxing back to the ground state. During this
finite time period a number of phenomena can depopulate the singlet state including rotational
and vibrational relaxation. The energy dissipation during the excited state is responsible for a
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Stokes shift. A Stokes shift is the difference between the absorption spectra and the emission
spectra. Experimentally, the Stokes shift is extremely important. The shift in wavelength allows
for the isolation of excitation light from emission light using a number of bandpass or
holographic notch filters. This results in low backgrounds and high signal to noise ratios. The
Stokes shift is shown in Figure 1.8.
A)

B)

Figure 1.8 A) Stokes Shift diagram and B) the Stokes shift of BODIPY-FL37

Some other experimental factors that are important in LIF detection studies include autofluorescence,
photobleaching, signal amplification and multicolor labeling. Autofluorescence is generally considered
to be a background contribution from endogenous sample constituents in the pathlength of the light
source which excite at a similar wavelength and emit at a similar wavelength as the fluorescent probe.
Autofluorescence will limit the detection limit by contributing a background fluorescence. Some
experimental features that may be useful in avoiding autofluorescence include modifying the excitation
wavelength, probe absorption/ emission features, or using specific optical filters that are capable of
removing the autofluorescence. For example, autofluorescence of cells or tissues can be minimized by
using probes with absorbance maxima > 500 nm.21, 37 The light scattering at longer wavelengths is also
greatly reduced at such wavelengths, although minimum waist diameters for lasers will increase
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proportional to λ/2. The development of a number of different fluorescent probes has extended the
number of fluorescent assays that can be performed using laser induced fluorescence.

1.3.3 Fluorescent conjugation chemistry
Joseph Bruckhalter and Robert Seiwald synthesized the first antibody labeling reagent
known as fluorescein isothiocyanate (FITC) on May 17, 1960.38 The official patent number is
2,937,186 with the title "Isothiocyanate Compounds and Means of Producing the Same
Isothiocyanate Compounds". Since its development in the early 1960’s FITC has become a
common and extremely useful reagent for several assays in molecular biology. It has even
reached the market of “e-bay” where a few grams has a street price of about $10. A number of
other fluorophores have been discovered since this time, most notably TAMRA and reGFP.39
The fluorescent probes that we have utilized are listed on Figure 1.9.
Commercially there are several ways to attach a fluorophore to a molecule of interest.
The most common involve chemistries that link with amines, thiols or alcohols. Generally amine
derivitization is useful for: modifying proteins, ligands and peptides, which are used for
immunochemistry, cell tracing, fluorescence in situ labeling, and receptor labeling. On the other
hand, activation for thiol derivitization can be used to study protein function and structure. The
reactions that are often used to link a fluorophore to an antibody, or a biochemical, involves well
characterized organic reactions with primary amines. There are three classes of commonly used
reagents used to activate a fluorophore. These include succinimidyl esters (SE), isothiocyanates
(ITC), and sulfonyl chlorides. The reaction is illustrated below between a SE and an amide in
scheme 1:
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Scheme 1 Reaction between an SE or TFP ester with an amine. 40
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Figure 1.9 Fluorescent probes used for CE on microfluidic devices40

BODIPY® FL, STP ester, sodium salt

TRITC: tetramethylrhodamine-5-or 6- isothiocyanate

DiI: 2-[3-(1,3-dihydro-3,3-dimethyl-1-

Alexa Fluor® 488, succinimidyl ester

FITC: fluorescein-5-isothiocyanate

Calcein AM

octadecyl-2H-indol-2-ylidene) -1- propenyl]
-3,3-dimethyl-1-octadecyl-, perchlorate
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1.3.4 LIF Apparatus
Cheng and Dovichi were the first to demonstrate the use of fluorescence as a detection
mode for capillary electrophoresis.41 They initially demonstrate detection limits in the high fM
range, although several experiments using much more sensitive equipment over the last decade
have reported detection limits in the low fM range. An important experimental point for the
determination of detection limits in capillary electrophoresis involves both the injection volume
or injection time and the detection window. This concept will be developed in the following CE
discussion.
The apparatus that we have constructed employs an argon ion laser capable of producing
70 mW laser lines at 488 nm and 514 nm. The laser is reflected through a dichroic mirror and is
focused by an objective (10-20X). The excitation light from the fluorophore is next collected by
the objective, transmitted through the dichroic mirror, spatial filter, bandpass filter and is finally
focused onto a photomultiplier tube (PMT). The signal from the PMT is amplified and acquired
using PCI data acquisition cards. Finally, LabView is used to analyze the signal.
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Figure 1.10 Single point setup for laser induced fluorescence detection on microfluidic devices.

Several optical components including bandpass filters and dichroic mirrors are critical for this
setup. Briefly, dichroic mirrors are optical components that allow a specific range of
wavelengths to transmit through the filter, yet reflect another range of wavelengths. In more
detailed terms a dichroic mirror is a color selective beamsplitter which has the capability of
reflecting or transmitting light based on a wide variety of coating technologies. Coatings on a
wide variety of substrates can be used from the IR to UV range of the spectrum and use the
principle of interference to reflect or transmit certain spectral regions. A popular use for such
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devices include heat reflectors which serve to reflect the IR region of the spectrum due to a
specific coating, but allow most of the rest of the spectrum to pass. These are used in everything
from movie projectors and solar cells to astronaut visors.

1.4 Capillary Electrophoresis
Microfluidic devices are useful for a number of operations including capillary
electrophoresis (CE). CE has been developed for the separation of molecules using a number of
different chemical forces, all of which involve the use of an electric field in a low convection,
low peclet number, low Reynolds number fluidic manifold or capillary. CE at its most basic form
can be envisioned as a method of separating compounds based on charge and hydrodynamic
radius. The history of CE dates back to 1937 when Tiselius separated a number of proteins in a
tube by applying an electrical field.42 Tiselius was awarded the Nobel Prize in chemistry for his
work in separation science. Hjerten furthered work in CE by using millimeter-bore capillaries.43
Interestingly he found that the spinning of these capillaries along the longitudinal axis greatly
reduced the effects of convection and further advanced the separation science of CE. In the mid
80’s Jorgenson advanced CE by using 75 µm id fused silica capillaries, in addition to clarifying
much of the theory involved.44

1.4.1 Theory
Capillary electrophoresis (CE) operates on the fundamental physical principle that a
charged particle accelerates in an electric field according to E.13 where FE is the force applied, q
is the charge, and E is the electric field. In CE the hydrodynamic radius of the charged molecule,
r, and the solution viscosity, η, are variables that generate a frictional drag, shown in E.14.45
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Alternatively, the electric field and the charge of a molecule or ion are considered to be
accelerative forces. Acceleration only takes ~ 10-12 seconds to occur.

E.13 : FE = qE
E.14 : FF = −6πηrv
A steady state is reached during electrophoresis where the frictional drag and the electrostatic
forces equal each other, illustrated in E.15 and E.16. The velocity can be rewritten as E.17.
E.15 : FE = − FF
E.16 : qE = 6πηrv
E.17 : v =

qE
6πηr

The velocity of an ion or charged molecule is thus proportion to the charge (q) and the electric
field (E), yet inversely proportional to the hydrodynamic radius (r) and the viscosity (η). The
equation can be further simplified by generating a constant value called the electrophoretic
mobility (µe) described in E.18.
E.18 : µ E =

q
6πηr

The electrophoretic mobility is a term that relates the charge of a molecule or ion to the
hydrodynamic radius and solution viscosity to again compare accelerative forces and frictional
forces. Qualitatively the higher the charge and the lower the radius and viscosity of a solution the
faster the velocity, and vice versa. The velocity can thus be rewritten in E.19.
E.19 : v = µ E E
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1.4.2 Analytical CE Parameters
A number of analytical parameters exist, many of them derived from separation science,
to further classify electrophoresis of analytes. Many of these analytical parameters will embody
the physical parameters such as electric field written as E = V/L, where L is the length of the
capillary and V is the potential applied across that capillary. Other important analytical
parameters include the peak width (w), efficiency (N), and resolution (R). The peak width is
given in E.20, where σ is the standard deviation of the peak. The relation of σ to diffusion can
also be observed in the Einstein-Smoluchowski equation (E.3), which assumes a Gaussian
shaped analyte band. The units of sigma may be either in temporal or spatial units depending on
the axis of the electropherogram.
E.20 : wb = 4σ
The width of a solute zone is determined by many things, some including dispersion, injection
volume, temperature, adsorbance-adhesion, detection distance/ focal volume, or
electrodispersion. These factors contribute to “band broadening” and can be rewritten as a
summation, shown in E.21. In an ideal situation where diffusion, injection and detection length,
E.22, are the primary contribution to the band width, all of the other factors would approach
zero, or the limit of zero.
2
2
2
2
2
2
E.21 : σ T2 = σ Diffusion
+ σ Injection
+ σ Temperatur
e + σ Adsorbance + σ Detection + σ Electrodispersion

E.22 : σ

2
Injection

wi2
=
12

Another important factor that relates the width of a solute zone to the distance in which it has
traveled is the number of theoretic plates (N), where l is the migration distance, and σ can be
rewritten as the band width (E.23)
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E.23 : N =

l2

=

σ2

t2

σ t2

The equation E.23 allows quantitative benchmark standards for determining the usefulness of a
separation. For instance, the number of theoretical plates will give a quantitative measurement of
the broadness of a solute zone over a given length. High theoretical plate numbers indicate that
over a long distance the solute plug length will be relatively short. A poor separation will have
low theoretical plate numbers which will indicate excessive band broadening due to many of the
terms indicated in E.21.
Using these analytical parameters there are a number of important experimental relations
that can be generated. First, relations between the band width of a solute plug to the mobility,
electric field (V/L), and detection length (ldet) using the original Einstein-Smoluchowski equation
E.3, shown in E.24. This equation shows that as the field strength and mobility increase the
lateral length of the solute plug will decrease. Qualitatively this is because the solute plug will
migrate faster through the capillary, allowing less time for the analytes to diffuse laterally.
E.24 : σ 2 = 2 Dt =

E.24.1 : t =

2 Dldet L
µ eV

l det L l det
=
µ e E ve

Equation E.23 can be substituted for σ in equation E.24 and rewritten in terms of the number of
theoretical plates, E.25.
E.25 : N =

µ eVl det
2 DL

=

µ e El det
2D
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In addition to efficiency (N) another important analytical parameter is resolution. Resolution can
be formulated by comparing two Gaussian analyte peaks each with a baseline width (w) and each
with a migration time (t). The resolution for such a situation is illustrated in E.26.
E.26 : R =

t 2 − t1 2(t 2 − t1 )
=
(w1 + w2 )
4σ

This resolution equation can also be rewritten in terms of both efficiency (N) and mobility
differences between each analyte, described in both E.27 and E.28.
1
1 2  ∆µ 

E.27 : R = N 

4
µ




 1 
V
E.28 : R = 
(∆µ )
4 2
 D µ + µ EOF

(

)
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1.4.3 CE Apparatus
To perform capillary electrophoresis generally two things are needed, a capillary and an
electric field. The capillaries can be fabricated using standard glass melting and capillary pull
technologies, and also using common semiconductor micromachining techniques, as those
described previously. The electric potential that are needed range between 1-30 kV with currents
that range from 1-500 µA, respectively. Our lab has developed a number of homemade high
voltage supplies that are capable of providing the correct current and voltages for CE systems.
For instance Figure 1.11 illustrates our homemade power supplies. The components for our
power supplies consist of a 12 V power supply which powers 5 OEM high voltage power
supplies from UltraVolt or EMCO and several high resistance “bleed” resistors for safe operation
of the high voltage power supplies. The digital control lines for the OEM high voltage power
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supplies are fed to a PCI data acquisition card, which was run and operated using in house code
written in LabVIEW.

Figure 1.11 Illustrates the homemade power supply used to apply 1- 5 kV/ cm electric fields.
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CHAPTER 2 - The Origin of Electroosmotic Flow on PDMS
Microfluidics
2.1 Introduction
Electroosmotic flow (EOF) is a very useful phenomena in microfluidic devices for
several reasons including its flat flow profile. In many separation schemes EOF is used to either
increase separation efficiency or resolution. Since EOF is a surface derived phenomena it can be
tailored using chemical surface modifications. As mentioned previously, the resolution of a
separation depends primarily on the difference in electrophoretic mobility between two analytes.
If this difference is large then a high EOF would be desired to produce a rapid separation of the
two analytes. On the other hand, if the two analytes have a low electrophoretic mobility
difference a low EOF would be desired to allow more time to separate the compounds to full
resolution. I will discuss EOF theory, measurement methods and the EOF of PDMS.

2.2 EOF Theory
Electroosmotic flow (EOF) occurs when a charged double layer forms at the surface of a
capillary wall and an electrical field is applied axially along the capillary to generate a bulk fluid
flow. The two components of this charged double layer are called the 1) Helmholtz plane or rigid
layer, and 2) the diffuse layer, both of which are illustrated in Figure 2.1. Near the surface of the
channel the law of electroneutrality is violated for a finite volume within the diffuse layer. As
illustrated in Figure 2.1 there is more positive charge within the region of the diffuse layer than
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negative charge. The net positive charge within this area is the driving force for EOF and is
implicated in the directionality or polarity of the EOF. As the distance from the capillary wall
increases to > 200 nm the law of electroneutrality is restored for a finite volume of solvent. Once
an electric field is applied parallel to the capillary, the diffuse layer is accelerated to a steady
velocity that results from the balance between the friction due to the hydrodynamic radius,
viscosity and the applied Coulombic force on the ions. Since the ions are hydrated, they impart
momentum to the solution as they are accelerated to a steady velocity. This momentum generates
a net bulk flow whose magnitude is dependant primarily upon the ζ potential of the surface, and
the electric field applied across the capillary. The direction of the EOF depends not only on the
polarity of the electric field, but also on the surface charge of the capillary. The surface charge of
the capillary will generate either a net positive or negative diffuse layer which will determine the
direction in which the hydrated ions are accelerated.45

Figure 2.1 Diagram of the electric double layer at the surface of a capillary. The double layer
consists of the Helmholtz plane

EOF is used in chemical separations because it provides less band broadening than
hydrodynamic driven fluid. The differences in band broadening between fluidic flow that is
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electroosmotically driven versus hydrodynamically driven is largely due to differences in
transverse velocities near the surface of the capillary that result from sidewall friction. The
movement of solvent due to the application of a Coulombic force on the electrical double layer
has much less fluidic friction on the capillary sidewalls than hydrodynamic fluid flow. Generally
EOF velocities can range from 0.2 cm/s to 1 cm/s and is dependent upon the applied electric
field, zeta potential and viscosity, whereas hydrodynamic flow generally is performed with flow
rates of > 1 cm/s.
Mathematically EOF can be modeled using a number of equations. These include the
Poisson-Boltzmann, net charge density, and basic electrostatic equations.46 These equations
cover the primary variables that determine the EOF. From an experimental standpoint a rough
understanding of these equations will yield insights into how certain physical phenomena will
affect the fluidic dynamics of EOF. The Poisson-Boltzman equation (E. 29) models the electric
potential, φ(y), of the outer Helmholtz layer as a function of distance from the surface of the
Helmholtz plane. It is named Poisson-Boltzmann because it uses the Poisson equation that relates
the charge density, p(y), and the dielectric constant, (ε) to the potential, but also uses an exact
equation to describe charge density p(y) and where it is found, an idea developed by Boltzmann.
The Poisson-Boltzmann equation often is written with a dielectric constant that depends on
position, by neglecting this position dependence we significantly simplify the equation.
E.29 :

∂ 2φ ( y )
ρ ( y)
=−
2
ε
∂y

The equation, E.29, is very similar to Maxwell’s equations of electromagnetic theory,
specifically: Gauss’s law of electricity. Gauss’s law of electricity depends on charge density
enclosed in a sphere. The amount of charge enclosed within a spherical volume element will
determine the electrical potentials that exit the sphere. The same is true for the Poisson31

Boltzmann equation, in one dimension, which relates the charge at a distance y with the gradient
of the potential. The gradient of the potential is inversely proportional to the dielectric constant
of the solution. This suggests that in a comparison between two solvents, one with a high
dielectric constant and one with a low dielectric constant, the solvent with a high dielectric
constant will have a lower gradient of potential and vice-versa.
Boltzmann’s contribution, the net charge density p(y), varies as a function of distance y
from the Helmholtz layer. The net charge density equation describes how the spatial orientation
of the charge changes as a function of y, shown in E.30.46 The net charge density depends on F:
the Faraday constant, C: the ion concentration, Z: the ionic charge, and the electric potential φ(y).
E.30 : ρ ( y ) = F ∑ C Z i e
O
i

−

ZFφ ( y )
RT

The charge density decreases exponentially as the distance (y) from the outer Helmholtz layer
increases. The electric potential at y = 0 will be referred to as the ζ potential, or the point at
which the Helmholtz layer meets the diffuse layer. The ζ potential and its location relative to the
Helmholtz layer and the diffuse region is labeled in Figure 2.3. The electric potential varies
linearly from the wall of the capillary to the edge of the Helmholtz plane. After the Helmholtz
plane, as described by E.30, the potential varies exponentially due primarily to the spatial change
in charge density over distance.46
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Helmholtz Plane

Figure 2.2 Illustrates the location of the ζ potential within the electric double layer.46

The concentration of ions in the bulk solution has a huge impact on the ζ potential. As the
concentration of ions within the bulk solution increase the ζ potential decreases. It is
approximated that the EOF is proportional to 1/sqrt(C), where C is the concentration of the ions.
This approximation is derived from the Guoy-Chapman model which describes the thickness of
the ion double layer.
The velocity of the electroosmotic flow is dependent on the ζ potential, solution viscosity
(η) and the electric field (E). Using the equation v =Eµ it is possible to generate a relation for the
electroosmotic flow, which relates the aforementioned variables in E.31.
 εζ
E.31 : VEOF = E
η





The surface charge within a microfluidic channel is greatly affected by the pH of the solution, as
the ionizable groups which impart charge to the surface can change dramatically. For instance,
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glass has a pKa of < 2.0, so as the pH of the solution decreases from 10 to 2 so does the EOF.
This is primarily due to the surface silanol groups becoming protonated making the surface less
neutrally charged, lowering the ζ potential, and hence the EOF.

2.3 Methods of Measuring EOF
Several different methods have been devised for the measurement of the EOF on
microfluidic devices and commercial capillary electrophoresis systems. These include the current
monitoring method, neutral marker injection, and the streaming potential measurement, which
can yield information on the ζ potential and thus yield information on the EOF of the channel. I
will discuss each method in the following sections.

2.3.1 Current Monitoring Method
EOF measurements can be performed using the current monitoring method originally
reported by Dick Zare’s47 group which was consequently used by Cheng Lee48 and Jed
Harrison49 et al. Experimentally the current monitoring method involves applying a voltage
across a straight capillary filled with a buffer and monitoring the current as a second more dilute
or concentrated buffer is pumped into the capillary via EOF. Knowing both the time it takes for
this buffer to fill the channel (t), the length of the channel (L) and the applied voltage it is
possible to calculate the mobility of the EOF shown in E.32.
E.32 : µ eof =

L2
Vt

Figure 2.3 demonstrates the measurement of the EOF in a PDMS microfluidic channel using the

current monitoring method. In equation E.32 the important experimental variables include the
field strength, length of capillary and the migration time of the solution. The length of the
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capillary and the electric field strength are simple variables to quantify. This experiment distills
down to determining the time it takes for a solution of higher or lower conductivity to traverse
the length of the capillary. Initially the PDMS channel was filled with 25 mM sodium borate
solution and was allowed to come to equilibrium for ~30 seconds. Once the current reached an
equilibrium, or steady current, a 50 mM sodium borate solution replaced the 25 mM sodium
borate solution. As the EOF pumped this higher concentration buffer into the channel the current
increased, until at some point the higher concentration buffer reached the end of the capillary. At
this point the current would plateau. The time that it would take to accomplish this would be
considered the migration time.

Figure 2.3 The current monitoring method using 25 mM sodium borate, replaced with 50 mM
sodium borate by EOF. The migration time in this case was 110 s.
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There are several important physical parameters to keep in mind when performing this
experiment. The foremost of these involve the use of different concentration buffers and Joule
heating. The double layer thickness is inversely proportional to the square root of the
concentration of the buffer. So as the concentrations increase the double layer will necessarily
decrease, thus yielding slower EOF’s, and vica versa. Joule heating can also have huge impacts
on the EOF as heat changes the viscosity of the solution and consequently the EOF. Insuring that
the EOF measurements are taken in conditions with minimal Joule heating is a critical point. We
insured this by performing an Ohm’s law, V=IR, test for our microfluidic channels. A plot of V
versus I should yield a linear line, but when Joule heating begins to take affect non-linearities are
present. We insured that the EOF measurements were conducted in the linear range for the V=IR
plots. Since the EOF is surface chemistry dependent changes in surface chemistry will
dramatically change the EOF for a particular channel.
For our EOF experiments we used the following protocol: The exact channel length was
measured for each chip using calipers. The channel was initially filled with a solution of 1 mM
(pH 8.3) sodium phosphate/10 mM KCl buffer. This buffer was replaced by a solution of 1 mM
(pH 8.3) sodium phosphate/9 mM KCl in the anodic reservoir. Voltage potentials of 300 V/cm
were applied using a Spellman CZE1000 (Hauppauge, NY) resulting in the migration of the
lower conductivity buffer into the channel due to electroosmotic flow. This resulted in a linear
decrease in conductivity as the higher conductivity buffer was replaced by the lower conductivity
buffer. Once the lower conductivity buffer made it all the way to the cathodic reservoir the
conductivity reached a constant value. Straight lines were drawn on the two conductivity
sections. Their intersection was used as the time for the EOF measurements.2
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Other than using the current method it is also possible to use neutral markers to mark the
migration of the electroosmotic flow. For instance, a fluorescent neutral marker, Rhodamine B or
phenol can be used for neutral markers in fluorescence or UV detection schemes. In our case
neutral markers that were fluorescent and also didn’t adsorb or absorb into the substrate were not
available, so we were limited to the use of the current monitoring method.

2.4 EOF of PDMS Microfluidics
2.4.1 Introduction
Poly(dimethylsiloxane) (PDMS) has become a very popular polymer for several
microfluidic applications. The properties of PDMS that make it attractive include its elastomeric
nature yielding a Young’s modulus of 2.2 MPa, low surface energy of 20 erg/cm, outstanding
gas permeability, and the non-toxicity of silicones. These advantages are useful in the fabrication
of microfluidic devices using soft lithography, incorporating valves and actuated systems into the
microfluidic devices, and applying these devices to biomedical applications. Although PDMS
has numerous advantages in the field of microfluidics there exists some serious drawbacks. Some
of these drawbacks include its nonspecific protein adsorption, and low electroosmotic flow.
Developing PDMS derivatives that combat these issues will serve to extend the scope of PDMS
in microfluidic technology. PDMS has become very popular due to the wide varieties of
applications that it can be designed towards. Besides microfluidic prototyping and separations
initially developed by Effenhauser50 and Duffy51, PDMS can also be used for paper release
agents, fiber lubricants, textile hand modifiers, corrosion inhibitors, mold release agents,
antifouling materials and water repellents. To a large extent these applications take advantage of
the unique surface properties of silicones.
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Although the bulk surface properties of PDMS has been well characterized and include a
hydrophobic surface with low surface tension, significantly less is known about the molecular
properties of a PDMS surface, and more importantly how this surface generates electroosmotic
flow (EOF) during capillary electrophoresis (CE). EOF depends primarily on the surface charge
of a capillary, the applied electric field and the characteristics of the buffer including
concentration and pH. In theory, the surface of a PDMS (-O-Si(CH3)2-)n channel contains no
charge and should result in an EOF of < 1.0 x 10-5 cm2/Vs. Experimentally the EOF of PDMS
channels has been reported to vary sigmoidly from 5 x 10-5 cm2/V·s to 6 x 10-4 cm2/V·s for pH’s
between 3 and 10.5 respectively. The EOF dependence on pH suggests the presence of ionizable
functionalities on the PDMS surface.
Spectroscopic studies contradict the idea that the observed EOF is due to ionization of
silanol functionalities. Studies of commercial PDMS have shown that the two part mixture
contains no silanol functionalities prior to curing using FT-IR and NMR, or after curing using
ATR-FT-IR.

2.4.2 Fillers and Catalyst Effects
Although PDMS has no ionizable functionalities the polymer has many other constituents
that may contribute to the EOF. Some of the other constitutents of the final polymer include
silica fillers which reinforce the polymer, and platinum catalyst (tetramethyl-divinyl coordinated
complex whos structure is shown in Chapter 10) which is used to catalyze the hydrosilation
reaction between the vinyl terminated PDMS monomer and the hydride terminated monomer. To
further investigate the effect of platinum catalysist and silica filler we synthesized pure PDMS
with negligible silica filler and compared this polymer with the commercially available PDMS

38

that has >60% silica fillers, and our own in house native PDMS polymer which was filled with
30% hexamethylated silica filler.
We found that the in house native PDMS has an EOF of 1.5 ± 0.2 x 10-4 cm2/V·s while
the EOF of the Sylgard 184 PDMS was 2.2 ± 0.2 x 10-4 cm2/V·s, using a 25 mM sodium borate
solution at a pH of 9.5. The other primary additive to PDMS hydrosilation reactions, platinumdivinyl tetramethyl- disiloxane, was also investigated for effects of surface charge generation.
We found no correlation between the amount of platinum catalyst and EOF for the native PDMS.
Although native PDMS has a 33% lower EOF it is still much higher than what is expected for a
neutral polymer chain suggesting another mechanism of surface charge generation.
Figure 2.4 shows EOF measurements for three different polymers. Gelest PDMS is a

synthetic blend that we formulated in the lab and took special precautions to keep the polymer as
pure as possible. The Gelest PDMS was constituted with a hydride terminated PDMS monomer,
a vinyl terminated PDMS monomer and the platinum catalyst. The second polymer was the
Gelest PDMS with the doped tetramethyl silicate. This polymer has 30% tetramethysilicate
doped to the Gelest PDMS. Finally, Sylgard PDMS is the commercially available blend from
Dow Corning.
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Figure 2.4 EOF of native PDMS described as Gelest PDMS, native PDMS that was doped with
methylated silica, and the commercially available Sylgard PDMS. The y axis has units of
cm2/Vs. These measurements were performed in sodium tetraborate buffer with concentration
differences between 25 and 50 mM and pH ~ 9.5. Each polymer has been tested with three
different pretreatments. The left (red) indicates an initial measurement with no wash, center
(blue) indicates an acid-base wash, and the right (yellow) indicates a base sodium hydroxide
wash.

We ran a series of EOF measurements on these polymers. The first was to measure the
PDMS without any buffer rinses (blue/middle). The second was to rinse with 1 M NaOH and
measure the EOF (yellow/right). The final was to rinse with both 1 M NaOH, 1 M HCl, and H2O.
The Gelest PDMS with the silica filler and the Sylgard-PDMS gave similar EOF’s suggesting
similar compositions, but the in house Gelest PDMS yielded a 33% lower EOF. After a mild
rinse of 1M NaOH we found a dramatic increase in EOF, suggesting that the OH- ions may be
adsorbing to the PDMS. Another potential scenario includes the hydrolysis of the PDMS at the
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surface by the sodium hydroxide, and the consequential recovery by HCl. Although this is
possible it is unlikely due to the amount of time that a mild solution of sodium hydroxide was
allowed to reside within the channel. Recent studies by Allbritton have demonstrated that it takes
about 6 hours to hydrolyze the surface of PDMS using a 6M sodium hydroxide solution.

2.4.3 Adsorption of Ions on the PDMS Surface
The initial results reported here further suggest that the bulk EOF of the PDMS is not a
result of silica fillers or platinum catalysts. Another physical phenomena to consider is the
adsorption of ions to the surface. It has been reported by Wagenen on November 1981 in the
Journal of Colloid and Interface Science that non-ionizable polymers that exhibit surface charge
are a result of specific adsorption of ions including potential-determining ions such as OH- and
Cl-. Generally the more polarizable, smaller, and less hydrated ions will partition at an interface
especially if the interface is hydrophobic. Other studies using AFM chemical force titrations with
a 16-thiohexadeconoic acid terminated tip have shown that a large hydrophobic adhesive force
exists that does not change with pH52, 53. This large hydrophobic adhesive force may be one of
the driving forces for ion adsorption.
In addition to a difference in hydrophobicity, dipoles generated at the surface may also
greatly contribute to the adsorption of ions. Silsesquioxanes have the potential to either form
polycyclic oligomers or ladder polymers. The mechanical properties, such as the Young’s
modulus and Shore hardness, of commercial PDMS depend on the relative amount of either the
polycyclic oligomer (cage type) or the ladder polymer (network type). Differences between the
cage and network type silsesquioxanes can be distinguished using FTIR. Specifically the bond
angle of the Si-O-Si becomes larger for the cage type oligomers as compared to the network type
oligomers. The Si-O-Si cage and network structures show IR peaks in the 1200 to 1000 cm-1
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region. Tetrahedral SiO2 has Si-O-Si bond angles of 144° with a Si-O-Si asymmetric stretch at
1080 cm-1. For molecules with more cage like structure the Si-O-Si bond angle is generally 150°
or higher with an asymmetric stretch shifting to higher energy and wavenumbers as high as 1180
cm-1. For molecules with network like structures the Si-O-Si bond angle reduces to < 144° and
the Si-O-Si asymmetric peak shifts down to ~1030 cm-1.54-57
In Figure 2.5 we measured the IR shifts for the prepolymer and the polymerized polymer
using ATR-IR. We found that the IR regions in the polymer were blue shifted to higher
wavenumbers, which further suggests that at the surface of the PDMS polymer there exists a
dramatically different surface than the bulk PDMS, much of this due to strained bond angles.
The strained bond angles of the Si-O-Si will likely contribute to ion bonding on the surface and
dipole-dipole interactions.

42

Figure 2.5 FT-ATR of monomeric PDMS and polymerized PDMS. The polymerized PDMS is
blue shifted which suggests larger Si-O-Si bond strain. The blue shifted areas are pointed to by
the arrows

To further investigate the effect of hydrophobicity/ hydrophilicity on the EOF we
synthesized a PDMS-polyethylene oxide (PDMS-PEO) coblock polymer with a contact angle of
40°. This polymer generated an EOM of 0.2 x 10-4 cm2/Vs. The reduced EOM for this polymer
suggests that the EOM of native PDMS can be suppressed by two factors, ion adsorption or
“polymer surface entanglement”. We further discuss the synthesis and characterization of
PDMS-PEO in chapter 10.
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CHAPTER 3 - Silica Sol-Gel modified PDMS Microfluidics
3.1 Introductory Sol-Gel Chemistry
Sol-gel chemistry has been around for more than 150 years. The first metal alkoxide was
synthesized by Ebelman in 1846.58 Ebelman noticed that the compound gelled when exposed to
the ambient humidity. It wasn’t until the mid 1930’s however that it was realized that metal
alkoxides could be used to generate metal oxide films, initially realized by Geffcken.59 Since that
time sol-gel processing has become an extremely versatile technique. The versatility of sol-gel
science derives from the vast number of metal alkoxide precursors that can be used in addition to
the number of different physical properties that can be imparted to the final materials.
Metal alkoxides readily form hydrolysis products with weak nucleophiles such as H2O. The
hydrolysis products that are produced will react through condensation reactions to form metal
oxide colloids. A mixture of metal oxide colloids is called a sol. A colloid is considered to be a
particle with a diameter < 1 µm. Such particles are not affected by gravity, rather their motion is
dominated by short range forces, or van der Waals and dispersion forces. A sol can form a gel if
the colloids react to form a metal oxide scaffold. Depending on the evaporation and aging of the
gel a number of different materials can be generated.
Figure 3.1 shows several methods of generating a number of different materials. For

example, it is possible to generate films, fibers, particles or even monoliths starting from the
same precursors. Furthermore, there is great chemical flexibility in the metal alkoxides available,
and the different dopants that can be added.60 For instance a sol can be generated and
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consequently doped with a number of reagents including proteins, enzymes, antibodies, organics,
chelating agents, indicator dyes, zeolites, cylodextrins, or crown ethers.61 The broad number of
chemical functionalities that can be generated on the surface of sols make these materials
extremely applicable for a number of applications including sensors and separations.

Figure 3.1 Schematic figure of the vast number of materials that can be generated using sol-gel
chemistry.61

3.1.1 Chemical Reaction Mechanisms
The most commonly used metal alkoxide in sol-gel chemistry is tetraethylorthosilicate,
Si(OCH2CH3)4 often abbreviated TEOS. TEOS can form hydrolysis products with water, and
cocondensation reactions with similarly hydrolyzed TEOS products as shown in the following
reactions.
Si(OR)4 + 4H2O ! Si(OH)4 + 4ROH
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(OR)3Si-OH + HO-Si(OR)3 ! (OR)3Si-O-Si(OR)3 + H2O
The hydrolysis and condensation of this produces colloids between 1-1000 nm in diatmeter.60
The processing parameters determine the size of the colloids that are formed. For instance, acidic
properties tend to form smaller colloids, whereas basic properties will consequently form larger
particles generally on the range from 10-100 nm in diameter. The basic conditions make the
generate larger particles due to the surface charge of the silica colloids at higher pH’s. Reactivity
of the metal alkoxide depends on two factors, the periodic characteristics of the metal and the
ligand properties. These factors arise from the mechanism of the sol-gel reaction. Since the
reactions proceed through an SN2 mechanism the leaving group and the electronegativity of the
molecule are critical. The better the leaving group the faster the reactions occur. Also transition
metal centers are generally much more reactive than metalloid centers such as Sn or Si.
The sol stability or gel time, which is the time it takes for the sol to aggregate to form a
matrix, is also dependent on pH. Generally the fastest gel times are recorded in the pH range
from 4-8, whereas slower gel times are recorded between 0-2 and 8-12. Interesting at pH > 8 or
pH < 2 the colloids are appreciably ionized so that they can not gel to form a colloidal mixture.
Once the pH enters the 2-8 pH range the colloids begin to branch and form networks. Depending
on the mixture colloidal mixtures can be prepared at a pH extreme and consequently modified to
a gelling pH to rapidly form a gel.

3.2 Introduction to Silica Sol-Gel Modified PDMS Microfluidics
Pure PDMS does not have any ionizable functional groups on the surface, but by using
sol-gel chemistry it is possible to precipitate SiO2 particles onto the surface and into the bulk of
the polymer. The silica particles on the surface impart a large zeta potential and thus dramatically
increases the EOF at higher pH. The ability to tailor the surface characteristics for a particular
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electrophoretic separation is an important variable. The incorporation of silanol functionality on
the surface also makes it possible to dramatically increase the EOF in a PDMS microchannel and
also changes the hydrophobicity of the channel. Listed in Table 1 are popular substrates for
microfluidics and the measured EOF using a phosphate buffer.62
SUBSTRATE

EOF (cm2/Vs)

pH (PO4-)

PDMS

4.30 x 10-4

8

PDMS-SiO2

8.10 x 10-4

8

Glass

5.35 x 10-4

8

PMMA (acrylic)

3.25 x 10-4

7

Polystyrene

1.70 x 10-4

7

Copolyester

3.60 x 10-4

7

PEO-PDMS

0.90 x 10-4

8

Table 1 Electroosmotic flow of a series of polymers and glass using phosphate buffers measured
using the current monitoring method.

The microfluidic devices reported thus far have been fabricated from a variety of
materials including silicon, glass, and plastics. In the chemical analysis community, glass and
plastics have been the most popular because their electrically insulating properties allow the
application of electrical fields for the manipulation of fluids and the separation of analytes.
Glass, in addition to its electrical insulating properties, has several advantages as a substrate
material: (1) it is optically transparent over a wide range of wavelengths; (2) it supports a high
electroosmotic flow (EOF); (3) its surface is hydrophilic and wetting; (4) its surface chemistry is
well understood; and (5) there are numerous methods available to modify the surface if needed.
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Glass, however, is also expensive and fragile. In addition, the fabrication process is time
consuming, tedious, and requires the use of caustic chemicals, e.g., hydrofluoric acid, and
cleanroom facilities. For these reasons the use of several different plastics as substrates for
microfluidic devices has been explored. Plastics are generally less expensive and are amenable
to rapid and facile fabrication methods such as casting, molding and embossing.16, 63 In
addition, the fabrication chemistry is generally less hazardous and does not require cleanroom
facilities.
While the fabrication of microfluidic devices from several different types of plastics8, 9, 16,
17, 19, 20, 63

including poly(carbonate), poly(ester),64 poly(styrene),65, 66 poly(ethylene terephthalate

glycol),65, 66 poly(methylmethacrylate), and poly(olefins) have been demonstrated, the most
popular material has become poly(dimethylsiloxane) (PDMS). PDMS is a relatively inexpensive
substrate material, and devices can be rapidly and easily molded from the prepolymer. Similar to
glass, PDMS offers good optical transmission characteristics, good electrical resistivity, and
good thermal conductivity.17 PDMS, however, suffers from some significant limitations. For
example, the EOF of native PDMS is only about 1/4 to 3/4 that of glass depending upon the ionic
strength and pH of the buffer.67-69 PDMS is also very hydrophobic, and so the channels in a
PDMS device can be difficult to wet. More importantly, however, hydrophobic analytes will
actually absorb into the bulk PDMS or adsorb onto its surface. This significantly limits the
analytes that can be separated on devices made from PDMS and generally results in separation
efficiencies which are significantly lower than reported for glass devices.69 Finally, the inert
surface provides no simple direct, route for modification. Even with these limitations many
elegant devices have been demonstrated using PDMS.8, 70-84
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To improve electroosmotic flow and to make the surface more hydrophilic and resistant
to analyte adsorption/absorption, channel wall surfaces on PDMS devices have been modified in
several ways. For example, treatment with an oxygen plasma can be used to generate silanol
groups on the channel wall surfaces. This has been shown by many groups to create a wettable
surface with higher EOF’s.9, 17, 85 It also serves to irreversibly bond the PDMS with another
surface to create an enclosed channel network. The surface with this treatment, however, is
unstable in air and EOF’s will quickly decrease back to that of native PDMS.85-88 The EOF is
significantly more stable if the surface is kept wetted; again, however, there is a significant
decrease in the magnitude of the flow over the course of several days.87, 89
The oxidation of the PDMS channel walls is also the most popular route for covalently
modifying the surface.9 Surface oxidation using an oxygen plasma has been followed by the use
of free radical chemistry for the attachment of acrylic acid, acrylamide, dimethylacrylamide, 2hydroxyethylacrylate, and poly(ethyleneglycol) monomethoxyacrylate;90-92 and surface oxidation
using UV light followed by atom transfer radical polymerization has been reported for the
attachment of acrylamide and poly(ethyleneglycol).93-96 In addition, surface oxidation through
the use of Cerium(IV) and nitric acid has been described for the attachment of acrylamide.97, 98
Finally, chemical vapor deposition has been demonstrated for the attachment of poly-(paraxylylene carboxylic acid pentaflorophenylester-co-para-xylylene).99, 100
Non-covalent modifications to the surface have also been described. Simple noncovalent anionic coatings such as sodium dodecylsulfate68, 101 can be used to significantly
increase the EOF while cationic surfactants such as poly(brene) can be used to reverse the
EOF.85 Polyelectrolyte layers (PEL) can be used to increase, decrease, or even reverse the EOF
depending upon the charge on the PEL and how many layers have been laid down.102
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A potential alternative method for modifying the surface (and bulk) properties of PDMS
is to use a sol-gel process to form nanometer-sized silica particles throughout a polymerized
PDMS matrix.60, 61, 103, 104 To form the particles, an alkoxysilane precursor such as
tetraethylorthosilicate (TEOS), which is soluble in the polymerized PDMS, is first hydrolyzed.
Particles are then formed through the condensation of the hydrolyzed silanes. The condensation
reaction is generally catalyzed using either an acid or a base, shown below.105-113

Si(OR)4 + 2H2O ! SiO2 +4ROH.

This process should result in the generation of permanent free silanol groups at the
surface of the PDMS, thereby, increasing the EOF and the wettability and decreasing the
absorption of hydrophobic materials into the PDMS. Particle formation in the bulk PDMS
should also allow for irreversible sealing of PDMS with another piece of PDMS to form
enclosed channel structures. Finally, the silanol groups on these particles should allow the wide
range of surface modifications developed for glass to be used on these modified PDMS devices.
The use of sol-gel processes to generate SiO2 particles in PDMS polymers has been
studied extensively by Mark’s group over the past 20 years with the aim of creating better
PDMS-based materials.105-113 Incorporating silica into “pure” PDMS substantially increases the
tear strength of the resulting material making it commercially viable for a variety of applications.
In fact, modern commercial varieties of PDMS, such as Sylgard 184, contain about 40% silica by
weight.114 To homogeneously distribute the silica in commercial prepolymer formulations,
however, it must first be neutralized by trimethylsilating the surface.113, 115 These commercial
polymer formulations, therefore, should contain no active silanol groups; and this has been
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confirmed using IR spectroscopy.68 While present day commercial formulations of PDMS
contain neutralized silica particles preformed in the prepolymer, some of the initial reports
examining the effects of silica fillers on the mechanical strength of PDMS generated silica
particles in situ in polymerized PDMS using sol-gel processes.105, 108, 109, 111 We report on the use
of such a process to synthesize silica particles throughout a PDMS microchip. We also report on
the physical characterization of the SiO2 modified PDMS polymer and on the electrophoretic
separation characteristics of devices made from this modified polymer.

3.3 Experimental for Silica Modified PDMS
Chemicals. Sodium dihydrogen phosphate, disodium hydrogen phosphate, potassium

chloride, sodium tetraborate, and all amino acids were obtained from Acros Organics.
Ethylamine was purchased from Sigma Chemical Co. (St. Louis, MO). Commercial PDMS
(Sylgard 184) was obtained from Dow Corning (Midland, MI). Tetraethylorthosilicate (TEOS)
was obtained from Gelest (Morrisville, PA). All of the chemicals were used as received.
Tetramethylrhodamine succidimidyl ester (TAMRA) and fluorescein-5-isothiocyanate (FITC)
were obtained from Molecular Probes (Eugene, OR).
All of the amino acids were individually derivatized with TAMRA or FITC by
dissolving 0.5 mg of the TAMRA or FITC in 100 µL dimethylsulfoxide (DMSO) and adding this
solution in a 1 to 9 ratio to a solution of an amino acid in 150 mM sodium bicarbonate (pH
9.0).116 The amino acids in the final labeling cocktail were at a concentration of 10 mM and in ~
10-fold molar excess to the dye. All solutions were made using distilled, deionized water from a
Barnstead Nanopure System (Dubuque, IA) and then filtered through 0.45 µm Acrodiscs
(Gelman Sciences; Ann Arbor, MI).
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3.3.1 Masks.
Photomasks were generated using a photoplotting process at 8,000 dpi by The Photoplot
Store (Colorado Springs, CO). The mask designs were created in AutoCAD2000LT (Thomson
Learning; Albany, NY) and sent to The Photoplot Store for translation and fabrication.
Two different masks were used to fabricate the chips that were used to obtain the results
reported below. For the EOF measurements, a simple straight line was used. The line was 25
µm wide and 3 cm long. For the separations a cross-shaped mask was used. The dimensions for
the cross are shown in Figure 3.2. The line widths were again 25µm.

Figure 3.2 Schematic of Cross Chip used for Amino Acid Separations. The analyte, buffer,
analyte waste, and separation waste reservoirs are designated as SR, BR, SW, and BW,
respectively.

3.3.2 Molds.
The negative molds used for casting the microchips were fabricated in SU-8 2015
negative photoresist (Microchem Corp.; Boston, MA). To create the SU-8 molds, glass slides
(12553; Fisher Scientific, Pittsburg, PA) were thoroughly cleaned by sonicating in deionized
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water and then rinsed with a mixture of ethanol and glacial acetic acid. SU-8 was spin-coated
onto the glass slides as specified by the manufacturer to give a 20 µm thick layer. The spincoated SU-8 slide was pre-exposure baked for 2 min at 60ºC followed by a 95ºC baking for 3
min. The pre-baked SU-8 slide was covered with the photomask and placed under a flood
exposure system (ThermoOriel; Stratford, CT) for 5 s at a power of 45 mJ/cm2. The exposed
SU-8 slide was post-exposure baked at 60ºC for 2 min and then at 95ºC for 3 min. The pre
exposure bake is aimed at slowly evaporating the solvent in the photoresist, while the post
exposure bake is aimed at helping reduce cracking in the features. The SU-8 was next developed
by agitating for 3 min in SU-8 developer (Microchem Corp.). Finally the developed mold was
rinsed with ethanol and blown dry with compressed argon gas.

3.3.3 PDMS chip fabrication.
The Sylgard 184 elastomer was constituted and activated as specified by the
manufacturer and degassed for 1 hr. Part of this mixture was poured on an SU-8 mold and
another part on a clean microscope slide (the blank). After curing for 10 min at 80ºC, both parts
were carefully and slowly peeled off the mold and blank. The two pieces of PDMS were then
conformally contacted and placed in the oven at 95ºC. After approximately 5 hrs, the chips were
removed from the oven and soaked in TEOS. During the first 5 min of the soaking process the
chips were shaken and swirled. If this was not done, the chips would adhere to the surface of the
glass container and uneven absorption of TEOS would occur, resulting in the warping of the
chips. After 30 min, the chips were removed from the TEOS solution and added to a 2.8% (v/v)
solution of ethyl amine in ultrapure H2O. After 15 hrs, the chips were removed, rinsed for 1 min,
with ultra pure H2O, and placed in an oven at 95ºC for 1 hr. After the chips were removed from
the oven, holes were bored at the termini of the channels using a cork borer. Finally, the finished
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chips were contact sealed against a hydrolyzed glass slide to form the bottom of the reservoir.
The channel dimensions of the finished chips were 18 µm deep and 30 µm wide. The channel
lengths were nominally the same as that for the original masks.
The chips were prepared for use by pulling either sodium borate buffer or sodium
phosphate buffer (pH between 7.5-9.5) through the channels for 5 min and leaving that buffer in
the channels for 2 hrs.

3.3.4 Contact Angle measurements.
A homemade device was used to image water drops and measure the contact angle. It
consisted of a Nikon stereoscopic zoom microscope (SMZ1500), a sony CCD color video
camera (SSC-DC50A) and an in house machined platform equipped with a mirror at a 45û angle.
The 45û angle of the mirror allowed the water droplet to be imaged from the side. The material
upon which the contact angle measurements were to be made was placed on the platform. A
5µL drop of water was then placed on the material and allowed to rest on the surface for 1 min.
After 1 min an image was taken. The contact angle was measured by drawing a line tangent to
where the drop’s edge met the surface. The angle that the line made with the surface was then
measured with a protractor.

3.3.5 Rhodamine B absorption measurements.
Rhodamine B at a concentration of 10 µM in a 25 mM (pH 9.5) sodium tetraborate
solution was pulled through the channels of both Sylgard 184 and PDMS-SiO2 chips. The chips
were then imaged at 0, 1 and 4 hrs using a Nikon Eclipse TE2000E microscope with an epiillumination attachment, a scientific grade CCD camera (Princeton Instrument’s MicroMax;
Roper Scientific; Trenton, NJ), and a Sony CCD color video camera (SSC-DC50A). IgorPro
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(Version 4.0.7.0; Wavemetrics; Lake Oswego, OR) was used to create the fluorescence profiles.
Between measurements, the chip was kept in the dark to minimize photobleaching.

3.3.6 TEM Sample Preparation.
One millimeter cubes of sample were infiltrated for 24 hrs at room temperature with an
LR White Embedding Resin (Electron Micrsocopy Sciences(EMS)). Samples were placed in #3
beam capsules (EMS) and filled with resin. The samples were then cured for 24 hours at 70ºC.
After curing, the samples were trimmed and sliced into ultrathin sections on a Reichert Ultracut
S microtome (Leica Microsystems; Bannockbum, IL) using a diamond knife. The ultrathin
sections were placed on 200 mesh copper grids (EMS) and imaged on an FEI CM 100 TEM at
100 kV(FEI Company; Hillsboro, OR). Digital images were captured using a Kodak 16I camera
(Advanced Microscopy Techniques, Corp.; Danvers, MA) with AMT Advantage software
(Advanced Microscopy Techniques).

3.3.7 Weight measurements.
Prior to the sol-gel treatment the PDMS chips were dried at 95ºC for 30 min and then
weighed. After the SiO2 had been precipitated within the PDMS, the chips were re-dried at 95ºC
for 35 min and reweighed.

3.3.8 Young’s modulus measurement.
Stress-strain measurements were made on dumbbell shaped molded samples which
measured 9.5 cm x 1 cm x 0.25 cm. One end of the sample was attached to the ceiling by a wire
and on the other end a weight was attached. The weight was increased until the sample
fractured. The elastic modulus was calculated on the linear portions of the stress-strain plots.
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3.3.9 Hardness.
A Durometer (Instron; Canton, MA) was used to measure the Shore hardness of both the
Sylgard 184 and the PDMS-SiO2 polymers.

3.3.10 i-E curves.
To assess any changes in the heat dissipation capabilities of the PDMS-SiO2 devices
compared to PDMS devices, current-voltage plots were made. A 10 mM (pH 9.5) sodium borate
buffer was used for these experiments, and the plots for both types of devices were the same and
linear up to about 1100 V/cm. To ensure that no Joule heating occurred for the EOF
measurements reported below, all of the EOF measurements were made at an electric field
strength of 300 V/cm. This is illustrated in Figure 3.3.
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Figure 3.3 Plots of current versus field strength for both PDMS and PDMS-SiO2 were
consistent with Ohm’s Law up to 1100 V/cm.
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3.3.1.1 EOF Measurements
Initial EOF measurements were made using the conductivity method described in the
Experimental Section where a 1 mM (pH 8.3) sodium phosphate/10 mM KCl buffer was
replaced by a 1 mM (pH 8.3) sodium phosphate/9 mM KCl buffer in the channel through
electromigration. The initial electroosmotic mobilities (EOM) measured on the PDMS-SiO2,
PDMS, and glass microchips were (8.3 ± 0.2) × 10-4 cm2/(V·s) (RSD = 2.6%; n = 10), (4.21 ±
0.09) × 10-4 cm2/(V·s) (RSD = 2.2%; n = 10), and (5.3 ± 0.4) × 10-4 cm2/(V·s) (RSD = 7.7%; n =
5), respectively. For all of the values reported five replicate measurements were made on each of
"n" different chips. The results reported for PDMS-SiO2 and PDMS, therefore, are the average of
50 measurements each. The average measured EOF on the PDMS-SiO2 chips was 96% greater
than that on the native PDMS chips and 55% greater than that on glass chips. The values
measured for the glass and Sylgard 184 PDMS chips were within experimental error of those
reported in a previous investigation of PDMS.21 After 60 days of dry storage, the EOM was
measured at (7.6 ± 0.3) × 10-4 cm2/(V·s) (RSD = 3.9%; n = 3), a decrease of only 8% below that
of the initially measured value. Previous methods of increasing the EOM on PDMS chips using
plasma oxidation sources required that the "activated" channel walls remain in contact with an
aqueous solution to maintain the higher EOM's over time.38 The %RSD's obtained on the PDMSSiO2 chips were significantly better than those obtained on glass chips and similar to those
obtained on PDMS chips. The repeatability of these measurements indicates that this method of
surface modification is both robust and very reproducible.
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3.3.1.2 Electrophoretic Separations
The electrophoretic separations were performed in a 1 mM (pH 9.5) sodium tetraborate
solution. The samples were diluted 500 fold into the run buffer. The separations and gated
injections117 were performed using three independent and remotely programmable high voltage
(0-10 kV) power sources from EMCO (Sutter Creek, CA). The proper potentials to apply at each
reservoir were determined using Kirchhoff’s rules and Ohm’s Law.118 The injection times were
0.05 s.

3.3.1.3 Single point detection setup.
All experiments were performed using a single point detection system similar to that
previously described.119 In brief, laser induced fluorescence (LIF) detection of the analytes was
performed using either the 488 nm (FITC labeled amino acids) or 514 nm (TAMRA labeled
amino acids) line of a Melles Griot Argon ion laser (35-MAP-431-208; Carlsbad, California) as
the excitation source at a power of 8 mW. The 488 (or 514) nm laser beam was reflected off a
500 (or 560) nm long-pass dichroic mirror (500DRLP (or 560DRLP) Omega Optical;
Brattleboro, VT) and focused using a 40x objective (CD-240-M40X, Creative Devices;
Mechanic Station, NJ) into a small spot in the separation channel 3.5 cm below the cross
intersection. The fluorescence emission was collected with the same objective, passed through
the dichroic mirror, spatially filtered with a 1 mm pinhole (Oriel, Stratford, CT), and spectrally
filtered using a 545 (or 595) nm bandpass filter (545AF75 (or 595AF60); Omega Optical). The
signal was then detected with a photomultiplier tube (PMT, R1477; Hamamatsu Instruments,
Inc.; Bridgewater, NJ) and amplified using an SR570 low noise current preamplifier (Stanford
Research Systems, Inc.; Sunnyvale, CA) with a 100 Hz lowpass filter. The signal from the
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amplifier was sampled at 200 Hz using a PCI-6036E multifunction I/O card (National
Instruments, Inc.; Austin, TX) in a Dell computer (Round Rock, Texas).
The data acquisition and high voltage control software was written in-house using
LabVIEW (National Instruments). All data analysis was performed using Igor Pro.

3.4 Results for Silica Modified PDMS
3.4.1 Physical Characterization.
To create the PDMS-SiO2 chips, conformally bonded PDMS chips were first soaked in
TEOS followed by submersion in a basic aqueous solution. TEOS is soluble in cured PDMS and
so when the Sylgard 184 PDMS chip was placed in neat TEOS, the chip swelled to about 125%
of its initial size. After removal from the TEOS, the chip was placed into a 2.8%(v/v) aqueous
solution of ethylamine to catalyze the formation of the SiO2 particles. During this process the
chip quickly returned to its original size within ±1 µm and also became irreversibly sealed. After
removal from the ethylamine solution, the chip was dried and weighed. The weight of the new
PDMS-SiO2 chip increased by 3±0.2% (RSD = 7%; n = 5). To determine if this weight increase
was due to the formation of fused silica particles throughout the PDMS matrix, thin slices of the
PDMS-SiO2 material was imaged using TEM (Figure 3.4A and 3.4B). In these images, the
silica particles show up as darker spots because the particles have a higher electron density than
the bulk PDMS. Analysis of the images showed the particles to be about ~10 nm in diameter,
homogeneously distributed throughout the PDMS matrix,109, 111 and uniform in size. While no
gross deformation of the chips or channels were found, a slight change to the channel shape was
observed in photomicrographs of the channel cross-sections.(Figure 3.4C and 3.4D). This
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change in cross-section did not adversely affect the separation properties of the chip as discussed
below in the Separation section.

Figure 3.4 TEM and Optical Images of the PDMS and PDMS-SiO2 chips. TEM images of the
PDMS and PDMS-SiO2 are shown in A and B, respectively. Optical micrographs of the PDMS
and PDMS-SiO2 channel cross-sections are shown in C and D, respectively.

The Young’s modulus of the PDMS-SiO2 chips was measured and compared to that of
the native Sylgard 184 PDMS chips. An increase in the modulus of 49%, from 2.31 MPa for the
native PDMS chip to 3.43 MPa for the PDMS-SiO2 chip was seen. Figure 3.5 Although the
Young’s modulus for the PDMS-SiO2 was higher than that for PDMS, the shape and slope of the
stress-strain curve was still indicative of an elastomeric material.120 And while the PDMS-SiO2
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chips were stiffer than the native PDMS chips, they were still easily bendable and compressible.
The Durometer hardness for the PDMS-SiO2 was 70 versus 62 for the Sylgard 184 PDMS chips.
This change in hardness is particularly important in regard to the implementation of air
actuated valves on these devices. An increase in the modulus of 50% will require an increase in
actuation pressure of 50% for otherwise identical valves. Quake’s group has demonstrated air
actuated valves requiring a total force of 1 mN, or the application of 100 kPa over an area of 100
µm by 100 µm.71, 75 To actuate a valve of the same dimensions in PDMS-SiO2 would require
1.5mN or 150 kPa. This value is still quite reasonable and can be generated using the same type
of actuators and pressure sources used in previous PDMS valve work.
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Figure 3.5 Figure 3 Young's modulus measurements on PDMS (red traces, n = 3, top set) and
PDMS-SiO2 (blue traces, n = 4, bottom set).

Light transmission measurements of both the PDMS and the PDMS-SiO2 chips revealed
no significant difference in light transmission between 400 and 700 nm. At wavelengths < 400
nm, however, the scattering of light off the large number of closely spaced fused silica particles
in the PDMS-SiO2 chips significantly lowered the light transmission. This effectively limits
optical detection to the visible range of the electromagnetic (EM) spectrum; however, all reports
of optical detection on PDMS thus far have been between 400 and 700 nm.
One of the primary goals of this new fabrication method was to generate hydrophilic
channel wall surfaces. The “hydrophilicity” of the walls was assessed using both water contact
angle measurements and rhodamine B absorption measurements. Water contact angle
measurements revealed a difference of 18.3û between the native Sylgard 184 PDMS (108.5û) and
the PDMS-SiO2 (90.2û) chips. Figure 3.6 The water contact angle measured for the Sylgard 184
was the same as that reported previously.85 This change in water contact angle indicated that the
PDMS-SiO2 surface was substantially more hydrophilic than that of PDMS.

PDMS θ = 108û

PDMS-SiO2 θ = 90û
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Figure 3.6 Contact angles for PDMS and PDMS-SiO2.

Of more interest, however, were the rhodamine B absorption results. Figure 3.7 A-F shows a
series of images taken over a 4 hour period of both PDMS-SiO2 and PDMS microchips in which
a 100 µM concentration of RhB had been siphoned through the channels. As can be seen from
the images, there is significant absorption of RhB into the bulk of the PDMS microchip while the
absorption of RhB is completely inhibited in the PDMS-SiO2 chips. A more quantitative
comparison can be seen in Figures 3.7 G and H where the fluorescence intensity of a slice taken
through the channels can be seen. While the absorption of RhB was successfully stopped using
the PDMS-SiO2 chips, a small amount of surface adsorption still remained. This can be seen in
the “bat ears” in the intensity profiles where the fluorescent signal from the RhB adsorbed to the
channel surface is integrated along the vertical channel walls. RhB does adsorb to negatively
charged silica surfaces, and this is probably what is being seen in these images.121
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Figure 3.7 Rhodamine B Absorption Measurements. Images of PDMS (A-C) and PDMS-SiO2
(D-F) devices are shown. The channels on these devices are filled with 10µM Rhodamine B in a
10 mM (pH 9.5) sodium borate solution. The images were acquired over a 4 hour period.
Fluorescent profiles of the PDMS and PDMS-SiO2 channels are also shown in G and H,
respectively. These profiles were taken along the white dotted line in images A-F.

3.4.2 EOF Measurements.
Initial EOF measurements were made using the conductivity method described in the
experimental section where a 1mM (pH 8.3) sodium phosphate/10 mM KCl buffer was replaced
by a 1mM (pH 8.3) sodium phosphate/9 mM KCl buffer in the channel through electromigration.
The initial electroosmotic mobilities (EOM) measured on the PDMS-SiO2, PDMS, and glass
microchips were 8.3 ± 0.2 x 10-4 cm2/V•s (RSD = 2.6%, n = 10), 4.21 ± 0.09 x 10-4 cm2/V•s
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(RSD = 2.2%, n = 10) and 5.3 ± 0.4 x 10-4 cm2/V•s (RSD = 7.7%, n = 5), respectively. For all of
the values reported five replicate measurements were made on each of “n” different chips. The
results reported for PDMS-SiO2 and PDMS, therefore, are the average of 50 measurements each.
The average measured EOF on the PDMS-SiO2 chips was 96% greater than that on the Sylgard
184 PDMS chips and 55% greater than that on glass chips. The values measured for the glass
and Sylgard 184 PDMS chips were within experimental error of those reported in a previous
investigation of PDMS.68 After 60 days of dry storage the EOM was measured at 7.6 ± 0.3 x 104

cm2/V•s (RSD = 3.9%, n = 3), a decrease of only 8% below that of the initially measured value.

Previous methods of increasing the EOM on PDMS chips using plasma oxidation sources
required that the “activated” channel walls remain in contact with an aqueous solution to
maintain the higher EOM’s over time.85 The %RSD’s obtained on the PDMS-SiO2 chips were
significantly better than those obtained on glass chips and similar to those obtained on PDMS
chips. The repeatability of these measurements indicates that this method of surface modification
is both robust and very reproducible.
As we more commonly use borate buffers for separations, EOF measurements were also
made by displacing 25 mM Borate solutions with a 50 mM solution. Using the borate buffer
system, the EOM’s measured on the PDMS-SiO2, PDMS, and glass chips were 3.50 ± 0.07 x 104

cm2/V•s (RSD = 2%, n = 5), 2.1 ± 0.2 x 10-4 cm2/V•s (RSD = 7%, n = 10), and 3.3 ± 0.1 x 10-

4

cm2/V•s (RSD = 4%, n = 5), respectively. The EOM’s measured for the PDMS-SiO2 chips

were 64% greater than on the PDMS chips and 6% greater than on glass chips.

3.4.3 Separations.
To determine the separation characteristics of the new PDMS-SiO2 polymer, a series of
amino acid separations were performed. Two separate derivatizations were performed. In one
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set of derivatizations a hydrophilic dye – fluorescein isothiocyanate (FITC) – was conjugated to
the amino acids, in the other derivatization a hydrophobic dye – carboxytetramethylrhodamine
succidimidyl ester (TAMRA) - was conjugated to the amino acids. All other labeling conditions
were the same. These dyes represent two of the most common families of fluorescent dyes used
for amino acid and protein analysis. Figure 3.8 shows the separation of 3 FITC labeled amino
acids – Arg, Ser, and Glu - on both the Sylgard 184 PDMS and the PDMS-SiO2 chips. The
separation distance was 3.5 cm and the field strength applied was 650 V/cm. The migration times
(tm), separation efficiencies (N), and rate of plate generation (N/s) are shown in Table 2. Due to
the higher EOF, the separations on the PDMS-SiO2 chips were ~32% faster. The relative
standard deviation (RSD) of the migration times ranged from 1 to 1.6% for runs made on the
PDMS chips and 2.4 to 2.6% on the PDMS-SiO2 chips. The variation in migration time was
caused by the evaporation of the buffer in the solvent reservoirs. The solvent reservoirs punched
in these chips can only hold ~10 µL. With larger buffer reservoirs in future designs of these
chips such migration time variations should decrease. While the actual separation efficiencies
for both chips are excellent, the rate of plate generation is 22 to 80% higher on the PDMS-SiO2
chips. This increase is due primarily to the increase in EOF.
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PDMS

PDMS-SiO2

Analyte

tmig (s)

N

N/s

tmig (s)

FITC Arg(-2)

9.63

77,000

8,000

6.62

65,000

±0.15

±1,600

±0.17

±2,100

14.04

80,700

9.54

97,900

±0.14

±1,200

±0.25

±2,700

19.73

61,800

13.25

62,800

±0.20

±1,000

±0.35

±2,000

13.96

39,500

7.4

94,400

±0.15

±600

±0.16

±3,300

11.2

27,000

6.52

82,800

±0.20

±500

±0.19

±3,4000

FITC- Ser (-3)
FITC Glu (-4)
TAMRA -Ser( -1)
TAMRA-Pro(-1)

5,700
3,100
2,800
2,500

N

N/s
9,800
10,250
4,700
12,400
13,000

Table 2 Migration times, separation efficiencies, and rate of plate generation for fluorescently
labeled amino acids on PDMS and PDMS-SiO2 chips. Three replicate measurements were made
to obtain the average values and standard deviations reported above. The number in parentheses
next to the analytes are their nominal charges.

67

Figure 3.8 Separation of FITC labeled amino acids on PDMS (A) and PDMS-SiO2 (B) chips.
The concentration of the labeled amino acids was 2 M. The separation distance was 3.5 cm, and
the separation field strength was 650 V/cm.
Figure 3.9 shows the separation of 2 TAMRA derivatized amino acids. The separation

distance and field strength were the same as in the FITC separations. The migration times (tm),
separation efficiencies (N), and rate of plate generation (N/s) are shown in Table 2. Again, due
to the higher EOF exhibited on the PDMS-SiO2 chips, the separations are about 50% faster than
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on the Sylgard 184 PDMS chips. The migration velocities of the rhodamine labeled dyes are
faster than the fluorescein as they have 2 less negative charges than the fluorescein labeled dyes.

Figure 3.9 Separation of TAMRA labeled amino acids on PDMS (A) and PDMS-SiO2 (B) chips.
The concentration of the labeled amino acids, the separation distance, and the separation field
strength are the same as reported in Figure 3.5.

The relative standard deviation of the migration times ranged from 1.1 to 1.8% for runs
made on the PDMS chips and 2.1 to 2.9% on the PDMS-SiO2 chips. Again the small buffer
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reservoirs were responsible for the variations seen in migration times. The advantage of having
the hydrophilic surface on the PDMS-SiO2 microchips can especially be seen with these analytes
which have been derivatized with a hydrophobic dye. The absolute separation efficiencies are 2
to 3 times greater on the PDMS-SiO2 than on the PDMS (Sylgard 184) chips. In addition, the
rate of plate generation is > 4 times better on the PDMS-SiO2 chips. In the case of the TAMRA
dyes, the improvement in the rate of plate generation is not solely due to the increase in EOF;
rather the walls of the PDMS-SiO2 chips generate significantly less analyte adsorption.
To quantify the decrease in analyte absorption, the apparent diffusion coefficient of
TAMRA-serine was measured on both chips through a series of runs made at different detection
distances – 2.1, 2.5, 2.9, 3.3 and 3.7 cm. Assuming only random processes are leading to the
band broadening, a plot of spatial peak variance versus migration time will result in a slope
which is twice that of the apparent diffusion coefficient (σ2 = 2Dt).122 The apparent diffusion
coefficients measured for TAMRA-Serine on the PDMS (Sylgard 184) and PDMS-SiO2 chips
were 6.0±0.5 x 10-6 cm2/s and 4.1±0.2 x 10-6 cm2/s, respectively. The apparent diffusion
coefficients are “apparent” because they are being measured in a flowing stream driven either by
pressure driven or electroosmotic flow. The diffusion coefficient measured for the PDMS chip
was much higher than the diffusion coefficient measured for the PDMS-SiO2 indicating a
reduction in the band broadening caused by adsorption to the surface. These calculations are
illustrated in Figure 3.10 The apparent diffusion coefficient measured for the TAMRA-Serine
on the PDMS-SiO2 chip is within ~15% of previously reported diffusion coefficient values for
similar rhodamine labeled amino acids indicating that the separation on PDMS-SiO2 chips is
effectively diffusion limited.122 It is the decrease in analyte adsorption/absorption coupled with
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the higher EOF which leads to the significantly improved separation efficiencies on the PDMSSiO2 chips.

Figure 3.10 Plot of migration time vs peak variance of TAMRA-serine on PDMS microchips
(circles) and PDMS-SiO2 microchips (squares).

3.4.4 Mold robustness.
The SU-8 molds used to cast the PDMS chips against proved to be extremely robust
lasting for at least a hundred replications before the fidelity of channel walls began to diminish.
We generally observed losses in separation efficiency from chips cast against the same SU-8
mold after about two months of continuous use. These losses in separation efficiency were due to
increased surface roughness of the mold.

3.4.5 Conclusion
Using a sol-gel method we have fabricated poly(dimethylsiloxane) (PDMS) microchips
with SiO2 particles homogeneously distributed within the PDMS polymer matrix. These
particles are ~ 10 nm in diameter. To fabricate such devices, PDMS (Sylgard 184) was cast
against SU-8 molds. After curing, the chips were carefully removed from the mold and sealed
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against flat, cured pieces of PDMS to form enclosed channel manifolds. These chips were then
solvated in tetraethylorthosilicate (TEOS) causing them to expand. Subsequently, the chips were
placed in an aqueous solution containing 2.8% ethylamine and heated to form nanometer-sized
SiO2 particles within the crosslinked PDMS polymer. The water contact angle for the PDMSSiO2 chips was ~ 90.2û compared to a water contact angle for Sylgard 184 of ~108.5û. More
importantly, the SiO2 modified PDMS chips showed no rhodamine B absorption after 4 hours
indicating a substantially more hydrophilic and non-absorptive surface than native PDMS.
Initial electroosmotic mobilities (EOM) of 8.3 ± 0.2 x 10-4 cm2/V•s (RSD = 2.6%, n = 10) were
measured. This value was approximately twice that of native Sylgard 184 PDMS chips 4.21 ±
0.09 x 10-4 cm2/V•s (RSD = 2.2%, n =10) and 55% greater than glass chips 5.3 ± 0.4 x 10-4
cm2/V•s (RSD = 7.7%, n = 5). After 60 days of dry storage, the EOM was 7.6 ± 0.3 x 10-4
cm2/V•s (RSD = 3.9%, n = 3), a decrease of only 8% below that of the initially measured value.
Separations performed on these devices generated 80,000 to 100,000 theoretical plates in 6 to 14
s for both TAMRA and FITC derivatized amino acids. The separation distance was 3.5 cm.
Plots of peak variance vs. analyte migration times gave diffusion coefficients which indicate that
the separation efficiencies are within 15% of the diffusion limit.
In conclusion, we have reported a facile, robust, and reproducible method of modifying
the channel wall surfaces of PDMS. This method leads to increased and stable EOF’s. It also
improves wettability and minimizes the absorption of hydrophilic analytes into the bulk material.
In the future we will describe a variety of surface modifications that can be made on these
devices using silanol-based chemistry.

3.6 Thin Sol-Gel Films Using the “Coat and Go” Technique
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3.6.1 Introduction to Coat and Go
In addition to the sol-gel method described above we also investigated a technique that is
capable of placing a sol-gel thin film with a depth of ~ 1 µm on the PDMS capillary sidewalls.
This technique is analogous to the spin or dip coating techniques used in photolithography, only
it is performed in this case on capillaries. The unique surface area to volume ratios, and surface
tension of the coating assist in producing more cylindrical channels, shown schematically on
Figure 3.11. The depth of the film will greatly depend on the orientation of the film to the square

channels.

Figure 3.11 Left: A profile of a square PDMS channel prior to coating, Right: A profile of a
square PDMS channel after it has been coated with a sol-gel film. The surface tension of the
coating tends to form cylindrical profiles for the square PDMS channels, thus the thickness of the
film that is formed depends on the orientation to the square side wall.

A number of different films can be generated using this method. The atomic composition
can be modified by using different precursors, or the physical properties can be modified by
changing the processing characteristics (e.g. gelation time, or drying conditions). The reaction
scheme is diagrammed in Figure 3.12. The sol-gel that is synthesized in this reaction is also
catalyzed by oxygen. Capped under nitrogen or inert gas it does not react to form a sol and then a
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gel. It can also be spin coated on glass or other substances and polymerized at room temp. It is
hypothesized that the PDMS monomer assists in non-covalent adsorption of the sol-gel to the
surface of the PDMS channel.
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Figure 3.12 The reaction between the tin catalyst, the hydroxyl functionalized PDMS and
APTES is shown. The reaction is oxygen sensitive.
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3.6.2 Experimental Coat and Go
To perform a coating using this method the following mixture was constituted: 1.5g Tin
Catalyst: dibutyllaurin (DBTL), 1.5g Crosslinking agent (ethylsilicate), 1.4g APTES. This yields
about 1 crosslinker for every 4 APTES molecules. This solution was placed in the reservoirs of
the PDMS chip and a vacuum at ~ 100 kPa was applied to pull the solution through the channels.
After the channel was coated the channel was dried at room temperature for 1 hr, and used in
EOF measurements and electrophoretic separations. To perform a coating using another
derivative substitute either one of the following reagents for APTES in the reaction scheme
shown above, mixed in similar molar ratios of 1:4: 2-[Methoxy(polyethyleneoxy)propyl]
heptamethyltrisiloxane, (Heptadecafluoro- 1,1,2,2- Tetra-hydrodecyl)triethoxysilane or 3mercaptopropyltriethoxysilane.

3.6.3 EOF measurements
EOF measurements were performed using the methods previously mentioned. Initially
we studied the APTES derivitization as it was simple to validate the presence of the amine at low
pH as it would reverse the EOF. This study involved 3 channels coated with APTES and
monitored over the period of a week, shown in Figure 3.13. The coatings changed in EOM
between 5-35% over the period of 6 days, although the first 48 hrs were very reproducible with
%RSD’s less than 5%.
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Figure 3.13 Durability tests of the APTES derivitization on the PDMS surface using the coat and
go coatings. The conditions used for this measurement were 25 mM sodium borate with a field
strength of 300 V/cm. A higher conductivity buffer of 50 mM sodium borate was used to
measure the EOF.

3.6.4 Solid Phase Monoliths Fabricated Using Sol-Gel Tin Catalysis
In addition to coating PDMS channels using this reaction it was also possible to generate
a number of stationary phase monoliths. For instance, in Figure 3.14, demonstrates a thiol
stationary phase using a similar reaction in Figure 3.12, with the only difference being the
substitution of thiol-trimethoxysilane for aminopropryltriethoxysilane. These monoliths have the
potential of being used for a number of novel separation schemes.
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Figure 3.14 Thiol stationary phase generated using sol-gel chemistry on a PDMS microfluidic

device.

3.6.5 Separations on PDMS coated channels
A number of separations were also performed on PDMS microchips coated using this
technology. A series of fluorescein labeled amino acids were separated on the native PDMS,
PEG coated PDMS and perfluoro coated PDMS, and is shown in Figure 3.15. The fluorine
derivitized surface appears to chromatographically react with proline, which tends to broaden
this peak with relation to proline separated on both PDMS and PDMS-PEG. Since the PEG
coated channels have a much slower EOF the migration times of each of the amino acids is much
slower using this coating. The longer migration times allow for better resolution between both
serine and proline on the PDMS-PEG coated chip, in comparison to the resolution between
serine and proline for the native PDMS chip. The migration order for each of the amino acids
was identical for all the coatings. Differences in electroosmotic flow and efficiencies were the
variables of interest for these electrophoretic separations.
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Figure 3.15 Separations of FITC labeled amino acids on a variety of coated PDMS microfluidic

channels.

78

CHAPTER 4 - Sol-Gel Transition Metal Modified PDMS
4.1 Introduction
We report the coating of poly(dimethylsiloxane) (PDMS) microchannels using transition
metal sol-gel chemistry and the subsequent characterization of the coatings. The channels were
created using soft polymer lithography and three metal alkoxide sol-gel precursors were
investigated - titanium isopropoxide, zirconium isopropoxide and vanadium triisobutoxide oxide.
The metal alkoxides were diffused into the sidewalls of a PDMS channel and subsequently
hydrolyzed using water vapor. This procedure resulted in the formation of durable metal oxide
surfaces of titania, zirconia or vanadia. The resulting surfaces were characterized using contact
angle, X-ray photoelectron spectroscopy (XPS), Raman, transmission electron microscopy
(TEM), scanning electron microscopy (SEM), atomic force microscopy (AFM) and
electroosmotic mobility (EOM) measurements. All of the metal oxide modified PDMS surfaces
were significantly more hydrophilic than native PDMS. Contact angles for the coatings were 90º
for PDMS-ZrO2, 61º for PDMS-TiO2 and 19º for vanadia-PDMS. XPS showed the presence of
titania, zirconia and vanadia on the PDMS surface. XPS spectra also showed no chemical
modification of the PDMS after the in situ deposition of the particles either in the Si-O, Si-C or
C-H bonds of the PDMS. The particles deposited in situ were imaged with TEM and were found
to be homogenously distributed throughout the bulk of the PDMS. EOM measurements of the
inorganic coatings were stable over the period of at least 95 days. Both cathodic and anodic
EOM’s could be generated depending upon buffer pH used. The point of net zero charge for
79

PDMS-TiO2, PDMS-ZrO2 and PDMS-vanadia channels were calculated using EOM vs. pH
measurements and were found to be 4.1 ± 0.25, 6.1 ± 0.2 and 7.0 ± 0.43, respectively. In addition
to modifying PDMS channels with inorganic coatings these inorganic coatings were derivatized
with various organic functionalities including oligoethylene oxide (OEO), amino, perfluoro or
mercapto groups using silane chemistry. Contact angle measurements for perfluoro, mercapto,
amino and OEO coated surfaces yielded contact angles of 120º, 76º, 45º and 23º, respectively.
These contact angles did not change over the period of 95 days. OEO coated channels reduced
the EOM by 50% from native PDMS-TiO2 to 0.9 x10-4 ± 0.05 (n=5, 5.5 %RSD).
The advent of mesostructured materials in the early 1990’s and the simultaneous
development of in situ reinforced polymeric composites by sol gel processes have been the
subject of intense scientific and technological interest.123-128 High performance and multifunctional materials have been reported to have many advantages.129 Numerous applications
including catalysis,130-134 electronics,135 sensors and photovoltaic devices136, 137 have contributed
to the technological interest in these materials. New organic-inorganic hybrid materials have
been created using a wide array of synthetic approaches. The routes for synthesis of these
materials often use common and well known methods of sol-gel chemistry consisting of the
hydrolysis and condensation of appropriate alkoxy compounds within an organic polymer or
template matrix.125, 127, 138 Typically tetraethylorthosilicate (TEOS) is used to generate silica, but
many transition metal alkoxides can also be used to form their corresponding oxides.
Poly(dimethylsiloxane) (PDMS) is extensively used in replica micromolding applications
including the fabrication of low cost, disposable microfluidic devices. The ability of PDMS to
serve as a useful substrate for microfluidic fabrication extends from advantages such as 1) high
gas permeability, 2) good optical transparency, 3) moldability, 4) non-toxicity or
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biocompatibility, 5) low curing temperature, and 6) ease of sealing with other materials.14, 51, 139142

Although PDMS has many advantages there are some physical properties that limit its broad

application. PDMS is hydrophobic and small hydrophobic molecules, biopolymers and cells all
irreversibly adsorb to the surface.49 In addition the small hydrophobic molecules will also
actually absorb into the bulk PDMS. Another limiting factor is the lack of reactive functional
groups at the surface of PDMS that can be used to modify the surface chemistry in a manner
similar to the silanol chemistry that can be performed at the surface of silica capillaries and
channels to form stable coatings for open capillary electrophoretic chromatography (OCEC) and
other separation modes.32, 143
Several methods have recently been reported to modify the surface of PDMS
microchannels to make them more amenable for separations. Oxidation by a plasma discharge
has been widely reported as a means of creating silanol functional groups at the surface of
PDMS.51, 141 These groups can then be used to attach 3-aminopropyl and 2-(4chlorosulfonylphenyl) groups9, 52, 144 using simple silanol condensation chemistry. These
modified surfaces were shown to improve both the electroosmotic flow properties of the
microchip alongside with the operational lifetime.52 Surface oxidation has also been followed by
the use of free radical chemistry for the attachment of acrylic acid, acrylamide,
dimethylacrylamide, 2-hydroxyethylacrylate and poly(ethylene glycol) monomethoxyacrylate.90,
145, 146

Additionally, surface oxidation has been followed by atom transfer radical polymerization

for the attachment of acrylamide and poly(ethylene glycol).95, 147-149 Covalent modifications that
do not use coronal discharge or plasma have also been developed. Examples of such
modifications include surface oxidation through the use of cerium(IV) and nitric acid for the
attachment of acrylamide150, 151 and chemical vapor deposition for the attachment of poly-(para-
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xylylene carboxylic acid pentaflorophenylester-co-para-xylylene).99, 152 In addition to the
covalent modifications several noncovalent modifications have also been described for PDMS
surfaces. Some of these noncovalent modifications include the addition of ionic surfactants,49, 153
proteins128 and polyelectrolyte layers (PEL).51, 154 Unfortunately, most of these modified PDMS
surfaces recover their original hydrophobicity with aging and do not serve as devices that can be
used over extended periods of time.155
The physical properties of PDMS can be extensively modified using sol-gel chemistry.
The use of sol-gel processes to generate SiO2 and TiO2 particles in PDMS polymers has been
studied extensively by Mark’s group over the past 20 years with the aim of creating better
PDMS-based materials.109, 111, 113, 123, 125-127, 156, 157 Most recently PDMS has been used as a
template for the synthesis of metal oxide spheres, bowls, and network structures.158 We have
been using such sol gel processes to modify cured PDMS surfaces as opposed to the bulk
prepolymerization modifications studied by Mark’s group, and to use these processes as an
alternative to the PDMS surface modifications currently available. The chemical modification of
PDMS using these sol gel methods is advantageous for several reasons, including: 1) the high
density of precipitated particles, 2) the homogenous distribution of particles near the surface and
3) the stable surface chemistry.138 Fabrication of microfluidic devices using in situ precipitation
is favorable because it retains the positive attributes of PDMS as an excellent substrate for
replica micromolding but also allows for post fabrication modification of the surface properties
of PDMS. In situ precipitation also avoids other problems associated with the addition of
additives such as “structuring” or “crepe hardening” where premature gelation can cause
problems in the curing process.125 We have previously shown that silica modified PDMS
microfluidic devices can be fabricated using common silica sol gel chemistry.159 That work
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illustrated the advantages of using sol-gel modified PDMS surfaces in microfluidics. The silica
surface substantially increased electroosmotic flow, reduced the surface hydrophobicity,
eliminated Rhodamine B absorption, and consequently increased the separation efficiencies of
the devices.
Other than silica, there are several different inorganic compounds that can be imbedded
within PDMS using sol gel methods. Some of these include the oxides of aluminum, germanium,
hafnium, titanium, vanadium or zirconium. The acid-base characteristics of the metal oxides
depend on the periodic properties of the metal. Zirconia and titania have been reported to be
relatively basic compounds as compared to silica. The pI’s of the rutile phases of TiO2, ZrO2 and
silica have been calculated at 4.7, 6.7 and 1.8, respectively.160 The differences in acid base
properties of metal oxide coated capillaries will have effects on the ζ potential of the surfaces
and, consequently, the zero net charge. Materials that have a wider range of ζ potentials have the
potential to provide alternatives that broaden the application range for microfluidic devices. The
ζ potential for both PDMS and silica capillaries have been thoroughly studied. PDMS and silica
exhibit low positive EOMs for solutions with pHs of ~ 2.49, 161-163 Modifying the ζ potential of
silica capillaries using active agents, buffer pH, buffer composition, temperature or chemical
derivatization has been reported164-166. In addition to these modifications, silica capillaries have
been coated with titanium oxide,167-169 aluminum oxide,168 zirconia oxide,170, 171 and magnesia
zirconia oxide172 in attempts to modify the ζ potential. These modifications show that it is
possible to achieve a zero net charge on modified silica capillaries in the pH range from 5-7.
Lysozyme CE separations on these modified capillaries in a buffer near the zero net charge of the
capillaries were achieved with an efficiency of 20,000 N/m.168
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Although sol gel modified PDMS increases the range of hydrophobicities and ζ potentials
available in PDMS microchannels, it would be advantageous to be able to further modify the
surface with any chemical functionality. Fortunately the surfaces generated by these inorganic
coatings have the potential to be further functionalized using silanol condensation chemistry.
Many of these techniques and reactions have been optimized in silica substrates. For instance,
tri-functional organosilane reagents have been deposited on metal oxides and glass to create
dense films.173, 174 These films deposited on glass have been used for reversed phase chemical
separations.175 Examples of silanol condensation coatings on silica microchips include the use of
(octadecyl)trimethoxysilane for OCEC,32 (3-aminopropyl)triethoxysilane143 for use in liquid
chromatography of basic proteins176, 177 and 3-glycidoxypropyltrimethoxysilane178 for use in
CZE protein separations. Alternative functionalities such as OEO or fluorinated triethoxysilanes
may also be useful as capillary/channel wall coatings, especially on PDMS microchips. OEO has
been documented as being extremely resistant to protein adsorption and when used as a self
assembled monolayer or polymer it is biocompatible and useful for protein separations yielding
efficiencies up to 290,000 N/m.35, 179, 180
This paper reports a sol-gel method for introducing metal alkoxy precursors into PDMS
channels that allows for the creation of fast and efficient inorganic coatings on PDMS channel
surfaces. These coatings were effective at modifying the hydrophobicity of the PDMS along with
the ζ potential by incorporating different types of solid oxides onto the surface of the PDMS
channels. The properties of the modified PDMS microchannels were examined using XPS,
Raman, EOM, TEM, SEM and contact angle. Additionally, we further functionalized these metal
oxide surfaces with OEO, 3-aminopropyl-, thiol and perfluoro- groups.

4.2 Experimental Section
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4.2.1 Reagents.
Titanium isopropoxide, zirconium isopropoxide, vanadium triisobutoxide oxide,
heptadecafluoro- 1,1,2,2- Tetra-hydrodecyl-triethoxysilane, 3-mercaptopropyltriethoxysilane and
2-[methoxy(polyethyleneoxy)propyl]-trimethoxysilane (OEO) were purchased from Gelest
(Morrisville, PA) and stored in a dessicator at 25ºC. The 3-aminopropyltriethoxysilane (APTES)
was purchased from Aldrich (St. Louis, MO). Commercial PDMS (Sylgard 184) was purchased
from Dow Corning (Midland, MI). Sodium tetraborate, sodium phosphate and 2-propanol were
purchased from Acros Organics (Geel, Belgium). All solutions were made using distilled,
deionized water from a Barnstead Nanopure System (Dubuque, IA) and subsequently filtered
through 0.45 µm Acrodiscs (Gelman Sciences, Ann Arbor, MI). All chemicals were used as
received.

4.2.2 Microchip Fabrication and Surface Modification.
The Sylgard 184 elastomer was constituted and activated as specified by the
manufacturer and degassed for 1 h. Part of this mixture was poured on an SU-8 mold and another
part on a clean microscope slide (the blank). After curing for 10 min at 80 ºC, both parts were
carefully and slowly peeled off the mold and blank. The two pieces of PDMS were then
conformally contacted and placed in the oven at 95 ºC. After 90 min at 95 ºC the PDMS chips
were removed and cooled to 25 ºC. Reservoirs were made at the termini of the channels using a
disposable biopsy punch obtained from Premier Medical Products (Plymouth Meeting, PA). The
PDMS channel was initially filled with reagent grade 2-propanol by applying a negative pressure
~ 50 kPa at one of the reservoirs while the remaining reservoirs were filled with 2-propanol. A
50% (v/v) solution of the metal alkoxide precursor and 2-propanol was prepared. The 2-propanol
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within the reservoirs was replaced with the 50% metal alkoxide solution and pumped through the
PDMS channels for 1 min. The reservoirs were then evacuated and the channels dried.
The functionalization of the inorganic coated channels with organic ligands was
optimized for each ligand. For APTES, the channel was rinsed with a 30% (v/v) ethylamine
solution in water for 30 min, after which a 30% (v/v) APTES in water was flowed through the
channel for 10 min. For OEO, perfluoro or thiol coatings, the channels were rinsed with a 30%
(v/v) ethylamine for 30 min, and followed by 50% (v/v) solutions of the functionalization groups
in deionized water.

4.2.3 Diffusion Measurements.
The diffusion of titanium isopropoxide into the sidewalls of a PDMS channel was
measured on a Nikon Eclipse TE2000E microscope with an attached scientific grade CCD
camera (Princeton Instrument’s MicroMax; Roper Scientific, Trenton, NJ). A 20 µm x 20 µm x 1
cm PDMS channel was prepared and initially imaged using white light. One end of the channel
was connected to a vacuum pump at a negative pressure of ~ 50 kPa. After introducing a 50%
(v/v) solution of titanium isopropoxide and 2-propanol, an image of the channel was taken every
second. IgorPro (Version 4.0.7.0; Wavemetrics, Lake Oswego, OR) was used to calculate
diffusion distances. Cross sections were obtained by slicing the PDMS channel vertically with a
steel razor blade, and then coating the transverse section with H-terminated PDMS monomers
obtained from Gelest (Morrisville, PA) to match the index of refraction and eliminate any light
scattering off striations located within the focal plane.
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4.2.4 Contact Angle Measurements.
A homemade device was used to image water drops and measure the contact angle. It
consisted of a Nikon stereoscopic zoom microscope (SMZ1500), a Sony CCD color video
camera (SSC-DC50A) and an in house machined platform equipped with a mirror at a 45û angle.
The 45û angle of the mirror allowed the water droplet to be imaged from the side. The material
upon which the contact angle measurements were to be made was placed on the platform. A 5µL
drop of water was then placed on the material and allowed to rest on the surface for 1 min. After
1 min an image was taken. The contact angle was measured by drawing a line tangent to where
the drop’s edge met the surface. The angle that the line made with the surface was then measured
with a protractor.

4.2.5 TEM Preparation.
PDMS was prepared in a 1:10 ratio and molded in 1 cm x 0.5 cm x 0.5 cm cubes. These
cubes were then soaked in either 50% (v/v) titanium isopropoxide in 2-propanol, 50% (v/v)
zirconium isopropoxide in 2-propanol or 50% (v/v) vanadium triisobutoxide oxide in 2-propanol
for 30 min to penetrate the entire depth of the PDMS block. One-millimeter cubes of sample
were infiltrated for 24 hrs at room temperature with an LR White Embedding Resin (Electron
Microscopy Sciences (EMS)). Samples were placed in #3 beam capsules (EMS) and filled with
resin. The samples were then cured for 24 hours at 70ºC. After curing, the samples were
trimmed and sliced into ultrathin sections on a Reichert Ultracut S microtome (Leica
Microsystems; Bannockbum, IL) using a diamond knife. The ultrathin sections were placed on
200 mesh copper grids (EMS) and imaged on an FEI CM 100 TEM at 100 kV (FEI Company;
Hillsboro, OR). Digital images were captured using a Kodak 16I camera (Advanced Microscopy
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Techniques, Corp.; Danvers, MA) with AMT Advantage software (Advanced Microscopy
Techniques).

4.2.6 XPS and Raman Measurements.
PDMS cubes were molded and treated in a manner similar to that reported for the TEM
preparation above. All spectra reported were recorded on a SPECS Sage100 spectrometer
operating in the fixed analyzer transmission (FAT) mode using achromatic Mg Kα (1253.6 eV)
radiation at 240 W (12kV and 20 mA) using a water-cooled X-ray gun cap. The water-cooled
cap reduced sample decomposition due to heat from the X-ray gun, as well as hydrocarbon
contamination.181 The base pressure of the chamber was ~2 x 10-8 Torr and the energy scales
were calibrated using copper182, 183 and the separation between photoelectron peaks generated by
Mg and Al Kα X-rays. Survey spectra were collected with a pass energy of 30 eV; a pass energy
of 15 eV was used for both core and valence band spectra. Spectra were calibrated by taking the
C(1s) peak due to residual hydrocarbon at 284.6 eV. Valence band spectra are reported after
removal of the Kα3,4 X-ray satellite features from the O(2s) region184 and a non-linear
background.185
FT-Raman spectra were collected on a Nicolet Nexus 670 with a Raman module (TermoOriel, MA). The system used a continuous wave Nd:YAG laser (1064 nm) and either a cooled
liquid nitrogen or InGaAs detector within the 4000-100 cm-1 range. The instrument was purged
with dry air and the laser power was kept in the range of 0.2-0.6 W with a data point spacing of
3.5 cm-1.
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4.2.7 Measurement of EOM.
EOM measurements were made on both the sol-gel modified PDMS chips and
unmodified chips using the previously reported conductivity method.49, 186, 187 The chip pattern
consisted of a simple straight channel. The length of the channels varied slightly from chip to
chip due to the error in boring the holes. The exact channel length was measured for each chip
using calipers. The channel was initially filled with a solution of 1 mM sodium phosphate/10
mM KCl buffer. This buffer was replaced by a solution of 1 mM sodium phosphate/9 mM KCl in
the anodic reservoir. The measurements were made over a series of pH’s. In addition to the
phosphate buffers we also used 25 mM and 50 mM sodium borate solutions, at a series of
different pHs. Voltage potentials of 300 V/cm were applied using a Spellman CZE1000
(Hauppauge, NY) resulting in the migration of the lower conductivity buffer into the channel due
to electroosmotic flow. This resulted in a linear decrease in conductivity as the higher
conductivity buffer was replaced by the lower conductivity buffer. Once the lower conductivity
buffer migrated to the cathodic reservoir the conductivity reached a constant value. Straight lines
were drawn on the two conductivity sections. Their intersection was used as the time for the
EOM measurements.

4.2.8 SEM and AFM Preparation.
The PDMS chips were dismantled by peeling the two layers of PDMS apart revealing the
interior of the inorganic coated PDMS channels. Samples were coated with 50 nm of aluminum
using the desk II sputter/etch unit (Denton Vacuum, LLC, Moorestown, NJ), and imaged on a
Hitachi Science S-3500N SEM (Hitachi Science Systems, Hitachinaka, Ibaraki, Japan). AFM
images were obtained using a Digital Instruments Multimode AFM with Nanoscope IIIa
Controller. The experiments were preformed in the deflection mode in dry air (RH ~ 20%) using
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etched silicon (TESP, Veeco) tips. Integral and proportion gains were set to 0.75 and 1.0,
respectively, with a scan rate of 1.00 Hz. Root-mean-square surface roughness values were
acquired from 10 x 10 µm images using the software provided with the instrument.188

4.3 RESULTS AND DISCUSSIONS
4.3.1 Fabrication of sol-gel modified PDMS microchips.
The channel coatings were fabricated using an “inside out” approach where the metal
alkoxide precursor was flowed through the channel and diffused into the sidewalls illustrated in
Figure 4.1A. Our previous work has demonstrated that tetraethoxysiloxane (TEOS) can be

diffused from the “outside in” and subsequently hydrolyzed and condensed within the bulk chip
to generate both channel surface and bulk modification of PDMS.159 Given the large index of
refraction of some of the metal alkoxy precursors it is possible to monitor their diffusion into the
sidewall of the channel using a light microscope. For example, as the titanium isopropoxide
diffuses into the walls of the channel an interface is formed and can be visualized with a
microscope. The rate at which the titanium isopropoxide diffused into the polymer was 2.6 µm/s
and appeared to be non-Fickian in behavior as shown in Figure 4.1B. A cross section of a PDMS
channel treated with the titanium isopropoxide reveals radial diffusion from the channel
developing a cylindrical zone with a higher index of refraction (n ~ 1.5) than the outer PDMS (n
= 1.465).189 Once the titanium isopropoxide was removed from the channel the zone of migration
would halt. Figure 4.2 shows a cross section of a 35 day old PDMS-TiO2 channel. The radius of
the sol-gel doped zone did not change over this time period. Depending upon the time for which
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the titanium isopropoxide precursor is left within the channel, sol-gel modified zones can be
constructed with radii of 25 µm and up.

Figure 4.1 A. Diffusion of titanium isopropoxide into the sidewalls of a 25 µm PDMS channel
imaged over a period of 5 seconds. As the titanium isopropoxide diffuses into the PDMS a
parallel interface is formed due to the differences in refractive index. B. Calculation of diffusion
rate of the titanium isopropoxide into the bulk PDMS polymer yielded a linear rate of 2.6 µm/s.

Figure 4.2 Radial diffusion of titanium isopropoxide from the capillary forming a horizontally
aligned waveguide.
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In addition to titania and zirconia, which produced transparent sol-gel zones, we also
investigated vanadia waveguides that were colored. The color is dependent upon the oxidation
state of the vanadia oxide. The vanadia waveguides would initially exhibit a sharp yellow shortly
after coating the PDMS channel with the vanadium alkoxy precursor. The yellow was followed
by a transition to blue and then to a dark green-blue over a period of 24 hrs. This color scheme
has been well documented in the literature as corresponding to the oxidation states of V2O5 (V+5,
yellow), VO2 (V+4, blue), V2O3 (V+3, blue-green) and VO (V+2, violet). From optical
observations, the final coating appeared to consist of both blue-green and violet colors which
would suggest primarily V2O3 and VO species.190

4.3.2 Characterization of Titania, Vanadia, and Zirconia Surfaces.
To determine the surface characteristics and effectiveness of these inorganic coatings, we
performed several different characterizations of both the bulk properties of the polymer along
with characterizations of the surface chemistry. Contact angle is a common way to calculate the
macroscale hydrophobicity of a surface. A reference contact angle of 110º was measured for
native Sylgard 184 PDMS. Contact angle measurements were also measured for PDMS-TiO2,
PDMS-ZrO2 and PDMS-vanadia yielding 61º, 90º and 19º, respectively. These contact angle
measurements reveal a significantly more hydrophilic surface than the native Sylgard 184
PDMS. Further, UV sensitized PDMS-TiO2 generated a contact angle of 20°. Over a period of 5
hrs, however, the contact angle of this UV sensitized PDMS-TiO2 would return to its original
value.
X-ray photoelectron surveys of both PDMS and modified PDMS were collected. Native
PDMS gave peaks at 532, 284 and 102 eV due to oxygen (1s), carbon (1s) and silicon (2p)
respectively. These results are very similar to previously reported spectra for native PDMS.191
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The XPS spectra for each modified PDMS exhibited two oxygen (1s) peaks at 532 and 531 eV
characteristic of the siloxane bonds of the PDMS and the metal oxide, respectively (Table 3).
The oxygen (1s) peak at 531 eV is indicative of the titania (Ti-O), zirconia (Zr-O) and vanadia
oxides (V-O) present at the surface of the PDMS modified material (Figure 4.3). Interestingly
the Si-O, Si-C and C-H bonds of PDMS did not change during the in situ precipitation of the
particles as evidenced by the constant peak location for the PDMS oxygen (1s), silicon (2p) and
carbon (1s) peak for all PDMS modified materials (Table 3). The valence band was observed in
each material and was found to consist of the Ti(3p) at 38 eV for PDMS-TiO2, Zr(4p) at 31 eV
for PDMS-ZrO2 and the V(3p) at 42 eV for PDMS-vanadia. Further spectral characterization of
the PDMS-TiO2 using Raman yielded broad peaks with maxima at 611 cm-1 and 426 cm-1 which
suggest that the phase of the imbedded TiO2 is amorphous in nature.

PDMS

PDMS-TiO2 PDMS-ZrO2 PDMS-VO2

532.2

532.2
531.0

532.5
530.9

532.2
530.9

Si(2p) (eV) 102.2

102.2

102.2

102.2

Si(2s) (eV) 153.5

153.5

153.5

153.5

C(1s) (eV)

284.8

284.8

284.8

284.8

V.B. (eV)

25.5 O(2s) 38 Ti(3p)

31 Zr(4p)

42 V(3p)

O(1s) (eV)

Table 3 X-ray photoelectron spectra of oxygen (1s) and carbon (1s), silicon (2s) and silicon (2p)
of PDMS and the PDMS transition metal oxides.
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Figure 4.3 XPS survey of PDMS, PDMS-TiO2 and PDMS-ZrO2 showing the O(1s) orbitals for
both Si-O-Si and metal oxides.

TEM images were taken of each modified PDMS material in an attempt to examine the
homogeneity of the particles precipitated within the PDMS (Figure 4.4). In these images, the
silica, titania, zirconia, and vanadia particles show up as darker spots because the particles have a
higher electron density than the bulk PDMS. Analysis of the images showed the silica particles
within the PDMS to be < ~10 nm in diameter, homogeneously distributed throughout the PDMS
matrix and uniform in size. The titania and zirconia particles were much smaller and appeared to
be more tightly packed together than the silica. The vanadia appeared to show the formation of
tightly packed wires or lines through the PDMS. This morphology was consistent with
previously reported electron microscopy studies.192
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Figure 4.4 Transmission electron microscopy images of metal oxide modified PDMS. A. PDMS,
B. PDMS-SiO2, C. PDMS-TiO2, D. PDMS-vanadia, E. PDMS-ZrO2.

95

The metal oxide modified PDMS was also examined for absorption and adsorption of
hydrophobic analytes such as Rhodamine B (RhB). Figure 4.5A-4.5E shows a series of images
of PDMS modified channels filled with a 100 µM concentration of RhB that had been siphoned
through the channels. As can be seen from the images there is significant absorption of RhB into
the bulk of the PDMS microchip while the absorption of RhB is completely inhibited in the
PDMS modified channels. Additionally, more hydrophilic coatings such as the vanadia-PDMS
were resistant to RhB adsorption and did not fluoresce when the solvent was removed from the
channel (Figure 4.5F).

Figure 4.5 Rhodamine B Absorption Measurements. Images of PDMS (A), PDMS-TiO2 (B),
PDMS-Vanadia (C), PDMS-SiO2 (D), and PDMS-ZrO2(E) devices are shown. The channels on
these devices are filled with 100 µM Rhodamine B in a 10 mM (pH 9.5) sodium borate solution.
The images were acquired over a 4 hour period. The PDMS-Vanadia device was pulled dry and
was shown to not display significant adsorption to the surface.

Finally, surface roughness of the channels was assessed by SEM and AFM (Figure 4.6).
Both coated and native PDMS channels have similar maximum vertical displacements of less
than 1 µm with an RMS roughness of 0.8 µm that indicate that the addition of the metal oxide
coating does not increase the intrinsic roughness of the surface. The actual thickness of the
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surface films on the walls of the PDMS was measured at 300 ± 200 nm (n = 3). This was done
by pulling a coated chip apart and measuring the thickness of the coating on the flat surface that
was originally used to seal the molded channel. The actual measurements were performed using
AFM.
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Figure 4.6 AFM images of PDMS and PDMS-TiO2 taken from the interior of a microfluidic
channel. (A) AFM 2D image of PDMS (10 m × 10 m), (B) AFM 2D image of PDMS-TiO2
(10 m × 10 m), (C) AFM 3D image of PDMS with each division equal to 2 m, and (D) AFM
3D image of PDMS-TiO2 with each division equal to 2 m.

4.3.3 Measurement of EOM in Titania, Vanadia, and Zirconia PDMS Channels.
We measured the EOM of TiO2-PDMS, ZrO2-PDMS, vanadia-PDMS, SiO2-PDMS,
native PDMS and borosilicate glass using 1 mM sodium phosphate and 10 mM KCl solutions at
a series of pH values ranging from 3 to 11 (Figure 4.7). The titania and zirconia modified PDMS
channels exhibit positive EOM’s that were not dependent on the pH of the buffer. The titania
coated PDMS gave an EOM of 2.14 ± 0.2 x 10-4 cm2/Vs (n=10, 9.3% RSD) for pH 3 while the
EOM of zirconia coated PDMS was 3.0 ± 0.14 x 10-4 cm2/Vs (n = 5, 4.6 %RSD) for a pH of 3.
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As the pH was incrementally increased no sigmoidal dependence on the EOM was observed. The
constant EOM versus pH suggests that the phosphate ion is adsorbing strongly to the titania and
zirconia modified PDMS surfaces. Previous reports indicated that titania and zirconia will adsorb
and react with buffer ions including phosphate.193 Titania, a common material used in implants,
has been extensively investigated for its calcium phosphate ion adsorption in physiological
solutions.194-198 In addition, electrophoretic studies in titania modified silica capillaries have
demonstrated that the adsorption of phosphate to the titania surfaces generates a positive EOM at
low pH’s primarily due to the negative charge that the phosphate ion imparts at the surface.167, 170

Figure 4.7 EOM measurements using 1 mM phosphate and 10 mM KCl solutions on transition
metal oxide modified PDMS, using field strength of 300 V/cm.
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The EOM of native PDMS, in contrast, exhibits the expected sigmoidal dependence on
the pH of the buffer as initially shown by Ocvirk et al.49 A similar sigmoidal dependence of
EOM on pH was observed for both borosilicate channels and silica modified PDMS channels.
Unlike titania and zirconia, vanadia coated channels displayed a pH dependent EOM. A point of
zero net charge of 4.8 was recorded in this buffer system suggesting that the phosphate is not
binding to the surface. Due to the relative acidic pI of silica no regions of net zero charge were
observed for silica modified PDMS and borosilicate glass.
EOM measurements were also made using borate buffers which do not complex with the
metal oxide surface like that of phosphate. Using a 25 mM sodium borate buffer at a series of
pH’s we were able to calculate approximate regions of zero net charge of the PDMS modified
channels. Titania and zirconia have greater basicities than silica, and this is manifested in both
the position of the zero net charge for the PDMS channels and the magnitude of the EOM’s at
pH 3 (Figure 4.8). The EOM of native Sylgard 184 PDMS at pH of 3.0 for the borate buffer
system is 3.6 ± 0.3 x 10-5 cm2/Vs. The titania, vanadia and zirconia metal oxide coated channels
all had reversed EOM’s at pH 3 in borate solutions. The EOM for the PDMS-TiO2, PDMS-ZrO2
and PDMS-Vanadia in pH 3 borate solutions were -5.4 ± 0.3 x 10-5 cm2/Vs, -1.4 x 10-4 ± 0.33 x
10-4 cm2/Vs and -2.41 ± 0.4 x 10-4 cm2/Vs respectively. The corresponding net zero charge for
the PDMS-TiO2, PDMS-ZrO2 and PDMS-Vanadia systems were 4.1 ± 0.25, 6.1 ± 0.2 and 7.0 ±
0.43, respectively. The titania and zirconia oxide coatings are very durable with the EOMs
changing less than 8% over the period of 95 days.
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Figure 4.8 EOM measurements using 25 mM sodium borate solutions on metal oxide modified
PDMS, using field strength of 300 V/cm.

The characterization of these coatings suggests that the base-catalyzed sol-gel growth of
the transition metal alkoxides resulted in the formation of nanoparticles that were subsequently
crosslinked into a 3-D gel matrix. While there is a thin “glass-like” film of the metal oxide
coating on the surface of the PDMS in the channels, the bulk of the metal oxide matrix is
intercalated within the bulk crosslinked PDMS. It is this intercalation that effectively anchors
the metal oxide film to the surface thus eliminating the need for direct covalent bonds between
the PDMS and the metal oxide surface coating. This is supported not only by the XPS data that
show no shift in the energy of the oxygen valence band energy but by other studies which have
shown that there are no reactive groups in cured Sylgard 184. This should not be surprising as
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Sylgard 184 polymerizes through hydrosilation reactions and the silica present in the formulation
is trimethylsilated and so is not reactive. Finally another recent report demonstrating the growth
of networked silica structures in PDMS using sol-gel chemistry also strongly supports this
conclusion.

4.3.4 Characterization of oligoethyleneoxide, thiol, perfluoro and amino derivitized
PDMS-TiO2
Further derivitization of the inorganic coatings was performed using common and well
known silanol condensation chemistry. We used triethoxy silanes primarily due to their wide
commercial availability (i.e. Gelest) and broad application as silanizing agents for glass and
other metal oxides. These triethoxy and trimethoxy silanes were hydrolyzed and condensed on
the surface of the metal oxides to form stable surface coatings on PDMS. To analyze the
robustness of these coatings we measured contact angle and EOM changes as a function of time.
Contact angle measurements of the PDMS-TiO2 derivatized surfaces yielded a value of 61º prior
to functionalization. Contact angle measurements after the functionalization of perfluoro, thiol,
APTES and OEO on PDMS-TiO2 yielded initial contact angles of 120º, 76º, 45º, 23º,
respectively. These contact angles did not change significantly over a 30 day period. Initial EOM
measurement of PDMS-TiO2 using sodium tetraborate at pH 9.0 was 2.1 x 10-4 ± 0.1 cm2/Vs.
After functionalizing this surface with OEO the EOM dropped to 0.9 x 10-4 ± 0.05 cm2/Vs. The
stability of this EOM was measured over 21 days and was found to change less than 13%. Amine
functionalized PDMS-TiO2 was also investigated using EOM measurement. APTES
functionalized PDMS-TiO2 had an initial EOM of 2.4 x 10-4 cm2/Vs at a pH of 9.0, -5.0 x 10-5
cm2/Vs at a pH of 7.0 and -2.14 x 10-4 cm2/Vs at a pH of 3.0. The reversal of the EOM occurs at
a much higher pH than that of the PDMS-TiO2 further suggesting the functionalization of the
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surface with primary amines with a pKa of ~ 10.6. The continued cathodic EOM at a pH of 9.0 is
likely due to the coexistence of unreacted oxides and primary amines at the surface of the
channel. We are presently in the process of exploring ways to further improve surface coverage
to help reduce the EOM at pH of 9.0 for amine functionalized TiO2-PDMS channels.

4.3.5 Thermochromic Gels
Vanadia has several important catalytic properties and is widely used in many synthetic
organic schemes. Vanadia also has many other physical properties, notably thermochromic
characteristics. For instance, the absorbance of vanadia particles changes depending on the
temperature. The change in UV-vis absorption is irreversible. We developed an experiment to
dope a 50 micron region of PDMS with vanadia and monitor the change in absorbance by
applying an electric field to the channel that generates Joule heat. The Joule heat will change the
absorbance characteristics of the vanadia imbedded within the PDMS. Initially we started at 0
V/cm and ramped up to 2,000 V/cm to generate significant Joule heating. The change in
temperature of the channel resulted in an obvious change in the color of the vanadia matrix
nearby the channel.

Figure 4.9 Right: Vanadia coated channel at room temp, Left: Vanadia coated channel with
2,000 V/cm applied across the channel. The heat generated from the Joule heating converted the
vandia and changed its adsorbance spectrum.
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4.3.6 Waveguides
In addition to coatings it is also possible to generate a number of novel waveguides and
laser rods using sol-gel chemistry. For instance, by diffusing a radial region near a microfluidic
channel with a high refractive index material the diffused region will have a higher index of
refraction than the surrounding bulk material. This generates a hollow waveguide. A dye doped
waveguide can be generated by diffusing rhodamine into the side of the channel first, followed
by absorption of titania to form the waveguide. The sequencial processing generates a dye doped
hollow waveguide. Future studies involve characterizing the loss of these waveguides and laser
rod stability.

Figure 4.10 Left: rhodamine B doped waveguide acting as a laser rod, Center: titania doped
PDMS, Right: rhodamine B and titania doped PDMS.

4.3.7 Separations
The hydrophobic nature of PDMS tends to adsorb a number of biopolymers including
proteins. Microfluidic channels fabricated from PDMS exacerbate the problem by generating a
large surface area to volume ratio so the probability of a hydrophobic molecule adsorbing to the
surface is significantly higher. This often can have detrimental effects for the chemical
separation of proteins and hydrophobic small molecules on PDMS microfluidic devices. Several
technologies have been developed to circumvent these including covalent and dynamic coatings.
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We designed several coatings to try and attempt to reduce the adsorption of amino acids and
proteins to the sidewall of PDMS channels. The surface derivitization chemistry using sol-gel
processing, electrophoretic separations and injections was described in Chapter 3.
4.3.7.1 Amino Acids

Several amino acids were separated on PDMS and PDMS-TiO2 derivitized channels to
initially compare the differences in separation efficiency, resolution and migration time. After
precipitating titania onto the surface of a PDMS channel we observed higher electroosmotic
flows, which resulted in faster electrophoretic separations. In addition, we also observed high
efficiency separations of 7 FITC derivitized amino acids in under 15 seconds on titania
derivitized PDMS channels. The efficiencies of these separations ranged from 150,000 to 85,000
depending on the amino acid, and was an improvement of nearly 60,000 over native PDMS.
Figure 4.11 shows a comparison between FITC derivitized amino acids separated both on native

PDMS and the same amino acids separated on PDMS-TiO2. Figure 4.12 shows the high
efficiency FITC amino acid separation on titania modified PDMS channels.
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Figure 4.11 Comparison of FITC labeled amino acids separated on PDMS and PDMS-TiO2.

Figure 4.12 FITC-labeled amino acids separated on PDMS-TiO2 coated channels.
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In addition to FITC derivitized amino acids we also investigated TRITC derivitized
amino acids. In general, we discovered that TRITC derivitized amino acids have a much higher
partition coefficient in PDMS than FITC derivitized amino acids. The higher partition coefficient
led to band broadening and lower separation efficiencies. The reason for the difference in
partition coefficients between FITC and TRITC is largely due to the side functionalities present
on the chromophore. The molecular difference between both TRITC and FITC is demonstrated
in Figure 4.13.

Figure 4.13 Left: TRITC chromophore used for amine reactive labeling, Right: FITC
chromophore used for amine reactive labeling.

In addition to an overall band broadening of the TRITC labeled amino acids we also
observed dramatic differences between individual amino acids. For instance, we observed that
Arginine labeled with TRITC had a higher partition coefficient than all of the other amino acids
labeled with TRITC. The affinity of the Arg-TRITC conjugate for the PDMS yielded longer
migration times and lower efficiencies.
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There could be several reasons for the retention of TRITC-Arg on PDMS. First of all
TRITC has a tertiary amine functionalized with two methyl groups. The methyl functionality on
the fluorophore could interact through dispersion forces with the methyl functionality on the
surface of the PDMS. A potentially more potent interaction would be the positively charged
amine located on the right branch of the TRITC and a negative charge on the surface of the
PDMS channel. The negative charge on the surface of the PDMS could originate from a charge
double layer via chemisorbed ions. In addition, Arg has a similar positively charged amine for its
side group. This positively charged amine could also interact with the surface to generate an
additional electrostatic attraction. Figure 4.14 demonstrates an electrophoretic separation of
TAMRA labeled amino acids on a PDMS microfluidic device. Note the huge band width of
arginine (R) for both PDMS and PDMS-TiO2 modified channels, shown in Figure 4.14-15.

Figure 4.14 TRITC derivitized amino acids S,P,D,E,H, and R were separated on PDMS. All
amino acids exhibited fairly large band broadening due to the adsorption to the sidewall of the
capillary, but arginine had the largest partition coefficient with PDMS.

Figure 4.15 TRITC derivitized Amino acids S,P,D,E, and R were separated on a titania modified
PDMS channel. Several amino acids most notably arginine continues to adsorb to the surface.
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Several groups have demonstrated that changing either the hydrophobicity of the surface
or the electrostatic charge of the surface can reduce the adsorption of proteins or hydrophobic
analytes. We further investigated changing both the hydrophobicity of the channel, and also
changing the electrostatic charge of the channel. For instance, after derivitizing PEG to the
titania surface coated channel it was possible to obtain high efficiency separations in the range of
30,000 to 50,000 theoretical plates in under 15 seconds. The increased hydrophilicity of the
channel, in addition to its neutral charge dramatically reduced the adsorption of arginine labeled
TRITC to the surface of the channel. This separation is illustrated in Figure 4.16. We also
investigated the use of APTES as a surface coating. After derivitizing the surface with APTES
and operating at a low pH of 4.0 we found that the EOF was reversed indicating a positively
charged surface. The migration time and band broadening of arginine also indicated a minimal
adsorption of this amino acid to the surface. The electrophoretic separation is shown in Figure
4.17. This result further suggests that the charge of the amino acid and TRITC has a significant

impact on its adsorption to the sidewall.

Figure 4.16 TRITC derivitized amino acids R, S, P, E, and D separated on PEG derivitized

titania.
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Figure 4.17 TRITC derivitized amino acids E, P, S and R separated on APTES derivitized
titania.
4.3.7.2 Proteins

In addition to amino acids we were also extremely interested in analyzing the
electrophoretic separation of proteins on the titania derivitized PDMS channels. Initially we
separated a series of standard proteins, derivitized with AlexaFluor 488 and performed
electrophoretic separations shown in Figure 4.18.

Figure 4.18 Proteins separated on PEG-TiO2 derivitized channel
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We also investigated the separation of standard proteins on the APTES derivitized titania
PDMS device. It was our hope to be able to use this device to further separate highly acidic
proteins such as histones. We found that APTES derivitized channels was capable of generating
reversed EOF’s and were also capable of performing high efficiency separations of proteins at
low pH’s.

Figure 4.19 Proteins and amino acids separated on APTES-TiO2 derivitized channel.

4.4 CONCLUSION
We have developed several new robust surface coatings for PDMS microchannels which
are procedurally easy to apply. These procedures do not require external equipment, such as
plasma cleaners, for the oxidation of the PDMS surface, and they can be performed on an
enclosed channel, whereas plasma oxidation and CVD techniques must be performed on
disassembled PDMS microchips. This method also retains the positive attributes of PDMS as an
excellent substrate for replica micromolding, but also allows for the broad engineering of the
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surface properties using common and well assessable silane based chemistries. This method has
the potential for wide applicability in many different fields but especially for fabrication of
PDMS-based microstructures that need specific surface chemistries, for the derivatization of
PDMS surfaces for cell culturing, and potentially as waveguides given the refractive index
difference between the modified annulus around the channel and the bulk PDMS. We also
demonstrate a number of separations performed on these surfaces.
Future goals include the fabrication of aluminum and mixed metal oxide films along with
the use of alkylsubstituted silanes to increase the physical and chemical functionality of the
surfaces.
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CHAPTER 5 - MEKC of Small Molecules on PDMS
5.1 Introduction
This paper describes a simple method for the effective and rapid separation of
hydrophobic molecules on polydimethylsiloxane (PDMS) microfluidic devices using micellar
electrokinetic chromatography (MEKC). For these separations the addition of sodium dodecyl
sulfate (SDS) served two critical roles – it provided a dynamic surface coating on the channel
wall surfaces and generated a pseudo-stationary chromatographic phase. The dynamic SDS
coating generated an EOF of 7.1 x 10-4 cm2/Vs (1.6% RSD, n = 5), and eliminated the absorption
of rhodamine B into the bulk PDMS. High efficiency separations of rhodamine B, TAMRA (6carboxytetramethylrhodamine, succinimidyl ester) labeled amino acids, BODIPY® FL CASE (N(4,4-difluoro-5,7-dimethyl-4-bora-3a,4a-diaza-s-indacene-3-propionyl)cysteic acid, succinimidyl
ester) labeled amino acids, and AlexaFluor® labeled Escherichia coli bacterial homogenate on
PDMS chips were performed using this method. Separations of rhodamine B and TAMRA
labeled AA’s using 25 mM SDS, 20% ACN, and 10 mM sodium tetraborate generated
efficiencies greater than 100,000 or 3.3 x 106 N/m in < 25 s with run-to-run migration time
reproducibilities < 1% RSD over 3 hrs. The serpentine chips with 30 cm long separation
channels were used to separate 17 BODIPY® labeled AA’s yielding efficiencies of up to 837,000
or 3.0 x 106 N/m and homogenates of E. coli yielding ~ 30 resolved peaks with separations
efficiencies of up to 600,000 or 2.4 x 106 N/m and run to run reproducibilities of < 1% RSD over
3 hrs.
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We report a method for the effective and rapid separation of hydrophobic molecules in
polydimethylsiloxane (PDMS) microfluidic devices through the addition of sodium dodecyl
sulfate (SDS) to the running buffer. For these separations the SDS played two critical roles; first,
it provided a charged, dynamic coating on the surface of the microchannel walls; and, second, it
served as a pseudo-stationary phase to provide a basis for analyte separation. Because of its
simplicity, effectiveness, and robustness this method should find application for the separation of
a wide variety of charged and neutral molecules.
Microfluidic devices have several advantages over conventional scale chemical analysis
instrumentation. These devices can integrate multiple chemical processing steps in a channel
manifold so that a number of chemical manipulations can be performed either in series or
parallel. Such systems are also known as micrototal analysis systems (µ-TAS). Several different
types of chemical processing and handling steps have been demonstrated using µ-TAS including
mixing, reactions, filtering, preconcentration and separations.33, 199-203 Several of these processing
and handling steps have been integrated to form devices capable of performing complete
chemical analyses.
The microfluidic devices reported thus far have been fabricated from a variety of glasses
and polymers.8, 9, 16, 17, 19, 20, 63 Polymers have potential advantages over glasses as the microchip
substrate material and fabrication costs are substantially lower. While several polymers have
been investigated for the fabrication of microfluidic devices including poly(carbonate),
poly(ester), 64 poly(styrene), 65, 66 poly(ethylene terephthalate glycol), 65, 66 poly(methyl
methacrylate)204, poly(acrylic resins)205, 206, cellulose acetate207, and poly(olefins)208, the most
popular material by far is poly(dimethylsiloxane) (PDMS)209, a durable hydrophobic elastomer.
PDMS is a relatively inexpensive substrate material, and devices can be rapidly and easily
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molded from the prepolymer. PDMS offers good optical transmission characteristics, high
electrical resistivity, and acceptable thermal conductivity.17 PDMS-based microfluidic devices,
however, have some fundamental limitations stemming from the hydrophobicity of the PDMS.
For example, the channels in these devices are difficult to wet and, therefore, fill. The
hydrophobic surface of PDMS also nonspecifically adsorbs proteins and other hydrophobic
analytes generating poor peak signals, low separation efficiencies, asymmetric peak shapes, and
drifting electroosmotic flows which lead to migration time variations. 49, 210
A variety of covalent and dynamic surface coatings for PDMS-based microfluidic
devices have been reported to try to overcome some of the aforementioned limitations. Covalent
modifications of PDMS include the formation of reactive PDMS surfaces using plasma, corona
discharge or ultraviolet light. The reactive PDMS surface is then further processed by coupling it
to a specific chemical functionalities either using silanization52, 53, 144, atom-transfer radical
polymerization149, 211, or radiation induced graft polymerization90, 147, 212, 213. Alternative
techniques for covalently modifying the PDMS surface include sol-gel coatings159, chemical
vapor deposition99, 100, and radical initiators such as cerium(IV)214. Dynamic modifications of the
PDMS channel wall surfaces include polyelectrolyte multilayers (PEMS)102, phospholipid
bilayer coatings215, and ionic surfactant coatings49, 51, 216.
Ionic surfactant coatings on PDMS have been reported using SDS and cetyltriammonium
bromide (CTAB). Both SDS and CTAB are selectively adsorbed on PDMS surfaces.49 This
adsorption changes the EOF generated in the PDMS channel. PDMS capillaries coated with SDS
concentrations between 0.005 to 0.1% exhibit EOFs between 3 x 10-4 and 5 x 10-4 cm2/Vs,
respectively.217 The addition of CTAB at concentrations between 1 to 2.3x10-4 % can be used to
reverse the EOF.217. Hydrophobic analyte adsorption studies by Berglund et al. using optical
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reflectometry have demonstrated that SDS adsorbs selectively to the surface of PDMS and
significantly reduces the adsorption of hydrophobic hydroxypropyl cellulose or hydroxyethyl
cellulose. Additionally, hydroxypropyl cellulose and hydroxyethyl cellulose trapped on the
PDMS surface can be removed through the addition of SDS218, 219.
While MEKC has been used frequently in fused silica capillaries and in glass microchip
channels there are few reports of its use on polymers with only one brief report on the precolumn
labeling and separation of some biogenic amines on PDMS devices.220 It is on polymers,
however, especially hydrophobic polymers, like PDMS, where the use of SDS might have
considerable impact due to its dual nature as both a dynamic coating agent as well as a pseudostationary phase. In this paper we describe the successful separations of Rhodamine B, TAMRA
and BODIPY® labeled amino acids, and AlexaFluor® labeled E. coli homogenates in PDMSbased microchips using MEKC. To improve the initial separations, a PDMS chip with a 30 cm
long serpentine separation channel incorporating tapered turns was fabricated and used for some
of the separations.221

5.2 Experimental
5.2.1 Reagents and Solutions
Sodium dodecyl sulfate, acetonitrile, sodium tetraborate, rhodamine B and amino acids
were purchased from Acros Organics (Geel, Belgium). The polyamines 1-4 diamino butane
(putrescene), 1-5 diamino pentane (cadaverine), and spermidine were purchased from Sigma
Chemical Co. (St. Louis, MO). Commercial PDMS (Sylgard 184) was obtained from Dow
Corning (Midland, MI). All of the chemicals were used as received. All solutions were made
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using distilled, deionized water from a Barnstead Nanopure System (Dubuque, IA) and then
filtered through 0.45 µm Acrodiscs (Gelman Sciences; Ann Arbor, MI).

5.2.2 Microchip Fabrication
Photomasks were generated by The Photoplot Store (Colorado Springs, CO) at 40,000
dpi using a photoplotting process. The mask designs were created in AutoCAD2000LT
(Thomson Learning; Albany, NY) and sent to The Photoplot Store for translation and
fabrication. Two different masks were used to fabricate the chips that were used to obtain the
results reported below. We used a cross microchip with a 4 cm long separation channel for the
separations of Rhodamine B and fluorescently labeled hydrophobic amino acids. The dimensions
of this chip are identical to that previously reported159. In addition, we used a serpentine
microchip with a separation channel of 30 cm that is similar in design to what has been published
previously221. The serpentine chip was used for amino acid and E. coli protein homogenate
separations and is shown in Figure 5.1. The separation channel was 20 µm deep and 75 µm
wide. The turns were tapered to minimize band-broadening. The channel dimensions in the
turns were 20 µm wide and 20 µm deep.
Detection

BW

BR

SR

SW
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Figure 5.1 Serpentine PDMS microfluidic chip with tapered turns and a 30 cm separation
channel. The separation channel depth and width was 20µm and 75µm, respectively, while the
tapered turns had a width of 20µm. SR: Sample Reservoir, SW: Sample Waste, BR: Buffer
Reservoir, BW: Buffer waste.

Molds were fabricated using previously reported procedures159. The Sylgard 184
elastomer was constituted and activated as specified by the manufacturer and degassed for 1 hr.
Part of this mixture was poured on an SU-8 mold and another part on a clean microscope slide
(the blank). After curing for 10 min at 80ºC, both parts were carefully and slowly peeled off the
mold and blank. The two pieces of PDMS were then conformally contacted and placed in the
oven at 95ºC for 2 hrs.
Reservoirs for the PDMS chips were fabricated from commercially available borosilicate
glass tubing with an outer diameter of 0.8 cm and an inner diameter of 0.5 cm. Reservoirs were
cut to 0.7 cm lengths and glued to 1 cm x 1 cm x 0.1 cm glass squares that had holes predrilled
into them. The predrilled hole had a diameter of 0.35 cm. The glass tubing was epoxied to the
glass square using EPO-TEK (Epoxy Technology; Billerica, MA) that was mixed in a ratio of 1
to 10 and cured at 90ºC for 1 hr. The glass square with the predrilled hole served as a large
adhesive area for anchoring the reservoir to the PDMS microchip. PDMS was mixed in a ratio of
1 to 10 and spread on the back of the glass squares. The glass squares were then placed over the
small through holes in the PDMS coverplate that connected with the PDMS channels. The
reservoirs were then cured for 1.5 hrs and allowed to cool at room temperature before using.
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5.2.3 BODIPY® Labeling Protocol
BODIPY® FL STP ester dye was purchased from Molecular Probes (Eugene, OR).
Amino acid solutions were prepared at concentrations of 5 mM in 150 mM sodium bicarbonate
buffer at a pH of 8.5. The reactive BODIPY® FL STP ester dye was warmed to room
temperature prior to diluting in DMSO to a concentration of 10 mM. The BODIPY®-DMSO
solution was vortexed for 1 min and allowed to equilibrate for 5 min prior to adding to the amino
acids for conjugation. The amino acids were labeled individually by adding 900 µL of an amino
acid solution to a microcentrifuge tube followed by the addition of 100 µL of the reactive
BODIPY® dye solution. Each tube was then vortexed for 1 min and placed in a dark box on a
shaker set at 100 rpm. After 4 hrs, the labeled solutions were stored at < 0ºC.

5.2.4 Amine/Protein Extraction Protocol
The EasyLyse™ bacterial protein kit from Epicenter (Madison, WI) was used to extract
bacterial proteins and amines from E. coli. E. coli was harvested from an E.coli culture by
pelleting 1mL of the culture fluid in a microcentrifuge. E. coli were present at ~109 cells/mL and
generated ~100-150 µg of cell homogenate. Once the E. coli were pelleted, the supernatant was
removed and the pellet frozen at -20ºC for 1 hr. A solution containing 0.5 mL of distilled water,
2 µL of 1M MgCl2, 0.5 mL of lysis buffer and 2 µL of enzyme mix was vortexed and allowed to
equilibrate for 2 min at room temperature. The cell pellet was resuspended in 200 µL of the
above solution and incubated for 7 min at room temperature. After incubation the cellular debris
were pelleted in a centrifuge for 2 min, and the supernatant was transferred to a clean tube.

5.2.5 E. coli Homogenate and Polyamine Labeling
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The pH of the extracted E. coli homogenate was approximately neutral. Since
protein/amine labeling with the AlexaFluor® 488 TFP ester is optimal around 8.5, the pH of the
E. coli extract was adjusted. This was accomplished by adding 200 µL of 0.1 M sodium
bicarbonate to 200 µL of the homogenate collected from the extraction described above. The pH
of this solution was approximately 8.5 as measured by litmus paper. This solution was added to
approximately 5 mg of TFP ester and reacted for 1 hr at room temperature. After the reaction
was completed the solution was purified using the procedures described above in the
experimental section.
The amine standards were diluted in a 150 mM sodium bicarbonate buffer of pH 8.5 to a
final amine concentration of 5 mM. The TFP ester was added in a 4:1 mole ratio to ensure that
all the amines were labeled with AlexaFluor® 488 TFP ester.

5.2.6 Calculation of Diffusion Coefficient
Diffusion coefficients were measured using the length method as previously published by
Culbertson et al.122 Briefly, peak variance was measured as a function of migration time to obtain
the diffusion coefficient from the slope of the plot. This was achieved by collecting
electropherograms at a series of different points on the separation channel and then using Igor
Pro (Version 4.0.7.0; Wavemetrics; Lake Oswego, OR) to fit the Gaussian peaks and analyze the
migration time and peak width.

5.2.7 Separations and Detection
The electrokinetic chromatographic separations and laser induced fluorescent detection
were performed with equipment that was similar to that previously described.159 Separations of
TAMRA and BODIPY labeled amino acids were performed with analyte concentration of 1 µM
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unless otherwise specified. Rhodamine B separation were performed at concentration 10 µM
unless otherwise specified. The separations and gated injections117 were performed using three
independent and remotely programmable high voltage (0-10 kV) power sources from EMCO
(Sutter Creek, CA). The proper potentials to apply at each reservoir were determined using
Kirchhoff’s rules and Ohm’s Law.118 The injection times were 0.02 s.

5.2.8 Electroosmotic Flow Measurements
EOF measurements were taken on PDMS chips using the current monitoring method. 68,
222, 223

Straight channels were fabricated out of PDMS and were subsequently filled with 50 mM

SDS, 10 mM sodium tetraborate and 20% acetonitrile, pH = 9.5. The channel was allowed to
equilibrate at room temperature for 1 hr. After this time period the reservoirs were refreshed with
new buffer to assure that there were no changes in buffer composition due to evaporation. This
buffer, in the anode reservoir, was replaced with 50 mM SDS, 5 mM sodium tetraborate and
20% acetonitrile, pH = 9.5. Voltage potentials of 300 V/cm were applied using a Bertan
(Hauppauge, NY) custom designed 0-10 kV voltage supply resulting in the migration of the
lower conductivity buffer into the channel due to electroosmotic flow. Once the lower
conductivity buffer migrated to the cathodic reservoir the conductivity reached a constant value.
The time that it took the lower conductivity buffer to migrate to the cathodic reservoir was used
to calculate the EOM of the capillary.

5.2.9 Imaging of Rhodamine B Injections
Two rhodamine solutions were prepared, one for CZE and the other for MEKC. The
MEKC solution consisted of 50 mM SDS, 10 mM sodium tetraborate and 20% acetonitrile. The
CZE buffer consisted of 10 mM sodium tetraborate. Cross channel chips with separation channel
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diameter, depths and lengths of 20 µm x 10 µm x 3.5 cm were used for the injection imaging.
The gated injections117 were performed using two independent and remotely programmable high
voltage (0-10 kV) power sources from Bertan (Hauppauge, NY). The proper potentials to apply
at each reservoir were determined using Kirchhoff’s rules and Ohm’s Law.118 The injection
times were 0.2 s. The gated injections were imaged using a Nikon Eclipse TE2000E microscope
with an epi-illumination attachment and a Sony CCD color video camera (SSC-DC50A).

5.3 Results and Discussion
5.3.1 Buffer Optimization and Use
One of the primary drawbacks to the use of PDMS microchips is the difficulty of filling
the channel manifolds with aqueous solutions. Small nucleation sites within the capillary
produce air bubbles as the capillaries are filled with solution. Eliminating this characteristic of
PDMS is extremely difficult, but also very important for the broad applicability of PDMS
microchips. We found that bubble formation was greatly suppressed using SDS-MEKC buffers
on PDMS microchips and that the PDMS capillaries were just as easy to fill with MEKC buffer
as aqueous solutions in glass capillaries. This allowed us to fill 30 cm long PDMS capillaries
with MEKC buffers without air bubble generation. We attribute this effect not only to the
selective adsorption and partitioning of SDS to the surface of the PDMS capillary but also to the
organic content of the solvent which helped to wet the surfaces of the channels.
The EOF of the PDMS chips using a buffer consisting of 50 mM SDS, 10 mM sodium
tetraborate, and 20% acetonitrile was measured at 7.1 x 10-4 cm2/V·s (n = 5, 1.6% RSD). EOF
measurements for PDMS using 10 mM sodium tetraborate and 20% acetonitrile yielded an EOF
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of only 2.1 ± 0.2 x 10-4 cm2/V•s (RSD = 7%, n = 10). The EOF generated on the PDMS devices
with the addition of SDS was ~340% higher than the EOF generated without the SDS. The
higher EOF observed for PDMS with the MEKC buffer was due to the partitioning of anionic
SDS to the surface of the PDMS as was first described by Harrison’s group.49 This higher EOF
for the MEKC buffer in PDMS microchips is useful for generating high speed MEKC
separations. Typically SDS-based MEKC separations take longer to perform than CZE
separations as the micelles are migrating opposite to the direction of the EOF. Increasing the
EOF, decreases the migration times of the analytes and consequently increases the speed of the
MEKC separations compared to the MEKC separations performed on glass chips.

5.3.2 Rhodamine B Injections
Electrokinetic gated injections were imaged using a CCD camera for both PDMS chips
using CZE and MEKC. Figure 5.2A shows the gated injections using a PDMS chip in CZE
mode. Rhodamine B is rapidly absorbed into the sidewalls of the capillary. In Figure 5.2A,
rhodamine B can be observed diffusing into the channel wall. Upon injection of the rhodamine B
into the separation channel there is significant absorption into and adsorption onto the surface
yielding non Gaussian injection plugs that migrate extremely slowly with time. Figure 5.2B
shows a gated injection using a PDMS chip in MEKC mode. The PDMS does not show any
measureable absorption or adsorption to the PDMS sidewall. The injected plug is Gaussian and
is transported rapidly down the channel.
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Figure 5.2 Gated injections of rhodamine B on a PDMS chip with tinj = 0.2 sec and E = 200
V/cm. (A) Buffer, 10 mM sodium borate; sample, 10 µM rhodamine B. (B) Buffer, 10 mM
sodium tetraborate, 50 mM SDS and 20% (v/v) acetonitrile; sample 10 µM rhodamine B.

Both gated injections and pinched injections of RhB were examined using a high resolution CCD
camera. We found minimal band broadening due to adsorption to the surface, and relatively
sharp injection plugs demonstrated in Figure 5.3.
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Figure 5.3 Illustrates the injection of Rhodamine B on PDMS microfluidic devices using both
pinched injections (top) and gated injections (bottom).

5.3.3 Rhodamine B Separations
Since the MEKC buffer contains acetonitrile it was critical to design reservoirs on PDMS
chips that minimized the solvent evaporation as mentioned in the microchip fabrication section
above. We found that uncapped reservoirs containing small volumes of fluids often contributed
to large run to run percent relative standard deviations (%RSD’s) as the acetonirile would
evaporate over the course of an experiment. After constructing larger, capped reservoirs, we
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were able to achieve run to run reproducibilities of < 1 %RSD. As might be expected free
solution separations (10 mM sodium borate buffer) of rhodamine B on PDMS microchips
yielded no observable peaks on the electropherogram at a distance of 3 cm from the cross
injector. This was primarily due to the absorption of the rhodamine B into the bulk PDMS. While
a fluorescent signal can be observed ~0.3 cm from the injector, this signal rapidly declines as the
distance from the injector increases. Alternatively, separations of rhodamine B using the MEKC
buffers generated high efficiency peaks with excellent detection limits and very reproducible
run-to-run migration times and peak areas. The separations were performed on a cross channel
design with a separation channel 4.0 cm long. The separation distance was 3.4 cm, and the
applied electric field was 650 V/cm. Separations of rhodamine B under these conditions on
PDMS chips using MEKC yielded efficiencies of 63,000 ± 500 (n = 3; RSD = 0.9%), or 1.9 x
106 N/m. Figure 5.4 shows electropherograms for consecutive separations of rhodamine B using
MEKC on a PDMS microchip. Detection limits for this separation were 10 pM, calculated at a
S/N ratio of 5. The detection volume defined by the channels (10µm x 20µm) and detection
window (400 µm) was 8 x 10-8 cm3 yielding a detection limit of 482 molecules. The migration
time and peak area reproducibilities for these separations was 0.7% RSD ( n= 3) and 0.89%RSD
(n = 3), respectively. The diffusion coefficient of rhodamine B was measured at 4.40 x 10-6 ± 0.2
cm2/s using the Einstein-Smoluchowski equation. The excellent detection limits for this analyte,
in addition to the migration time and peak area reproducibilities, and diffusion coefficients that
are within experimental error of the literature values122 indicate that rhodamine B is not
significantly adsorbing to the sidewall of the PDMS microfluidic device.
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Figure 5.4 A series of electropherograms of rhodamine B performed on PDMS microfluidic
devices. Device: cross channel PDMS chip with 4.0 cm separation channel; separation distance =
3.4 cm and applied electric field = 650 V/cm; buffer: 10 mM sodium tetraborate, 50 mM SDS,
20% ACN; sample, 10 µM rhodamine B.

5.3.4 Amino Acid Separations
Separations of hydrophobic TAMRA labeled amino acids performed on PDMS
microchips using MEKC are shown in Figure 5.5. The separation parameters were identical to
that of the rhodamine B separations except for a slightly longer detection distance of 3.65 cm.
The microfluidic chips that we used for these studies had a longer separation channel which
allowed for higher resolution among peaks. Hydrophobic amino acids such as phenylalanine and
tryptophan were separated with high efficiencies. Separation efficiencies of 136,000 ± 3,000 (n =
127

5, 2.2% RSD) and 133,000 ± 6,000 (n = 5, 4.5% RSD) were obtained for phenylalanine and
tryptophan, respectively. These amino acid separations are significant because they demonstrate
the ability to separate extremely hydrophobic amino acids on PDMS microfluidic devices. Dayto-day migration time and peak area reproducibilities of these TAMRA labeled amino acid
separations averaged 5.1 %RSD and 4.4 %RSD, respectively. These separations were performed
without the use of the extra volume capped reservoirs as described in the experimental. We
found that it was much more difficult to control solvent evaporation from our 100 µL uncapped
reservoirs and this directly caused an increase in the reproducibility.

Figure 5.5 Electropherogram of 10 µM rhodamine B, tryptophan, phenylalanine, serine, proline,
aspartic acid. Device: cross channel PDMS chip with 4.0 cm separation channel; separation
distance = 3.65 cm and applied electric field = 650 V/cm; buffer, 10 mM sodium tetraborate, 50
mM SDS, 20% ACN.
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To increase the separation efficiency, resolution and reproducibility of our separations we
fabricated a serpentine chip shown in Figure 5.1 that has a 30 cm separation channel with
extended volume capped reservoirs. The MEKC buffer filled this PDMS channel rapidly without
bubble formation. Using a Spellman high voltage power supply we applied -15 kV at the
separation waste reservoir to help generate a 750 V/cm applied field strength across the
separation channel.34 In addition to TAMRA labeled amino acids, we also separated BODIPY
labeled amino acids. Figure 5.6 shows separations of 17 BODIPY labeled amino acids in a 50
mM SDS buffer on the PDMS serpentine chip with a 27 cm separation distance. Separation
efficiencies for these amino acids ranged from 496,000 ± 11,000 (n = 5, 2.3 %RSD), or 1.8 x 106
N/m for early eluting peaks to 837,000 ± 24,000 (n = 5, 2.9 %RSD), or 3.0 x 106 N/m for later
eluting peaks. Ocvirk et al. reported that BODIPY 493/503 could not be analyzed by CE in a
PDMS device because it was extracted into the PDMS.49 Through the application of MEKC on
PDMS chips, it is now possible to separate BODIPY labeled amino acids on PDMS chips with
high efficiencies.
Diffusion coefficients were also calculated for BODIPY labeled amino acids on PDMS
serpentine chips to investigate whether the tapered turns introduced any effective band
broadening or the BODIPY amino acids were adsorbing to the sidewall. Diffusion coefficients
for BODIPY-Ser, and BODIPY-Pro were calculated to be 3.8 ± 0.2 x 10-6 cm2/s and 3.65 ± 0.2 x
10-6 cm2/s, respectively, and are within the experimental error of the literature values.122 This
suggests that neither the tapered turns nor the PDMS is appreciably affecting the band
broadening of our separations as they are diffusion limited. In addition, the number of theoretical
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plates as a function of migration time (i.e. separation distance) was linear, shown in Figure 5.7
for BODIPY-aspartic acid and BODIPY-arginine.

Figure 5.6 Electropherogram of 17 labeled BODIPY amino acids; device: serpentine channel
PDMS chip with 30 cm separation channel; separation distance of 27 cm and applied electric
field of 750 V/cm; buffer: 10 mM sodium tetraborate, 50 mM SDS, 20% acetonitrile.
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Figure 5.7 Efficiency of glutamic acid and arginine labeled with BODIPY as a function of
migration time. Electropherograms were collected using buffer of 10 mM sodium tetraborate, 50
mM SDS, and 20% acetonitrile, separation field strengths for the separation were 750 V/ cm.

5.3.5 Bacterial Homogenate separations
To further examine the performance of our PDMS serpentine chip we separated a E. coli
homogenate using commercially available lysis and extraction protocols. Our primary goal for
this study was to extract the proteins from the homogenate and separate them using MEKC. The
results of those separations will be reported in a separate paper. As part of that analysis, the
homogenate was filtered through several molecular weight cutoff filters (MWCO). The
homogenate which passed through the 3,000 MWCO was used for the separations reported in
this paper. This fraction is expected to contain various biogenic amines and amino acids. The
separation of these amines and amino acids using MEKC is shown in Figure 5.8. The separation
efficiencies of these peaks varied from 320,000 ± 3000 for early eluting peaks to 400,000 ± 5000
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for later eluting peaks. Using the extended volume reservoirs run-to-run migration time and peak
area reproducibilities were 1.1 %RSD, and 1.3% RSD over a 3 hr time period.
In order to tentatively identify some of the peaks in the filtered E. coli homogenate,
AlexaFluor 488 labeled standard amines - spermidine, cadaverine and putrescene - were
comigrated with the homogenate. The migration order of the polyamines increased as a function
of their hydrophobicity as would be expected if the separation was primarily chromatographic in
nature. The spermidine had the longest migration time followed by cadaverine (1,5 diamine
pentane) and putrescene (1,4- diamine butane).
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Figure 5.8 Electropherogram of AlexaFluor 488 TFP labeled E-coli. homogenate; device:
serpentine channel PDMS chip with 30 cm separation channel; separation distance of 20 cm and
applied electric field of 750 V/cm; buffer: 10 mM sodium tetraborate, 50 mM SDS, 20% ACN.

5.4 Concluding Remarks
We have demonstrated a rapid and facile method for separating hydrophobic analytes on
PDMS microchips using MEKC with very high separation efficiencies and very low detection
limits. Extended separation distances were realized on these chips using a serpentine channel
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pattern with tapered turns. This device was easily filled with buffer and was capable of
generating diffusion limited MEKC separations. A wide variety of charged and neutral
molecules were separated using this method including - rhodamine B, TAMRA and BODIPY
labeled amino acids, Alexafluor labeled amines, and AlexaFluor labeled bacterial homogenates .
The application of MEKC on PDMS-based microchips should significantly extend the variety of
analytes that can be manipulated and analyzed. As this method takes advantage of the wide
availability of soft lithography and requires no pretreatment of the PDMS either pre or post
fabrication, the technology is accessible to a wide variety of research groups.

134

CHAPTER 6 - MEKC of Proteins on PDMS
6.1 Introduction
Micellar electrokinetic chromatography (MEKC) of standard proteins was investigated
on PDMS microfluidic devices. Standard proteins were labeled with AlexaFluor® 488 carboxylic
acid tetrafluorophenyl ester and filtered through a size exclusion column to remove any small
peptides and unreacted label. High efficiency MEKC separations of these standard proteins were
performed using a buffer consisting of 10 mM sodium tetraborate, 25 mM sodium dodecyl
sulfate (SDS), and 20% (v/v) acetonitrile (ACN). Separations of bovine serum albumin (BSA)
using this buffer on a 3.0 cm channel generated a plate height of 0.38 µm which correspond to
2.6 x 106 N/m in < 20 s. Additional fast separations of myoglobin, α-lactalbumin, lysozyme, and
cytochrome c also yielded plate heights in the range from 0.54 µm to 0.72 µm, which correspond
to 1.3 to 1.8 x 106 N/m. All proteins migrated with respect to their individual pI’s. To improve
the separations, we used a PDMS serpentine chip with tapered turns and a separation distance of
25 cm. We found that the proteins continued to migrate within a limited migration time window,
thus limiting the peak capacity to ~ 10-12.
Micro total analysis systems (µ-TAS) have the capability of integrating multiple chemical
handling and analysis operations in a single channel manifold contained on a monolithic
microchip. The advantages of such integration and miniaturization of chemical handling and
analysis operations include: portability, automation, reduced reagent consumption, high
separation efficiencies, and increased speed. Although µ-TAS potentially has many advantages
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over bulk scale analytical techniques the large surface-to-volume ratio in the channels can be a
limitation in cases where analytes tend to interact with surfaces. This is particularly true for
proteins. It is believed that the adsorption of proteins, either through electrostatic or hydrophobic
forces to the channel walls of microfluidic devices, is the primary contributing factor to low
efficiency protein separations.224 Many different techniques have been developed for reducing
the adsorption of proteins to the walls of the channels. Some examples include the use of pH
extremes, high concentration buffers and surface coatings that are tailored for both the surface
chemistry of the substrate and the proteins165, 225-231. Most of these methods have limitations that
reduce their overall applicability. These limitations include increased Joule heating for high
concentration buffers, electroosmotic flow (EOF) instability for buffers at extreme pH’s, and
coating degradation when highly basic buffers are used.
A popular substrate for the fabrication of microfluidic manifolds is
poly(dimethylsiloxane) (PDMS), a durable hydrophobic elastomer that is inexpensive and into
which micron scale features can be easily molded.209 The hydrophobicity of PDMS causes
significant problems for the transport and separation of hydrophobic analytes or analytes
containing hydrophobic patches such as denatured proteins. Hydrophobic analytes adsorb onto
the PDMS surface making it difficult to transport them through a microfluidic manifold.49
Several solutions have been reported to improve protein separations on PDMS microfluidic
devices including covalent and noncovalent surface modifications. Covalent surface
modifications of PDMS channels that were subsequently used for protein separations include
radiation induced graft polymerization90, 147, 212, 213 and atom transfer radical polymerization149,
211

. Radiation induced graft polymerization was used to graft poly(ethylene glycol)

monomethoxyl acrylate – acrylic acid (PEG-AA-DIPEG) within a PDMS channel. The PEG-
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AA-DIPEG coated PDMS channels were used to separate proteins F-src and F-calc to
efficiencies of 9,300 ± 300 and 5,200 ± 400, respectively. Another covalent modification using
atom transfer radical polymerization has been demonstrated to attach poly(acrylamide) to a
PDMS surface. Bovine serum albumin (BSA) separations on poly(acrylamide) coated PDMS
channels yielded efficiencies of 33,000 N/m. In addition to covalent modifications, noncovalent
modifications of the PDMS surface have been used to improve the separations of proteins. Ionic
surfactants such as sodium dodecyl sulfate (SDS) and cetyltriammonium bromide (CTAB) have
been used to coat PDMS coated silica capillaries that were subsequently used for the separation
of lysozyme, cytochrome-c, ribonuclease A and myoglobin. Separation efficiencies up to 9.4 x
105 N/m were generated in such capillaries.49, 217 Additionally, Brij35 has been used to separate
glucose oxidase (GOD) and myoglobin on PDMS microfluidic devices using electrochemical
detection with efficiencies of 100,100 N/m and 39,960 N/m, respectively.232
While the coating and dynamics between PDMS and ionic surfactants including SDS and
CTAB have been investigated218, 219, there are only a few reports of using MEKC for separations
on PDMS-based microfluidic devices. Recently, we have shown that MEKC separations using
PDMS serpentine chips with a 27 cm separation channel are extremely useful for hydrophobic
small molecule separations and can generate efficiencies of up to 850,000 plates or 3.0 x 106
N/m for BODIPY labeled amino acids.159 Others have applied MEKC on PDMS devices to
separate biogenic amines with efficiencies of up to 21,000 plates220, but no reports have
demonstrated the usefulness of MEKC on PDMS devices for the separation of proteins.
MEKC, introduced in 1984 by Terabe233, has been used primarily for small molecule
analysis234, although it has also been used for the analysis of macromolecules such as proteins235241

. Successful protein separations using MEKC, however, can be tricky as completely denatured
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proteins tend to adsorb a constant amount of SDS regardless of the acid-base chemistry or the
hydrophobicity of the protein242. Buffers, therefore, must be carefully optimized in order to
successfully separate proteins using MEKC. The selectivity of MEKC-based protein separations
depends on the hydrophobic and electrostatic forces between the micelles and the surface of the
protein235, 236. These forces can be modified by varying the pH, ionic strength, and surfactant
concentration to optimize the separation. There are several reports of such optimizations for
capillary-based separations of standard proteins217, 243-245, serum proteins241, bacterial
homogenates238, plasma apolipoproteins246 and urine containing imidopeptides247. The best of
these separations have produced efficiencies of 2.2 x 106 N/m238, but they require analysis times
of between 10 and 20 min.
While separation conditions and separation efficiencies have been examined previously,
no reports have addressed the available migration time window and resolving power of MEKCbased protein separations, and only one report has examined the peak capacity.248 These are
critical parameters to understand if this method is to be used for the separation of complex, reallife protein samples. In this paper we report the first MEKC separations of fluorescently labeled
standard proteins on PDMS microfluidic devices and examine analyte resolution and separation
efficiency as a function of separation distance. From this data we estimate the peak capacity and
discuss some of the potential limitations of MEKC when applied to protein separations.

6.2 Materials and Methods
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6.2.1 Reagents and Fluorescent Derivatization
The standard proteins cytochrome c (equine skeletal muscle), lysozyme (egg white), αlactalbumin (bovine milk), bovine serum albumin, ribonuclease A (bovine pancrease), and
myoglobin (equine skeletal muscle) were labeled with AlexaFluor® 488 tetrafluorophenyl (TFP)
ester using a protein labeling kit from Molecular Probes (Eugene, OR). To prepare the standard
proteins for labeling we warmed them to room temperature. Once the standard protein samples
reached room temperature, 2 mg was added to 1 mL of 0.1 M sodium bicarbonate, followed by
the addition of the AlexaFluor® 488 carboxylic acid tetrafluorophenyl (TFP) ester. This solution
was mixed for ~1 hr at room temperature. After 1 hr had elapsed, the solution was added to the
top of a Bio-Rad BioGel P-30 size exclusion purification resin. The protein-TFP conjugate was
allowed to diffuse into the size exclusion purification resin for 10 min prior to adding the elution
buffer. The column was eluted with a solution containing 0.1 M potassium phosphate, 1.5 M
NaCl and 2 mM sodium azide at a pH of 7.2. The elution buffer was added to the column until
the protein was eluted and collected. The protein standards were diluted 1:100 from their
labeling cocktail into the MEKC buffer.

6.2.2 Microchip Design and Fabrication
Molds for PDMS soft polymer lithography were fabricated using SU-8 photoresist and
borosilicate glass slides, as described previously.159 Briefly, SU-8 2015 was spun to a thickness
of 15 µm on a borosilicate glass slide that had been thoroughly cleaned of any residue.
Photomasks were aligned on the glass slide, followed by an exposure of 200 mW at 365 nm. The
exposed SU-8 was then developed according to the manufacturers’ instructions. Two different
microchip designs were used. The first design consisted of a simple cross injector with a 4 cm
long separation channel and the second consisted of a cross injector with a 30 cm long serpentine
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separation channel. The serpentine design incorporated tapered turns to minimize turn induced
band broadening. Both of these devices have been described previously.159 PDMS was
constituted and poured on the SU-8 mold using the manufacturers specifications and conformally
contacted and sealed with another flat PDMS slab to form the microfluidic manifold. The PDMS
used to fabricate the microfluidic device was native PDMS that had not been modified using any
sol-gel methods.
After molding and conformal bonding of the PDMS chip the channel manifold was filled
with SDS buffer to condition the walls. This buffer was allowed to equilibrate with the walls of
the PDMS channels for 1 hr. As shown previously this treatment yielded significantly higher
EOM’s than native PDMS.36 After conditioning the native PDMS channel walls with the SDS
buffer the EOM of the chip was 7.1 x 10-4 cm2/Vs which was approximately 340% greater than
the EOM of native PDMS with no SDS.36 Additionally, we investigated the potential for leakage
between the PDMS sheets and the potential for hydrophobic analytes to be absorbed into the
bulk PDMS using epi-illumination confocal fluorescence microscopy. Briefly, a hydrophobic
fluorophore, rhodamine B, was dissolved in 10 mM sodium borate, 25 mM SDS and 20% ACN.
This solution was introduced into the channel manifold and monitored over a period of 4 hrs.
The rhodamine B was not observed to either absorb into the sidewall of the bulk PDMS, or
penetrate between the conformally bonded PDMS sheets.36 It is also important to note that the
swelling of the channel walls due to acetonitrile absorption was not significant. Lee et al. have
demonstrated that acetonitrile has a swelling factor of 1.01, which is small compared to the
swelling factor of other organic solvents.249
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6.2.3 Protein Detection
After separation, the fluorescently labeled proteins were detected using laser induced
fluorescence (LIF), as described previously.119 In brief, laser induced fluorescence (LIF)
detection of the analytes was performed using the 488 nm line of a Melles Griot Argon ion laser
(35-MAP-431-208; Carlsbad, California) as the excitation source at a power of 25 mW. The 488
nm laser beam was reflected off a 500 nm long-pass dichroic mirror (500DRLP, Omega Optical;
Brattleboro, VT) and focused using a 40x objective (CD-240-M40X, Creative Devices;
Mechanic Station, NJ) into a small spot in the separation channel below the cross intersection.
The fluorescence emission was collected with the same objective, passed through the dichroic
mirror, spatially filtered with a 1 mm pinhole (Oriel, Stratford, CT), and spectrally filtered using
a 545 nm bandpass filter (545AF75; Omega Optical). The signal was then detected with a
photomultiplier tube (PMT, R1477; Hamamatsu Instruments, Inc.; Bridgewater, NJ) and
amplified using an SR570 low noise current preamplifier (Stanford Research Systems, Inc.;
Sunnyvale, CA) with a 100 Hz low pass filter. The signal from the amplifier was sampled at 500
Hz using a PCI-6036E multifunction I/O card (National Instruments, Inc.; Austin, TX) in a Dell
computer (Round Rock, Texas). The data acquisition and high voltage control software was
written in-house using LabVIEW (National Instruments). All data analysis was performed using
Igor Pro.

6.3 Results and Discussion
6.3.1 MEKC Buffer Optimization
To optimize the MEKC buffer for the separation of proteins we varied the pH, SDS
concentration, and organic modifier content. The migration time, efficiency and resolution of 4
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standard proteins varied significantly with SDS concentration as shown in Figure 6.1. These
protein separations were performed using a 4.0 cm separation channel and detected at 2.5 cm.
The field strength was 650 V/cm. With no SDS added to the MEKC buffer there was little to no
migration of proteins through the channel as they would adsorb onto the surface of the channels.
As the concentration of the SDS was increased to 5 mM a significant increase in signal was seen,
although only 3 of the 4 peaks were resolved. The resolving power of the separation increased
for 25 mM SDS, but began to significantly decrease for SDS concentrations of 40, 100 and 200
mM SDS. In addition to varying the ionic surfactant concentration, the effect of buffer pH and
organic modifier content were also determined. Acidic pH’s from 5-7 produced high efficiencies
that were equal to that of basic pH’s, but the acidic pH’s were only capable of resolving 3 of 6
standard proteins. The addition of an organic modifier also improved the resolving power. The
best resolution among the standard proteins was obtained with an acetonitrile concentration of
20%(v/v). As the organic modifier was increased to 50%(v/v) the protein peaks began to
converge to a single broad peak, while as it was lowered to 0% the protein peaks migrated with
high efficiencies, but again had low resolution. Changes in the analyte-micelle (i.e. stationary
phase) interaction with the modification of the run buffer (i.e mobile phase) was not unexpected.
This is similar to that seen in reversed phase partition chromatography where the addition of an
organic modifier to the mobile phase can be used to alter the selectivities (retention ratios) of the
analytes. The final optimized MEKC buffer was 25 mM SDS, 10 mM sodium borate and 20%
acetonitrile with a pH of 9.5. This buffer generated the highest efficiency separations and the
best resolution for the standard proteins.
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Figure 6.1 Electropherograms of standard proteins; buffers: 0 mM SDS, 5 mM SDS, 25 mM
SDS, all with 10 mM sodium borate and 20% ACN; analytes: cytochrome c, lysozyme,
ribonuclease A and myoglobin in order of shortest to longest migration time, analytes diluted
1:100 from labeling cocktail; device: cross channel PDMS chip with a 4.0 cm separation channel
detected at 2.5 cm, and a field strength of 650 V/cm.

In addition to the above buffer, other buffers that have been used for the successful
MEKC separation of proteins in fused silica capillaries were also examined including 100 mM
Tris-hydroxymethylaminoethane (TRIS) and 100 mM N-Cyclohexyl-2-aminoethanesulfonic acid
(CHES) buffers.238 These buffer systems provided poor separation efficiencies and resolution for
the AlexaFluor labeled proteins on PDMS-based microfluidic devices. The field strength that
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could be applied using these buffers was also substantially lower than the optimized MEKC
buffer due to their high conductivities and resultant Joule heating.

6.3.2 MEKC Separations of Proteins
The optimized MEKC buffer described above significantly improved the protein
separations on PDMS microfluidic devices and produced peak efficiencies that far exceed all
reported values for protein separations produced previously in channels with native PDMS and
PDMS-modified walls. For example, bovine serum albumin (BSA) is a non-selective adsorber on
many materials, especially native PDMS. Using the MEKC buffer reported above BSA could be
separated with a plate height of 0.38 µm, corresponding to an efficiency of 2.6 x 106 N/m,
producing a Gaussian peak as shown in Figure 6.2. The run-to-run migration time
reproducibility of the BSA separation was 0.9% with peak height reproducibilities of 1.5%. The
high efficiency MEKC separations of BSA on PDMS are primarily the result of favorable
electrostatic conditions that are established between the surface of the PDMS channel and the
protein itself. These electrostatic conditions reduce any surface adsorption that may contribute to
band broadening. The SDS adsorbs to the PDMS channel, as previously reported49, 216, imparting
a large negative charge at the surface. In addition, SDS also adsorbs to the surface of proteins,
modifying their overall charge and making them more negative. The repulsion force between the
PDMS-SDS surface and the SDS-protein conjugate is likely a major contributing factor to the
high efficiency separations. Other studies incorporating nonionic surfactants have been shown to
be detrimental to the separation efficiency and resolution of analytes on PDMS devices.250 For
example, the use of Tween 20 was shown to increase the interaction of peptides with PDMS
surfaces.
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Figure 6.2 Electropherogram of BSA-AF; buffer: 25 mM SDS, 10 mM sodium borate, 20%
acetonitrile; analytes: BSA AlexaFluor 488 with 1:100 dilution from labeling cocktail; device:
PDMS cross channel chip, field strength of 850 V/cm at a detection distance 3.0 cm. The minor
peak located at 16.9 s is either a protein contaminate, or a result of an isomer of AlexaFluor 488.

Further electrophoretic separations of five standard proteins including cytochrome c,
lysozyme, ribonuclease A, myoglobin, and α-lactalbumin are shown in Figure 6.3. These
separations used the optimized buffer with an electric field strength of 650 V/cm over a
separation detection distance of 3.0 cm. Average separation efficiencies and standard deviations
of the separation shown in figure 3 are listed on Table 4. The protein migration order was based
upon the pI’s of the proteins indicating that the separation mechanism was primarily charge
based. Fast electrophoretic separations of six proteins, cytochrome c, lysozyme, ribonuclease A,
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myoglobin, BSA, and α-lactalbumin were also performed in < 10 seconds as shown in Figure
6.4. The field strength for these separations was 1,200 V/cm and the separation distance was 2.0

cm. The separation efficiencies obtained using this method is significantly higher than any
previously reported on PDMS or PDMS-modified devices.

Figure 6.3 Electropherogram of lysozyme, cytochrome c, myoglobin, ribonuclease A and αlactalbumin; buffer: 10 mM sodium borate, 25 mM SDS, and 20% acetonitrile; analytes:
standard proteins diluted 1:100 from labeling cocktail; device: cross channel PDMS chip with a
4.0 cm PDMS separation channel detected at 3.0 cm with a field strength of 650 V/cm.
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Figure 6.4 Electropherogram of lysozyme, cytochrome c, myoglobin, ribonuclease A, BSA, αlactalbumin; buffer: 25 mM SDS, 10 mM sodium borate and 20% ACN; analytes: standard
protein diluted 1:100 from labeling cocktail; device: cross channel PDMS chip with a 4.0 cm
PDMS separation channel detected at 2.0 cm with a field strength of 1,200 V/cm.

Protein

N(±Std. Dev.)

% RSD

N/s

H (µm)

N/m

Lysozyme

41,000±800

1.9

2,320

0.72

1.4 x 106

Ribonuclease A 54,800±500

1.0

3,000

0.54

1.8 x 106

Myoglobin

49,400±900

1.8

2,655

0.60

1.6 x 106

α-Lactalbumin 41,900±700

1.7

2,171

0.72

1.3 x 106

Cytochrome C 45,000±800

2.0

2,500

0.66

1.5 x 106
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Table 4 Number of plates, standard deviation of the number of plates, plates per second, plate
height, and plates per meter for proteins labeled with AlexaFluor 488 and separated on a 4.0 cm
PDMS cross channel chip with a detection point of 3.0 cm using 25 mM SDS, 10 mM sodium
borate and 20% ACN. The applied field strength was 650 V/cm.

6.3.3 MEKC of Proteins on Serpentine Chip
Peak capacity and resolution are important considerations for the effectiveness of MEKC
separations on PDMS chips. To further improve the resolution among the standard protein
mixture, a PDMS serpentine channel chip with a 30 cm separation channel was fabricated.
Linear improvements were observed for the separation efficiency with increased separation
distance, but no improvements were observed in resolution with increased separation distance
after about 7 cm (Figure 6.5). This was an extremely reproducible phenomenon. The linear
increase in separation efficiency with distance in Figure 6.5 indicated that the turns of the
serpentine chip did not have a detrimental effect on the separation, and therefore, should not
have adversely affected the resolution. To our knowledge the effect of separation distance has
never been investigated with MEKC-based protein separations. Whether the above results are a
general phenomenon for MEKC-based protein separations or just confined to separations on
PDMS devices remains to be seen.
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Figure 6.5 Separation efficiency of BSA-AF and resolution between myoglobin-AF and BSAAF as a function of both separation distance and time; buffer: 25 mM SDS, 10 mM sodium
borate and 20% ACN; analytes: standard proteins diluted 1:100 from labeling cocktail; device,
serpentine chip with field strength of 150 V/cm. Closed circles represent efficiency versus
migration time. Closed squares represent resolution versus migration distance.

An E. coli metabolome homogenate consisting primarily of amines was separated using a
PDMS serpentine chip. The molecular weight distribution of the homogenate was verified using
molecular weight cutoff filters (MWCO). Additionally, standard diamines labeled with
AlexaFluor 488 were comigrated with the E. coli homogenate to identify some of the peaks in
the electropherogram. Efficiencies of the amines exceeded 3.0 x 106 N/m and the resolution
among the amines increased with the square root of the separation distance as expected.159 The

149

same was seen for a variety of fluorescently labeled amino acids.159 The E. coli metabolome
homogenate was doped with lysozyme and α-lactalbumin that were conjugated with AlexaFluor
488. Lysozyme and α-lactalbumin were chosen because they represent the largest difference in
pI values for our selection of standard proteins and would be indicative of the range in which the
standard proteins would migrate. The pI difference between lysozyme and α-lactalbumin is
approximately 4.2 spanning from the basic lysozyme pI of 9.3 to the acidic α-lactalbumin pI of
5.1. The separation efficiency of the two proteins increased linearly with separation distance, but
the resolution reached a plateau after about 7 cm of separation distance. The poor resolving
power of this separation method seems to be a result of the short migration time window as
shown in Figure 6.6. This short time period limited the peak capacity to about 10-12 for the
standard protein separations. These results in terms of the peak capacity are similar to previous
capillary-based MEKC separations of proteins.248
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Figure 6.6 Electropherogram of an E. coli homogenate of metabolic amines doped with internal
protein standards of lysozyme-AF and α-lactalbumin-AF that were diluted 1:100 from the
labeling cocktail, device: serpentine chip with detection length of 25 cm; buffer: 25 mM SDS, 10
mM sodium borate and 20% ACN.

The late migration of the proteins in the separation window is indicative of a high
retention factor for the proteins.251 Attempts to lower the retention factor (i.e. the association of
the SDS with the protein) by lowering the SDS concentration or increasing the organic additive
resulted in lower resolution as discussed in section 3.1 above. The exact reason for this plateau
in resolution after a few cm of separation is not clear at the present time, but we are further
investigating this phenomenon.

6.4 Concluding remarks
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We were successful in rapidly separating fluorescently labeled BSA, which is known to
adsorb strongly to surfaces, and other fluorescently labeled standard proteins on PDMS-based
microfluidic devices to efficiencies that have not been realized on native PDMS or modified
PDMS microfluidic devices before. Although this method generates very fast separations and
high efficiencies, improvements in the resolution among individual fluorescently labeled proteins
did not increase with the square root of the separation distance as expected after the first few cm
of separation.
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CHAPTER 7 - Amyloid Beta Peptide Separations
7.1 Introduction
Microfluidic devices using capillary electrophoresis (CE) were designed to monitor the
real-time oligomerization of β-amyloid 1-40 (Aβ40) peptides. Glass microfluidic devices were
fabricated using a simple cross channel design with a separation channel of 3.7 cm. Rapid CE
separations were performed using a separation distance of 2 cm and a field strength of 200 V/cm.
The separations were performed in a solution of 20% (v/v) trifluoroethanol (TFE) and 20 mM
sodium phosphate at pH 7.4. CE separations performed using these conditions were capable of
resolving several Aβ40 oligomers in < 80 s. The oligomeric species were identified using
molecular weight cut-off filters. Time resolved CE separations demonstrate that the
oligomerization from paranuclei to protofibrils increases over a 4 hr incubation period. The
affects of two aggregation inhibitors, toluidine blue O and a novel synthetic product, CP2, were
characterized for their efficiency to inhibit the formation of Aβ40 protofibrils.
Protein conformational abnormalities have been implicated in a wide variety of
etiologically distinct diseases including Alzheimers disease, Parkinson’s, Huntington’s, senile
systemic amyloidosis, prion encephalopathies, cystic fibrosis and type 2 diabetes.252 A variety of
misfolded proteins, implicated in the above diseases, have been demonstrated to oligomerize and
precipitate within the extracellular or intracellular space causing cellular dysfunction and
death.253 In many protein conformational diseases it is still unclear whether the oligomerization
that is followed by precipitation is causative or symptomatic. Nevertheless, developing methods
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that reduce the oligomerization of misfolded proteins has the potential of further elucidating the
pathogenesis of these diseases.254
Alzheimers disease (AD) is a neurodegenerative disease that is characterized by the
precipitation of β-amyloid (Aβ) peptides within the cerebral neuropil and vasculature.255 Aβ
peptides are generated from the endoproteolysis of the amyloid precursor protein (APP).
Proteolytic enzymes such as α-secretase, β-secretase, and γ-secretase generate different
alloforms of the β-amyloid peptides. The α-secretase cleaves between residues 16 and 17
forming a non toxic peptide. The β-secretase and γ-secretase cleave between residues 596, 597,
and 637, 638, or 639, respectively. The peptides generated from the β and γ-secretase are
considered to be highly neurotoxic due to their ability to assemble into oligomers. The two
primary alloforms generated by β and γ-secretase are Aβ40 and Aβ42, each consisting of 40 and
42 amino acid residues, respectively.256 Both alloforms are normally found in the plasma and
cerebrospinal fluid, although it has been shown that when the Aβ42/Aβ40 concentration ratio
increases the likelihood of early onset AD increases.257, 258 It is still unclear what physiological
function, if any, the Aβ peptide serves in normal cellular functions.
Structural studies of the Aβ peptide have demonstrated that the physical properties of the
solvent greatly affect the structure of the monomer peptide and consequently its aggregation
properties.259 Aqueous solvents induce primarily β-sheet content, whereas aqueous solvents with
TFE or hexafluoroisopropanol (HFIP) induce α-helix content.260 Solvents that contain
membrane mimicking molecules such as SDS and CTAB induce the Aβ monomer to form αhelices. It has been hypothesized that the oligomerization of the Aβ peptide begins with an αhelix seed followed by a random coil that forms β-sheet structures. The formation of α-helix is
primarily an intermolecular process, whereas the β-sheet formation is an intramolecular process
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that is dependant upon the physical properties of the solution and the concentration of the
peptide.260 Changes in ionic strength and pH also change the conformation of the Aβ monomer,
and are thought to dramatically affect the oligomerization of the Aβ peptides.
The oligomerization and assembly of Aβ40 and Aβ42 have been investigated in vitro
using a number of techniques including: NMR261, 262, circular dichroism (CD)256, 260, fluorescence
spectroscopy261, surface plasmon resonance (SPR)254, mass spectrometry263, capillary
electrophoresis (CE)264, sodium dodecyl sulfate- polyacrylamide gel electrophoresis
(SDS/PAGE)252, 256, size exclusion chromatography (SEC)256, dynamic light scattering (DLS)256,
atomic force microscopy (AFM)252 and electron microscopy264. These techniques have generated
insights into the both the mechanism and kinetics of oligomerization256.
Several useful methods have been developed for monitoring the aggregation of Aβ
peptides in real-time including SEC, DLS, and PICUP-SDS-PAGE. Unfortunately there are
several disadvantages that are associated with these techniques. SEC is useful for the real time
analysis of the dimer, trimer and tetramer aggregates, but can not separate higher molecular
weight oligomers quantitatively. PICUP-SDS-PAGE was demonstrated to polymerize Aβ
oligomers, forming covalent bonds between peptides, allowing the use of SDS-PAGE for size
analysis. PICUP-SDS-PAGE is good at quantifying oligomers smaller than the pentamer, but is
inefficient in polymerizing larger aggregates such as the dodecamer. DLS is capable of
monitoring in real time the formation of large oligomers greater than 40 kD in size, but
polydisperse solutions make quantitative analysis very difficult to impossible. In addition to the
size limitations of each technique they also suffer from high detection limits, long analysis time,
and low throughput.
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Quantitative methods are needed that have the ability to monitor both the protofibrils
with molecular weight greater than 50 kD and paranuclei with molecular weights less than 50
kD. An ideal method will combine sensitivity, high throughput, and rapid analysis. A convenient
method of monitoring the oligomerization of low concentration peptides and proteins is capillary
electrophoresis using laser induced fluorescence detection (CE-LIF). Detection limits for LIF
have been demonstrated to be as low as 10 pM. CE-LIF can also be performed on microfluidic
devices which have several advantages over conventional scale chemical instrumentation.
Microfluidic devices have the capability of integrating multiple chemical processing steps within
a channel manifold. The chemical manipulations can be performed in series or parallel and
several different types of chemical processing and handling steps have been demonstrated
including mixing, reactions, filtering, preconcentration and separations.33, 199-203 Several of these
processing and handling steps have been integrated to generate devices capable of performing
complete chemical analyses.33, 201, 265-267 Microfluidic devices have great potential for analyzing
protein conformational diseases. Moreover, microfluidic platforms have the potential of
combining on-chip cell culture reactors with the analysis and separation of oligomeric species,
allowing for the design of experiments that have sensitivity, time-resolution and throughput that
can not be performed with conventional techniques.
The first step in implementing microfluidic devices for Aβ analysis is demonstrating that
Aβ peptides can be manipulated and analyzed on a microfluidic device. We demonstrate the
ability to separate several different oligomeric species of Aβ peptides on a microfluidic device
using rapid CE-LIF. Separations were completed in < 80 s and were capable of monitoring in
real time the oligomerization of Aβ peptides from paranuclei to protofibrils. MWCO filters were
used to differentiate the oligomers in the electropherogram. In addition to analyzing the real time
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oligomerization of Aβ40 peptides we also examined the effect of several drugs on the inhibition
of the Aβ40 oligomerization. We monitored the efficiency of these molecules to inhibit the
oligomerization of the paranuclei to form protofibrils.

7.2 Materials and methods
7.2.1 Reagents
Trifluoroethanol and sodium phosphate was purchased from Sigma Aldrich (St. Louis,
MO). Toludine blue O (TBO) was obtained from X. All of the chemicals were used as received.
All solutions were made using distilled, deionized water from a Barnstead Nanopure System
(Dubuque, IA) and then filtered through 0.45 µm Acrodiscs (Gelman Sciences; Ann Arbor, MI).

7.2.2 Peptide and CP2 Synthesis
Aβ1-40 was synthesized at the Kansas State University Department of Biochemistry and
was labeled with tetramethyl rhodamine (TAMRA) obtained from molecular probes (Eugene,
OR). CP2 was synthesized using previously published results by Duy Hua et al.

7.2.3 Microchip Fabrication
Photomasks were generated by The Photoplot Store (Colorado Springs, CO) at 40,000
dpi using a photoplotting process. The mask designs were created in AutoCAD2000LT
(Thomson Learning; Albany, NY) and sent to The Photoplot Store for translation and
fabrication. The schematics of the microchips used in this study is shown in Figure 7.1. The
fabrication of glass microfluidic devices has been described elsewhere. Briefly, microchips were
fabricated from soda-lime photomask blanks (Telic Co.; Santa Monica, CA). The photomask
blanks were patterned using the photomasks followed by exposure to UV light using a flood
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exposure system (ThermoOriel; Stratford, CT). The exposed plate was developed using
Microposit Developer (Shipley Co., Marlborough, MA) and Chrome Mask Etchant (Transene,
Co.; Danvers, MA). The exposed glass was wet chemically etched using a buffered oxide etchant
and the remaining photoresist was removed by immersing the plate in a stirred solution of
Chrome Mask Etchant. Access holes were mechanically drilled into cover plates and cut prior to
bonding. The glass slides were next bonded using previously reported procedures.X Cylindrical
glass reservoirs (~140 µL capacity) were attached using Epo-tek 353ND Epoxy (Epoxy
Technologies, Inc.; Billerica, MA) where the access holes were located.

7.2.4 Aβ40 Sample Preparation:
Aβ40 was synthesized and dissolved in 100 mM sodium bicarbonate at pH 10.5 to an
Aβ40 concentration of 10 µM. This mixture was then placed in 100 µL aliquots in eppendorf
tubes and frozen at -10°C. This step was performed to ensure no freeze-melt cycles which can
cause premature peptide aggregation. The samples were then dissolved in 900 µL of 20 mM
sodium phosphate buffer and 20% (v/v) of TFE. After dissolving the peptides in the run buffer a
series of sonication and centrifugation steps were performed to reduce the amount of
oligomerized Aβ40 peptides. The peptides were sonicated in an ultrasonic bath for 5 min,
followed by a centrifugation for 10 min at 10,000 g. The sample was immediately loaded onto
the microfluidic device and separated.

7.2.5 Microchip preparation:
The glass microchips were initially treated with methanol and 1 mM NaOH to remove
any debris that may have adhered to the channels. This treatment also serves to ensure that the
zeta potential is the same for each run, ensuring that the EOF and the migration times are
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reproducible. We found that ensuring minimal buffer evaporation was critical for reproducible
migration times of the peptides. This was accomplished by applying a 1 cm x 1 cm x 0.2 cm
piece of adhesive PDMS to the reservoir. A 20 gauge needle was used to vent the top of the
reservoir so no pressure heads developed.

7.2.6 Separation and detection:
The CE separations and LIF detection were performed with equipment that was similar to
that previously described.159 The separations and gated injections117 were performed using three
independent and remotely programmable high voltage (0-10 kV) power sources from EMCO
(Sutter Creek, CA). The proper potentials to apply at each reservoir were determined using
Kirchhoff’s rules and Ohm’s Law.118 The injection times were 0.02 s.

7.3 Results and Discussion
7.3.1 Aβ 40 CE Separation:
The microfluidic device was prepared and loaded with Aβ40 peptides as described in the
experimental section 2.3-2.4. The glass cleaning protocol served to remove any debris or
contaminates from the glass channels that may contribute to deviations in the electroosmotic
flow (EOF). This study used three microfluidic devices, shown in Figure 7.1, that were of
identical dimensions. For all the separations an electric field of 200 V/cm and separation
detection length of 2.0 cm was used. The aggregation of the Aβ peptide was not affected by field
strengths of up to 500 V/cm, but at elevated field strengths > 600 V/cm solvent evaporation
within the channels due to Joule heating was observed. The sample was loaded into the
microfluidic chip immediately after supernatant withdrawal (t0) and was continuously separated
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over a period of 4 hrs. Over this time period we did not observe significant drifts in migration
time of the monomeric peaks that could be due to adhesion of Aβ40 peptides to the capillary
sidewalls. Adhesion of the peptides to the sidewalls of the capillary will cause a change in zeta
potential and consequently change the EOF. Since TFE has a relatively high vapor pressure (b.p.
78ûC) it was critical to minimize the solvent evaporation from the microfluidic reservoirs.
Without special precautions, described in experimental section 2.4, migration times would vary
30-40% over 4 hrs primarily because of changes in the ionic strength of the buffer. Additionally,
since the peptide conformation is dependent upon the ionic strength of the solution and pH it is
likely that changes in conformation, and hence aggregation would occur if the solvent content
were to change. Sealed reservoirs with needle vents provided migration time reproducibilities of
4.5%, as described in the experimental section 2.4.
A representative electropherogram for the CE separation of Aβ40 is shown in Figure 7.2.
The electropherogram consists of several different oligomers ranging from the trimer and
tetramer to large aggregates with MW > 50,000. The two oligomeric species that are separated to
the highest resolution are the protofibrils with MW > 50,000 and paranuclei with MW < 30,000.
In Figure 7.2 the protofibrils have a migration time of 78 s, while the paranuceli with MW <
30,000 have a migration time of under 40 s.
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Width = 30 µm
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Figure 7.1 Schematic of Cross Chip used for Aβ40 peptide separations. The chip is fabricated
using the glass etching and bonding protocols listed in the experimental section.
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Figure 7.2 An electropherogram of Aβ40 generated using glass microfluidic device. Device:
cross channel glass chip with 2.0 cm separation distance and applied electric field of 200 V/cm;
buffer: 20% TFE and 20 mM sodium phosphate buffer at pH 7.4; sample, 1 µM Aβ40 peptides.

7.3.2 Real Time monitoring of Aβ 40 Aggregation:
The oligomerization and assembly of the Aβ40 peptides to tetramers, dodecamers and
protofibrils was monitored over a period of 4 hrs using microfluidic devices. Significant
oligomerization of the Aβ40 peptide could be detected after 1.5 hrs. Molecular weight cut-off
(MWCO) filters were used to identify the oligomeric species in the electropherogram and is
shown in Figure 7.3. Since the TFE in solution slows the oligomerization rate the MWCO filters
could be used to separate oligomers before they could react through an equilibration pathway.
Time resolved studies of the oligomerization of the Aβ40 peptides, shown in Figure 7.4,
revealed that the protofibrils increased with time.
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Figure 7.3 A series of electropherograms of Aβ40 filtered with MWCO filters to isolate specific
oligomers. Device: cross channel glass chip with 2.0 cm separation distance and applied electric
field of 200 V/cm; buffer: 20% TFE and 20 mM sodium phosphate buffer at pH 7.4; sample, 1
µM Aβ40 peptides.
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Figure 7.4 A series of electropherograms of Aβ40 separated continuously over 3 hrs to monitor
the formation of larger aggregates. Device: cross channel glass chip with 2.0 cm separation
distance and applied electric field of 200 V/cm; buffer: 20% TFE and 20 mM sodium phosphate
buffer at pH 7.4; sample, 1 µM Aβ40 peptides.

7.3.3 Monitoring of Aggregation Inhibitors
We used two different inhibitors of Aβ40 oligomerization, Toludine blue O and a novel
synthetic product CP2. Toludine blue O is known to inhibit the oligomerization of Aβ peptides.
This molecule also has an absorbance max near 488 nm, and an emission max near 520 nm, so it
can be monitored with our LIF detection scheme. CP2 also has been demonstrated to reduce the
aggregation of Aβ40 peptides.
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Figure 7.5 shows the reaction between Toludine blue O and Aβ40 over a period of 300

min. Initially, the Toludine blue O peak can be observed at 15 s. Over time this peak diminishes
as it continues to react with the Aβ40 oligomers. Likewise the large aggregates slowly diminish
with time.
CP2 a novel synthetic product was also analyzed for its effectiveness for reducing the
aggregation of the Aβ40 aggregates. CP2 appears to be much more reactive than Toludine blue
O as initially there are no protofibrils, shown in Figure 7.6.

Figure 7.5 A series of electropherograms of Aβ40 separated continuously over 3 hrs with the
presence of toluidine blue O. Device: cross channel glass chip with 2.0 cm separation distance
and applied electric field of 200 V/cm; buffer: 20% TFE and 20 mM sodium phosphate buffer at
pH 7.4; sample, 1 µM Aβ40 peptides and 1 µM toluidine blue O.

165

Figure 7.6 A series of electropherograms of Aβ40 separated continuously over 3 hrs with the
presence of CP2, a novel synthetic inhibitor. Device: cross channel glass chip with 2.0 cm
separation distance and applied electric field of 200 V/cm; buffer: 20% TFE and 20 mM sodium
phosphate buffer at pH 7.4; sample, 1 µM Aβ40 peptides, and 1 µM CP2.

7.4 Conclusion
We have demonstrated the ability to perform rapid capillary electrophoresis separations
on a microfluidic device that allows for the real time analysis of the oligomerization of Aβ
peptides. This technique can be used to analyze the effectiveness of a wide variety of
pharmaceutical drugs on the inhibition of the aggregation of Aβ peptides.
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CHAPTER 8 - Sol-Gel Membranes for Preconcentration, Separation,
Purification and Novel Sensors
8.1 Introduction to Sol-Gel Patterning of Membranes
Sol-gel chemistry has proven to be extremely versatile in a number of fields including
optics, electronics, catalysis, sorbtion, chemical sensing, and chemical separation. The versatility
of sol-gel chemistry primarily stems from the wide variety of different materials that can be
synthesized using different metal alkoxide precursors and the ability to impart within these
materials desirable physical properties such as high surface area, low density, thermal stability,
and transparency.268 In this communication we demonstrate the use of sol-gel chemistry to
fabricate transition metal (Ti, Zr) oxide membranes within microfluidic manifolds and their use
for specific chemical manipulations on-chip. Coupling both versatile sol-gel membranes with
microfluidic devices will further diversify the number of chemical and physical manipulations
that can be performed on such hybrid devices.
Microfluidic devices were originally developed to sample small volumes, but over the
last decade they have evolved into complex multifaceted devices that integrate multiple chemical
processing steps within a single channel manifold. Several different types of chemical processing
and handling steps have been demonstrated including mixing, reactions, filtering,
preconcentration and separations.33, 269 These processing and handling steps have been integrated
with on-chip waveguides, lasers and photodiodes to generate devices capable of performing
complete chemical analysis.270, 271 An important chemical processing step in microfluidic devices
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is the ability to perform concentration enrichment of analytes for downstream analytical
detection.
Several examples of microchip concentration enrichment have been demonstrated. These
examples include field amplified sample stacking (FAS), isotachophoresis (ITP), electrokinetic
trapping, micellar sweeping, chromatographic preconcentration and membrane preconcentration.
In previous microfluidic membrane preconcentration studies the microfluidic devices have been
fabricated using multilayer lithography. This technique involves sandwiching a track etched
nanoporous polycarbonate membrane between two layers of poly(dimethylsiloxane) (PDMS).272,
273

This fabrication technique suffers from some disadvantages including: a) inefficient bonding

between lithographic layers that produces leaks between the two PDMS layers, b) chemical
systems must be compatible with polymer microfluidics, and c) the devices are constrained to
specific geometrical configurations which lead to unwanted variations in transport phenomena.
Other than multilayer lithography several patterning techniques using microfluidic laminar flow
have been developed which allow for the generation of structures within microfluidic devices.83
Zhao et al. have demonstrated the synthesis of nylon membranes using laminar flow within
microfluidic devices274 and Song et al. have demonstrated a laser patterned membrane275, but to
date there have been no reports demonstrating the fabrication of nanoporous membranes on
microfluidic devices using sol-gel chemistry. The chemical flexibility of sol-gel processing has
the potential to generate a vast number of different membranes for specific physical processes.

8.2 Theory of Ion Depletion and Enrichment in Nanochannels
A number of researchers over the past five years have begun to use nanofluidics for a
variety of analytical functions, some of them are just beginning to be realized such as
preconcentration, injection and conduction measurements. Liu, Sweedler and Bohn have
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extensively modeled and mathematically described nanofluidic channels.276, 277 Sharong Liu
modeled the ionic flux of a nanochannel and found that both positive and negative ions are
depleted from one side of the nanochannel, whereas on the opposite side of the nanochannel both
positive and negative ions are enriched.278 The ion enrichment and depletion effects of a
nanochannel depend heavily on the double layer overlap generated when the diameter of a
nanochannel is less than twice the thickness of the double layer generated at a surface. From the
Gouy-Chapman model the double layer thickness depends on the concentration of the electrolyte
and typically ranges from 300 nm to 3 nm for electrolyte concentrations of 10-6 M to 10-2 M,
respectively; thus, channels with diameters less than 400 nm can demonstrate the effects of ion
depletion and enrichment for low concentration electrolytes.
The question remains why both cations and anions are enriched and depleted on the same
side of the membrane. The answer lies in both the electric double layer overlap and inequalities
between ion fluxes. Generally when the electric double layer overlaps within a nanochannel the
ionic content will be dominated by either cations or anions depending on the surface charge of
the channel. For instance, consider a silica nanocapillary at pH 7. The concentration of cations
will be dramatically greater than the concentration of anions within the nanocapillary. A
mathematical relation for this is: [A+] = α[B-] where α is greater than 1. Next the flux of ions
through the nanochannel is different for cations and anions. For instance, the flux of positive ions
through the nanochannel is greater than the flux of positive ions through the microchannel. The
result is an accumulation of cations near the cathode. The flux of the negative ions is faster
through the microchannels, and slower through the nanochannel, the difference results in a
depletion near the anode and an enrichment near the cathode. This series of ion fluxes is
illustrated in Figure 8.1, below.
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Figure 8.1 Green arrows indicate the movement of cations, whereas orange arrows indicate the
movement of anions through the nanochannel circuit.

Sharong Liu has modeled the flux of ions in a nanochannel using the following equations
E.33-E.42.277, 278 E.33 and E.34 describe the ion enrichment factor (EF) and the ion depletion
factor (DF), where CF and CI are the concentration of the ions initially and finally.
E.33 : E F =

CF − CI
CI

E.34 : DF =

C I − CF
CF

In addion to the enrichment factors the ion flux (J) was modeled using equations E.35
through E.38, where E is the electric field, S is the cross sectional area, A or B is the ion, and µ is
the mobility of each respective ion. The flux was modeled on each end of the nanochannel. For
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instance, the depletion and enrichment of ions A and B were modeled on both sides of the
nanochannel. Each side will be designated C for the cathodic end, and n for the anodic end. The
deriviation of these equations originates from v =Eµ.
E.35 : J CA = E C • S C • µ A • [ A]C
E.36 : J CB = − E C • S C • µ B • [ B ]C
E.37 : J nA = E n • S n • µ A • [ A]n
E.38 : J nB = −En • Sn • µB • [ B]n

As we have seen previously Kirchoff’s law can be applied to the flux on either end of the
channel to generate the relation in E.39.
E.39 : J 1A − J 1B = J nA − J nB

Using E.39 and equations E.35-E.38 it is possible to model the movement of ions from one side
of the channel to the other. Liu has also demonstrated that nanochannels can be used as proton
pumps.277

8.3 Experimental
We have developed a robust and inexpensive method of patterning transition metal (Ti or
Zr) oxide nanoporous membranes within microfluidic manifolds without using multilayer soft
lithography. Laminar flow within microfluidic channels was used to transport transition metal
alkoxides and water to a liquid-liquid interface where an interfacial sol-gel reaction was
performed to fabricate a nanoporous membrane within a glass microfluidic manifold. Due to the
nanoporous nature of the membrane it was possible to generate a charge depletion zone within a
microfluidic channel that could consequently be used for electrokinetic trapping of small
molecules, proteins and particles. This sol-gel membrane patterning method has the potential of
171

generating many different types of membranes that could be used for a wide variety of
applications. These membranes are facile to fabricate and avoid several of the disadvantages
associated with multilayer membrane microfluidic devices. In addition, the membranes can be
synthesized with a wide number of chemical functionalities and physical properties due to the
versatility of sol-gel processing.
High aspect ratio titania membranes with widths of 4-26 µm, lengths of 15-500 µm and
depths of 20 µm were fabricated in microfluidic devices using laminar flow (Figure 8.2, 8.3). A
solution of 25% (v/v) titanium isopropoxide with isopropanol was prepared immediately prior to
membrane fabrication. Depending on the desired membrane width a second solution of [H2O]
between 10-90% (v/v) isopropanol was constituted. The [H2O] in the sol-gel reaction was the
most effective method of modifying the width of the membrane. A linear range from 4-26 µm
wide membranes corresponded to [H2O] between 10-90%. Other experimental variables included
fluid velocity and reaction time which were held constant. The microchip was initially filled with
neat dry isopropanol and laminar flow was established by applying an absolute pressure of 85
kPa to the microchip. Once laminar flow was established the 25% solution of titanium
isopropoxide was inserted into one of the reaction reservoirs. After the titanium isopropoxide
was added, the variable water-isopropanol solution was added to the second reaction reservoir.
After both reactants had been added to the microchip reservoirs the interfacial sol-gel reaction
was allowed to proceed for 5 min. The ambient conditions were 20% relative humidity and 23°C.
After the reaction was complete the reservoirs were flushed with neat isopropanol for
approximately 10 min followed by rinsing the channel with 80 mM sodium phosphate at a pH of
11.5 for approximately 10 min. The microchip was allowed to sit at room temperature for 24 hrs
prior to use in preconcentration experiments. Identical conditions were used for fabricating
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zirconia membranes with the exception of using zirconium isopropoxide rather than titanium
isopropoxide.

Sol-Gel Membrane

Sol-Gel
Precursor

H2O

Figure 8.2 Schematic of membrane fabrication within a microfluidic manifold.

Multiphoton microscopy was used to image the membrane over the depth of the channel
and ensure that there exists an intact membrane that spans the depth of the microfluidic
channel.279 After the membrane was fabricated in the microfluidic channels they were filled with
1 µM fluorescein and allowed to sit for ~ 2 hrs prior to imaging. The number of fluorescein
molecules within the membrane was significantly lower than the number within the bulk solution
of the microfluidics. The spatial fluorescence contrast between the two areas allowed for 3D
imaging of the membrane using multiphoton microscopy. Cross sections of the membrane over
the depth of the channel demonstrate an intact vertical sidewall (Figure 8.3B).
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Figure 8.3 A) Optical micrograph of a 4 µm x 75 µm x 20 µm titania membrane fabricated
within a glass microfluidic manifold. B) Multiphoton XY scans at various depths within the glass
channel (z = 4 µm, 8 µm, 12 µm, 16 µm). C) PDMS microfluidic device with a membrane
fabricated at the intersection.

8.4 Ion Depletion and Enrichment Using Microfluidic Membranes
Concentration enrichment was performed using the electrical scheme diagrammed in
Figure 8.4A. The resistance of a 20 µm wide titania membrane was measured at 7.5 MΩ using

150 mM phosphate solution. An electric field of 110 V/cm was applied across the membrane that
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generated an ion depletion zone which was used for ion stacking and enrichment, as previously
described.272, 280, 281 Figure 8.4B demonstrates the enrichment of Lysozyme-AlexaFluor
conjugate near the titania membrane. The enrichment is spatially confined to an area of 100 µm2,
which can be injected for CE separation and downstream analytical detection.

Figure 8.4 A) Preconcentration voltage scheme for amino acids, proteins and latex particles, B)
Series of CCD images of the preconcentrated plug near the charge depleted region that was
formed by the titania membrane. The imaged area is illustrated in the voltage scheme above. The
buffer was 80 mM sodium phosphate at pH of 11.5, 110 V/cm applied across the membrane and
150 nM lysozyme concentration. Color scale shows fluorescence, red: max, black: min.

The surface charge of the nanochannels within the membrane determines the spatial
orientation of the ion depletion and enrichment with relation to the applied electric field.281 In
theory ion depletion for a negatively charged nanochannel should occur on the anode side of the
membrane, and vice versa for a positively charged nanochannel.281 Ion depletion and enrichment
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regions were monitored by filling the channel manifold with fluorescein and monitoring areas of
fluorescein enrichment and depletion photometrically. In Figure 8.4B an area of ion depletion
was observed on the anode side of the membrane which was used to preconcentrate analytes.
Quantitative preconcentration studies using fluorescein demonstrated over a million fold
enrichment factor in under 5 min and is illustrated in Figure 8.5. The speed of this
preconcentration is due to the high field strengths, surface area and the pore density of the titania
membrane. We also performed similar concentration using amino acids, proteins and 1 µm latex
microspheres with similar efficiencies.

Figure 8.5 Plot of three different fluorescein concentrations that were preconcentrated against a
20 µm x 20 µm x 100 µm titania membrane in a glass microfluidic manifold. The run buffer was
20 mM sodium phosphate, pH = 11.5, with an electric field of 110 V/cm applied across the
membrane.
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To further examine the ion depletion and enrichment zones we filled the entire channel
manifold with a high concentration of fluorescein and monitored the overall intensity over time.
We observed areas of fluorescence minima and maxima after applying a potential, similar to
Figure 8.4A, across the membrane. The minima and maxima correspond to ion depletion and

enrichment zones, illustrated in Figure 8.6 below.

Figure 8.6 Ion enrichment and depletion zones monitored by epi-illumination microscopy.
Initially the channel manifolds were filled with 1 mM fluorescein in 80 mM sodium tetraborate
at pH 11.5. The concentration enrichment and depletion was performed after applying a field
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strength of 100 V/cm across the membrane while floating the other two reservoirs. Colorscale
shows fluorescence, min: blue, max: white.
Ion specific enrichment has also been demonstrated to be dependent on the charge of the
nanochannel, buffer characteristics and EOF of the channels. We demonstrate in Figure 8.7 that
a titania membrane is capable of performing ion enrichment on different spatial orientations
relative to an applied electric field. In theory, both the charge of the nanochannel and the
contents of the nanochannel will determine the flux of the ions. For instance, a negatively
charged surface with a positive double layer overlap will enrich on the cathodic side, while a
positively charged surface with a negative double layer overlap will enrich on the anodic side.
This experiment further suggests that the ion depletion and enrichment that we are observing is
based on a nanochannel phenomena, as supported by theoretical work published by Sharong Liu.

Figure 8.7 Preconcentration studies performed using identical titania membranes with different
buffer compositions. The membrane was demonstrated to preconcentrate on opposite side.
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What is even more interesting is that the ion depletion zone extends the length of the
channel and has the potential to be used for a number of water purification schemes. To
demonstrate this effect we filled the channels with 1 mM fluorescein and monitored the ion
depletion from the channels fluorometrically. Over a period of 1 min a 4 cm section of capillary
was depleted of the majority of the ions and the current through this channel was in the sub
micro amp range, indicating significant ion depletion. This experiment is demonstrated in Figure
8.8. Future experiments aim at using this technology to purify complex samples that can be used

for a number of processes. Also, this device may prove to be useful for the purification of a small
volume of water for other biological analysis.

Figure 8.8 Ion depletion of fluorescein demonstrated in the far left channel, over time the ions
are depleted in this region and the sample is deionized yielding very low currents.

8.5 Preconcentration on Titania Membranes Coupled to Separation
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Another important analytical function is the combination of concentration enrichment
with a separation modality. In this case CE coupled to preconcentration works quite nicely. Since
the analyte is preconcentrated in a plug near the membrane it is possible to inject this plug into
the separation channel and perform a charged based separation using free solution
electrophoresis. Using the electrical schematic in Figure 8.9 we performed separations of 150
pM lysozyme, shown in Figure 8.10.

Figure 8.9 Voltage scheme for preconcentration and electrophoretic separation.
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Figure 8.10 Preconcentration of 150 pM lysozyme and separation using the voltage scheme
shown in Figure 8.9. The peaks shown here indicate the hydrolysis of the protein under
extremely basic conditions. The buffer used was 80 mM sodium phosphate at a pH of 11.5.

8.6 Titania Membrane Sensors
Titania membranes are also extremely amenable to being functionalized using common
and well characterized silane chemistry. We derivitized the titania membrane using sol-gel
processing with Nile Red. Since the absorptive properties of nile red are dramatically affected by
the polarity of solvent we were capable of developing a sensor that can distinguish different
solvents of varying dielectric constants. Figure 8.11 shows a titania membrane derivitized with
nile red in water and in hexane. The non-polar hexane gave a significantly higher fluorescent
signal at 514 nm than the membrane in the water. A comparison of mean fluorescence intensity
of a variety of solvents is illustrated in Figure 8.12. This provides a proof-of-concept for
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developing fluorometric sensors for a number of different physical processes. A convenient
advantage of membranes is that it is easier to flow bulk solution past a membrane than a
microfluidic channel packed with beads or dots, which improves throughput.

Figure 8.11 Titania sensors functionalized with nile red. Left: Nile-Red-Titania membrane in
H2O, Right: Nile-Red-Titania membrane in hexane.

Figure 8.12 Measurement of membrane fluorescence for a number of solvents.
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8.7 Conclusion
In conclusion, we demonstrate a method of fabricating reproducible, robust nanoporous
sol-gel metal oxide membranes within a microfluidic manifold. Titania membranes were
demonstrated to perform rapid ion depletion and ion enrichment capable of million fold
enrichment factors in under 5 min. In addition we have briefly demonstrated the ability to use
these membranes to both perform preconcentration coupled to separation. These sol-gel
nanoporous membranes have the potential of further diversifying the field of microfluidics and
the physical and chemical manipulations that can be performed using such devices. Future
studies will use these membranes for protein crystallization, desilanization, and biopolymer
enrichment and detection.

CHAPTER 9 - Coblock PEO-PDMS Polymers for µfluidic Devices
9.1 Introduction
Silicones, specifically poly(dimethylsiloxane) (PDMS), have become very popular due to
low cost and broad applicability. Besides microfluidic prototyping50 and separations51, silicones
can also be used for paper release agents, fiber lubricants, textile hand modifiers, corrosion
inhibitors, mold release agents, antifouling materials and water repellents.149 To a large extent
most of these applications take advantage of the unique surface properties of silicones. The bulk
surface properties of PDMS have been well characterized and include a hydrophobic surface
with low surface tension. Although the bulk hydrophobicity of silicones has many advantages it
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also limits the overall applicability of PDMS in biological applications. Biopolymers such as
proteins and hydrophobic analytes will irreversibly adsorb to PDMS making it difficult to
transport such analytes within a PDMS microfluidic manifold.
Several polymers have been investigated which attempt to reduce the biofouling of
PDMS microfluidics. Coblock polymers are especially useful due to the ability to tailor the
hydrophobic and hydrophilic properties of the polymer. Poly(dimethylsiloxane)poly(ethyleneoxide) (PDMS-PEO) coblock polymers have been demonstrated to be extremely
antithrombogenic allowing for utility in biomedical applications involving the analysis of
hydrophobic analytes such as biopolymers and adhesive cells.282
Our overall goal was to synthesize an amphiphlic coblock polymer that retains the
positive attributes of PDMS, notably its ability to serve as a good substrate for micromolding,
but also eliminate disadvantages of PDMS including its hydrophobicity. To accomplish this we
aimed at developing a polymer that contained block elements of both PEO and PDMS alternating
blocks. An important advantage of many coblock polymers involves “block migration”, or
“block reorientation”. Block reorientation occurs due to an interfacial stimulus which forces
reorientation due to a favorable thermodynamic conditions. For instance, a PDMS-PEO coblock
polymer will initially exhibit a PDMS moiety at a surface when exposed to air, but when
exposed to water a PEO moiety is “encouraged” to migrate to the surface to yield a hydrophilic
surface. This concept is illustrated in both Figures 9.1 and 9.2.
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PDMS

PEO
Bulk PDMS-PEO
Figure 9.1 Diagram of a PDMS surface generated under air.

Surface under water
PEO

PDMS

Bulk PDMS-PEO

Figure 9.2 Diagram of a PDMS-PEO surface generated under water after the PEO reorients

itself at the interface.
The block migration of the PEO to the surface can be monitored using contact angle
measurement. Over a period of 1 min the contact angle decreases from ~ 100° to 40°. The time
that it takes for the bulk contact angle to change from hydrophobic to hydrophilic is indicative of
the microscale migration of PEO units to the bulk surface.
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9.2 Experimental
9.2.1 Synthesis of PDMS-PEO Polymer
9.2.1.1 The protocol for PDMS-PEO prepolymer:

Synthesis of the PDMS-PEO prepolymer was performed in a 250 mL three neck round
bottom flask, with condenser, and dry air purge. After sufficiently cleaning the glassware with
nitric acid and sulfuric acid (3:1) and drying glassware at 110°C for 1 hr, 19.1 g PDMS H-Term,
12 g Vinyl-Term PEO, 9.3 g of hexane, and 30 ppm platinum catalyst was added and stirred at 1
Hz. After all reagents had been added the heat was ramped to 60°C for 4 hrs. Product was
rotovaped for 8 hrs. The block sizes were, PEO: 268 g/mol, PDMS-H term: 450 g/mol, The
weight percents: PDMS: 63%, PEO: 37%. Figure 9.3 shows the reaction scheme for the
synthesis of the PDMS-PEO copolymer.
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Figure 9.3 Reaction scheme for the copolymer synthesis of PDMS-PEO
9.2.1.2 Reinforcement and Crosslinking:

Due to mechanical instabilities of the PDMS-PEO prepolymer we used a combination of
silica precipitation and hydride terminated Q-resin to generate a mechanically stable polymer. To
perform the silica precipitation 1 g TEOS was added to 5 g prepolymer and precipitated under
2.5% ethyl-amine for 8 hrs. The result was rotovaped for 8 hrs. The reinforced prepolymer was
next crosslinked by adding 0.15 g HMS-301 to 1 g of prepolymer. In addition 200 µL of Xylene
with 30 ppm of platinum catalyst was added. The reaction was allowed to proceed within a
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scintillation vial for 2 hrs, after about 2 hrs it had become crystal clear. This mixture was poured
onto both a glass flat and an SU-8 mold to fabricate a microfluidic device. Images of features
molded using this synthetic product are illustrated in Figure 9.4.

Figure 9.4: Left: PDMS-PEO well formed using a stamping method, Right: PDMS-PEO
channels formed using SU-8 molds.

9.3 Results and Discussions
9.3.1 Contact Angle and RhB Absorption Measurements
Contact angle measurements were recorded using procedures described previously in
Chapter 3 and 4. Coblock polymers synthesized using methods described above yielded
significantly more hydrophilic surfaces with lower contact angle of 40° to 80°, this compared to
110° for PDMS. A number of different factors affect the contact angle of the polymer. For
instance, curing time and temperature, crosslinking ratio, PEO and PDMS weight content, and
strengthening agents all dramatically affect the surface characteristics. Figure 9.5 illustrates an
optical micrograph comparing the contact angle of the PDMS and the contact angle of the
PDMS-PEO polymer.
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Figure 9.5 Contact angles of PDMS-PEO (40°) and PDMS (110°)

In addition to bulk contact angle measurements which do not necessarily probe the
molecular interactions of a bulk polymer, we were also interested in using absorption and
adsorption studies of rhodamine B in PDMS-PEO channels. This experiment was similar to those
described in Chapters 3 and 4, where a 10 µm solution of rhodamine B was introduced into the
channel manifold. The fluorescence profiles were measured over a period of time to examine for
any absorption or adsorption. Adsorption of rhodamine B to the sidewalls of the channel is
indicated by bat ears on the edges of the profile, while absorption is indicated by an increase in
the full width at half max. Interestingly we saw neither increases at FWHM or bat ears
suggesting no absorption or adsorption of rhodamine B over 1 hr, shown in Figure 9.6.
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Figure 9.6 Rhodamine B absorption profiles for PDMS-PEO microfluidics.

9.3.2 EOF Measurements
As mentioned in Chapter 2 the electroosmotic flow of PDMS is directed primarily by the
adsorption of ions to the surface of the channel. The adsorption of ions is assisted by the
hydrophobic interface formed between PDMS and water. The interface tends to adsorb less
polarizable ions such as – OH or – Cl. If the hydrophobicity of the polymer is decreased the
chemisorption of ions to the surface would be much less and also would tend to slow down the
electroosmotic flow. Alternatively, polymer chains have the potential of reorienting and in the
process have the potential of generating a significantly thick polymer entanglement near the
surface. The entanglement near the surface has the potential to increase the resistance of flow
and also decreasing the EOF.
190

The measurement of the EOM was similar to that previously described in Chapter 3-4.
The electroosmotic flows were measured between 1.0 x 10-4 cm2/Vs and 3.0 x 10-5 cm2/Vs for a
variety of different PEO-PDMS blends. Generally we observed that higher reinforcement with
silica generated higher EOF’s, but no trends with respect to crosslinker or processing parameters
were apparent. The buffer that was used was 25-50 mM sodium tetraborate with an electric field
strength of 300 V/cm. This EOF can be compared to 2.3 x 10-4 cm2/Vs for native PDMS using
identical buffer conditions and field strengths.

9.3.3 Separations on PDMS-PEO Microfluidics
In addition to characterizing the potential of PDMS-PEO as a substrate for microfluidic
fabrication we were also extremely interested in examining its usefulness for electrophoretic
separations. Initially we examined separations of TAMRA labeled amino acids on both PDMS
and PEO-PDMS. We found, much to our delight, that the separation efficiencies and resolutions
were largely better or comparable in some cases. Shown below is a comparison between
electropherograms of TAMRA labeled amino acids on PDMS and PEO-PDMS.
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Figure 9.7 Separations of TAMRA labeled amino acids on PDMS and PDMS-PEO

Amino Acid

N (PEO-PDMS) N (PDMS)

2.0 cm

4.0 cm

R

9,400

10

H

9,200

Unresolved

S

8,300

25,000

P

9,900

23,000

D

4,300

Unresolved

E

5,000

Unresolved

Table 5 Efficiencies obtained on PDMS and PDMS-PEO for TAMRA labeled amino acids.
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CHAPTER 10 - Microfluidic Separations in Microgravity
10.1 Introduction
The ultimate goal of this project is to integrate microfluidic devices with NASA’s space
bioreactor systems. In such a system, the microfluidic device would provide real-time feedback
control of the bioreactor by monitoring pH, glucose, and lactate levels in the cell media; and
would provide an analytical capability to the bioreactor in extraterrestrial environments for
monitoring bioengineered cell products and health changes in cells due to environmental
stressors. Such integrated systems could be used as biosentinels both in space and on planet
surfaces.
To demonstrate the ability of microfabricated devices to repeatedly and reproducibly
sample microliter volumes from flight certified cell culture bags and perform capillary
electrophoretic separations in 0, lunar, martian, and hypergravity (1.8g).

1.2 cm

0.35 cm

0.25 cm
0.1 cm

2.8 cm
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Figure 10.1 FTC Chip design

A “flow through” channel chip was designed, and is illustrated to the left. This chip
features a large fluidic channel, located near the top of the microchip, which offers a low fluidic
resistance. This channel is etched to a depth of ~ 150 microns with a width of about 0.35 cm. The
low fluidic resistance of this large channel allows for the rapid flow and movement of fluid
through this channel. The “flow through” channel serves as an interface between the macroscale
external fluidics that will deliver sample from either a cell culture bag, or a bioreactor with the
on-chip microfluidics that are designed to perform capillary electrophoresis separations of amino
acids and proteins, specifically reGFP. We used differential etching techniques to fabricate the
microfluidic channels with a depth of 20 µm. This allowed for a large fluidic resistance to
hydrodynamic flow through the microfluidic channels so that pressure caused by the external
fluidics did not significantly affect the electrophoretic separations.
The goal of this experiment was to validate the fluidic interface between the microfluidic
chip and the external fluidic network including the cell culture bag. To accomplish this goal
several different samples were placed in a series of cell culture bags. Each cell culture bag
contained differences not only in the number of analytes, but also in the concentration of the
analytes. The different samples in each bag would allow us to characterize the fluidic interface
and the time it takes for sample to reach the injector and also allow us to access the quantitative
ability of the electrophoretic separations in determining differences in concentration of amino
acids and proteins.
Illustrated below is a schematic of the flow through chip connected to the external
fluidics. A series of CCD images were collected demonstrating the combination of
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hydrodynamic fluid flow through the wide “flow through” channel, with the electrokinetic
injection and separation of amino acids into the microfluidic channels. A flow rate of ~ 250
µL/min could be achieved through the wide “flow through” channel. This allowed for rapid real
time analysis of the contents of the cell culture bag. The time it takes for the analyte to travel
from the cell culture bag to the cross injector was 1-5 min depending on the flow rate from the
pump.

Figure 10.2 FTC External Pumping Schematic

10.2 Sample Preparation

195

The following samples were mixed separately in three 10 mL cell culture bags using 10 mM
sodium tetraborate at a pH of 9.3:
•

1 µM Serine-FITC, 1 µM Arginine-FITC and 1 µM Glutamic acid-FITC

•

2 µM of Serine-FITC, 2 µM Arginine-FITC, 2 µM Glutamic acid-FITC and 2 µM
Proline-FITC

•

400 nM reGFP and 500 nM reGFP

The solutions were stored at 8°C until used. A four way valve made it possible to connect these
bags in parallel with the microfluidic device. Each cell culture bag was sampled for 15 min
during flight before switching to another sample.

10.3 Chip Preparation and Operation
Chip preparation consisted of flushing a 50/50 (v/v) 1M NaOH/methanol solution through the
channels, followed by water and then run buffer. The electrophoretic separations were carried
out in a pH 9.3, 10 mM sodium tetraborate buffer. Gated injections between 0.025 and 0.1 s
were performed to introduce the sample into the separation channel. The separation distance was
2 cm and the field strength in the separation channel was ~ 1000 V/cm. Laser light scattering off
of the channel walls was used to align the device.

10.4 Results and discussion
We demonstrated a reproducible interface between the cell culture bags and microfluidic
channels of the microchip. The microchip was capable of performing rapid capillary
electrophoresis separations of both FITC derivitized amino acids and reGFP in a reduced gravity
environment.
Shown below is an example of two different sample bags being separated on the “flow
through” chip in zero gravity. The first sample contained 2 µM FITC derivatized amino acids
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arginine, serine and glutamic acid. The second sample contained 1 µM FITC derivatized amino
acids arginine, proline, serine and glutamic acid. The time it takes for the sample to move from
the cell culture bag to the cross injector on the microchip was approximately 3 min. The peak
areas of the lower concentration analyte were decreased by 50%, in addition to the substitution of
proline. A few good characteristics for this separation include the constant baseline, reproducible
migration times and high efficiencies.

Figure 10.3 On-line sample of AA’s in zero gravity.

In addition to separating amino acids we have also examined the separation of both
amino acids and reGFP using the flow through chips. Shown to the left is a series of solutions
containing 1) 1 µM FITC derivatized amino acids, 2) 512 nM FITC derivatized amino acids, and
3) 400 nM reGFP. All solutions were dissolved in 10 mM sodium borate. We were able to
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sample from the cell culture bags to the microfluidic chip in less than 1 min using 500 µL/min
flow rates in the flow through channel. The fast flow rate sampling caused a few peaks to
broaden, but continued to allow for the separation of a series of amino acids and reGFP at
reduced and hyper gravities. The green electropherogram shows arginine, proline and serine
peaks in order from left to right. The red electropherogram shows a reduced concentration of the
same amino acids that were present in the green electropherogram. Finally, the blue
electropherogram shows the reGFP peak. Again each electropherogram represents a different
sample bag connected to the chip in parallel.

Figure 10.4 Online sampling of reGFP using the flow through chip.
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Below is a series of injections of reGFP from cell culture bag containing 500 nM reGFP
dissolved in sodium tetraborate. These three injections were performed in a zero g environment
carried out over 1 parabola of 25 seconds. Approximate migration time of the reGFP was 2.5 s.

Figure 10.5 On-line sample of reGFP and separation using the flow through chip.

10.5 Conclusion
We demonstrate a microchip capable of performing rapid sampling of microliter volumes that
are subsequently separated and quantified using capillary electrophoresis in reduced and hypergravity environments. The results have validated our delivery method between the external
fluidics and the on-chip microfluidics. The optimal flow rate through the flow through channel
was ~ 250 µL/min. Using the device we have developed thus far we are ready to perform
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separations of reGFP secreted in cell media in a cell culture bag and electrophoretically migrate
it to a cross injector for separation and quantification.
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CHAPTER 11 - Single Cell Analysis Using PDMS Microfluidic
Devices
11.1 Introduction
Cells are extremely complex and dynamic biochemical entities. Significant biochemical
heterogeneity can exist among cells of the same type. This heterogeneity may arise via many
mechanisms including localized damage, mutations, stage in the cell cycle, and differential
exposure to external signals (e.g. chemical gradients) among others.283, 284 Understanding how
and why these differences arise is critical both to a better understanding of cell biology and to the
ability to detect early disease stages so that they can be treated before significant health
consequences are incurred.
The analysis of single cells, however, presents a variety of challenges. Non-adherent
eukaryotic cells are generally on the order of 5 to 20 µm in diameter and, therefore, have
volumes of only 0.1 to 8 pL. Many of the macromolecules of interest (mRNA and proteins) may
only be present in low copy numbers; therefore, techniques which can handle such small
volumes without significant dilution and which can be directly integrated with ultra-sensitive
detection schemes are necessary. In addition, cells must be handled gently prior to analysis so as
not to artificially perturb the biochemical pathways or molecules of interest. Finally, although
one wants to only examine one cell at a time, many individual cells need to be analyzed rapidly
to understand the statistical distribution of a particular analyte in the cell population so that
outliers (i.e. potential disease markers) can be identified.
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Microfluidic devices offer a unique platform for the rapid analysis of single cells. These
devices allow the integration and automation of cell and reagent handling with cell lysis and high
efficiency separations. The nonmechanical fluidic valving that can be implemented at cross
intersections allows the injection of cell lysates without significant dilution. These short
injection plugs along with the high separation field strengths that can be applied also enable very
rapid, high efficiency separations to be performed. From a detection standpoint, microchips are
generally fabricated from transparent materials with flat channel walls; therefore, high sensitivity
fluorescent detection can easily be integrated into the device. The automation and integration of
all of these cell handling and processing steps along with the rapid separations potentially
enables the high throughput analysis of individual cells. Below we discuss several different
methods that have been developed to manipulate and analyze single cells on microfluidic devices
for subsequent chemical analysis.

11.1.2 Microfluidic Single Cell Manipulation and Analysis
One critical step in single cell analysis is the development of methods that can
reproducibly transport cells to precise locations for further analysis. Ideally these methods
should be amenable to parallel formats, have high throughput capability, limit dilution, and be
robust. Reported single cell manipulation techniques include: a) hydrodynamic flow and
focusing 285, b) the use of on-chip valves and pumps to direct cell transport 286, c) the
incorporation of cells into microfluidic droplets287, d) the optical287 and optoelectronic288
trapping of cells, e) the dielectrophoretic trapping of cells,289 and f) the geometrical trapping of
cells290-293 (see Figure 11.1).
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A.

B.

C.

D.

E.

F.

Figure 11.1 Schematic of the various types of methods reported for transporting and
manipulating cells. (A) Cells can be hydrodynamically focused at an intersection so that they all
flow past an interrogation region in single file. (B) Cells can be hydrodynamically transported to
an intersection where they can be lysed either electrically or chemically and the lysate injected
into a separation channel. (C) Cells can be incorporated into droplets and hydrodynamically
transported to an interrogation region. Cells can be trapped geometrically using pillars (D),
weirs (E), or hydrodynamically balanced flows (F).

The Reynolds number for fluid flow in microfluidic devices is generally < 0.1; therefore,
the fluid flow is laminar. One can take advantage of these laminar flows to precisely transport
cells throughout the microfluidic manifold. Such laminar flows have been used to perform
cytometry on microfluidic devices where cells are hydrodynamically focused into a narrow
stream that can be probed optically. Microchip flow cytometry has significant advantages over
traditional flow cytometry as it can integrate other operations such as loading the cells with
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agonists, cell lysis and separations in addition to counting.294 Simple microchip flow cytometry
has been used to perform cytotoxicity assays of intact cells.285 Hydrodynamic transport and
focusing of cells has also been used to bring cells to an intersection where they can be lysed
electrically295 or chemically296 and the fluorescently labeled components in the lysate injected
and analyzed. McClain et al. have reported the rapid electrical lysis of Jurkat cells loaded with
carboxyfluorescein and Oregon green at an intersection. The lysate was immediately injected
and the fluorophores separated. The analysis was performed at a rate of 12 cells/min. This was
500 times faster than a similar analysis performed using conventional capillary electrophoresis.
Separation efficiencies of ~ 4,000 theoretical plates in < 2.3 s were reported.
While the above single cell analysis devices were fabricated from glass, there has been a
significant movement toward poly(dimethylsiloxane) (PDMS)-based devices for performing
single cell analysis. Soft lithography using PDMS has been widely adopted primarily because it
is inexpensive and serves as an excellent substrate for rapid prototyping.297 The elastomeric
nature of PDMS has made it useful for implementing valves and peristaltic pumps on-chip for a
number of different operations.298 For example, microfluidic PDMS valves can be used to isolate
single cells with active volumes as small as 1 pL.299 We have recently incorporated PDMS-based
valves and pumps for the analysis of single non-adherent eukaryotic cells. The PDMS
microfluidic device was configured with an air actuated manifold located above a microfluidic
liquid filled manifold. The two fluidic networks were separated by a 40 µm deep PDMS
membrane. As the actuation channels were pressurized the PDMS membrane expanded into the
fluidic channel below, yielding a functional valve. Figure 11.2a illustrates this multilayer
PDMS device with the actuation channel, fluidic channel and PDMS membrane. Figure 11.2b
demonstrates the actuation of these channels, which can be configured to transport single cells.
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PDMS valves were also located around a fluidic cross intersection for capturing single cells as
they pass through the intersection Figure 11.2c-11.2d. After capture the cells can be lysed as
reported above.295

Figure 11.2 A) Schematic illustrating a cross section of a PDMS microfluidic device designed
for microfluidic elastomeric valving. Two cross sections are illustrated including an unactuated
valve and an actuated valve. The actuated valve has a high pressure of ~ 25 kPa applied to the
actuation channel which causes the PDMS membrane to deform into the fluidic channel below.
This can function as a check valve or when applied in series can be used as a peristaltic pump. B)
A fluidic channel was filled with 10 mM fluorescein and imaged prior to valve actuation (left)
and during valve actuation (right). After the valve is actuated the fluorescein is displaced
yielding a low intensity in the areas of the membrane depression. White lines represent areas
where the actuation channel is located relative to the fluidic channel. C) Three actuation valves
labeled 1-3 were positioned around a fluidic cross intersection labeled with an arrow. The fluidic
cross intersection allows for the transport of cells either hydrodynamically or electrokinetically.
D) Trapping of a single cell is accomplished by transporting it to the intersection
hydrodynamically followed by isolation by actuating check valves 1-3. A single Jurkat cell
loaded with Calcein AM is shown trapped at the cross intersection.

Using PDMS, as a substrate also allows small, high-aspect-ratio features to be
incorporated into the microfluidic channels. PDMS-based devices have been used to fabricate
pillars in 3 channels around an intersection. Cells brought in from the fourth channel were then
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captured in the intersection for chemical lysis.300 While cell transport in this case was performed
using optical tweezers300, the use of hydrodynamic flow can also be envisioned for transporting
cells to such a trap.
The small channel dimensions and laminar flow generated in microfluidic channels has
also enabled a variety of immiscible droplet based generation technologies to be developed that
can also be used to confine individual cells. He et al. have demonstrated the ability to generate
pL and fL aqueous monodisperse droplets on microfluidic devices.287 Their device consisted of a
T- intersection that was used to dispense aqueous droplets into a confluent non-aqueous stream.
The droplets were used as reaction vessels for single cells. The cell containing droplets were
physically transported and fused with other aqueous droplets under controlled conditions.
Optical trapping facilitated the encapsulation of cells containing variable amounts of the enzyme
β-galactosidase within the microdroplets. 287 These microdroplets also contained the fluorogenic
substrate fluorescein di-β-D-galactopyranoside. The cell containing droplets were transported to
an interrogation region where they were lysed and a fluorescent signal was generated from the
reaction between the β-galactosidase and fluorescein di-β-D-galactopyranoside.
Finally, cells can also be hydrodynamically trapped between weirs (protusions that
capture cells) at a T- intersection290 or through the precise control of hydrodynamic flows at such
intersections.292, 293, 301 Reagents can then be added to the cells and reaction kinetics monitored
optically. In both of these cases the cells can afterwards be released and a new cell trapped.
Arrays of similar traps have also recently been reported where multiple cells can be assayed
simultaneously.291

11.2 Outlook
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Conventional analytical techniques are problematic for single cell analysis due primarily
to the dilution of cellular lysates. Microfluidic technologies offer a wealth of possibilities for
single cell manipulation and analysis due to the fundamental fluid dynamics that are associated
with micron scale channels and a number of lithographic advancements that have been made to
generate complex multifaceted devices. Single cell analysis using microfluidics holds the
potential to further elucidate the complex cellular functions and malfunctions that are associated
with many diseases by allowing researchers to probe the dynamic environment of the cell. In
conventional techniques a large number of cells are collected and mixed together to give a
statistical average of biomolecules contained within the cells. Single cell analysis allows
researchers to study “outlier” cells and better understand cell physiology by comparing
differences among a cell population. Moreover, microfluidic devices that are designed for high
throughput single cell analysis have the potential of probing differences in cellular response to
external stimuli and could provide a means of investigating a number of cellular transduction
pathways.
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CHAPTER 12 - Summary and Closing Remarks
The broad goals of my research involve developing technologies that further improve the
throughput and sensitivity of an analytical device. In our case the analytical device was a
microfluidic platform using capillary electrophoresis (CE) and laser induced fluorescence to both
separate and detect biomolecules such as amino acids, metabolites and proteins. Although
microfluidic devices have many advantages they also have many technical barriers that need to
be rectified before they can be used for biochemical analysis. The foremost technical barrier
includes analyte substrate interactions, which are magnified in microfluidics with high surface
area to volume ratios. Our goal was to modify the microfluidic substrate either through covalent
or non-covalent means to generate a repulsive force between the surface of the channel and the
analyte. This would ideally reduce the amount of analyte adsorption to the surface of the channel
and would allow for fluidic manipulation and separation of biochemicals.
We developed several different strategies to modify the surface of PDMS. First we used
sol-gel chemistry to modify the surface of PDMS by precipitating a durable inorganic coating on
the channel surface, described in Chapters 2-4. The inorganic coatings that we investigated
include silica, titania, vanadia and zirconia. These durable inorganic coatings had characteristic
EOF’s and were overall more hydrophilic than native PDMS. The inorganic coatings also proved
useful for a variety of separations yielding diffusion limited separations of amino acids and other
small molecules. We further derivitized these surfaces with a number of functionalities including
PEG, APTES, thiol and perfluoro. The derivitized metal oxide surfaces were useful for free
solution separation of proteins. Second, we developed a dynamic SDS coating method on PDMS
devices, described in Chapters 5-6. This method was capable of manipulating extremely
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hydrophobic analytes on PDMS devices while simultaneously using a pseudostationary phase
capable of adding a dimension of selectivity to the separation mode. Electrokinetic separations of
Rhodamine B generated efficiencies of ~ 100,000 plates using this MEKC method.
Unfortunately proteins could be manipulated on-chip using this method, but electrophoretic
separations had reduced resolutions.
Additional experiments using CE also examined the separation of Aβ peptides and reGFP
proteins described in Chapter 7 and 10. We demonstrate the ability to use microfluidic devices to
monitor the aggregation of the Aβ peptides and the disagregation of these devices using novel
inhibitors. In addition to surface coatings we also employed membranes for the preconcentration
of analytes described in Chapter 8. The membranes were capable of million fold concentration
enrichment of fluorescein in under 300 seconds. Finally we used coblock polymers for the
separation of hydrophobic compounds in Chapter 9 and a review on single cell manipulation and
chemical analysis in chapter 11.
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