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Abstract 

The increasing availability and feasibility of sequencing has facilitated the advancement 

of infectious disease research including pathogen discovery, phylogenetic characterization, and 

viral evolution.  Sequencing data combined with clinical disease, virulence, and viral dynamics 

data, can reveal a more complete understanding of viral evolution for the development of novel 

and effective control measures. Furthermore, experimental infection studies contribute to our 

understanding of clinical disease and viral dynamics when there is limited information such as 

with a novel pathogen or viral strain and provide critical reagents to evaluate the performance of 

available diagnostics and to develop new ones.   

African swine fever (ASF) an infectious viral disease caused by African swine fever virus 

(ASFV) that causes high mortality in domestic swine and wild boar (Sus scrofa). Since the 

outbreak in 2007 in the country of Georgia, ASFV has continues to spread and remains as a 

current global threat.  In 2019, an African swine fever virus (ASFV) outbreak was reported in 

Mongolia; due to the limited information from field observations, we conducted an experimental 

infection of domestic pigs to further evaluate and characterize the progression of clinical disease, 

virulence, and pathology of an ASFV Mongolia/2019 field isolate (ASFV-MNG19).  The study 

demonstrated that ASFV-MNG19 is a virulent genotype II ASFV strain that causes acute ASF in 

domestic swine.  Controlled experimental studies like this one, are important to evaluate the 

genetics, virulence and clinical progression of emerging viruses and different variants/strains 

described in the field, and to aid in the development and validation of diagnostic tools used by 

regulatory agencies for the rapid detection and implementation of mitigation strategies. 

Targeted whole genome sequencing protocols are crucial for the rapid identification and 

complete genetic characterization of emerging and high consequence viral pathogens for 



  

outbreak investigations and understanding viral evolution for the development of novel and 

effective control measures.  Such protocols are lacking for two high consequences viral 

pathogens affecting swine, ASFV and classical swine fever virus (CSFV).  In order to fill this 

gap, we developed independent panels of primers spanning the genomes of ASFV and CSFV to 

generate approximately 10kB and 6kB amplicons, respectively, providing whole genome 

amplification.  The targeted protocols for these viruses were tested using cell culture-derived 

viruses and clinical samples generated by our experimental infection studies in swine. These 

protocols resulted in an average coverage greater than 1000X for ASFV with 99% of the genome 

covered, and 10,000X-20,000X for CSFV with 97% to 99% of the genomes covered when 

sequenced on the Oxford Nanopore MinION platform.  These protocols will be important tools 

to assist in early pathogen detection and genetic characterization of these high consequence 

swine viruses in outbreak and surveillance situations globally and within the United States, 

should an outbreak occur. 

Targeted whole genome sequencing protocols were also developed for the emerging 

zoonotic viral pathogen, SARS-CoV-2, to evaluate the viral competition between ancestral and 

novel variants in a susceptible host.  We conducted a competition experiment whereby adult 

white-tailed deer (WTD) were co-infected with a lineage A and lineage B alpha variant SARS-

CoV-2 isolates.  The percent composition of lineage A and B viruses were evaluated using 

lineage A and B-specific RT-qPCR assays and targeted whole genome sequencing with a 

BLAST-based analysis.  Using the developed protocols, we obtained that the SARS-CoV-2 

lineage B alpha variant had improved fitness compared to the lineage A virus in adult WTD.  

This study demonstrates that sequencing data and bioinformatic pipelines can be used to evaluate 

strain composition in the presence of a co-infection.  The targeted whole genome sequencing 



  

protocols developed here can be applied to investigate co-infection competition studies or to 

evaluate emerging viral variants through single nucleotide variant analysis, providing more 

information on the viral dynamics and evolution of these high consequence pathogens. 
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described in the field, and to aid in the development and validation of diagnostic tools used by 
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outbreak investigations and understanding viral evolution for the development of novel and 

effective control measures.  Such protocols are lacking for two high consequences viral 

pathogens affecting swine, ASFV and classical swine fever virus (CSFV).  In order to fill this 

gap, we developed independent panels of primers spanning the genomes of ASFV and CSFV to 

generate approximately 10kB and 6kB amplicons, respectively, providing whole genome 

amplification.  The targeted protocols for these viruses were tested using cell culture-derived 

viruses and clinical samples generated by our experimental infection studies in swine. These 

protocols resulted in an average coverage greater than 1000X for ASFV with 99% of the genome 

covered, and 10,000X-20,000X for CSFV with 97% to 99% of the genomes covered when 

sequenced on the Oxford Nanopore MinION platform.  These protocols will be important tools 

to assist in early pathogen detection and genetic characterization of these high consequence 

swine viruses in outbreak and surveillance situations globally and within the United States, 

should an outbreak occur. 

Targeted whole genome sequencing protocols were also developed for the emerging 

zoonotic viral pathogen, SARS-CoV-2, to evaluate the viral competition between ancestral and 

novel variants in a susceptible host.  We conducted a competition experiment whereby adult 

white-tailed deer (WTD) were co-infected with a lineage A and lineage B alpha variant SARS-

CoV-2 isolates.  The percent composition of lineage A and B viruses were evaluated using 

lineage A and B-specific RT-qPCR assays and targeted whole genome sequencing with a 

BLAST-based analysis.  Using the developed protocols, we obtained that the SARS-CoV-2 

lineage B alpha variant had improved fitness compared to the lineage A virus in adult WTD.  

This study demonstrates that sequencing data and bioinformatic pipelines can be used to evaluate 

strain composition in the presence of a co-infection.  The targeted whole genome sequencing 
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evaluate emerging viral variants through single nucleotide variant analysis, providing more 

information on the viral dynamics and evolution of these high consequence pathogens. 
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Chapter 1 - Introduction 

  1.1: African Swine Fever virus 

African swine fever (ASF) is an infectious viral disease that causes high mortality in 

domestic swine and wild boars (Sus scrofa). Outbreaks have devastating economic impacts on 

affected regions and countries threatening swine health and the swine industry worldwide 

(McDowell et al., 2022a). Currently there is one live-attenuated vaccine (NAVET-ASFVAC) 

licensed for use in Vietnam (Borca et al., 2021; X. H. Tran et al., 2022). Due to the lack of a 

globally available vaccines the current outbreak control measures include the culling of infected 

and in contact animals, quarantine of sites and zones, movement restrictions, and export 

restrictions (Sánchez-Cordón et al., 2018). These outbreaks can have lastly socio-economic 

impacts on affected countries. ASF is a World Organization for Animal Health (WOAH) and 

United States Department of Agriculture (USDA) notifiable disease due to the devastating 

impacts outbreaks have on both the swine populations and affected countries. 

 1.1.2. Viral Characteristics 

The causative agent of ASF is African swine fever virus (ASFV) belonging to the 

Asfarviridae family, genus Asfivirus, and currently the only known DNA arbovirus. The viral 

particle encapsulates a 170-192 kilobases (kB) double-stranded DNA genome encoding more 

than 150 genes (Dixon et al., 2013, 2019; Vilem et al., 2020a; X. Wang et al., 2022a). The major 

differences in genome size between strains are the result of the loss and gain of multi-gene 

families (MGFs) and variations of tandem repeats in non-coding regions (Dixon et al., 2013; 

Gaudreault, Madden, et al., 2020). The significance and function of many of the non-structural 

and structural proteins encoded by the ASFV genome remains unknown (Dixon et al., 2013). 
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The ASFV virion has a multi-layered structure that consists of the nucleoid, core shell, inner 

envelope, capsid, and host-derived outer envelope 175-215 nm in diameter encapsulating its 

DNA genome (Chapman et al., 2008; Salas & Andrés, 2013). The viral capsid is decorated with 

a major capsid protein, p72, and four minor proteins, M1249L, p17, p49, and H240R (N. Wang 

et al., 2019).        

  ASFV has multiple genotypes and serotypes with varying virulence between and within 

genotypes.  Historically, there were 24 known genotypes of ASFV based on the partial sequence 

of p72; recent retrospective studies of ASFV sequences suggest there may be only 6 to 7 

genotypes including a recently characterized genotype I/II recombinant virus in China (Spinard, 

Dinhobl, et al., 2023; D. Zhao et al., 2023a). ASFV also has 8 known serogroups that are based 

on the CD2v and C-type Lectin sequence (Malogolovkin et al., 2015). The majority of ASFV 

genotypes have remained confined to Africa.  Historically, genotype I and genotype II viruses 

have been the only viruses to result in outbreaks outside of Africa (Costard et al., 2013).  

Currently, genotype II viruses are spreading across the globe.   

 1.1.3 Epidemiology 

Since ASFV was first identified in Kenya in 1921, it has remained endemic in sub-

Saharan African countries (Eustace Montgomery, 1921). The Orinthodoros soft tick serves as the 

only known vector for ASFV. The Orinthodoros tick is a key component of ASFVs sylvatic 

cycle that is maintained between warthogs (Phacochoerus africanus) and Orinthodoros moubata 

in Africa (Gaudreault, Madden, et al., 2020).  The Orinthodoros erraticus tick present in Europe 

have been demonstrated to be a competent vector for ASFV through experimental infection and 

potential role as a reservoir during the Iberian Peninsula outbreak (Costard et al., 2013; Diaz et 
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al., 2012; Oleaga et al., 1990).  The first occurrence of ASFV outside continental Africa was a 

genotype I virus that resulted in outbreaks in Europe, Russia, and South America between the 

1950 and 1980s; by the 1990s ASFV was confined to Africa and Sardinia where it remains 

endemic (Costard et al., 2013; Gaudreault, Madden, et al., 2020). In 2007 an outbreak of 

genotype II virus occurred in the country of Georgia where it spread through domestic swine 

(Sus scrofa domesticus) and wild boar (Sus scrofa) populations across the Caucasus region and 

eventually into Russia and Eastern Europe (Cwynar et al., 2019; Gogin et al., 2013; Sánchez-

Vizcaíno et al., 2013), Figure 1.1. ASFV continued to circulate and spread within wild boar 

populations, eventually reaching the People’s Republic of China in 2018. By the end 2019 ASFV 

had been reported in neighboring and regional countries which include Mongolia, Vietnam, 

Cambodia, the Korean Peninsula, Loas, Myanmar, Timor-Leste, Papua New Guinea, the 

Philippines, Indonesia, and Serbia (Ankhanbaatar et al., 2021; H. J. Kim et al., 2020; Mighell & 

Ward, 2021; Milicévić et al., 2019). In 2020 ASFV outbreaks were reported in India, Germany, 

and Greece (Brellou et al., 2021; Rajukumar et al., 2021; Sauter-Louis et al., 2021). In 2021 

Malaysia, the Dominic Republic and Haiti reported outbreaks of a genotype II virus (Gonzales et 

al., 2021; Khoo et al., 2021; Ramirez-Medina et al., 2022). The outbreak in Dominic Republic 

and Haiti is of major concern to the Americas due to the proximity. From 2022-2023 outbreaks 

have occurred in Nepal, Thailand, Bangladesh, Singapore, and Sweden (Koh et al., 2023; Rajala 

et al., 2023; Subedi et al., 2022).  As ASFV continues its global spread, outbreaks continue to be 

reported in previously ASFV-free countries.  All of these outbreaks have been caused by virulent 

genotype II viruses that are distantly related to the Georgia/2007 virus (Ankhanbaatar et al., 

2021; H. J. Kim et al., 2020; Lee et al., 2021; Ramirez-Medina et al., 2022).   
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Figure 1.1.  The global distribution of ASFV. 

The data used for the map was curated from the WOAH World Animal Health Information 

System (https://wahis.woah.org/#/home, accessed 2024) and created with Biorender.com. 

 

 1.1.4. Route of Transmission 

There are several routes of transmission that can occur during an ASFV outbreak or 

introduction. ASFV replicates to high titers in the blood of infected animals and is also shed in 

bodily secretion and excretion such as urine, feces, and saliva, contributing to the direct and 

indirect routes of transmission of ASFV (Costard et al., 2013; Dixon et al., 2019).  The direct 

route of transmission of ASFV within domestic herds occurs primarily via oral-nasal route along 

with skin abrasions. Indirect routes of transmission can arise through contact with surfaces or 

https://wahis.woah.org/#/home
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fomites contaminated with blood, urine, feces, or other bodily fluids (Guinat et al., 2016).  ASFV 

is transmitted within wild boar populations through similar routes (Gaudreault, Madden, et al., 

2020).  Contact with infected wild boar carcasses provides an additional route of transmission in 

wild boar populations and free-roaming domestic swine herds (Guinat et al., 2016; Probst et al., 

2017).  The direct and indirect routes of transmission play significant roles in the spread of 

ASFV within domestic swine and wild boar herds.  Another route of transmission is the 

Orinthodoros soft ticks in Africa and Europe which can become infected and are capable of 

transmitting ASFV to domestic swine, however their role in transmission is thought to be limited 

(Dixon et al., 2019; Gaudreault, Madden, et al., 2020).  Human activity can contribute to the 

short and long distances transmission of ASFV through the movement of swine and meat 

products. ASFV can persist in meat products for survival weeks to months serving as a potential 

route of transmission to domestic swine if ingested (Dixon et al., 2019; Guinat et al., 2016).  The 

environmental stability of ASFV, especially under extreme conditions, provides other indirect 

routes of transmission that can contribute to the spread of ASFV which include contaminated 

feed, equipment, vehicles, and clothing (Costard et al., 2013; Dixon et al., 2019). The movement 

of infected swine or contaminated pork products as well as swill-feeding have played significant 

roles in ASFV outbreaks and contributed to its global spread (Gaudreault, Madden, et al., 2020).        

 1.1.5. Clinical Disease 

The clinical presentation of ASFV can vary depending on the virulence of the strain, age 

and immune status of the animal resulting in differing clinical presentation of ASF (Guinat et al., 

2016). Following an incubation period of 4-19 days, the clinical presentation of ASF can be 

characterized as peracute, acute, subacute, or chronic (M. C. Gallardo et al., 2015). In general, 
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the peracute and acute forms are observed with highly virulent ASFV strains with near 100% 

mortality in 4-9 days post-infection (M. C. Gallardo et al., 2015). These forms usually present 

early in outbreaks due to the lethality and rapid spread in naïve herds. For peracute ASF sudden 

death can occur within 1-4 days after clinical signs develop with no apparent gross pathological 

lesions (M. C. Gallardo et al., 2015). The clinical course of acute ASF is approximately 4-5 days 

with progressive severity of clinical signs. Clinical signs include pyrexia, anorexia, lethargy, 

erythema and cyanotic skin lesions. As the disease progresses organ failure becomes apparent 

with the presentation of hemorrhagic diarrhea and vomiting in affected animals (M. C. Gallardo 

et al., 2015; Sánchez-Cordón et al., 2021; Sánchez-Vizcaíno et al., 2015). Death can occur within 

1-2 days after anorexia, cyanosis, and ataxia develop. Gross lesions consist of hyperemic 

splenomegaly, hemorrhagic lymph nodes (gastrohepatic lymph nodes, renal lymph nodes, and 

mesenteric lymph nodes), ascites, and effusion of the thoracic cavity (M. C. Gallardo et al., 

2015; Sánchez-Vizcaíno et al., 2015).  

As ASFV becomes endemic within a population the clinical presentation becomes 

broader with increasing numbers of subacute, chronic, and subclinical infections but with a 

decline in mortality. The subacute form can be characterized by a persistent or fluctuating fever 

lasting up to 20 days. Infected animals may develop similar clinical signs described with the 

acute form but reduced severity, while others appear healthy. The morality rate of subacute ASF 

can range from 30-70% (Arias et al., 2018). Gross lesions are similar to acute ASF lesions 

described above but less severe. Chronic ASF presents with nonspecific clinical signs and lesions 

that can persist for several months and do not resemble typical ASF (M. C. Gallardo et al., 2015). 

During this time numerous clinical symptoms can develop such as skin ulcers, arthritis, 
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pneumonia, emaciation, delayed growth, and abortion.  The subclinical form of ASF can develop 

through infection by a low virulent non-hemadsorbing ASFV strain which results in subclinical 

infections and seroconversion (Leitão et al., 2001). In both chronic and subclinical ASF, 

persistently infected animals continue to shed virus contributing to viral transmission (Penrith & 

Vosloo, 2009; Zimmerman et al., 2019). These animals contribute to maintaining ASFV in 

endemic areas in addition to sporadic outbreaks and introduction into disease-free countries 

(Arias et al., 2018; M. C. Gallardo et al., 2015).           

 1.1.6. Diagnostics 

Since ASFV was discovered in 1921 numerous diagnostic techniques have been used and 

developed for the detection and surveillance of ASFV.  Prior to molecular diagnostics, ASFV 

was primarily diagnosed by virus isolation, which is a laborious and time-consuming technique.  

With the development of molecular diagnostics, the time to obtain a diagnosis of ASFV was 

drastically shortened from days to hours in some cases.  The Hemadsorption (HAD) test of 

ASFV is considered the definitive assay for ASFV detection, however it has been overshadowed 

by molecular diagnostic techniques (WOAH: Manual of Diagnostic Tests and Vaccines for 

Terrestrial Animals, 2023a).  The diagnostics that have been developed for ASFV include 

polymerase chain reactions (PCR), both conventional and quantitative, immunoassays for 

detection of ASFV antigens or antibodies, and CRISPR-Cas based diagnostics (Z. Hu et al., 

2023; Lim et al., 2023). Currently, the WOAH recommends real-time quantitative PCR (qPCR) 

for the diagnosis of ASFV due to the sensitivity, detection from multiple types of clinical 

samples, and detection early in infection (WOAH: Manual of Diagnostic Tests and Vaccines for 

Terrestrial Animals, 2023a).  The ASFV qPCR is considered the gold standard for surveillance, 
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confirmation of clinical cases, and screening of populations.  The other diagnostics can be used 

for the same purpose but have limitations that make them less suitable depending on the 

circumstances.  The various diagnostic assays available are discussed below in more detail. 

 1.1.6.1 Detection of ASFV virus and viral antigen   

Methods available for the detection of ASFV include hemadsorption and 

immunofluorescence assay (IFA). The hemadsorption (HAD) assay is considered a definitive 

diagnostic test for the detection of ASFV (De León et al., 2013; Lim et al., 2023).  Virus 

isolation can be performed on anti-coagulated blood (EDTA), tissue suspensions (spleen, lymph 

nodes, lung, tonsil, kidney, and bone marrow) (WOAH: Manual of Diagnostic Tests and 

Vaccines for Terrestrial Animals, 2023a).  Briefly, HAD is performed by inoculating primary 

monocyte-macrophage cells (i.e., pulmonary alveolar macrophage (PAM), PBMCs, bone 

marrow) isolated from naïve pigs with ASFV suspected samples (De León et al., 2013). Swine 

erythrocytes are added to infected cell cultures and incubated for up to 7-10 days with daily 

observation until hemadsorption is observed. The erythrocytes will adhere to the ASFV infected 

macrophages forming clusters of erythrocytes that can be visualized under a light microscope 

(De León et al., 2013). This assay is primarily performed by references laboratories and in 

research settings, due to the need for primary cell cultures and experienced technicians. Due to 

the time required to obtain a diagnosis, makes the HAD less feasible for the rapid diagnosis of 

ASFV in face of an outbreak. Also, some ASFV strains with a deletion of the EP402R gene, 

which encodes the CD2v protein that is responsible for HAD, can test negative with the HAD 

assay (Lim et al., 2023). These limitations associated with the HAD assay are the reasons that 

molecular based diagnostics are essential and favored for the diagnosis of ASFV. 
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IFA is another diagnostic assay that can be used for the detection of ASFV as well but 

does not require swine erythrocytes (Bool et al., 1969). Briefly, primary monocyte-macrophage 

cell cultures or less-susceptible cell cultures (i.e., MA-104 or Cos-1) are inoculated with 

suspected ASFV samples and incubated for up to 7-10 days (Hurtado et al., 2010; Rai et al., 

2020). Following the incubation period, an ASFV-specific primary antibody is added that binds 

ASFV proteins in infected cells. A conjugated secondary antibody with a fluorophore binds the 

bound primary antibody. Results are determined by detection of fluorescing cells indicating 

ASFV infection in culture. As with HAD, this assay is time consuming, requires primary cell 

culture, and trained technicians. It is primarily performed by reference laboratories and 

researchers with the ability to work with live virus. ASFV IFAs can be conducted in parallel with 

the HAD assay in the case that a non-hemadsorbing strain is being tested (WOAH: Manual of 

Diagnostic Tests and Vaccines for Terrestrial Animals, 2023a).  Due to the time constraints, 

requirement of primary cell cultures, and experienced technicians to perform both HAD and IFA 

for the detection of ASFV, diagnostics for the detection of viral antigen have been developed.  

Detection of viral antigen can be completed by commercially available ELISA kit or 

lateral flow assays. The commercially available ELISA kit has been validated for use on blood, 

spleen, or lymph node samples. This system uses a sandwich ELISA where a plate is coated with 

a capsid-specific monoclonal antibody (MAb) that binds to ASFV in positive samples. Following 

the washing of the plate, a peroxidase-conjugated secondary MAb specific to another epitope of 

the capsid protein is added and binds ASFV. Detection of ASFV antigen is determined by 

addition of appropriate substrate resulting in a colorimetric change observed in the plate wells 

(C. Gallardo et al., 2015; WOAH: Manual of Diagnostic Tests and Vaccines for Terrestrial 
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Animals, 2023a). The major drawback of the antigen ELISA is the lower sensitivity (67.86%), 

and specificity (97.98%) compared to the gold standard PCR (C. Gallardo et al., 2015; Muzykina 

et al., 2024a). According to WOAH, results should be confirmed by PCR or HAD. 

In recent years, lateral flow assays (LFA) have been developed for detection of ASFV 

antigen that allow for field-deployable, rapid, and easy-to-use diagnostics (Madden et al., 2022; 

Onyilagha et al., 2022). For example, some of these systems use ASFV specific MAbs bound to 

black beads that bind to one of the ASFV capsid proteins. The lateral flow strip contains a test 

line containing an ASFV specific MAb and MAb specific for a control protein at the control line. 

Briefly, the sample is mixed with the ASFV specific MAbs bound beads (Sastre et al., 2016). 

The mixture is added to the lateral flow strip, the samples migrate through the test strip via 

capillary diffusion. If ASFV is present in the sample a black line will appear, with results in 10-

25 minutes. These tests have been demonstrated to have lower sensitivity than molecular assays 

(Muzykina et al., 2024b; Onyilagha et al., 2022). These tests can result in false negatives with 

low titer samples. Currently, the WOAH does not list LFAs for approved diagnostics, but these 

can provide information from a suspect herd or animals with moderate to severe clinical disease.                  

 1.1.6.2. Detection of ASFV Genome 

Real-time quantitative PCR (qPCR) are one of the most widely used molecular assays for 

the detection of viral infections globally and in many cases have become the gold standard for 

viral detection. These assays are highly specific to the target agent and highly sensitive with the 

ability to detect 10-100 copies of viral genetic material. These assays can be used on a variety of 

samples such as blood, swabs (nasal, oral, and rectal), bodily fluids, tissues, and waste stream 

samples. In the case of ASFV, qPCR is the gold standard for detection lending to the high 
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specificity and sensitivity (WOAH: Manual of Diagnostic Tests and Vaccines for Terrestrial 

Animals, 2023a). The qPCR enables the detection of ASFV in degraded samples, inactivated 

samples, or samples not suitable for virus isolation. Another major benefit of qPCR is the 

turnaround time for samples is approximately 4 hours with nucleic acid extraction. However, 

qPCR does come with some issues due to the sensitivity which include false negatives due to 

PCR inhibitors in the sample and potential for false positives as a result of cross-contamination. 

The most widely used qPCRs for ASFV targets the B646L gene that encodes the major capsid 

protein p72 of ASFV (Agüero et al., 2003; King et al., 2003; Zsak et al., 2005). Over the years, 

primers and probes have been modified to increase sensitivity of the assay as well as other gene 

targets such as the E183L gene encoding the p54 protein (Trinh et al., 2021). These assays are 

essential for the rapid detection of ASFV but require well equipped laboratories and temperature 

sensitive reagents limiting the field applications.  

The field application of qPCR is currently being developed for rapid onsite detection of 

ASFV and other viral infections. Biomeme Inc. developed a portable thermal cycler called the 

Franklin that can run up to nine qPCR reactions with a companion syringe based nucleic acid 

extraction kit and lyophilized reagents. This system was tested by Daigle, et al. on clinical ASFV 

samples demonstrating similar sensitivity and specificity to the laboratory-based qPCR within 2 

hours without a cold chain (Daigle et al., 2021; Lim et al., 2023). The advent of insulated 

isothermal PCR (iiPCR) has provided another avenue for field deployable ASFV diagnostics. 

These systems are based on Rayleigh-Bénard convection where a natural fluid flow is generated 

by heating the bottom end of a capillary tube. The traditional PCR steps of denaturation, 

annealing, and extension occur continuously as the fluid cycles through various temperature 
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levels within the vessel (Lim et al., 2023; H. N. T. Tran et al., 2021). Zou et al. developed an 

iiPCR for the detection of ASFV onsite with 100% sensitivity and specificity for the samples 

tested in this study (Zou et al., 2022)  Loop-mediated isothermal amplification (LAMP) 

techniques have also been developed for ASFV detection which are the most promising due to 

speed, sensitivity, and cost-effectiveness (James et al., 2010; Parida et al., 2008; D. Wang et al., 

2020).  This methodology utilizes strand-displacement DNA polymerases to generate amplicons 

without a thermocycler. Amplicon detection can be visualized via agarose gel, fluorometry, or 

colorimetry (Asadi & Mollasalehi, 2021).  A study by Tran, et al. using a colorimetric LAMP 

assay for the detection of ASFV in Vietnam demonstrated 100% sensitivity and specificity for 

samples tested in this study (D. H. Tran et al., 2021).  These technologies have not yet been 

adopted by the WOAH but have been identified as promising techniques for field diagnostics 

(Bohorquez et al., 2023). In the future these technologies may provide the ability to conduct 

ASFV diagnostics in the field with similar sensitivity and specificity to laboratory-based 

techniques further enabling the rapid detection of ASFV. 

 1.1.6.3.  Antibody Detection of ASFV 

Serological assays for the detection of ASFV specific antibodies play critical roles in the 

surveillance and eradication efforts of ASFV in endemic areas along with areas where low-

virulent and attenuated strains may be present, serving to identify asymptomatic or previously 

infected animals (WOAH: Manual of Diagnostic Tests and Vaccines for Terrestrial Animals, 

2023a).  Next to the qPCR, the detection of an immune response to ASFV is the most common 

diagnostic technique. The preferred assay for detecting antibodies is the ELISA, which is 

relatively inexpensive, easy to perform, and requires minimal specialized equipment. Currently, 
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there are several commercially available ELISA kits for ASFV antibody detection which come in 

indirect and competitive varieties (Caixia et al., 2022; Cao et al., 2021; Giménez-Lirola et al., 

2016). Traditionally the indirect ELISA used soluble antigen isolated from infected cell cultures 

which require BSL-3 facilities. In order overcome this hurdle, recombinant ASFV proteins p72, 

p30, and p54 are used and have been demonstrated to have comparable or increased sensitivity 

and specificity compared to the native antigen (Cao et al., 2021; Gaudreault, Madden, et al., 

2020; Giménez-Lirola et al., 2016; Lim et al., 2023).  Briefly, ELISA plates coated with the 

target antigen are made in house or provided with the kit. Test sera, plasma, or meat juice is 

diluted and added to the plate in duplicate along with positive and negative controls per 

manufacturers protocol. Following an incubation period and washing steps, a horseradish-

peroxidase (HRP) conjugated anti-swine antibody is added to all the wells, then incubated and 

washed. After the final wash step an HRP substrate is added eliciting a color change in wells 

containing bound antibodies. The antibody titer for each sample is determined through 

absorbance measurements compared to the controls (Pastor et al., 1990). Antibody based 

diagnostics for ASFV are commonly used for determining prevalence of virus within a herd and 

detection of subclinical or animals that recovered from disease prior to transportation which may 

not be detected by qPCR assays. However, these diagnostics may not be effective in the face of 

virulent ASFV strains that cause subacute and acute forms of disease, lending to the fact that an 

infected animal succumbs to the disease before an antibody response can be mounted (WOAH: 

Manual of Diagnostic Tests and Vaccines for Terrestrial Animals, 2023a). It is necessary that 

both qPCR and antibody-based diagnostics are utilized in ASFV outbreak mitigation strategies.           
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 1.1.6.4. Genotyping and Serotyping of ASFV via Sequencing 

The molecular and serological assays for ASFV allow for the detection and diagnosis of 

ASFV but provide minimal to no genetic information on circulating strains or outbreaks strains.  

This information is vital for determining the genotype associated with an outbreak and tracking 

the spread of ASFV.  Historically, there were 26 known ASFV genotypes based on the partial 

sequencing of the B646L gene that encodes p72, the major capsid protein, specifically the 

variable region within the C-terminus (478 bp) (Bastos et al., 2003; Mulumba-Mfumu et al., 

2017). ASFV strains are further discriminated from one another by sequencing of the envelope 

protein (p54), the central hypervariable region (CVR) of B602L (vial chaperone), and CD2v/C-

type lectin for serotyping (C. Gallardo et al., 2009). The gene targets listed above are amplified 

using conventional PCR. The amplicons are isolated and purified from agarose gels. The 

amplicons can be sequencing using any available sequencing technology, traditionally this is 

sanger sequencing due to the low cost and availability. The genetic information gathered from 

the sequencing of these gene targets aids in determining the closest ancestry strain to determine 

the likely point of origin, which is vital for determining potential sources of ASFV introduction 

especially in a previously ASF-free country (Z. Li et al., 2022).  While these gene targets provide 

important genetic information of ASFV strains, these do not provide the complete genomic 

picture of the virus. The reliance on sequencing partial and select genes is primarily due to the 

technological limitations of Sanger sequencing and genome size of ASFV; the expense and time 

needed to obtain whole genome sequences of ASFV was not feasible. 

The feasibility of obtaining whole genome sequences of ASFV has greatly increased with 

advances in sequencing technology with the addition of second-generation (Illumina and ION 
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Torrent platforms) and third-generation sequencing platforms (Oxford Nanopore and PacBio 

platforms).  These advances have increased the accuracy of sequencing providing the ability to 

sequence larger amplicons and whole viral genomes (Heather & Chain, 2016a).  The Oxford 

Nanopore MinION and Illumina platforms have been used to obtain whole ASFV genome 

sequences via metagenomic approaches (Spinard, Dinhobl, et al., 2023; Spinard, O’Donnell, et 

al., 2023). Due to the abundance of host DNA present in metagenomic samples difficulties to 

obtain whole genome sequences of ASFV could arise in low titer samples and loss of sequencing 

reads to host DNA.  However, it has allowed researchers and diagnosticians to procure whole 

ASFV sequences which provide more complete and detailed phylogenetic characterization of 

ASFV compared to the reliance of partial gene sequences (Ankhanbaatar et al., 2023; Le et al., 

2023; Spinard, O’Donnell, et al., 2023).  The availability of ASFV whole genome sequences will 

also provide a greater understanding of the viral evolution of ASFV. 

 1.1.7. ASFV Control and Mitigation Strategies 

Currently ASFV outbreaks are controlled and mitigated following a stamp-out 

protocol/strategy and strict biosecurity procedures due to the lack of globally available vaccines 

and effective treatments for this devastating viral disease (McDowell et al., 2022a). This strategy 

relies on early and rapid detection of ASFV within a herd to contain the virus before spreading to 

other herds. Following, the detection of ASFV affected herds and farms are quarantined. All 

infected and contacted animals are culled. The movement of animals is restricted within the 

quarantined zones (USDA, 2023). Samples are regularly collected from other farms that fall 

within the quarantined area to detect subsequent ASFV positive animals.  At the country level, 

the exportation of swine and pork products restricted to prevent the spread to other countries 



16 

(Dixon et al., 2020).  In countries where ASFV is endemic, outbreaks are controlled in a similar 

fashion (Dixon et al., 2019). However, the presence of wild boar populations which can harbor 

ASFV brings up additional strategies of control that rely on surveillance and control of wild boar 

populations and biosecurity measures to reduce ASFV outbreaks (Dixon et al., 2013).  

Biosecurity measures that may be implemented to protect susceptible domestic swine herds can 

include decontamination of vehicles entering and leaving production operations, proper disposal 

of carcasses (domestic or feral), controlled access to the facilities, feed safety, and perimeter 

fencing around swine operations to reduce contact with wild boars (Heilmann et al., 2020; Y. Liu 

et al., 2021; USDA, 2023). The current control and mitigation strategies for ASFV have massive 

economic impacts on the pork industry both at the country and global levels.  Until there is an 

effective globally available vaccine or treatment for ASFV, countries around the globe will have 

to rely on these control and mitigation strategies in the face of an ASFV outbreak.       

 1.2: Classical Swine Fever virus 

Classical swine fever (CSF), also known as hog cholera, is a highly contagious febrile 

viral disease of domestic and feral swine (Ganges et al., 2020). Outbreaks can result in 

tremendous economic impacts on the swine industry of affected countries.  Clinical signs of CSF 

vary in severity depending on affected age groups and can be non-specific (pyrexia, anorexia, 

and diarrhea) resembling other viral diseases such as ASFV (Blome, Staubach, et al., 2017). CSF 

is endemic in several regions of the world which include parts of Asia, Europe, and South 

America (Ganges et al., 2020).  There are several commercially available vaccines for CSF that 

are utilized for vaccinating wild boar populations and as part of control/mitigation strategies 

(Moennig, 2015a; WOAH: Manual of Diagnostic Tests and Vaccines for Terrestrial Animals, 
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2023b).  Current outbreak mitigation strategies for CSF-free countries include depopulation of 

infected herds, movement restrictions, and emergency vaccination for neighboring herds (USDA, 

2013).  Due to the devastating impacts that CSF can have on the global pork industry, it is a 

WOAH and USDA notifiable disease. 

 1.2.1. Viral Characteristics 

Classical swine fever virus (CSFV) is the causative agent of Classical swine fever or 

“hog cholera” which belongs to the pestivirus genus within the Flaviviridae family.  The 

pestivirus genus includes serval other important livestock viruses which are atypical porcine 

pestivirus, bovine viral diarrhea virus 1 and 2 (BVDV-1 and BVDV-2), and border disease virus 

(BDV) (Ganges et al., 2020).  It is an enveloped virus containing a single stranded positive sense 

RNA genome that is ~12.3 kB in length.  The positive sense RNA genome of CSFV is infectious 

allowing the direct translation of viral protein upon entry into the host’s cell (Blome, Staubach, 

et al., 2017; Paton & Greiser-Wilke, 2003).  The genome contains a single open reading frame 

that is flanked by two untranslated regions (UTR), resulting in a single polyprotein following 

translation.  Viral proteins are generated via co- and post-translational processing by viral and 

cellular proteases that cleave the polyprotein into four structural and nine non-structural proteins 

(Beer et al., 2015). The four structural proteins form the viral particle which consist of the core 

protein (C), envelope glycoproteins E1, E2, and Erns.  The nine nonstructural proteins Npro, p7, 

NS2-3, NS3, NS4A, NS4B, NS5A, and NS5B play a role in viral replication (Beer et al., 2015; 

Lattwein et al., 2012; H. J. Thiel et al., 1991). 

Currently, there are three known genotypes with over 13 sub-genotypes of CSFV.  The 

virulence varies between genotypes of CSFV and have been classified as highly virulent, 
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moderately virulent, low virulence, and avirulent.  In general, the highly virulent strains belong 

to genotype-1, genotype-2 viruses are moderately virulent, and virulence is variable within 

genotype 3 (Mittelholzer et al., 2000; Yamashita et al., 2024).  Genotyping of CSFV traditionally 

was completed by sequencing fragments of the 5’UTR (150 nucleotides), E2 (190 nucleotides) 

and NS5B (490 nucleotides) (Paton et al., 2000).  The recent advances in sequencing 

technologies WOAH recommends whole genome sequencing or full-length E2 gene sequencing 

to provide reliable phylogenetic analysis, identify emerging strains and facilitate studies in viral 

evolution (Beer et al., 2015; Töpfer et al., 2013; WOAH: Manual of Diagnostic Tests and 

Vaccines for Terrestrial Animals, 2023b).  

 1.2.2. Epidemiology     

 CSFV was first described in 1833 with an outbreak that occurred in Ohio, USA (Birch, 

1922).  Following the initial outbreak, subsequent outbreaks were reported in 10 different states. 

CSFV was widespread across continental United States by the mid-19th century, it has been 

suggested that the rapid spread of CSFV was related to the development of railways during this 

time (Birch, 1922; Edwards et al., 2000; Ganges et al., 2020).  While America was suffering 

from the rapid and devasting spread of CSFV, England reported the first cases in 1862.  By the 

end of the 19th century CSFV had spread across Europe (Birch, 1922) and by the mid-20th 

century it had become a global presence (Cole et al., 1884). Since its emergence, 38 countries 

have been able to eradicate CSFV and maintain a CSFV-free status, which include North 

America, Oceania, and parts of the European union. CSFV remains endemic in parts Asia, South 

and Central America, and the Caribbean (Ganges et al., 2020).  The most recent CSFV outbreaks 

have occurred in Korea, Russia, Colombia, Brazil and Japan (WOAH, 2024).  Prior to this recent 
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outbreak, Japan had been CSFV-free for 32 years when it re-emerged in domestic and wild boar 

populations, suggesting re-introduction from outside Japan (Postel et al., 2019).  CSFV remains a 

constant threat to CSFV-free countries or regions and the global pork industry due to the chance 

of introduction through importation of contaminated swine/pork products or wild boar 

populations harboring CSFV.  

 

Figure 1.2.  Global distribution of CSFV. 

 The map covers outbreaks reported from 2015-2024.  The data used for the map was 

curated from the WOAH World Animal Health Information System 

(https://wahis.woah.org/#/home, accessed 2024) and created with Biorender.com. 

  

https://wahis.woah.org/#/home
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Since the emergence of CSFV in the mid-19th century three genotypes and 13 

subgenotypes of CSFV have been characterized. The global distribution of CSFV genotypes and 

subgenotypes has shown a distinct geographical pattern (Beer et al., 2015; Blome, Staubach, et 

al., 2017).The early outbreaks in the United States and Europe were caused by genotype 1 

viruses, which continues to circulate in the Caribbean, Central and South America. Outbreaks of 

CSFV that have occurred in parts of Europe and Asia in the late 20th century belong to the 

genotype 2 group which has become the more prevalent genotype in these regions. Both 

genotype 1 and 2 viruses co-circulate in China, India, and Russia (Beer et al., 2015; Zhou, 2019).  

The genotype 3 viruses have been identified in Taiwan, Korea, and Japan (Beer et al., 2015; 

Blome, Staubach, et al., 2017).  There is debate on the classification of a CSFV strain 

“congenital tremor” that was detected in Great Britain in 1964. Historically the “congenital 

tremor” is classified as a genotype 3 virus; however, it was recently suggested by Rios, 2018 that 

this strain may be within its own genotype (Rios et al., 2018).  As CSFV continues to circulate in 

endemic areas, there is a potential for the emergence of novel genotypes and/or subgenotypes.          

 1.2.3. Clinical Disease 

CSF has several forms that can manifest in infected domestic and wild swine species. The 

viral strain, age, breed, and immune status factor into the disease manifestation which include 

acute, chronic, and persistent forms (Blome, Staubach, et al., 2017).  The acute form of disease 

can occur with highly virulent strains and in younger pigs less than 12 weeks.  Chronic form can 

result from infection with low virulent strains in any age group.  Persistent form is a result of in 

utero infection occurring in late gestation (Moennig et al., 2003). These forms of disease are 

discussed in more detail below. 
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 1.2.3.1. Acute disease  

The acute form of CSF generally has a less than 4-week duration with two possible 

outcomes death or recovery; this form can result from highly virulent strains.  However, 90% of 

infected animals succumb to the infection with juvenile animals being the most vulnerable 

exhibiting pyrexia of greater than 40° C (Moennig et al., 2003).  Other early symptoms include 

lethargy, conjunctivitis, respiratory signs, anorexia, and diarrhea.  As the infection progresses, 

animals can develop neurological symptoms which can include hindlimb paresis, convulsions, 

and ataxia (Moennig et al., 2003).  CSFV results in generalized vasculitis which manifests as 

hemorrhages and cyanosis of the skin, particularly the ears, abdomen and extremities (WOAH: 

Manual of Diagnostic Tests and Vaccines for Terrestrial Animals, 2023b).  Secondary infections 

can arise because of severe leukopenia that develops. These symptoms become milder and less 

specific with the increasing age of the pig, with adult pigs recovering. Infectious virus is shed in 

saliva, urine, and feces (Moennig et al., 2003).           

 1.2.3.2. Chronic disease 

Chronic form is characterized by an infection that lasts longer than 4 weeks, this form is 

100% fatal.  It results from the animals’ inability to mount an adequate immune response.  The 

early symptoms resemble the acute form of disease with symptoms progressively becoming non-

specific as infections continue which include chronic enteritis, undulating fever, and wasting 

(Moennig et al., 2003).  Infected pigs can survive 2 to 4 months during which time they 

continually shed high viral loads (Ganges et al., 2020; Weesendorp et al., 2011).  Chronically 

infected animals play a significant role in maintaining the virus in domestic herds and wild boar 

herds (Blome, Staubach, et al., 2017). 
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Table 1.1.  CSF disease forms and associated clinical signs. 

Disease Form Early Clinical Signs Late Clinical Signs Duration 

Acute CSF 

Lethargy  

Conjunctivitis 

Respiratory distress 

Anorexia 

Diarrhea 

Neurological signs: 

hindlimb paresis, 

convulsions, and/or 

ataxia 

 

Cyanosis: ears, 

abdomen, and 

extremities 

< 4 weeks 

Chronic CSF 

Lethargy 

Conjunctivitis 

Respiratory distress 

Anorexia 

Diarrhea 

Chronic enteritis 

Undulating fever 

Wasting 

 

> 4 weeks, may survive 

2 to 4 months 

 

 1.2.3.3. Persistent disease 

The persistent form generally results from an infection in utero with a moderate to low 

virulent strain. Early gestational infections can result in abortions, stillbirths, mummification, or 

malformations (Bohórquez et al., 2020).  However, if infection occurs around day 50-70 of 

gestation when the immune system is still developing, piglets are born appearing normal but are 

“poor growers” and exhibit neurological signs (Moennig et al., 2003). These persistently infected 

piglets shed high viral loads and serve as a viral reservoir (Van Oirschot & Terpstra, 1977).    

 1.2.4. Diagnostics 

There are several diagnostic techniques available for CSFV which are approved by 

WOAH.  These techniques include virus isolation, RT-PCR or RT-qPCR, ELISAs for antibody 

and antigen detection, and fluorescence antibody test (FAT) (WOAH: Manual of Diagnostic 

Tests and Vaccines for Terrestrial Animals, 2023b). For many of these diagnostics, if a positive 

result is obtained a secondary confirmatory assay must be completed.  Several of the techniques 
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described are costly both in time and resources which can result in increased turnaround times 

for results which can be detrimental in the face of an outbreak.           

 1.2.4.1. Detection of CSFV Genome 

The WOAH recommends RT-PCR and RT-qPCR for the detection of CSFV RNA for 

surveillance, confirmation of clinical cases, and screening of populations, due to the speed and 

sensitivity (WOAH: Manual of Diagnostic Tests and Vaccines for Terrestrial Animals, 2023b).  

These diagnostic tests can be performed on blood, serum, tissue homogenates, and cell culture. 

Over the years several gel-based RT-PCR assays have been developed for the identification and 

genotyping of CSFV, with these assays targeting the NS5B gene and 5’-UTR, respectively (Arce 

et al., 2009; Y. Zhao et al., 2019). These assays have been multiplexed for the differentiation of 

CSFV from other swine viruses or pesitviruses.  These gel-based assays can have reduced 

sensitivity resulting in false negative samples which can result in devastating consequences.  The 

use of RT-qPCR which uses primer and probes for detection of viral RNA, have become the 

preferred method for CSFV detection.  Over the years at least 7 or more assays have been 

published (Haines et al., 2013; Y. L. Huang et al., 2009; Leifer et al., 2011; L. Liu et al., 2009; 

X. Shi et al., 2016; Zheng et al., 2020).  Many of these assays target the highly conserved 5’-

UTR (Haines et al., 2013; Leifer et al., 2011; L. Liu et al., 2009; X. Shi et al., 2016) and 3’-UTR 

(Y. L. Huang et al., 2009) with some targets to the E2 gene (Zheng et al., 2020).  Due to the 

high-throughput capabilities of RT-qPCR many of the assays designed to target the 5’-UTR were 

also multiplexed for the detection of other swine viral pathogens such as African Swine fever, 

PRRSV, swine influenza virus (SIV), porcine circovirus virus (PCV), and others. RT-qPCR 

assays described for the detection and genotyping of CSFV targeted the 3’-UTR which contained 
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genotype-specific probes (Y. L. Huang et al., 2009).  All the described assays were demonstrated 

to be highly specific and sensitive in the detection of CSFV RNA, however many of these assays 

fall short in differentiating vaccinated and unvaccinated with the exception of Liu et. al. which 

demonstrated differentiation of wild-type infection and C-strain vaccination through the 

incorporation of melt curve analysis (L. Liu et al., 2009).  RT-qPCR is a highly sensitive and 

specific technique that has a high-throughput capacity and is rapid, but this technique requires 

costly qPCR thermal cyclers and dedicated laboratories. To alleviate the need for expensive 

thermal cyclers, groups have developed isothermal reverse transcriptase PCR and CRISPR/Cas 

based diagnostics which do not require sophisticated instruments (Bohórquez et al., 2024; Y. 

Zhang et al., 2022). 

 1.2.4.2. Detection of CSFV Antigen and Antibodies 

Serological assays are routinely used for the detection and surveillance of CSFV in wild 

boars and previously infected domestic swine herds (Moennig & Becher, 2015).  The two widely 

used assays for the detection of CSFV antibodies are virus neutralization test (VNT) and ELISA.  

The VNT is considered the gold standard for the detection and quantification of CSFV 

antibodies, lending to the high sensitivity and specificity of the assay (Ganges et al., 2020; 

Moennig, 2015b).  Briefly, susceptible cell lines such as PK-15 or SK-6 are incubated with a 

mixture of serially diluted serum and a CSFV strain, commonly Alfort/187.  However, due to the 

variability of antibodies titers with genotypes it is recommended to use recent genotype or 

circulating field isolates (WOAH: Manual of Diagnostic Tests and Vaccines for Terrestrial 

Animals, 2023b).  Following the incubation period the virus/serum mixture is removed and 

replaced with growth media and incubated for 3-4 days.  The cells are then fixed, after which a 
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CSFV specific monoclonal antibody or hyperimmune sera is added to the plate.  The plate is then 

washed followed by the addition of horseradish peroxidase or fluorescently conjugated anti-

murine or anti-porcine antibody to the plate. The secondary antibody is removed, a chromogen-

substrate is added in the case of peroxidase conjugated antibody and rinsed.  The plates are then 

visually evaluated under a light or fluorescent microscope with the cytoplasm of infected cells 

stained or fluorescing, respectively (Y. Li et al., 2013; Terpstra et al., 1984; WOAH: Manual of 

Diagnostic Tests and Vaccines for Terrestrial Animals, 2023b).  The major drawbacks of VNT 

are the need for laboratories with the capacity to work with CSFV and trained personnel, and that 

it requires cell culture with infectious virus and is laborious.  Despite these drawbacks it is a vital 

assay for confirming suspect positive ELISAs because it differentiates CSFV-specific antibodies 

from non-specific pestivirus antibodies. 

ELISAs developed for the detection of CSFV antibodies are the other commonly used 

serological assay.  These assays have multiplexing capabilities while being more rapid without 

the requirement for cell culture and live viruses compared to VNTs.  These ELISAs are designed 

to detect antibodies specific to the E2 glycoprotein or Erns specific antibodies (Aebischer et al., 

2013; Kosmidou et al., 1995).  Both ELISAs maybe used for the detection or surveillance of 

CSFV especially in countries that vaccinate domestic swine or wild boars using the DIVA 

(differentiating infected and vaccinated animals) compatible CP7_E2alf (Suvaxyn) vaccine 

(Blome, Wernike, et al., 2017).  In this case, if the animals have been successfully vaccinated, 

they will have a positive titer for the E2 glycoprotein and negative for Erns, where infected 

animals will have a titer for both proteins.  This differentiation is essential for the evaluation of 

the effectiveness oral vaccination programs of wild boars as well as infected versus vaccinated 
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(Aebischer et al., 2013; Floegel-Niesmann, 2001; Meyer et al., 2017; Moennig & Becher, 2015).  

Due to the potential cross-reactivity of pestivirus antibodies ELISA results may need to be 

confirmed by VNT or RT-qPCR (WOAH: Manual of Diagnostic Tests and Vaccines for 

Terrestrial Animals, 2023b). 

Several ELISAs have also been developed for the detection of CSFV antigen, which 

generally detects the viral glycoprotein, Erns.  They are primarily suited for monitoring at the herd 

level and may not be suited for determining CSFV-free status of individual animals due to the 

sensitivity and specificity (Ganges et al., 2020).  Antigen ELISA results in any primary case of 

CSFV must be confirmed by virus isolation or RT-qPCR as required by WOAH (Ganges et al., 

2020; WOAH: Manual of Diagnostic Tests and Vaccines for Terrestrial Animals, 2023b).         

 1.2.4.3. Genotyping of CSFV 

Phylogenetic characterization of CSFV is a valuable molecular tool for discriminating 

viral isolates and aids in tracing the potential source of the outbreak.  Historically, CSFV isolates 

were genotyped based on the sequence comparison of the 5’-UTR (150 nucleotides (nt)), partial 

E2 (190 nt) or 409 nt segment of the polymerase gene (NS5B) (Beer et al., 2015).  These short 

sequencing methods were sufficient for classifying isolates into the three major genotypes and 

subgenotypes due to the limitations of sequencing technology at the time they were developed.  

However, with the advances in sequencing technology it is recommended to sequence the full E2 

gene or whole genome for CSFV (Postel et al., 2012; WOAH: Manual of Diagnostic Tests and 

Vaccines for Terrestrial Animals, 2023b).  The use of longer sequencing methods provides more 

detailed phylogenetic information and allows for the discrimination of closely related isolates.  In 
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the case of whole genome sequencing, it allows researchers to further evaluate viral evolution 

through the role of viral quasispecies arising during infection (Töpfer et al., 2013).       

1.2.5. Current Control Strategies    

CSF has been successfully eradicated from several countries that have imposed strict 

control measures. However, the virus remains endemic in several central and south American 

countries, parts of Eastern Europe, along with Asia and India (Beer et al., 2015; Blome, 

Staubach, et al., 2017; Ganges et al., 2020).  Current CSFV control measures rely on a stamp out 

strategy following diagnosis of infected animals/herds which includes culling infected and 

suscept animals, establishing quarantine zones and restricting animal movement within and out 

of these zones (Moennig, 2015b; Postel et al., 2018, 2019).  The implementation of biosecurity 

measures serves a vital role in the reduction of CSFV introductions and controlling outbreaks 

which may include safe carcasses disposal, cleaning and disinfection of vehicles and equipment 

reducing the risk of contaminated fomites and mechanical vectors. Restrictions on swill and 

garbage feeding to reduce the risk of CSFV-contaminated feed into a naïve population (Postel et 

al., 2018).  The implementation of biosecurity measures and control measures mentioned above 

are crucial in the control and prevention of CSFV outbreaks.    

Vaccination for CSFV may be used in endemic countries and regions as part of a nation’s 

mitigation strategy in the face of an outbreak (Blome, Moß, et al., 2017).  There are several 

vaccines available for CSFV which include modified live vaccines (C-strain, Theiverval, and 

PAV250), the E2 subunit vaccine (Porcilis Pesti), and a marker vaccine (CP7_E2alf) (Blome, 

Moß, et al., 2017).  The modified live vaccines are the most widely used due to efficacy and 

safety, but are not DIVA compatible (Blome, Moß, et al., 2017).  The subunits and marker 



28 

vaccines are both DIVA compatible, however subunit vaccines fell out of favor due to lower 

efficacy and requiring two doses (Blome, Moß, et al., 2017; Ganges et al., 2020).  The marker 

vaccine was demonstrated to be efficacious and safe via oral and intramuscular administration 

(Blome et al., 2014; Leifer et al., 2009).  The emergency use of CSFV vaccines can play a role in 

controlling the spread of CSFV in combination with other control strategies (Postel et al., 2018).   

Wild boar populations serve as a reservoir for CSFV which presents a constant threat of 

transmission to domestic herds.  To mitigate this threat, several countries have implemented 

population control measures along with vaccination through oral bait vaccines (Blome, Moß, et 

al., 2017; Postel et al., 2018, 2019; Rossi et al., 2015).  The oral immunization of wild boar has 

been applied in Germany, France, and Slovakia (Moennig & Becher, 2015).  The combination of 

the strategies mentioned above along with rapid diagnosis and continuous surveillance of CSFV 

are currently the most effective strategies for reducing and mitigating CSFV outbreaks. 

 1.3.  Severe Acute Respiratory Syndrome Coronavirus 2 (SARS-CoV-2) 

The highly transmissible zoonotic virus severe acute respiratory syndrome coronavirus 2 

(SARS-CoV-2) emerged in late 2019 and rapidly spread across the globe, resulting in one of the 

largest global pandemics since the 1918 influenza pandemic. Since the beginning of the 

pandemic greater than 777 million cases and 7 million deaths have been reported to the World 

Health Organization (WHO).  As SARS-CoV-2 continues to circulate around the globe novel 

variants have emerged and continue to emerge perpetuating the threat to public health.  SARS-

CoV-2 has been demonstrated to have a broad host range through natural and experimental 

infections that can serve as potential secondary reservoirs that could harbor novel variants and 

future spillover events. (S. Cui et al., 2022; Meekins et al., 2021; Prince et al., 2021).  The rapid 
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development of diagnostics, efficacious vaccines, surveillance and quarantine measures were 

vital to mitigating and controlling the SARS-CoV-2 pandemic.  SARS-CoV-2 is globally 

endemic and remains a threat to public health. 

 1.3.1.  Viral Characteristics 

SARS-CoV-2 is a zoonotic virus that belongs to the genus betacoronarvirus in the family 

Coronaviridae, which includes severe acute respiratory syndrome coronavirus (SARS-CoV) and 

Middle East respiratory syndrome coronavirus (MERS-CoV) which emerged in the earlier 21st 

century (Cool et al., 2022; J. Cui et al., 2019; B. Hu et al., 2021).  SARS-CoV-2 is an enveloped, 

single-stranded, positive-sense RNA virus with a ~29.9 kB genome encoding 29 viral proteins 

(Yang & Rao, 2021).  The genome is organized by the six major ORFs 5’ to 3’: replicase 

(ORF1a/b), spike (S), envelope (E), membrane (M), and nucleocapsid (N) with seven ORFs 

encoding accessory protein interspersed between the structural genes (B. Hu et al., 2021).  The 

ORF1a/b gene encodes two overlapping polyproteins that are proteolytically cleaved into 16 

nonstructural proteins involved in viral replication.  The SARS-CoV-2 virion consists of the 

spike, envelope, membrane, and nucleocapsid proteins.  The spike glycoprotein is responsible for 

binding the host cell receptor, angiotensin-converting enzyme 2 (ACE-2), and viral entry; 

making it the primary viral antigen for SARS-CoV-2 vaccines (Fernandes et al., 2022; Yang & 

Rao, 2021).  The nucleocapsid protein and the spike protein are the two viral protein targets for 

either antigen or antibody detection assays (Fernandes et al., 2022).  Mutations in the spike 

protein and across the viral genome have been shown to alter receptor binding affinity, 

infectivity, and immune escape (Harvey et al., 2021).  This can result in the emergence of novel 

variants that challenge current diagnostics, vaccines, and public health.                         
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 1.3.2.  Epidemiology 

SARS-CoV-2 causative agent of COVID-19 was first identified in December 2019 in the 

city of Wuhan in the Hubei province of China.  By January 2020, SARS-CoV-2 had spread 

across 33 provinces in China with cases reported in Thailand, Japan, South Korea, Malaysia, 

Singapore and the USA (Lu et al., 2020).  Due to the accelerated international spread of SARS-

COV-2 in late February and rapid spike in cases, the WHO declared COVID-19 a pandemic in 

March 2020 (Bostanghadiri et al., 2023; B. Hu et al., 2021).  As the pandemic progressed, novel 

SARS-CoV-2 variants emerged that have been classified as variants of concern (VOCs) or 

variants of interest (VOIs) by the WHO based on mutations that affect transmissibility, 

virulence, immune evasion, and severity of disease (Carabelli et al., 2023; Tatsi et al., 2021; 

World Health Organization, 2023). The first VOC emerged in late 2020 in the United Kingdom 

designated alpha (B.1.1.7) variant, rapidly out competed the ancestral strain. The alpha variant 

would precede 4 VOCs which include beta (B.1.351), gamma (P.1), delta (B.1.617.2), and 

omicron (B1.1.529) variants.  Each VOC would become the dominant variant out competing 

their predecessor either regionally or globally (Carabelli et al., 2023; Harvey et al., 2021).  At 

least 8 SARS-CoV-2 variants had been designated as VOIs (Bostanghadiri et al., 2023).  

Currently, the JN.1 variant is the only VOI listed for SARS-CoV-2 (World Health Organization, 

2025).  These VOCs and VOIs present potential challenges for available diagnostics and 

vaccines perpetuating the threat to public health.  The rapid development and deployment of 

vaccines and control measures would aid in bringing the COVID-19 pandemic to an end in May 

2023 (Sarker et al., 2023; Steiner et al., 2024).  However, SARS-CoV-2 remains endemic with 

the potential for novel variants to emerge. 
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Since 2019 SARS-CoV-2 has been demonstrated to have a broad host range through 

natural and experimental infections of numerous animal species that can serve as potential 

secondary reservoirs (Meekins et al., 2021; Prince et al., 2021). The World Organization of 

Animal Health (WOAH) has reported natural infections of SARS-CoV-2 in 29 animal species in 

36 countries which include companion animals, farmed mink, zoo animals including large cats, 

otters, and gorillas (S. Cui et al., 2022; World Organization for Animal Health, 2023).  

Experimental infections of SARS-CoV-2 have demonstrated that 7 species are highly susceptible 

which include cats, ferrets, Syrian golden hamsters, non-human primates, white-tailed deer and 

others (Cool et al., 2022; Gaudreault, Trujillo, et al., 2020; Y. Il Kim et al., 2020; Meekins et al., 

2021; J. Shi et al., 2020; Ulrich et al., 2022).  One susceptible species that may serve as a 

significant wildlife reservoir is the white-tailed deer (Odocoileus virginianus), the most abundant 

wild ruminant species in the continental United States.  White-tailed deer have been shown to be 

highly susceptible to SARS-CoV-2 through experimental infections (Cool et al., 2022; Palmer et 

al., 2021).  Surveillance studies showed that 33-40% of free-ranging white-tailed deer across the 

midwestern United States had detectable levels of SARS-CoV-2 RNA or neutralizing antibodies 

(Chandler et al., 2021; Hale et al., 2022; Kuchipudi et al., 2022).  The identification of SARS-

CoV-2 alpha, gamma, delta, and omicron variants in free-ranging white-tailed deer months after 

declining in the human population, suggest multiple spillover events plus sustained deer to deer 

transmission.  These studies also identified potential deer to human spillover events in North 

Carolina, Massachusetts, and Ontario, Canda (Feng et al., 2023; Pickering et al., 2022).  It is 

critical to identify susceptible animal species both domestic and wild that could serve as 

secondary reservoirs, and which could lead to spillover and reverse-zoonosis events of emerging 
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or re-emerging variants.  As SARS-CoV-2 continues to circulate in human and animal 

populations it is critical that surveillance efforts continue for the rapid identification and 

characterization of novel variants.   

 1.3.3. Clinical Disease 

The severity of clinical disease associated with SARS-CoV-2 infection can vary with age 

and underlying co-morbidities.  Younger populations generally develop mild respiratory disease 

or remain asymptomatic.  Severe respiratory disease that requires hospitalization or death occur 

more commonly in older populations or people with co-morbidities (B. Hu et al., 2021).  SARS-

CoV-2 can be transmitted through direct and indirect routes and by respiratory droplets/aerosols 

(Harrison et al., 2020; Meyerowitz et al., 2020).  The incubation period for SARS-CoV-2 can 

range from 1-14 days with clinical signs developing after an average of 5 days.  Severe disease 

can develop after approximately 8 days following onset of symptoms (Z. Wu & McGoogan, 

2020).  Common clinical signs associated with SARS-CoV-2 include fever, fatigue and dry 

cough.  Other clinical signs may include sore throat, headache, nausea, chills, loss of taste and 

smell (B. Hu et al., 2021).  People with severe clinical disease requiring hospitalization may 

develop severe pneumonia and/or dyspnea that can lead to in respiratory failure, multiple organ 

failure, acute cardiac injury, and/or heart failure.  SARS-CoV-2 infections and symptoms can 

persist for weeks to months prior to recovery (Pozzi et al., 2023). 

The severity of disease associated with SARS-CoV-2 infections varies between animal 

species.  SARS-CoV-2 infections can result in subclinical disease with minimal to no clinical 

signs developing which have been observed or demonstrated in white-tailed deer, cattle, sheep, 

domestic cats, domestic dogs and others (Cool et al., 2022; Gaudreault et al., 2022; Gaudreault, 
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Trujillo, et al., 2020; Meekins et al., 2021; Palmer et al., 2021).  Syrian golden hamsters, ferrets, 

and mink, which are highly susceptible to SARS-CoV-2 infections, can develop clinical signs 

which may include weight loss, lethargy, anorexia, respiratory signs (nasal discharge and 

dyspnea), and/or mortality (mink and hamsters).  Mild-to-severe postmortem lesions were 

observed in the respiratory tract of these highly susceptible species, consistent with respiratory 

disease (Meekins et al., 2021).  Understanding the clinical presentation and manifestation of 

SARS-CoV-2 infections in susceptible hosts, both domestic and wild, is important for 

understanding the virus ecology and for developing experimental animal models for therapeutic 

and vaccine development.           

 1.3.4. Diagnostics 

Diagnostic assays were rapidly developed following the emergence of SARS-CoV-2 that 

were crucial for detecting and monitoring the spread of SARS-CoV-2 during and after the 

pandemic.  These assays include RT-qPCR, ELISAs for viral antigen and antibody detection.  

Targeted whole-genome sequencing protocols developed for SARS-CoV-2 were widely 

employed providing temporal phylogenetic characterization of SARS-CoV-2.  The genetic 

information obtained from sequencing allowed for the rapid identification of emerging VOCs 

and VOIs both globally and regionally that would further aid in diagnostics, vaccines, and 

therapeutic development.  These diagnostic assays are described in more detail below. 

 1.3.4.1. Detection of SARS-CoV-2 Genome 

The detection of SARS-CoV-2 genome by RT-qPCR is considered the gold standard for 

diagnosis and surveillance of SARS-CoV-2 (Kevadiya et al., 2021; Pearson et al., 2021).  These 

assays could be applied to a wide range of sample types to detect SARS-CoV-2 RNA such as 
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nasopharyngeal swabs, saliva, tissues, and wastewater (Ávila et al., 2022; Hale et al., 2022; Kata 

et al., 2023; Kevadiya et al., 2021).  Various RT-qPCR assays have been developed to detect the 

RNA of different SARS-CoV-2 genes such as E, N, S, Orf1a, and RNA-dependent RNA 

polymerase (RdRp) independently (Lai & Lam, 2021; Yüce et al., 2021).  As novel variants of 

SARS-CoV-2 emerged the chance of false negative results increased due to mutations at 

primer/probe binding sites; to address this, primer and probes were updated and diagnosis based 

on the detection of SARS-CoV-2 RNA requires two distinct gene targets (Davies et al., 2022; 

Yüce et al., 2021).  Detection of SARS-CoV-2 by RT-qPCR has several drawbacks.  False 

negatives can occur due to viral evolution, low quality RNA extractions arising from improper 

sampling or early viral infections (Kevadiya et al., 2021; Yüce et al., 2021).  The other major 

drawback is the requirement for trained laboratory personnel, and expensive specialized 

equipment.  Despite these drawbacks, RT-qPCR is a crucial diagnostic assay for the detection 

and surveillance of SARS-CoV-2 in both human and animal populations. 

 1.3.4.2. Targeted Whole Genome Sequencing SARS-CoV-2 

Whole genome sequencing of SARS-CoV-2 has been extensively used throughout the 

pandemic to monitor the spread, transmission, and evolution around the world.  International 

sequencing efforts of SARS-CoV-2 have resulted in the curation of >17 million genome 

sequences deposited in GISAID as of January 2025.  The first and most widely used whole 

genome sequencing protocol is the ARTIC protocol (Itokawa et al., 2020; Koskela von Sydow et 

al., 2023; Quick, 2020).  The ARTIC protocol is a targeted whole genome sequencing protocol 

that amplifies 400bp tiled amplicons spanning the SARS-CoV-2 genome with two independent 

reactions.  The protocol can be used with Illumina, Oxford Nanopore, or PacBio sequencing 
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platforms.  The Midnight protocol, a descendent of ARTIC, is another targeted whole genome 

sequencing protocol for SARS-CoV-2.  This protocol generates tiled 1.2 kB amplicons across the 

SARS-CoV-2 genome and can be used with any sequencing platform.  The protocol was also 

customized for long-read sequencing with the Oxford Nanopore platforms (Freed et al., 2020).  

This customization provided several advantages including real-time sequencing, portability, 

simple library preparation, and scalability (Koskela von Sydow et al., 2023). The availability and 

implementation of the ARTIC and Midnight protocols provided temporal evolutionary data of 

SARS-CoV-2 during the pandemic which was critical for the rapid identification and 

characterizations of emerging variants globally.  As variants continue to emerge, mutations may 

occur in primer binding sites, resulting in amplicon drop-off and incomplete sequences, which is 

an inherent disadvantage for both protocols (Koskela von Sydow et al., 2023).  For this reason, 

primer sets for either protocol must be updated to address this issue (Lambisia et al., 2022).  The 

extensive use of whole genome sequencing for SARS-CoV-2 provided immense amount of 

genetic information vital for not only surveillance and evolution reasons but also diagnostic, 

vaccine, and therapeutic development.     

1.3.4.3. Detection of SARS-CoV-2 Antigen and Antibodies 

Antigen-based detection assays for diagnosing SARS-CoV-2 infections detect specific 

SARS-CoV-2 proteins such as the spike glycoprotein, matrix protein, or nucleocapsid protein 

(Yüce et al., 2021).  SARS-CoV-2 antigen detection assays are available as in ELISA format for 

high throughput diagnostics in a laboratory setting or lateral flow format for rapid detection and 

point of care diagnostics.  These assays have been validated for detecting viral antigen in 

nasopharyngeal swabs, and saliva.  The nucleocapsid is one of the primary targets for antigen 
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detection lending to its high abundance (Lai & Lam, 2021).  Both the ELISAs and lateral flow 

assays (LFA) sandwich style immunoassay like CSFV and ASFV antigen detection assays 

described above (Yüce et al., 2021).  The point of care (LFA) provides a simple, cost effective, 

and rapid screening (15-30 minutes) system for detection SARS-CoV-2 infections (Lai & Lam, 

2021; Yadegari et al., 2023).  The major drawback to both the ELISA and point of care LFA 

compared to RT-qPCR is the reduced sensitivity of 70% (ELISA) and 56% (LFA) for clinical 

samples with low viral loads (Lai & Lam, 2021; Porte et al., 2020; Yadegari et al., 2023).  The 

antigen-based diagnostics provide a cost-effective and rapid alternative to RT-qPCR for the 

diagnosis and screening SARS-CoV-2 in early stages of infection.                   

The detection of either viral RNA or viral antigens allows for the diagnosis of active 

SARS-CoV-2 infections but provides no information on previous infections or active immune 

responses to an infection.  Several ELISAs and LFAs have been developed for the detection of 

SARS-CoV-2 specific IgM and IgG immunoglobulins in blood, serum, and plasma.  These 

assays are designed to detect spike-, nucleocapsid-, or receptor-binding domain-specific 

immunoglobulins (Nerenz et al., 2022).  Briefly, the antibody ELISA kits use microwell plates 

coated with recombinant antigen.   Antigen-specific immunoglobulins present in the sample will 

bind the antigen followed by the addition of a conjugated-secondary antibody to detect bound 

immunoglobulins.  These assays can be IgG or IgM specific (Nerenz et al., 2022).  The LFA 

assays use gold nanoparticles coated with recombinant antigen; when a sample is added 

containing SARS-CoV-2 specific IgG or IgM an antibody-antigen complex is formed.  These 

complexes flow across the membrane, bind to anti-IgG or anti-IgM antibodies located at the test 

line on the membrane, generating a band at their respective lines (Yüce et al., 2021).  The other 
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serological test available is the virus neutralization assay for the detection of SARS-CoV-2 

neutralizing antibodies from infection, vaccination, and for seroprevalence studies (Hale et al., 

2022; Westhaus & Rabenau, 2022).  However, this assay is time-consuming, requires trained 

personnel, and laboratories capable of working with live virus and cell culture.  Serological 

assays provide the ability to detect SARS-CoV-2 antibodies arising from prior vaccination and 

SARS-CoV-2 infections.         

 1.3.5. Control Strategies 

When SARS-CoV-2 emerged in late 2019 and rapidly spread around the globe resulting 

in the March 2020 pandemic no effective treatment or vaccine was available.  Control measures 

to reduce community transmission included social distancing, face masks, and promoting hand 

hygiene (hand washing/disinfection) (Güner et al., 2020; Prather et al., 2020).  The screening, 

diagnosis, and quarantine of infected individuals, either symptomatic or asymptomatic, further 

aided in controlling the spread of SARS-CoV-2.  These control measures were critical to reduce 

the transmission and cases of SARS-CoV-2 until an effective vaccine or treatment was available.  

The international research efforts would lead to the development, manufacture, and deployment 

of SARS-CoV-2 vaccines in 12-15 months after SARS-CoV-2 emerged (Subbarao, 2021).  

Several vaccines were approved and available by the end of 2020 which included mRNA 

vaccines (Pfizer-BioNtech BNT162b2 and Moderna mRNA-1273), subunit vaccines (Novavax 

NVX-CoV2372), inactivated vaccine (Covaxin) and vector-based vaccines (Johnson & Johnson 

Ad26.COV2.S and Sputnik) (Logunov et al., 2021; Mistry et al., 2022; P et al., 2020; Patel et al., 

2022; R et al., 2021).  By the end of 2021 approximately 7 billion doses will be administered 

worldwide (Mistry et al., 2022).  These vaccines remain effective, eliciting a protective immune 
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response to circulating SARS-CoV-2 variants (Harvey et al., 2021; Subbarao, 2021).  By May 

2023 with a significant portion of the global population vaccinated, and case numbers declining 

the WHO declared an end to COVID-19 pandemic (Sarker et al., 2023).  While SARS-CoV-2 

remains endemic, the availability of diagnostics, vaccines, and therapeutics will allow for a more 

rapid response in the future.  However, it is critical that the surveillance of SARS-CoV-2 human 

and animal populations continues to identify emerging or re-emerging variants.                                      

 1.4. Nucleic Acid Sequencing: Technologies and Approaches 

 1.4.1. The Generations of Sequencing Technologies 

 1.4.1.1. First-Generation Sequencing 

In 1977 a sequencing technique was developed that revolutionized the field of nucleic 

acid sequencing and laid the foundation that would usher in the era of next-generation 

sequencing; this technique is Sanger’s ‘chain-termination’ or commonly known as Sanger 

sequencing (Sanger et al., 1977).  The technique employs a chemical analog of 

deoxyribonucleotides (dNTPs) known as dideoxynucleotides (ddNTPs).  These chemical analogs 

lack the 3’ hydroxyl group required to form the phosphodiester bond with the 5’ phosphate of the 

next dNTP in turn terminating DNA extension.  These ddNTPs were radioactively labelled and 

mixed in four parallel DNA extension reactions, one for each nucleotide.  The ddNTPs will be 

randomly incorporated in the DNA strands during extension resulting in a mixture of varying 

length DNA fragments.  The reactions are resolved on a polyacrylamide gel and the sequence of 

the original template can be determined by the identification of radioactive bands in the 

corresponding lanes (Heather & Chain, 2016a; Sanger et al., 1977).  Since the first iteration 

Sanger sequencing continued to evolve and improve.  The radioactive labels were replaced with 
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fluorometric labels allowing the reaction to be completed in one tube.  The detection was 

improved by replacing polyacrylamide gels with capillary electrophoresis.  These two major 

improvements allowed for the development of the first DNA sequencers which were capable of 

sequencing DNA fragments less than one kilobase (kB) in length (Smith et al., 1986).  For 

sequences greater than 1 kB, multiple overlapping fragments would be sequenced and assembled 

into contigs.   

The field of sequencing began to rapidly advance with the development of polymerase 

chain reaction (PCR) and recombinant DNA technologies that allowed researchers to generate 

large amounts high purity DNA needed for sequencing (Heather & Chain, 2016a).  These 

techniques allowed researchers to identify and characterize more efficient DNA polymerases that 

would lead to the development of new DNA sequencers that were capable of sequencing 

hundreds of samples simultaneously (Ansorge, 2009).  Over the years numerous technological 

advances refined Sanger sequencing into the commonly used sequencing technique that we know 

today while establishing the foundation for the development of second-generation sequencers.                    

 1.4.1.2. Second-Generation Sequencing 

Around the time that the high throughput Sanger sequencing instruments were being 

developed a novel sequencing technique was developed by Pål Nyrén and colleagues termed 

pyrosequencing (Nyrén & Lundin, 1985).  Comparable to Sanger sequencing, pyrosequencing is 

a sequencing by synthesis (SBS) technique but does not utilize ddNTPs in turn eliminating DNA 

extension termination.  Pyrosequencing utilizes luminescence to measure the amount of 

pyrophosphate produced as nucleotides are washed across and incorporated to the DNA template 

affixed to a solid phase (Heather & Chain, 2016a).  The system uses ATP sulfurylase which 
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converts pyrophosphate released following the addition of nucleotides during DNA extension 

into ATP, serving as substrate for luciferase. The luminescent intensity is proportional to the 

amount of pyrophosphate generated; lending to the technique’s major drawback, accurately 

sequencing homopolymer regions (Nyrén & Lundin, 1985).  This technique has several 

advantages, it does need chemically modified dNTPs and by utilizing luminescence it is capable 

of real time readouts.  Eventually, the pyrosequencing license was acquired by 454 Life Sciences 

(acquired by Roche), later releasing the first second-generation sequencer. 

The release of 454’s pyrosequencing platform transformed the sequencing landscape, due 

to its ability to conduct mass parallel sequencing reactions, increasing the amount of DNA that 

can be sequenced in a single run (Margulies et al., 2005).  The mass parallelization is achieved 

by generating sequencing libraries where DNA is attached to a bead coated with an adapter 

sequence.  An emulsion PCR (emPCR) is performed that amplifies the DNA strand resulting in 

beads coated with clonal DNA fragments.  The coated beads are washed across a picoliter 

reaction plate where each well contains a single coated bead.  The DNA fragments are sequenced 

via pyrosequencing.  The 454 platform was able to sequence fragments 400-500 bases in length 

across millions of wells drastically increase sequencing yields allowing researchers to sequence 

complex genomes, such as the human genome, with less effort and reduced cost (Heather & 

Chain, 2016a; Wheeler et al., 2008).  The 454 pyrosequencing platforms would not be the only 

parallel sequencing technology to be developed in this generation. 

One of the other major SBS technologies that arose during this generation was developed 

by Solexa which was later acquired by Illumina (Voelkerding et al., 2009).  The Illumina 

sequencing platforms use flow cells coated with complementary oligonucleotides to an adapter 
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sequence that are attached to the 3’ and 5’ ends of DNA fragments during sequencing library 

preparation.  Single-stranded DNA libraries are washed across the oligonucleotide field where 

the adapter containing DNA fragments anneal to the oligonucleotide surface.  Following 

annealing, the complementary strand is synthesized which is covalently bonded to the flow cell, 

serving as the template for cluster generation (reverse strand).  Clonal clusters are generated by 

solid phase bridge amplification PCR which generates a covalently bound complementary strand 

(forward strand) (Mercier & Slater, 2005).  The double-strand bridge is denatured generating two 

single-stranded copies of tethered DNA.  Several iterations of this process are completed 

generating millions of clusters, after which the reverse strand is cleaved.  The forward strand is 

sequenced by fluorescently tagged nucleotides that are washed across the clusters and 

incorporated by a DNA polymerase.  The fluorophores are excited by laser and imaged (Bentley 

et al., 2008; Illumina, 2010).  The fluorophore is then cleaved, and the next cycle begins.  The 

original Illumina sequencing technology had very limited read lengths of 35 bp, but with this 

technique, pair-end sequencing could be performed (Heather & Chain, 2016a).  This in turn 

increased the accuracy by increasing the depth of coverage when mapping reads to reference 

sequence.  Over the years, the read length and depth capabilities of Illumina platforms continued 

to increase as well as its popularity within the sequencing field. 

The final SBS technology to contend with 454 pyrosequencing and Illumina sequencing 

was the Ion Torrent.  Similar to the 454 platforms, Ion Torrent utilized beads coated in clonal 

DNA generated by emPCR.  The beads are washed across a chip containing picowells large 

enough for one bead.  The major difference between this system and the other two is that it does 

not use light emissions for detection of nucleotide incorporation.  The system measures the 
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change in pH caused by the release of H+ ions during polymerization using complementary 

metal-oxide semiconductor (CMOS) technology (Rothberg et al., 2011).  The elimination of 

luminescence or fluorescence for detection allows decreased sequencing times.  As with 

pyrosequencing this technology struggles with homopolymer regions (Loman et al., 2012). 

The second generation of sequencing technologies made major leaps in the field of 

sequencing and has been described as the “genomic revolution” (Heather & Chain, 2016a).  

These technologies reduced the cost of DNA sequencing while at the same time increasing the 

ease of sequencing.  The increases in output and accuracy with this generation has drastically 

changed the sequencing landscape.  These platforms have played crucial roles in advancing the 

fields of infectious disease, cancer, diagnostics, and genetics (animal and plant) (Hernández-

Neuta et al., 2023; Y.-C. C. Hou et al., 2022; Voelkerding et al., 2009).                              

 1.4.1.3. Third-Generation Sequencing 

As second-generation sequencing platforms continue to be extensively utilized in various 

scientific and medical fields, the next generation of sequencing is gaining momentum.  Third-

generation sequencing technologies can be characterized as single molecule sequencing in real 

time.  These platforms do not require extensive clonal amplification prior to sequencing as seen 

with the second-generation (Heather & Chain, 2016a).  One of the major defining features of this 

generation is the capability to sequence DNA fragments up to and greater than 10kB without 

fragmentation.  There are two distinct third-generation sequencing platforms available, these are 

the PacBio platforms and Oxford Nanopore Technologies (ONT).  The PacBio platforms use a 

technique called single molecule real-time (SMRT) sequencing.  SMRT chips contain an array of 

nanopore structures called zero-mode waveguides (ZMWs) which filter light to a diameter 
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smaller than the wavelength, restricting illumination to the bottom of the well.  This allows for 

visualization of single fluorescent molecules.  At the bottom of ZMW wells is a single DNA 

polymerase (Schadt et al., 2010).  DNA libraries and fluorescent dNTPs are washed across the 

array where the DNA polymerase incorporates fluorescent nucleotides that are detected in real 

time.  Since sequencing occurs at the rate of polymerization, DNA fragments can be sequenced 

in a short period of time.  The PacBio platforms can generate long reads with lengths up to and 

greater than 10kB (T. Hu et al., 2021; van Dijk et al., 2014). 

Unlike PacBio, the ONT platforms do not utilize DNA polymerization and fluorescent 

dNTPs for sequencing, eliminating the need for fluorescent imaging systems.  As the name 

implies, ONT platforms employ a nanopore based technology for sequencing.  DNA libraries 

contain a sequencing tether and electrolytic solution are washed across an array of nanopores that 

are embedded in an electronically resistant polymer membrane.  Each nanopore is connected to 

an electrode that is connected to a sensor chip.  By applying a constant voltage an ionic current is 

generated across the nanopore that pulls the negatively charged DNA strands through the 

nanopore (Y. Wang et al., 2021).  As translocation of DNA through the nanopore occurs it 

results in current fluctuations that correspond to nucleotide sequences that are present in the 

sensing region of the pore.  The nucleotide sequence is determined using computational 

algorithms that decode the current fluctuations in real-time. The speed at which the DNA 

traverses the nanopore is controlled by a motor protein (phi29 DNA polymerase) that is attached 

to the nanopore.  While controlling the speed of translocation the phi29 DNA polymerase has 

helicase activity allowing it to unwind double-stranded DNA as it ratchets the other strand 

through the nanopore (Y. Wang et al., 2021).  One of the advantages of this technology is there is 
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no read length limitation as it does not rely on consumable reagents such as fluorescent dNTPs 

and polymerases.  Since the release of the MinION, ONT flagship platform, in 2014 the 

maximum read length has increased from <800kB to 2.273Mb due to improvements in nanopore 

technology and library preparation (Y. Wang et al., 2021).  The real time basecalling capabilities 

of nanopore sequencing enables researchers to perform real-time bioinformatical analysis which 

drastically reduces turnaround times when used in a diagnostic capacity (Stüder et al., 2021).  

Unlike any other sequencing platform ever developed, the ONT MinION platforms are the size 

of a cellphone battery pack, making it the only field deployable sequencing platform.  Field 

applications of the MinION have been demonstrated with the sequencing of Ebola in Africa 

(Quick et al., 2016).  Despite all these advantages nanopore sequencing generates lower quality 

reads and a high error rate compared to other sequencing technologies.  However, improvements 

in accuracy and error rate have been made through optimization of nanopore technology, 

basecalling algorithms, and error corrections prior to downstream analysis (Y. Wang et al., 

2021).  ONT sequencing platforms have revolutionized sequencing by enabling decentralized 

sequencing and increasing the availability of sequencing. 

Third-generation sequencing technologies have overcome the read length limitations that 

were seen with second-generation.  The shift to single molecule sequencing has enabled 

amplification-free real-time sequencing which has drastically reduced sequencing times, making 

considerable impacts on the field of sequencing.  Historically the third-generation sequencers 

have been known to have higher error rates compared to the second-generation sequencers with 

error rates of ~14% (PacBio) and 2-15% (ONT Nanopore) (T. Hu et al., 2021). These error rates 

continue to improve as these technologies are further modified and optimized.  The other major 
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drawback of the PacBio platform over the ONT Nanopore is the cost, ~$525,000 (T. Hu et al., 

2021).  Every generation of sequencing technology has made significant far-reaching impacts in 

the scientific world.  It will be very interesting to see what subsequent generations of sequencing 

technologies have in store.      

 1.4.2. Sequencing Approaches 

There are two major sequencing approaches that are commonly used for whole genome 

sequencing of viral genomes; these are metagenomic sequencing and targeted sequencing.  The 

method in which sequencing data is obtained does not differ between the methods.  The 

differences are present in the steps prior to sequencing library preparation and sequencing, and in 

bioinformatical pipelines that are utilized during data analysis.  Depending on the goal of 

sequencing one method may be more suitable.  These methods are briefly described below.      

 1.4.2.1. Metagenomic Sequencing 

Metagenomic sequencing, also known as shotgun sequencing, allows researchers to cast a 

wide net, since this approach sequences all the nucleic acids present in a sample.  This approach 

can be used to detect infectious agents in diagnostic samples (Langelier et al., 2018), pathogen 

discovery (Wilson et al., 2017), or complex genomes (Spinard, O’Donnell, et al., 2023), while 

also being applied to a diverse range of sample types.  One of the major limitations of 

metagenomic sequencing is the interference by host nucleic acids limiting detection of infectious 

agents at low concentrations which can result in partial genome sequences (Gu et al., 2024).  

Briefly, samples are prepared for metagenomic sequencing first by extracting nucleic acids.  For 

DNA, the sample can proceed directly to sequencing library preparation.  For RNA, a reverse 

transcription step using random hexamers is performed to generate cDNA followed by 



46 

sequencing library preparation (Hilt & Ferrieri, 2022).  The abundance of host DNA can be 

reduced by completing enrichment steps which may include DNase treatment prior to extraction 

and/or depletion methylated genomic DNA (O’Donnell et al., 2020).  Following sequencing, 

bioinformatic pipelines are used to identify or obtain the sequences of viral pathogens (Hilt & 

Ferrieri, 2022).  Also, the reads can be mapped to a known reference genome.  Metagenomic 

sequencing provides researchers with an unbiased sequencing technique with minimal sample 

preparation prior to sequencing but can require lengthy data analysis.                               

 1.4.2.2. Targeted Sequencing   

Targeted sequencing approaches as the name implies are used to sequence a specific 

organism or group of organisms.  This approach is used for whole genome sequencing of 

numerous viruses (Höper et al., 2011; Quick, 2020; Töpfer et al., 2013), bacterial 16S ribosomal 

RNA sequencing for bacterial identification (Michael & L, 2007), and 28S ribosomal RNA 

sequencing for fungal identification (Hilt & Ferrieri, 2022; Wagner et al., 2018).  The primary 

advantage of targeted sequencing of metagenomic sequencing is limited host DNA interference 

and higher sensitivity of detection in sample types with abundant host cells such as tissue.  One 

disadvantage of targeted sequencing is sequences are limited to a specific organism or group of 

organisms (Hilt & Ferrieri, 2022).  Targeted sequencing requires agent specific oligonucleotides 

or reference genomes to develop specific oligonucleotides; if these are not available, this will not 

be a suitable approach.  The initial step of nucleic acid extraction is the same for both 

metagenomic and targeted sequencing for a sample of interest.  Following nucleic acid extraction 

a PCR (DNA) or RT-PCR (RNA) is performed with oligonucleotides specific for the organism 

of interest.  This serves to enrich and select for the organism of interest.  The amplicons 
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generated during the PCR or RT-PCR are purified and sequencing library preparation is 

completed (Quick, 2020).  Following sequencing, reads can be mapped to a reference genome to 

obtain a consensus sequence that can be used for phylogenetic characterization.  Targeted 

sequencing provides higher depths of coverage compared to metagenomic sequencing which is 

beneficial for single nucleotide polymorphisms analysis. 

These are two of the most common sequencing approaches.  Metagenomic sequencing 

approaches cast a broad net that can discover novel pathogens while targeted sequencing 

approaches enable a deeper look at a specific pathogen or group of pathogens.  Both sequencing 

approaches described above have advantages and disadvantages over one another, but both play 

significant roles in the field of sequencing.   

 1.5. Bioinformatic Analysis 

Over the years with the increased volume of sequencing data generated by second- and 

third-generation sequencing platforms, numerous bioinformatic programs and pipelines have 

been developed to analyze these large data sets.  Bioinformatic analysis for these large data sets 

can be computationally expensive and time consuming (Gu et al., 2024; Hilt & Ferrieri, 2022).  

As high-performance computational technologies continue to advance such as the development 

of cloud-based computing and machine learning, the time and cost to perform these analyses has 

been reduced (Dinhobl et al., 2024; Juul et al., 2015; Naccache et al., 2014; Wood & Salzberg, 

2014).  There are several preprocessing steps that are completed before any in depth 

bioinformatic analysis. Briefly, basecalling and filtering is completed which converts raw signals 

into sequencing reads and removes low quality reads.  This process is completed by proprietary 

algorithms associated with specific sequencing platforms.   
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Following this process, sequencing reads can be loaded into a bioinformatic pipeline.  

These pipelines can begin with secondary read trimming and quality filter step to ensure that the 

highest quality reads are used for the next steps in the analysis pipeline.  If these secondary read 

trimmings and quality filters are too stringent, pathogens in low abundance or low frequency 

single nucleotide variants may be excluded or overlooked in downstream analyses.  After these 

preprocessing steps, there are two routes that the analysis can proceed which include de novo 

assembly or read alignment to the reference genome.  The sequencing approach that was 

implemented will influence which bioinformatic analysis is performed, which is discussed 

below.             

 1.5.1. De Novo Assembly 

De novo assembly is one of the bioinformatic analyses that is commonly used for 

metagenomic sequencing approaches.  Briefly, this analysis uses algorithms to assemble 

sequencing reads into larger consensus sequences, termed contigs.  Numerous contigs can be 

generated during de novo assemble with differing lengths and depths of coverage.  Contigs with 

the highest depths of coverage can be considered to represent the most abundant sequences in the 

sample (Sohn & Nam, 2018).  While these contigs represent the most abundant sequences, it 

does not identify the organisms that the sequences represent.  This information is gained by 

screening contigs against databases of known sequences using BLAST, basic local alignment 

search tool, which identifies and ranks organisms based on sequence similarity (Altschul et al., 

1990; McGinnis & Madden, 2004).  Since metagenomic sequencing is an unbiased sequencing 

approach, by sequencing everything in a sample, this bioinformatic analysis is the most 

appropriate.        
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 1.5.2. Read Alignment to Reference Genome (Read Mapping) 

Bioinformatic analysis commonly combined with targeted sequencing approaches relies 

on aligning sequencing reads to a reference genome and can be referred to as read mapping.  

There are numerous alignment/mapping algorithms that can be used, but this section will focus 

on the mapping tool associated with CLC Genomic Workbench (Qiagen, 2024).  Briefly, the 

optimal alignment of a read is determined by a cumulative score that is calculated using several 

cost parameters including match, mismatch, insertion, and deletions.  The number of nucleotides 

in a read that match the reference are summed and multiplied by the match score.  The number of 

mismatches, inserted, and deleted nucleotides are summed and multiplied by their respective cost 

scores.  All these parameters are subtracted from the total matching score, resulting in the 

cumulative score for the read.  The greater the read score indicates the greater/better optimal 

alignment.  Prior to the read being mapped to the reference sequence and included in the output, 

a filtering process is applied to determine if the read is an appropriate match.  The filtering 

process assesses the length and similarity fractions of the read.  For example, if these parameters 

are set to 50% length and 80% similarity fractions; 50% of the aligned read must match the 

reference and half of the aligned read must have 80% similarity to the reference genome.  By 

increasing these parameters, the aligned reads with highest alignment scores will be included in 

the output.  The consensus sequence can be extracted from this mapping.  Mutations that are 

present at greater than 50% of the mapped reads will be included in the consensus sequence.  

These read mappings can be used to determine genome coverage in both the depth and fraction 

of the reference (Qiagen, 2024).  These mappings can be used for single nucleotide 

polymorphisms (SNPs or variants), which is discussed below. 
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 1.5.3. Single Nucleotide Polymorphism Analysis: Variant Calling 

Single Nucleotide Polymorphisms (SNPs) analysis can be performed to assess nucleotide 

mutations that can arise in viruses over time in the presence of selective pressures such as cell 

culture or during in vivo infections.  SNP can be classified as synonymous and nonsynonymous 

which relates to the effect on the encoded amino acid sequence.  Synonymous mutations are 

nucleotide substitutions that do not result in an amino acid substitution.  Nonsynonymous 

mutations result in an amino acid substitution which can result in changes in receptor binding, 

replication efficiency, and host adaptations (Escalera et al., 2022; Halwe et al., 2024; Shastry, 

2009; Zhou et al., 2021).  As with read mapping there are numerous variant callers that can be 

used, but this section will focus on the low frequency SNP caller associated with CLC Genomic 

Workbench (Qiagen, 2024). Briefly, low frequency SNP analysis (variant calling) will determine 

all the SNPs at frequencies greater than a set threshold present in the read mapping.  To increase 

the confidence of the SNPs called, coverage, read count, and quality thresholds can be added to 

the analysis.  To evaluate nonsynonymous SNPs, the reference sequence must include annotation 

that indicates the coding sequence (CDS) of viral proteins (Qiagen, 2024).  SNP analysis can be 

conducted for multiple samples and time points, providing information on SNP selection under 

differing selective pressures present during in vivo and in vitro viral infections (Z.-Z. Huang et 

al., 2024; Nogales & Dediego, 2019; Rozek et al., 2021).  It is important to note that this analysis 

does not indicate the significances of these mutations unless previously described or evaluated in 

vitro.  SNP analysis can provide insights into viral mutations that could impact viral fitness. 

As sequencing technologies change and data sets increase, bioinformatic analysis 

continues to adapt to these changes.  However, these changes can increase the complexity of 
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bioinformatic analysis which is the most time-consuming proportion within the field of 

sequencing (Gu et al., 2024; Hilt & Ferrieri, 2022).  These timeframes are reducing with the 

implementation of real-time data analysis which can be used with ONT sequencing platforms 

and cloud based bioinformatic analysis (Juul et al., 2015; Naccache et al., 2014).  The 

implementation of machine learning will have significant impacts on bioinformatic analysis in 

the future.              
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Chapter 2 - Experimental Infection of Domestic Pigs with African 

Swine Fever Virus Isolated in 2019 in Mongolia1 

 2.0.  Abstract 

African swine fever (ASF) is an infectious viral disease caused by African swine fever 

virus (ASFV), that causes high mortality in domestic swine and wild boar (Sus scrofa). 

Currently, outbreaks are mitigated through strict quarantine measures and the culling of affected 

herds, resulting in massive economic losses to the global pork industry. In 2019, an ASFV 

outbreak was reported in Mongolia, describing a rapidly progressing clinical disease and gross 

lesions consistent with the acute form of ASF; the virus was identified as a genotype II virus. 

Due to the limited information on clinical disease and viral dynamics within hosts available from 

field observations of the Mongolian isolates, we conducted the following study to further 

evaluate the progression of clinical disease, virulence, and pathology of an ASFV 

Mongolia/2019 field isolate (ASFV-MNG19), by the experimental infection of domestic pigs. 

Intramuscular inoculation of domestic pigs with ASFV-MNG19 resulted in clinical signs and 

viremia at 3 days post challenge (DPC). Clinical disease rapidly progressed, resulting in the 

humane euthanasia of all pigs by 7 DPC. ASFV-MNG19-infected pigs had viremic titers of 108 

TCID50/mL and shed virus in oral secretions late in disease, as determined by infectious virus 

from oropharyngeal swabs. Whole-genome sequencing confirmed that the ASFV-MNG19 strain 

 

1 Reprinted with permission from McDowell, C.D.; et al. Experimental Infection of Domestic Pigs with African 

Swine Fever Virus Isolated in 2019 in Mongolia. Viruses. 2022, 14, 2698. https://doi.org/10.3390/v14122698. 

Copyright 2022 by Chester D. McDowell.  

https://doi.org/10.3390/v14122698


53 

used in this study was a genotype II strain highly similar to other regional strains. In conclusion, 

we demonstrate that ASFV-MNG19 is a virulent genotype II ASFV strain that causes acute ASF 

in domestic swine. 

 2.1. Introduction 

African Swine Fever (ASF) is an infectious viral disease that causes high mortality in 

domestic swine and wild boar (Sus scrofa). Outbreaks of the disease have devastating economic 

impacts on affected regions and threaten swine health and the swine industry worldwide. No 

commercial vaccine or treatment is currently available, except for a live-attenuated vaccine 

called NAVET-ASFVAC that was recently (June 2022) licensed for restricted use only in 

Vietnam (Borca et al., 2021; X. H. Tran et al., 2022), however currently suspended by Vietnam’s 

Minister of Agriculture and Rural Development (MARD) due to improper use that resulted in the 

death of vaccinated pigs. Therefore, the current control measures for ASF primarily rely on 

quarantine and biosecurity, animal movement restrictions, and the depopulation of 

infected/exposed animals (Sánchez-Cordón et al., 2018). 

The causative agent of ASF is African Swine Fever virus (ASFV), which belongs to the 

Asfarviridae family, genus Asfivirus (Galindo & Alonso, 2017; Gaudreault, Madden, et al., 

2020). The virus particle encapsulates a 170–192 kilobase (kB) double-stranded DNA genome 

encoding for more than 150 genes (Dixon et al., 2013, 2019; Vilem et al., 2020a; X. Wang et al., 

2022a). Currently, 24 genotypes have been identified with varying virulence between and within 

genotypes (C. Gallardo et al., 2021; Sánchez-Cordón et al., 2019). Historically, ASFV was 

restricted to Sub-Saharan African countries until outbreaks emerged between the 1950s and 

1980s in Europe, Russia and South America; by the 1990s, ASFV was confined to Africa and 
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Sardinia, where it remained endemic (Gaudreault, Madden, et al., 2020). In 2007, an outbreak in 

domestic pigs in the country of Georgia resulted in the spread of ASFV into eastern Europe and 

throughout Russia, where it became established in wild boar populations (Cwynar et al., 2019; 

Gogin et al., 2013; Sánchez-Vizcaíno et al., 2013). In 2018, China reported the first outbreak in 

Asia. By 2019, ASFV was reported in neighboring countries, including Cambodia, Laos, 

Mongolia, Myanmar, the Philippines, and Vietnam, as well as the Korean peninsula (H. J. Kim et 

al., 2020). 

In January of 2019, the first case of ASFV was reported in a backyard herd consisting of 

38 pigs in the Bulgan province of Mongolia (Heilmann et al., 2020). Following the index 

outbreak, subsequent outbreaks were confirmed in seven Mongolian provinces. Due to the rapid 

implementation of control measures, which included surveillance, movement restrictions in the 

affected districts, culling of the affected herds, and a temporary ban on the importation of pork 

products, the outbreak was declared over by April 2019 (Heilmann et al., 2020). The outbreak 

resulted in the loss of 2862 pigs, equivalent to 10% of the total Mongolian pig population 

(Ankhanbaatar et al., 2021; Heilmann et al., 2020). Initial molecular characterization of 

Mongolian field isolates determined that the circulating strain was a genotype II strain that was 

highly similar to other genotype II viruses found in China and Russia based on the major capsid 

protein (p72) and envelope protein (p54) sequences, as well as the central hypervariable region 

(CVR) of B602L (viral chaperone) (Ankhanbaatar et al., 2021). 

Information on the clinical signs and progression of the ASFV Mongolia/2019 (ASFV-

MNG19) strain is limited to observations from the field, describing clinical signs and gross 

pathological lesions that are consistent with an acute form of ASF (Ankhanbaatar et al., 2021). In 
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this study, we investigated the virulence and clinical progression of ASFV-MNG19 in a 

controlled experimental setting with domestic swine. 

 2.2. Materials and Methods 

 2.2.1. Cell Culture and Challenge Material Preparation 

ASFV-MNG19 was isolated from the kidney of an infected pig from the Tov province of 

Mongolia during the 2019 outbreak. A tissue homogenate was prepared from the kidney and 

shipped to Kansas State University (KSU) via USDA-APHIS. All experiments involving ASFV-

MNG19 were conducted in the BSL-3 laboratory at the Biosecurity Research Institute (BRI) at 

KSU in Manhattan, KS. ASFV-MNG2019 was propagated in T-75 cm2 flasks on near confluent 

primary swine pulmonary alveolar macrophages (PAM). Inoculated cell cultures were incubated 

at 37 °C in a humidified 5% CO2 incubator for 7 days. Virus-containing cell culture supernatants 

were aliquoted and stored at −80 °C. Virus titrations of the viral stock and clinical samples were 

performed on primary swine alveolar macrophages as previously described with minor 

modifications (WOAH: Manual of Diagnostic Tests and Vaccines for Terrestrial Animals, 

2023a). PAM cells were seeded in 96-well plates one day before the experiment. A ten-fold 

dilution of viral stock or clinical samples were prepared in triplicates and transferred onto PAM 

cells. The presence of virus was visualized by hemadsorption, confirmed by 

immunofluorescence assay, and titers were calculated using the Spearman–Karber method. The 

limit of detection for virus isolation in EDTA blood by hemadsorption was 3.41 × 103 

HAD50/mL and by immunofluorescence 3.41 × 102 TCID50/mL. The limit of detection for virus 

isolation in oropharyngeal (OP) swabs for both hemadsorption and immunofluorescence was 

3.41 × 101 TCID50 or HAD50/mL. The challenge material was prepared by diluting PAM-
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propagated ASFV-MNG19 viral stock to 360 HAD50/mL in Dulbecco’s Modified Eagle Medium 

(DMEM). 

 2.2.2. Next Generation Sequencing (NGS) 

ASFV-MNG19 DNA extracted from the original virus stock and challenge inoculum 

were sequenced on the Illumina MiSeq sequencing platform (Illumina; San Diego, CA, USA). 

The Illumina Nextera XT Library Prep Kit (Illumina; San Diego, CA, USA) was used for the 

generation of sequencing libraries following the manufacturer’s protocol. Libraries were paired-

end sequenced using the Miseq v2 Reagent kit (300 cycles; Illumina; San Diego, CA, USA). 

Reads were parsed into individual FASTQ files and imported into CLC Genomics Workbench 

20 (Qiagen; Carlsbad, CA, USA) for downstream analysis. Reads were trimmed and filtered for 

removal of the low-quality reads with a Q-score ≤ 25 and reads shorter than 50 nucleotides. The 

de novo assembly module within CLC Genomic Workbench was used to assemble one near full 

length contig of 173.5 kB (average coverage of 156.14×) and another of 14.3 kB (average 

coverage: 142.91×) for the original ASFV-MNG19 stock. The contigs were mapped to the 

Georgia/2007 reference genome a consensus sequence was generated. The ASFV-MNG19 

reference genome was uploaded to GenBank under accession number: OP467597. The 

sequencing reads for the ASFV-MNG19 challenge material were mapped to the ASFV-MNG19 

reference genome using CLC Genomics Workbench to assess any changes within the consensus 

sequence following passage on PAM cells. The sequence was uploaded to GenBank accession 

number: OP909713. BLAST (Morgulis et al., 2008; Z. Zhang et al., 2000) search using the 

NCBI nonredundant nucleotide database was completed to identify highest sequence similarity. 

The complete genomes of 31 ASFV strains including the ASFV-MNG19 original stock and 
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challenge material were aligned with CLC Genomics Workbench. Phylogenetic trees were 

constructed from the alignment using the maximum likelihood method with 1000 bootstrap 

replicates using MEGA11 (Tamura et al., 2021). Additionally, we compared our ASFV-MNG19 

genomic consensus sequence to partial ASFV genome sequences related to genes p72 

(MT851928 to MT851931), p54 (MT851924 to MT851927), B602L (MT851932 to MT851935), 

CD2v (MT851936 to MT851938), and intergenic region between I73R and I329L (MT852020 to 

MT852023), used by Ankhanbaatar et al. (Ankhanbaatar et al., 2021) for genotyping of the initial 

Mongolian isolates during the 2019 ASF outbreak. For this particular analysis we only 

considered the region between the primer loci used by Ankhanbaatar et al. (Ankhanbaatar et al., 

2021) to prevent misidentification of mutations that reside within the primer loci. 

 2.2.3. Ethics Statement for Use of Animals 

All animal studies and experiments were approved and performed under the KSU 

Institutional Biosafety Committee (IBC, Protocol #: 1314) and the Institutional Animal Care and 

Use Committee (IACUC, Protocol #: 4265) in compliance with the Animal Welfare Act. The 

research involving ASFV was conducted in BSL-3 and ABSL-3Ag facilities in the BRI at KSU 

in Manhattan, KS, USA. 

 2.2.4. Study Design 

Clinical disease and progression of ASFV-MNG19 was assessed in six approximately 2-

month-old crossbred male pigs (Figure 2.1). The animals were inoculated intramuscularly (IM) 

with 1 mL of ASFV-MNG19 (dose of 360 HAD50/mL) in the right lateral cervical region cranial 

to the point of the shoulder. This dose and the IM inoculation route were chosen for consistency 

with our previous studies to allow for comparison of these data with pigs infected with different 
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ASFV strains. This study does not include other ASFV strains to avoid repetitiveness with our 

previous studies and reduce the unnecessary use of animals and resources. The IM route provides 

administration of a controlled dose and produces consistent disease progression. Following 

inoculation, daily body temperatures and clinical signs were recorded to assess disease 

progression. Daily health checks were performed every morning by team personnel, as well as in 

the evening when animals became febrile. Two animals were found dead and the remaining four 

were humanely euthanized using pentobarbital on 7 days post challenge (DPC) due to severe 

clinical signs. Necropsies were conducted on all animals, as described below. 

 

 

Figure 2.1.  ASFV-MNG19 Challenge Study Schematic.   

Six crossbred male pigs approximately 2-months-old were challenged with 360 HAD50 of 

ASFV-MNG19. Samples were collected on days −1, 1, 3, 5, and 7 DPC. Samples collected 

included whole blood (EDTA), OP swabs, and oral fluids collected from chewed ropes at the pen 

level. Body temperature and clinical scores were assessed daily. One pig (#307) was necropsied 

on 5 DPC as a result of complications following sample collection. Another pig (#306) was 

found dead on 6 DPC and subsequently necropsied. The remaining 4 pigs were humanely 

euthanized and necropsied at 7 DPC due to severe clinical signs. 



59 

 2.2.5. Clinical Signs and Samples 

Clinical scoring was completed daily and used to assess disease progression and to 

determine clinical endpoint for severely affected animals to eliminate suffering. The clinical 

score consisted of 8 criteria which included: liveliness (reluctance to stand or move), body shape 

(sunken flanks), respiration (tachypnea with abdominal component), neurological signs (ataxia to 

paralysis), skin (cyanosis and severity), digestive symptoms (diarrhea and vomiting with 

duration, presence of melena), ocular and nasal discharge, and pyrexia. Each of these criteria 

were scored from 0 to 3 dependent on severity, with the exception of pyrexia which was scored 

from 0 to 4; see Supplementary Table S1 for more details. An animal was considered at clinical 

endpoint when presenting either a cumulative score greater than 10 or severe clinical signs such 

as neurological signs (paralysis or convulsions), extensive dermal cyanosis, bloody diarrhea, or 

hypothermia which correspond to the highest score in the respective categories. On clinical 

sampling days behavior assessments were conducted, which included individual rope chewing, 

response to OP swabs, and general demeanor. Each pig received an individual score of 0–4 for 

each category with 0 being normal and 4 uninterested, as detailed in Supplementary Table S2. 

Clinical samples were collected on −1, 1, 3, 5, and 7 DPC, consisting of EDTA blood, 

OP swabs, and oral fluids. The clinical samples were used to follow viremia and viral shedding 

in bodily fluids over the course of disease using both quantitative real-time PCR and viral 

titrations. 

 2.2.6. Quantitative Real-Time PCR Assay for ASFV DNA 

ASFV specific DNA was detected and quantified in EDTA-collected blood and OP 

swabs of challenged pigs by quantitative real-time PCR (qPCR) assay as previously described 
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(Sunwoo et al., 2019a). Viral DNA from clinical samples was extracted and purified with the 

MagMax Pathogen RNA/DNA kit (ThermoFisher Scientific; Waltham, MA, USA) using the 

KingfisherTM Duo Prime purification system, an automated magnetic bead extraction system, 

following manufacturer’s protocol with minor modifications. EDTA blood or OP swab 

supernatant was mixed 1:1 with AL lysis buffer (Qiagen; Carlsbad, CA, USA) and heated at 70 

°C for 10 min. Subsequently, 200 µL were mixed with 20 µL of bead mix (equal volume of 

nucleic acid binding beads and lysis enhancer). The mixture was gently mixed by pipetting and 

incubated for 2 min at room temperature. Phosphate-buffered saline (PBS, 100 µL) was added to 

the tube and the entire volume was added to the extraction plate well containing 400 µL lysis 

buffer, binding buffer and isopropyl alcohol. DNA bound to beads was washed twice with 300 

µL of wash solution 1, a third wash was completed with 450 µL wash solution 2, and a final 

wash with 450 µL of 200 proof molecular grade ethanol. The DNA-bound beads were dried for 5 

min prior to being eluted in 100 µL elution buffer. Negative (molecular grade water/PBS) and 

positive (ASFV p72 plasmid) controls were included with each extraction. 

The ASFV DNA extracted from clinical samples was detected and quantified using the 

primers and probe for the detection of the p72 ASFV gene as previously described by Zsak et al. 

(Zsak et al., 2005), using a validated protocol performed with the PerfeCTa® FastMix® II 

(Quanta Biosciences; Gaithersburg, MD, USA) on the CFX96 TouchTM Real-Time PCR 

Detection System (Bio-Rad; Hercules, CA, USA) as previously described (Sunwoo et al., 

2019a). Duplicate qPCR reactions were performed. Each PCR run included negative and positive 

controls, which consisted of nuclease-free molecular grade water and ASFV positive 

amplification control (p72 plasmid), respectively. Due to the analytical limits of the PCR assay, 
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the Ct cutoff was set to 38 for both replicate wells as positive; samples with a single replicate 

well of 38 or less were classified as suspect. A sample was considered negative if both replicate 

wells were between 38–45 Ct. The copy number (CN) of ASFV DNA was calculated using a 

standard curve generated using ten-fold serial dilutions of quantified ASFV p72 plasmid DNA. 

 2.2.7. Gross and Histological Pathology 

Postmortem gross lesions were assessed and scored for all euthanized and found dead 

pigs. Lesions were scored following the standardization guidelines established by Galindo-

Cardiel et al. (Galindo-Cardiel et al., 2013) with minor modifications as previously described 

(Sunwoo et al., 2019a). Briefly, gross evaluation was performed on the exterior carcass (dermis, 

body condition, and eyes), the thoracic cavity (heart and lungs), the abdominal cavity (stomach, 

liver, gall bladder, kidneys, small intestines, large intestines, and urinary bladder), as well as 

primary and secondary lymphoid organs including spleen, bone marrow, tonsils, and multiple 

lymph nodes (mandibular, cervical, tracheobronchial, gastrohepatic, mesenteric, and renal). 

Additional gross evaluation included oral cavity, trachea, thyroid glands, and the brain. The 

characterization and classification of gross lesions was performed for each organ. Gross lesions 

were classified as absent (0), mild (1), moderate (2), and severe (3) with an established numeric 

scoring system for each organ, see Supplementary Table S3. 

Standardized histological evaluation was performed blindly on tonsil, and lymph nodes 

including submandibular, superficial cervical, perihepatic, mesenteric, and renal, as described by 

Galindo-Cardiel et al. (Galindo-Cardiel et al., 2013) with minor modifications (Sunwoo et al., 

2019a). Additional tissues evaluated histologically included the lung, liver, spleen, kidney, heart, 

adrenal glands, skin and gastrointestinal tract. Lesion classification was established as absent (0) 
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or present at mild (1), moderate (2), severe (3) or marked (4) with the numerical score 

established for tonsils and lymph nodes. Lesion categories scored include: necrosis; cellular or 

tissue level, fibrin thrombi, deposition in tissue or fibrinoid degeneration of vessels, congestion 

and hemorrhage, inflammation; infiltrates of macrophages, eosinophils or neutrophils. Specific 

scoring results for each pig and organ are provided in Supplementary Table S4. 

 2.3. Results 

 2.3.1. Whole-Genome Sequencing of the ASFV-MNG19 Isolate 

Whole-genome sequencing of the original ASFV-MNG19 isolated from the kidney of an 

infected pig in the Tov province of Mongolia was performed to confirm viral species and 

genotype. A near-full-length genome was obtained by de novo assembly. The BLAST search 

against the NCBI nonredundant nucleotide database show that ASFV-MNG19 is highly similar 

to other circulating genotype II strains in the region, which includes Chinese, Russian, and 

Korean strains (Table 2.1). 

 

Table 2.1.  The ten sequences with the highest similarity to ASFV-MNG19. 

 

 

 

 

 

 

 

Accession Name Percent Identity 

MK128995.1 China/2018/AnhuiXCGQ 99.99 

MN172368.1 ASFV/pig/China/CAS19-01/2019 99.99 

MK333180.1 Pig/HLJ/2018 99.99 

ON075797.1 Korea/YC1/2019 99.98 

MW306191.1 ASFV/Primorsky 19/WB-6723 99.99 

MW396979.1 ASFV/Timor-Leste/2019/1 99.98 

MN715134.1 ASFV_HU_2018 99.98 

OL692744.1 IND/AR/SD-61/2020 99.98 

OL692743.1 IND/AS/SD-02/2020 99.98 

MW049116.1 ASFV Korea/pig/Yeoncheon1/2019 99.98 
BLAST search results for the ten ASFV genomes with the highest sequence similarity to the 

ASFV-MNG19 full genome. First is NCBI accession number, followed by sequence name, and 

percent identity. 
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The challenge inoculum, ASFV-MNG19 propagated on PAM cells was sequenced and 

compared with the original ASFV-MNG19 stock prior to use in the described challenge 

experiment. We detected eight putative mutations in the inoculum compared with the stock 

(Supplementary Table S5), which could not be reliably confirmed due to the low coverage. Our 

direct sequencing approach lacks the minimum required depth needed for variant analysis. 

Targeted sequencing will be necessary to address this. The direct sequencing approach was 

sufficient for the identification and characterization of the original ASFV-MNG19 stock and 

challenge inoculum. 

Phylogenetic analysis of the full-length sequences of ASFV-MNG19 isolates used in this 

study indicated that these viruses clustered with other genotype II isolates detected in Eastern 

Europe, Russia, and Southeastern Asia (Figure 2.2), which is in accordance with the global 

spread of the disease. The comparison of our ASFV-MNG19 isolates revealed a 100% nucleotide 

identity for the partial p72, full p54, partial B602L, partial CD2v and the intergenic region of 

I73R and I329L genes of the previously sequenced Mongolian isolates (Ankhanbaatar et al., 

2021). The ASFV-MNG19 isolates contain the same CVR profile and display the major 

genotype II genetic features described by Ankhanbaatar et al. (Ankhanbaatar et al., 2021). We 

conclude that our ASFV-MNG19 isolate is a genotype II virus and displays the major genetic 

features described for the previously genotyped Mongolian isolates.  
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Figure 2.2.  Phylogenetic tree of whole-genome sequences of ASFVs. 

The phylogenetic tree was constructed using maximum likelihood approach with 1000 

bootstrap replicates.  The blue and red dots indicate the ASFV-MNG19 original stock and 

inoculum used in this challenge study, respectively. 



65 

 2.3.2. Clinical Observations Following Challenge with ASFV-MNG19 Isolate 

Following intramuscular inoculation of six pigs with 360 HAD50 of the ASFV-MNG19 

isolate, the body temperatures were monitored daily or twice daily once temperatures became 

>40.5 °C (Figure 2.3A). All six pigs maintained normal temperatures for one or two days post 

challenge (DPC); by 3 DPC, three of the six pigs had temperatures greater than 40.5 °C. All pigs 

were febrile by 5 DPC with temperatures greater than 41 °C. The majority of the pigs maintained 

elevated temperatures until the animals were euthanized due to severe clinical signs or 

succumbed to ASF. Two animals (#306 and #307) died from an acute form of ASF. Following 

sample collection at 5 DPC, animal #307 went into respiratory distress followed by 

cardiovascular collapse; resuscitation was unsuccessful. Animal #306 was found dead at 6 DPC. 

The remaining four animals were euthanized on 7 DPC due to severe clinical signs (Figure 

2.3B). 
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Figure 2.3.  Clinical Observations of ASFV-MNG19 Infected Pigs.  

Daily body temperatures (A) and cumulative clinical score (B) of the 6 pigs challenged 

IM with ASFV-MNG19 from 0 DPC to 7 DPC. Data indicates individual values (A) expressed 

as °C, (B) expressed as an integer value. Data for individual animals are shown. The dashed line 

in 3A indicates 40.5 °C which is considered a fever for this study. 
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Clinical scores were assessed daily along with body temperatures to assess severity of 

clinical symptoms. The scoring system consisted of eight criteria which included liveliness, body 

condition, respiration, neurological signs, skin, digestive symptoms, ocular/nasal discharge, and 

pyrexia. Total clinical scores greater than or equal to 10 were considered clinical endpoints. 

Daily clinical scores are shown in cumulative form in Figure 2.3B. Clinical signs following 

challenge with ASFV-MNG19 were observed starting by 3 DPC when animals became febrile 

and progressively worsened both in severity and ASF-specific clinical signs. As the pyrexia 

persisted, animals became lethargic and anorexic, exhibiting reduced interest in rope chewing 

and normal activities. Two of the animals had respiratory signs consisting of open mouth 

breathing with an abdominal component following sample collection on 3 DPC; these included 

#306 which recovered, and #307 which died at 5 DPC as described above. Later in the study, two 

animals had sunken flanks suggestive of an empty stomach. The remaining four pigs on 7 DPC 

were displaying mild neurological signs which included stumbling and swaying gaits, and were 

euthanized on that day. By the end of the study on 7 DPC the major clinical symptoms observed 

were severe pyrexia, lethargy, and mild neurological and digestive signs. The respiratory signs 

described were noted following sample collection which could have been exacerbated by 

excitation from manipulation. 

 2.3.3. Detection and Quantitation of ASFV DNA by qPCR 

Quantitative real-time PCR for detection of ASFV p72 (B646L gene) DNA was 

performed on viral DNA extracted from EDTA whole blood collected at −1, 1, 3, 5, 6, and 7 

DPC; the one blood sample from 6 DPC was collected from pig #306 which was found dead. At 

3 DPC, pigs infected with the ASFV-MNG19 isolate had on average 2.49 × 106 CN/mL (Ct = 
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24.85) of viral DNA present in their blood. Viral loads increased by a log10 at 5 DPC and 

plateaued by 7 DPC (Figure 4A). The increasing viral loads correlated with the prolonged, severe 

pyrexia and increased clinical scores. Viral DNA was detected in OP swabs at 5 DPC from all 

animals, except pig #310, which had detectable viral DNA at 3 DPC but not at 5 DPC as a result 

of transient shedding or sampling technique (Figure 4B). The remaining animals that were 

euthanized on 7 DPC had detectable ASFV DNA in their OP swabs. This is indicative of virus 

shedding in saliva and is corroborated further by detectable viral DNA in oral fluids collected at 

the pen level on 5 DPC (Figure 4C), where 3/6 pigs were observed chewing the ropes but with 

reduced enthusiasm, see Supplementary Table S6. 

 

Figure 2.4.  Quantitative real-time PCR for ASFV DNA detected in blood, OP swabs, and 

oral fluids.  

(A) The calculated copy number (CN) of ASFV DNA extracted from EDTA blood 

collected on −1, 1, 3, 5, and 7 DPC using a ten-point standard curve. Datapoints for individual 

pigs are represented. The single data point at 6 DPC represents blood collected from pig #306, 

which was found dead. (B) The calculated copy number of ASFV DNA extracted from OP 

swabs collected on −1, 1, 3, 5, and 7 DPC using a ten-point standard curve. Datapoints for 

individual pigs are represented. (C) The calculated copy number of ASFV DNA extracted from 

oral fluids (rope chewing) collected on −1, 1, 3, and 5 DPC using a ten-point standard curve. 

Datapoints represent the pen level. 
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 2.3.4. Viral Titrations in Blood and OP Swabs 

Virus titrations were performed on the EDTA blood and OP swabs collected at −1 to 7 

DPC for all animals. The presence of infectious virus was determined by hemadsorption and 

confirmed by immunofluorescence assay. As expected, there was no detectable virus at −1 DPC 

in blood or swabs. All animals had detectable infectious virus in the blood by 3 DPC with titers 

ranging from 104–106 TCID50/mL. As disease progressed, virus titers in the blood increased to 

107–108 TCID50/mL (Figure 2.5.A). The viral titers obtained from blood samples were consistent 

with the viral DNA loads determined by qPCR (see Figure 2.4.A). No infectious virus was 

detected in the OP swabs until 7 DPC; only low levels (7.34 × 101 TCID50/mL) were detected 

from 2/6 pigs (Figure 2.5.B). However, qPCR detected viral DNA at 5 DPC from 5/6 pigs. 

 

Figure 2.5.  Viral titers in blood and OP swabs.  

(A) The log transformed viral titers (TCID50/mL) of ASFV-MNG19 in EDTA blood 

collected on −1, 1, 3, 5, and 7 DPC. All samples were run in triplicate. The datapoints represent 

the calculated titers using the Spearman–Karber method. The dashed line represents the limit of 

detection for the assay. Datapoints for individual pigs are represented. The single data point at 6 

DPC represents samples collected from pig #306 that was found dead. (B) The log transformed 

viral titers (TCID50/mL) of ASFV-MNG19 in OP swabs collected on −1, 1, 3, 5, and 7 DPC. All 

samples were run in triplicate. The datapoints represent the calculated titers using the Spearman–
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Karber method. The dashed line represents the limit of detection for the assay. Datapoints for 

individual pigs are represented. 

 2.3.5. Gross Pathologic Lesions 

All pigs found dead or euthanized due to ASF were necropsied to evaluate gross 

pathologic lesions as described in Supplementary Table S3. All pigs displayed loss in body 

condition with mild to moderate cutaneous hyperemia of the skin at the ear tips, ventral abdomen 

and distal limbs. Moderate to severe gross lesions consistent with acute ASF included 

splenomegaly, hemorrhagic lymph nodes, and pulmonary congestion and edema. Splenic 

congestion and necrosis were consistently observed (Figure 2.6.A). Lymph nodes were 

moderately enlarged with ranging severity of edema (mandibular and prescapular lymph nodes) 

or hemorrhages. Severe hemorrhagic lymphadenopathy was observed in the cranial mediastinal, 

renal, and gastrohepatic lymph nodes in 4/6 pigs (Figure 2.6.B). All pigs had moderate to 

moderate-to-severe pulmonary congestion and edema, and two of the pigs had multifocal 

pulmonary hemorrhage with consolidation (Figure 2.6.C). Mild-to-moderate renal 

corticomedullary congestion was noted in 4/6 pigs, renal cortical thrombosis was observed in 3/6 

pigs. One pig had marked retroperitoneal effusion with a viscous serous fluid filling, expanding 

to the connective tissue of the caudal dorsal abdomen and surrounding the kidneys (Figure 

2.6.D). Gross lesions observed for the cardiovascular system consisted of perivascular 

hemorrhages at venipuncture site for 2/6 pigs reflective of ASF induced coagulopathy. Thrombi 

were observed in the interventricular branch of the right coronary artery and the right ventricle of 

the heart of one pig, further supporting the ASF-associated coagulopathy. Moderate locally 

extensive hyperemia of the epicardium was observed in the auricles of the right and left atria in 

3/6 pigs. Other ASF associated lesions observed were severe diffuse subarachnoid hemorrhagic 
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meningitis (5/6 pigs), moderate hyperemic gastritis (5/6), and mild to moderate hemorrhagic 

colitis (5/6). The average gross score for all six pigs was 41.33 ± 11.89 which is considered 

moderate acute ASF; detailed lesion scoring for each system are described in Supplementary 

Tables S7 and S8. 

 

 

Figure 2.6.  Gross pathology lesions following ASFV-MNG19 infection.  

(A) Spleen: severe splenomegaly; (B) Lymph nodes: hemorrhage (from left to right: renal 

lymph node, gastrohepatic lymph node, and cranial mediastinal lymph node); (C) Lungs: 

pulmonary edema with congestion, consolidation (yellow arrow), and ecchymosis; (D) Kidney: 

retroperitoneal serous effusion indicated by the yellow star, petechial hemorrhages of renal 

cortex indicated by the yellow arrow. 
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 2.3.6. Histopathological Lesions 

Histological analysis was performed on liver, lung, kidney, spleen, and tonsil, as well as 

mesenteric, mandibular, renal, gastrohepatic, prescapular, ileocecal and inguinal lymph nodes. 

Figure 2.7 contains representative images of histopathological changes seen in the spleen (Figure 

2.7.A), lymph node (Figure 2.7.B), lung (Figure 2.7.C), and kidney (Figure 2.7.D) from pigs 

infected with ASFV-MNG19. Changes in the spleen and lymph nodes consisted of marked 

lympholysis with collapse and loss of periarterial sheaths/follicles, accompanied by fibrin clots 

in the marginal zone of the spleen and sinuses of the lymph nodes. Fibrinoid degeneration and 

vasculitis is prominent in many lymph nodes and is frequently accompanied by subcapsular and 

sinusoidal hemorrhage (Figure 2.7.B). Within the lungs there was moderate to severe congestion 

of alveolar capillaries which commonly contained fibrin thrombi, cellular debris and large foamy 

macrophages. Edema, fibrin and macrophages commonly filled alveolar spaces and were 

occasionally accompanied by hemorrhage (Figure 2.7.C). Figure 2.7.D depicts renal lesions seen 

in two pigs with marked systemic intravascular coagulation. There were large fibrin thrombi 

filling interstitial capillaries, which were multifocal throughout the cortex resulting in 

coagulation necrosis and dystrophic mineralization of tubules. Fibrin thrombi occurred in 

glomeruli. Multifocal areas of hemorrhage occurred in the cortex and interstitium, frequently 

occurring around large vessels. Supplementary Table S4 contains the scoring of individual 

lymph nodes for all infected pigs and ranking of the lesions for each lymph node. Overall, two 

pigs in the group had severe lymphoid lesions, while three were classified with moderate 

lymphoid lesions and one with mild lymphoid lesions. The gastrohepatic and the renal lymph 

nodes were most severely affected followed by the ileocecal, mandibular and cranial mediastinal 
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lymph nodes, see Supplementary Table S4.

 

Figure 2.7.  Histological lesions following ASFV-MNG19 infection.  

(A) Spleen: Marked lympholysis and collapse of periarterial sheaths and fibrin thrombi 

(asterisk) in marginal zone (100×). (B) Renal lymph node: Marked lympholysis and necrosis 

(asterisk and insert) with loss of cortical and sinusoidal lymphocytes accompanied by marked 

filling and expansion of the subcapsular and medullary sinuses with hemorrhage and fibrin (100× 

and 400× insert). (C) Lung: Marked expansion of the alveolar spaces by congestion, fibrin 

thrombi (asterisk) and necrotic cellular debris, eosinophilic proteinaceous material; edema, fibrin 

and occasional macrophages fill the alveolar spaces (200×). (D) Kidney: Multifocal congestion 

and fibrin thrombosis (insert-asterisk) of the interstitial capillaries accompanied by hemorrhage 

and coagulative necrosis and dystrophic mineralization (arrow) of tubules (200×, 400×-insert). 
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 2.4. Discussion 

The results in this study show that the ASFV strain isolated from naturally infected pigs 

during the 2019 outbreak in Mongolia is a genotype II ASFV strain with high similarity to 

regional genotype II ASFV strains identified in 2018 and 2019 from China, Korea, and Russia. 

Following passage of ASFV-MNG19 on PAM cells several putative mutations were identified in 

the consensus sequence, which could not be reliably validated due to low coverage in these 

regions. A targeted whole-genome sequencing approach is required to determine if these 

mutations are adaptations arising from passage on primary cell lines or sequencing artifacts. The 

sequence of the ASFV-MNG19 strain was compared with the available partial sequences from 

an isolate collected in the Bulgan province of Mongolia during the 2019 outbreak and found to 

be identical to these partial sequences. Since only partial sequences are available for the Bulgan 

isolate, we cannot confidently determine that these two isolates are the same strain. Further 

studies are needed to infer the relationship between these two isolates and others, which include 

whole-genome sequencing of the Bulgan isolate and other isolates collected during the 2019 

outbreak. 

The intramuscular inoculation of pigs with a 360 HAD50 dose of ASFV-MNG19 resulted 

in rapid, fatal disease, with all animals dying or having to be euthanized due to severe clinical 

disease by 7 DPC. Clinical signs consisting of lethargy and pyrexia were observed by 3 DPC, 

which continued to progress, and by 5 DPC all animals developed high grade fevers (≥41 °C) 

with progressively worsening clinical signs. Viremia with virus titers of 106 TCID50/mL by 3 

DPC, which rose to 108 TCID50/mL by 5 or 7 DPC, correlated with presentation of clinical signs. 

Two of the animals died suddenly on 5 and 6 DPC, respectively, within 2 days of developing 
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clinical signs. The ASFV-MNG19 strain efficiently replicates and disseminates systemically in 

domestic pigs, resulting in severe disease within days after clinical signs are noted. Gross lesions 

observed at necropsy were consistent with acute ASF such as splenomegaly, enlarged 

hemorrhagic lymph nodes, and pulmonary edema. Similar to what was seen with other Eurasian 

ASFV genotype II strains in domestic pigs, the most severely affected lymph nodes with gross 

and histological lesions were the gastrohepatic and the renal lymph nodes followed by the 

ileocecal, mandibular and cranial mediastinal lymph nodes (Guinat et al., 2014; Salguero, 2020). 

The clinical signs, gross lesions, and sudden death observed shortly after development of clinical 

symptoms were in line with what has been described for field infections with Mongolia isolates 

(Ankhanbaatar et al., 2021). Based on these findings we have found no evidence that the 

virulence of ASFV-MNG19 was altered following propagation on primary porcine cells. 

As demonstrated previously with other ASFV strains, the ASFV-MNG19 strain most 

likely can be transmitted through oral secretions (Guinat et al., 2014; Lee et al., 2021; Ramirez-

Medina et al., 2022; D. Zhao et al., 2019). In the current study, infectious virus was detected in 

the OP swabs of two pigs at 7 DPC. We were unable to determine if the animals continued to 

shed virus since all were euthanized at 7 DPC. The detection of infectious virus in OP swabs 

suggests the virus could be shed and potentially transmitted through oral secretions. However, 

one of the limitations of this study is the lack of naïve contact control pigs to study transmission. 

The data from this study provides information on the genetics, virulence and virus–host 

infection dynamics of the genotype II ASFV-MNG19 field isolate. The present study confirms 

that the ASFV-MNG19 strain is a virulent genotype II virus that causes similar clinical disease 

presentation and progression as other historic and regionally circulating genotype II ASFV 
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isolates. Infection of pigs with the ASFV-MNG19 isolate resulted in rapid progression of clinical 

disease resulting in death from acute ASF. The incubation period of 3–5 days and clinical disease 

progression are similar to other genotype II strains, which include regional strains such as a 2018 

Chinese isolate (D. Zhao et al., 2019) and a 2019 Vietnamese isolate (Lee et al., 2021) as well as 

the historic genotype II Georgia2007/1 (Guinat et al., 2014) and Armenia 2008 (Gabriel et al., 

2011) isolates, which all cause acute ASF after IM inoculation. 

The global ASF status has drastically changed over the past 15 years beginning with the 

2007 outbreak in the country of Georgia allowing ASFV to spread across eastern Europe and 

Russia with outbreaks reported between 2008 and 2017 in domestic pig and wild boar 

populations (Bosch et al., 2017; Cwynar et al., 2019; Gogin et al., 2013; Sánchez-Vizcaíno et al., 

2013, 2015). By 2018, ASFV had reached China causing a devastating outbreak that resulted in 

the loss of 1.2 million pigs and massive economic losses (K. Wu et al., 2020). Afterwards, ASFV 

continued to spread to neighboring countries and regions (H. J. Kim et al., 2020) as well as 

globally with outbreaks in India (Rajukumar et al., 2021) and Germany in 2020 (Sauter-Louis et 

al., 2021), and in the Dominican Republic in 2021 (Gonzales et al., 2021; Ramirez-Medina et al., 

2022). Some of these outbreaks were resolved through strict mitigation strategies that included 

quarantine, restrictions on animal movement, and depopulation of affected herds and/or wild 

boar. All of these outbreaks are the result of infections with virulent genotype II ASFV strains 

(Ankhanbaatar et al., 2021; H. J. Kim et al., 2020; Lee et al., 2021; Ramirez-Medina et al., 

2022). It is important that controlled experimental studies are conducted to evaluate the genetics, 

virulence and clinical progression of emerging ASFV strains described in the field, and to aid in 
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the development and validation of diagnostic tools used by regulatory agencies for the rapid 

detection and implementation of mitigation strategies. 
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Chapter 3 - Targeted Whole Genome Sequencing of African Swine 

Fever Virus and Classical Swine Fever Virus on the MinION 

Portable Sequencing Platform 

 3.0.  Abstract 

African swine fever virus (ASFV) and classical swine fever virus (CSFV) are important 

transboundary animal diseases (TADs) affecting swine. ASFV is a large DNA virus with a 

genome size of 170-190 kilobases (kB) belonging to the family Asfarviridae, genus Asfivirus. 

CSFV is a single-stranded RNA virus with genome size of approximately 12 kB belonging to the 

family Flaviviridae, genus Pestivirus. Outbreaks involving either one of these viruses result in 

significant economic impacts from death due to the disease or culling for control measures and 

imposed export restrictions of pork products in affected countries. Current detection methods 

during an outbreak provide minimal genetic information on the circulating virus 

strains/genotypes. Due to the increasing availability and reduced cost of next-generation 

sequencing (NGS), it is vital to have NGS protocols in place for the rapid identification and 

complete genetic characterization of such viruses for outbreak investigations and understanding 

viral evolution for the development of novel and effective control measures. In this study, panels 

of primers spanning the genomes of ASFV and CSFV were independently developed to generate 

approximately 10kB and 6kB amplicons, respectively. The primer panels consisted of 19 primer 

pairs for ASFV and 2 primer pairs for CSFV, therefore providing whole genome amplification of 

each pathogen; these primer pools were further optimized for batch pooling and thermocycling 

conditions. Following the optimization of primer pools, a total of 5 primer pools/reactions were 
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used for ASFV and 2 primer pairs/reactions for CSFV. The ASFV primer panel was tested on 

viral DNA extracted from blood collected from pigs experimentally infected with ASFV 

genotype I and genotype II viruses. The CSFV primer panel was tested on 11 different strains of 

CSFV representing the 3 known CSFV genotypes, as well as 21 samples collected from pigs 

experimentally infected with 2 different genotype 1 viruses. ASFV and CSFV amplicons from 

optimized PCR reactions were subsequently sequenced on the Oxford Nanopore MinION 

platform. The targeted protocols for these viruses resulted in an average coverage greater than 

1000X for ASFV with 99% of the genome covered, and 10,000X-20,000X for CSFV with 97% 

to 99% of the genomes covered. The ASFV targeted whole genome sequencing protocol has 

been optimized for genotype II ASF viruses which have been involved in the most recent 

outbreaks. The CSFV targeted whole genome sequencing protocol has universal applications for 

the detection of all CSFV genotypes. These protocols will be important tools to assist in the early 

pathogen detection and genetic characterization of these high consequence swine viruses in 

outbreak and surveillance situations globally and within the United States, should an outbreak 

occur. 

 3.1. Introduction 

Transboundary animal diseases (TADs) are of great concern to the global agricultural 

market. TADs can easily traverse national and international borders resulting in devasting 

economic impacts due to death from the disease or culling as part of mitigation strategies, and 

imposed trade restrictions. This study focuses on two TADs that have had significant impacts on 

the global pork industry.  One of these TADs currently in the spotlight is African swine fever 

virus (ASFV) which is the causative agent of African swine fever a contagious viral disease of 
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domestic swine and wild boar (Sus Scrofa) that can cause high mortality in affected swine 

populations. ASFV belongs to the Asfarviridae family, genus Asfivirus (Galindo & Alonso, 

2017; Gaudreault, Madden, et al., 2020). The virus particle of ASFV encapsulates a 170-192kB 

double stranded DNA genome encoding more than 150 genes (Dixon et al., 2013, 2019; Vilem et 

al., 2020b; X. Wang et al., 2022b). Historically, there were 24 genotypes of ASFV with varying 

virulence between and within genotypes; recent retrospective studies of ASFV sequences suggest 

that there are only 6 to 7 genotypes including the genotype I/II virus recombinant virus isolated 

in China (Spinard, Dinhobl, et al., 2023; D. Zhao et al., 2023b). Since the 2007 outbreak in 

Georgia, ASFV’s global presence has expanded to Asia, Southeast Asia, India, the Caribbean, 

and several European countries (L. Wang et al., 2024). Another important TAD in this study is 

classical swine fever virus (CSFV) the causative agent of classical swine fever or historically 

termed “hog cholera”(H.-J. Thiel et al., 1991). CSFV belongs to the Flaviviridae family, genus 

Pestivirus; the enveloped virus particle contains a non-segmented single-stranded positive sense 

RNA genome of approximately 12 kB encoding 13 viral proteins (Blome, Staubach, et al., 2017; 

Chander et al., 2014). Currently there are three known genotypes with over 13 subgenotypes (Y. 

Liu et al., n.d.). CSFV was first described in the United States and has since been eradicated 

from the swine population. However, CSFV remains endemic in countries around the world. The 

risk of introduction and reintroduction into currently CSFV-free countries remains high. Until 

these two TADs are eradicated, they will continue to threaten the global pork industry. Currently, 

rapid detection and implementation of mitigations strategies is the most effective way of 

impeding global spread. 
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Currently, the WOAH recommends the use of qPCR or RT-qPCR for the detection of 

ASFV and CSFV, respectively (WOAH: Manual of Diagnostic Tests and Vaccines for 

Terrestrial Animals, 2023a, 2023b). These methods have high specificity and sensitivity with 

reduced time compared to the other molecular techniques such as ELISA and virus isolation. 

However, these techniques are unable to provide genotypic information circulating viral strain in 

an outbreak. Traditionally, this information is obtained by sequencing specific genes or regions 

that are conserved within genotypes. In the case of ASFV, genotyping is based on the partial 

sequencing of the C-terminal variable region of the B646L gene that encodes the major capsid 

protein, p72 (478 bp) (Bastos et al., 2003; Mulumba-Mfumu et al., 2017). ASFV strains are 

further characterized by sequencing of the envelope protein (p54), the central hypervariable 

region (CVR) of B602L (vial chaperone), and CD2v C-type lectin (C. Gallardo et al., 2009).   

Genotyping of CSFV is achieved by sequencing the 5’-NTRs, partial or full E2 gene, partial 

NS5B, or whole genome (Postel et al., 2012; WOAH: Manual of Diagnostic Tests and Vaccines 

for Terrestrial Animals, 2023b).  Due to the size of the ASFV genome and cost of sequencing at 

the time the partial sequencing of these two agents was sufficient for genetically characterizing 

circulating or outbreak strains.  However, these techniques provide limited genetic information 

which is beneficial for developing novel diagnostics and therapeutics. The limited genetic 

information has the potential for erroneous characterization of viral strains and limit researchers’ 

ability to fully understand the viral evolution of these pathogens (Spinard, Dinhobl, et al., 2023). 

Recent studies by Forth et al. investigating the phylogenetic landscape of ASFV strains 

circulating Germany found that there are multiple variants that have diverged from the original 

outbreak strain (Forth et al., 2023).     
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The rapid advances in sequencing technologies have greatly reduced the costs and time 

needed to obtain whole genome sequences of these agents and other viral agents. The 

development of the Oxford Nanopore MinION a portable sequencing platform has drastically 

changed the landscape of sequencing. The MinION platform uses a pore-based sequencing 

technology that has eliminated read length restrictions observed with previous sequencing 

technologies. This advancement has allowed for the development of targeted long read 

amplicon-based sequencing protocols. The MinION platform is relatively inexpensive compared 

to the bench top sequencing platforms, increasing the availability of sequencing technology 

(Heather & Chain, 2016b).  

In this study we aimed to develop targeted whole genome sequencing protocols using the 

MinION sequencing platform for the complete genetic characterization of ASFV and CSFV. The 

protocols are designed to rapidly obtain whole genome sequences of these two viral agents from 

samples within 36 to 48 hours. These protocols will aid in increasing the availability of whole 

genome sequences of ASFV and CSFV which will provide lacking genetic information to 

understand viral evolution and aid in the development of novel diagnostics and effective 

vaccines.                      

 3.2 Material/Methods 

 3.2.1 Samples/Source of samples 

All experiments involving African swine fever virus (ASFV) and classical swine fever 

virus (CSFV) were conducted in the BSL-3 laboratory at the Biosecurity Research Institute 

(BRI) at Kansas State University (KSU) in Manhattan, KS. The ASFV and CSFV samples used 
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in this study were collected from experimentally infected pigs at KSU-BRI and cell culture 

derived virus stocks, as detailed below.  

 3.2.2 Ethics Statement for Use of Animals 

All animal studies and experiments were approved and performed under the KSU 

Institutional Biosafety Committee (IBC, Protocol #s:1314 and 1397) and the Institutional Animal 

Care and Use Committee (IACUC, Protocol #s: 4265, 5005) in compliance with the Animal 

Welfare Act. The research involving ASFV and CSFV was conducted in BSL-3 and ABSL-3Ag 

facilities in the Biosecurity Research Institute (BRI) at KSU in Manhattan, KS, USA.  

 3.2.3 Nucleic acid Extraction and Quantitative Real-time PCR 

 3.2.3.1 ASFV DNA Extraction and Quantitation 

ASFV specific DNA was detected and quantified in EDTA blood and spleens from pigs 

experimentally infected with ASFV strains Armenia/2007, Mongolia/2019 (McDowell et al., 

2022b), or E70 by quantitative real-time PCR (qPCR) assay as previously described (McDowell 

et al., 2022b; Sunwoo et al., 2019b). Viral DNA was extracted and purified with the MagMax 

Pathogen RNA/DNA kit (ThermoFisher Scientific, Waltham, MA, USA) using the KingfisherTM 

Duo Prime purification system, an automated magnetic bead extraction system, following 

manufacturer’s protocol with minor modifications. EDTA blood supernatant was mixed 1:1 with 

AL lysis buffer (Qiagen; Carlsbad, CA, USA) and heated at 70 °C for 10 min. Subsequently, 200 

µL was mixed with 20 µL of bead mix (equal volume of nucleic acid binding beads and lysis 

enhancer). The mixture was gently mixed by pipetting and incubated for 2 min at room 

temperature. Phosphate-buffered saline (PBS, 100 µL) was added to the tube and the entire 

volume was added to the extraction plate well containing 400 µL lysis buffer, binding buffer and 
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isopropyl alcohol. DNA bound to beads was washed twice with 300 µL of wash solution 1, a 

third wash was completed with 450 µL wash solution 2, and a final wash with 450 µL of 200 

proof molecular grade ethanol. The DNA bound beads were dried for 5 min prior to being eluted 

in 100 µL elution buffer. Negative (molecular grade water/PBS) and positive (ASFV p72 

plasmid) controls were included with each extraction. 

The ASFV DNA extracted from EDTA blood and spleens was detected and quantified 

using the primers and probe for the detection of the p72 ASFV gene as previously described by 

Zsak et al. (Zsak et al., 2005), using a validated protocol performed with the PerfeCTa® 

FastMix® II (Quanta Biosciences, Gaithersburg, MD, USA) on the CFX96 TouchTM Real-Time 

PCR Detection System (Bio-Rad, Hercules, CA, USA) as previously described (Sunwoo et al., 

2019a). Duplicate qPCR reactions were performed. Each PCR run included negative and positive 

controls which consisted of nuclease-free molecular grade water and ASFV positive 

amplification control (p72 plasmid), respectively. Due to the analytical limits of the PCR assay, 

the Ct cutoff was set to 38 for both replicate wells as positive; samples with a single replicate 

well of 38 or less were classified as suspect. A sample was considered negative if both replicate 

wells were between 38–45 Ct. The copy number (CN) of ASFV DNA was calculated using a 

standard curve generated using ten-fold serial dilutions of quantified ASFV p72 plasmid DNA. 

 3.2.3.2 CSFV RNA Extraction and Quantitation 

Specific CSFV RNA was detected and quantified from the serum and tonsils of pigs 

experimentally infected with either Brescia or Bavaro strains of CSFV and from cell culture 

supernatant of 11 CSFV viral stocks by quantitative real time reverse transcriptase PCR (RT-

qPCR) described by Eberling et. al (Eberling et al., 2011).  Viral RNA was extracted using the 
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GeneReach Taco extraction system (GeneReach Biotechnology Corp., Taichung, Tiawan). Cell 

culture supernatant or serum was mixed at 1:1 ratio with RLT lysis buffer. 200 µl of cell 

supernatant and RLT mixture were added to extraction plate well containing 50µl of magnetic, 

500µl lysis buffer, binding buffer, 100µl phosphate buffered saline (PBS) and 200µl isopropyl 

alcohol. RNA bound to beads was washed twice with 750µl of wash buffer A, a third wash was 

completed with 750µl wash buffer B, and a final wash with 750µl of 200 proof molecular grade 

ethanol. The RNA bound beads were dried for 5 minutes prior to being eluted in 100µl elution 

buffer. Negative (molecular grade water/PBS) and CSFV positive extraction controls (provided 

by USDA-APHIS FADDL) controls were included with each extraction. 

The CSFV RNA extracted from cell supernatant was detected and quantified using the 

primers and probe for detection of CSFV described by Eberling et.al. using a validated protocol 

performed with qScript XLT 1-step RT-qPCR ToughMix (Quanta Biosciences, Gaithersburg, 

MD, USA) on the CFX96 TouchTM Real-Time PCR Detection System (Bio-Rad, Hercules, CA, 

USA). Briefly, the final reaction mixture consisted of 2.5 µl of viral RNA combined with 17.5 µl 

master mix including 0.2 µM forward primer, 0.4 µM reverse primer, and 0.2 µM probe. 

Thermocycling conditions were as follows 50ºC for 20 min, 95ºC for 5 min, followed by 45 

cycles at 95ºC for 10 sec and 60ºC 1 min. Duplicate qPCR reactions were performed. Each PCR 

run included negative and positive controls which consisted of nuclease-free molecular grade 

water and CSFV positive amplification control (supplied by USDA-APHIS FADDL), 

respectively. Samples were positive for Ct values <40. 

 3.2.4 Primer Design         
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 3.2.4.1 African Swine Fever Virus  

A panel of 19 ASFV primer pairs (Table 3.1 and Figure 3.1) were designed based on the 

ASFV genotype II Georgia 2007 genome using Snapgene (GSL Biotech LLC, Boston, MA, 

USA) and CLC Genomic Workbench 23.0.1 (Qiagen; Carlsbad, CA, USA). The tiled primers 

were designed to generate approximately 10 kB amplicons with 150-200 base pair (bp) overlaps 

at the 3’ and 5’ ends. All primers were designed with similar melting temperatures allowing for 

the use of one set of thermocycling conditions for all 19 reactions and primer pooling 

applications.  

 

Figure 3.1.  Genome map of the ASFV genome displaying nineteen 10kB amplicons.  

The colored bars represent the 5 primer pools: A: purple, B: red, C: yellow, D: green, E: 

blue.  
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Table 3.1.  ASFV primers and associated pools 

 

Primer Sequence Primer Pool 

ASFV-1-F GCGTTCATTTCACAAGATGCG D 

ASFV-1-R TGGGATTTGTACCAGCAGGG D 

ASFV-2-F GGGCTTTGGGTCAGAACAGT B 

ASFV-2-R ACAAGCTATACACGGCTCTCAG B 

ASFV-3-F TGCATTCCGATATCTCATCATCTGT A 

ASFV-3-R TACGGCGTTAGTGAAGGCTG A 

ASFV-4-F CTTGGCACCTAGCTCTCGAC B 

ASFV-4-R ACGATTTAGCACAACCATGCG B 

ASFV-5-F GCCAATTCCTGAACCTGATGC C 

ASFV-5-R AAACGTGTTGTCCCTCAGCA C 

ASFV-6-F GAAACGACTGCACGAATGGG B 

ASFV-6-R TGTCGTGCTTGTTTGGTACG B 

ASFV-7-F TGAAACAATACCCCGGCCTC A 

ASFV-7-R CATTGAACGCCCGCAACATC A 

ASFV-8-F TTACCTCCTGCCGACCATTG C 

ASFV-8-R TCCCTGTGTTTCTTGAGCGG C 

ASFV-9-F AGACCAAACAGCAAAACGCA A 

ASFV-9-R CAGTTGGTAGGGCTTGTGGT A 

ASFV-10-F AGGATCCCTACAGCACGATG B 

ASFV-10-R TTTTCCCGTCAAAGCAACCG B 

ASFV-11-F GGGAAGCGGCACTGTACTAT A 

ASFV-11-R AAGCAACTCAACCCGCAAAC A 

ASFV-12-F GAAAGAAGGGTGTAGTCAAA C 

ASFV-12-R ACACAAATGTCCAACTAGCTC C 

ASFV-13-F GTCTCCTAGGGGCATAAGCG A 

ASFV-13-R AGGCAGGGCTTAATGCAAGA A 

ASFV-14-F GCGAGGAACAGAGCCCATAA C 

ASFV-14-R AAAGCCTATTGACTGAACCCGT C 

ASFV-15-F ATGAAAATACTCCCCGTGGCA A 

ASFV-15-R GTATCAGCGGGGTAAGCAGT A 

ASFV-16-F GCGAGCAAAGCTGAGATACG B 

ASFV-16-R AACCTTTTCCGGGTACGTGA B 

ASFV-17-F GCCGCTTTGCCTCATTTACG C 

ASFV-17-R ACGTCCATCGTTCAAGGAGT C 

ASFV-18-F ATTGCGTTGCGATCCAGTTC B 

ASFV-18-R ACCCGAGAACGCTTCACAA B 

ASFV-19-F AACAAGGGAACGATGGGAAG E 

ASFV-19-R CTGCTGTAGGTGTCAAAGAT E 



88 

 3.2.4.2 Classical Swine Fever Virus  

A panel of 2 CSFV primer pairs (Table 3.2) were designed using CLC genomics 

workbench 23.0.1 (Qiagen; Carlsbad, CA, USA) to generate approximately 6 kB fragments with 

a 380 bp overlap (Figure 3.2). The primer design module within the CLC genomic workbench 

23.0.1 (Qiagen; Carlsbad, CA, USA) was used to identify candidate primers.  The candidate 

primer sequences were compared to an alignment of multiple CSFV genome sequences to 

confirm binding sites were in conserved or low diversity regions within the CSFV genome. 

Degenerate nucleotides were added to primer sequences in regions of diversity for amplification 

of different CSFV genotypes. All primers were designed to have similar melting temperatures so 

thermocycling conditions were consistent for the 2 primer pairs. 

 

 

Figure 3.2.  Genome map of CSFV genome displaying the two ~6 kB amplicons generated 

from the two primer pairs. 

 

Table 3.2.  CSFV Primers 

Primer Sequence 

CSFV-1-F AWGCCCAAGACRCACCTTAAYC 

CSFV-1-R GGTTGYGDCATCTGRCARAAGT 

CSFV-2-F ATAGGDGAGATGAAGGARGG 

CSFV-2-R TAGTGTGGTAACWYGAGGTAG 
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 3.2.5 Whole Genome Amplification 

 3.2.5.1 African Swine Fever Virus  

PCR reactions for all 19 primer pairs were tested individually for specificity and 

optimization of thermocycling condition using ASFV viral DNA isolated from experimentally 

infected pigs. Individual primer sets were tested in 20 µl PCR reactions consisted of 10 µl 

Platinum Superfi II Green PCR MasterMix (ThermoFisher Scientific, Waltham, MA, USA), 1 µl 

of primer pools (20 µM), 2 µl of viral DNA, and molecular grade water; with the following 

thermocycling conditions: 98oC for 30 seconds, followed by 35 cycles at 98oC for 10 seconds, 

60oC for 10 seconds, 68oC for 5 minutes, followed by a final extension step of 72oC for 5 

minutes. Correct amplicon sizes were confirmed by gel electrophoresis. Once thermocycling 

conditions were optimized, 5 primer pools (A-E) were optimized to reduce the number of 

reactions needed for whole genome amplification (Figure 3.1), primer sequences and associated 

primer pools are available in Table 3.1.  ASFV amplicons were generated using the 5 primer 

pools using the following 40 µl PCR reactions consisted of 20 µl Platinum Superfi II Green PCR 

MasterMix (ThermoFisher Scientific, Waltham, MA, USA), 4 µl of primer pools (20 µM), 4 µl 

of viral DNA, and molecular grade water; with the following thermocycling conditions: 98oC for 

30 seconds, followed by 35 cycles at 98oC for 10 seconds, 60oC for 10 seconds, 68oC for 5 

minutes, followed by a final extension step of 72C for 5 minutes. Amplicon pools were 

individually purified using Beckman Coulter AMPure XP beads (Beckman Coulter, Indianapolis, 

IN, USA) following the manufacturers protocol.  Following the PCR clean-up with AMPure 

beads, the DNA concentration for each amplicon pool was quantified using the Invitrogen Qubit 

4 Fluorometer (ThermoFisher Scientific, Waltham, MA, USA) with the broad range dsDNA 
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quantification kit. Amplicon pools A-E were combined into one tube at a 1:1:1:1:1 ratio.  The 

final pool was used for sequencing library preparation. 

 3.2.5.2 Classical Swine Fever Virus  

A two-step RT-PCR was used to amplify the two 6 kB amplicons. Firstly, viral cDNA 

was generated for each fragment individually using the LunaScript RT Master Mix kit (primer-

free) (New England Biolabs, Ipswich, MA, USA) using a 20 µl reaction consisting of 4 µl of 

LunaScript RT Master mix, 1 µl of CSFV reverse primer (10 µM), 5 µl of viral RNA, and 

molecular grade water. The reaction was completed using the following thermocycling 

conditions: 55oC for 10 minutes followed by 95oC for 1 minute. Following cDNA synthesis 5 µl 

of viral cDNA was added to a 45 µl PCR master mix consisting of 25 µl of Q5 High-Fidelity 2X 

Master Mix (New England Biolabs, Ipswich, MA, USA), 5 µl of primer pools (10 µM), and 

molecular grade water. The reaction was completed using the following thermocycling 

conditions: 98oC for 1 minute, followed by 35 cycles at 98oC for 10 seconds, 60oC for 30 

seconds, 72C for 5 minutes, followed by a final extension step of 72oC for 5 minutes and hold at 

4oC. Amplicon size was confirmed by gel electrophoresis. Amplicons were individually purified 

using Beckman Coulter AMPure XP beads (Beckman Coulter, Indianapolis, IN, USA) following 

the manufacturers protocol. Following the PCR clean-up with AMPure beads, the DNA 

concentration for each amplicon was quantified using the Invitrogen Qubit 4 Fluorometer 

(ThermoFisher Scientific, Waltham, MA, USA) with the broad range dsDNA quantification kit. 

Amplicons were combined into one tube at a 1:1 ratio. The final pool was used for sequencing 

library preparation. 

 3.2.6 Sequencing Library Preparation and MinION Sequencing 
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Sequencing libraries for both ASFV and CSFV were prepared using the Oxford 

Nanopore Rapid Barcoding Kit 96 (Oxford Nanopore Technologies, OX4 4DQ, UK) following 

manufacturer’s protocol. For ASFV, sequencing libraries consisting of 6 barcoded samples were 

prepared. For CSFV, sequencing libraries consisting of up to 24 barcoded samples were 

prepared. Barcoded libraries were loaded onto the Oxford Nanopore MinION R9 flowcell 

(Oxford Nanopore Technologies, OX4 4DQ, UK) following manufacturer’s protocol. The 

MinION was run for 16 hours with a read length inclusion of greater than 1 kB. Following 

completion of the run, base calling and demultiplexing was completed using the Oxford 

Nanopore MinKNOW software (Oxford Nanopore Technologies, OX4 4DQ, UK). Parsed reads 

were imported into CLC genomics workbench 23.0.1 (Qiagen; Carlsbad, CA, USA). Reads were 

mapped to their respective reference genomes for coverage graph generation and mapping 

statistics. In the case of CSFV with limited availability of whole genome sequences de novo 

assembly was completed and contigs were BLAST’d to determine most similar available CSFV 

genome. These genomes served as the reference for subsequent read mappings for coverage 

graph generation and calculating mapping statistics. 

 3.3 Results 

 3.3.1 ASFV AmpliSeq Results 

Thermocycling conditions were optimized for all 19 individual ASFV primer pairs. The 

amplicons size was confirmed on gel electrophoresis with the presences of a single band at 

approximately 10kB, no partial or unspecific bands were observed. The 19 primer pairs were 

pooled into 5 primer pools in a manner to avoid overlapping segments, shown in Table 3.1 and 

Figure 3.1. Gel electrophoresis of the 5 primer pools show single amplicons at approximately 
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10kB, since all primer pairs amplify a 10kB fragment, a single band on the agarose gels was 

expected. The amplicon pools were sequenced on the MinION platform to confirm amplification 

and the presence of all amplicons. Figure 3.3 shows the coverage graphs of four samples 

sequenced using this protocol. These samples include a blood and spleen sample from a pig 

experimentally infected with ASFV Armenia/2007 and another pig experimentally infected with 

ASFV Mongolia/2019 isolate.  All amplicons in the primer pools were successfully amplified 

and sequenced. Sequencing bias was observed for pools D and E, most likely because these 

pools generated a single amplicon, whereas pools A, B, and C amplified multiple amplicons.    
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Figure 3.3.  Coverage graphs of reads mapped to the ASFV genome.  

The primer schematic is displayed on top indicating the 19 amplicons and the associated pools such as A-E. The graphs 

shown are a subset of samples tested using the ASFV AmpliSeq protocol. These samples include a blood and spleen sample 

from a pig experimentally infected with ASFV Armenia/2007 (#305 and #309) or ASFV Mongolia/2019 (#303). 
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The protocol was tested on 20 different ASFV samples; the samples included 19 clinical 

samples collected from pigs experimentally infected with ASFV genotype I E70 virus, ASFV 

genotype II Armenia/2007 and Mongolia/2019 viruses, and Armenia/2007 propagated in cell 

culture (Table 3.3). The selected ASFV samples had Ct values for the ASFV p72 gene ranging 

from 14-33; samples with a Ct of less than 25 were diluted 1:10 to prevent inhibition of the PCR 

reaction. Sequencing reads for genotype II samples were mapped to their respective ASFV 

genomes, Armenia/2007 or Mongolia/2019, Figure 3.3.  Sequencing reads for the ASFV 

genotype I E70 sample were mapped to a similar genotype I virus E75.  On average 220,00 

sequencing reads were obtained following a 16-hour sequencing run with approximately 72% of 

the reads mapping the respective ASFV genomes, with read lengths averaging 2.5kB, Table 3.3. 

The average coverage of read mapping was greater than 1,000X, covering 99% of the ASFV 

genome except for samples from animals #304, 190, and 79.  Animal #304 had a high Ct value 

which may have contributed to the drop in coverage.  Furthermore, the sample DNAs may have 

been degraded from freeze thaws necessary to perform other assays.  Overall, following the 16-

hour MinION runs with 6 samples per run, an average read length of 2.5kB was obtained with 

72% of reads mapping to the reference genome. For the genotype II viruses ASFV Armenia 2007 

and Mongolia 2019, 99% of the reference genome was covered with an average coverage of 

1,764X. For ASFV genotype I E70 strain, ~59,000 reads mapped 85% of the genome was 

covered with an average coverage of 1,081X; this would be sufficient for genotypic 

identification.  The regions that were not amplified and sequenced ranged in size from 8,000-

20,000 bp with the largest regions at the 3’ end which is a region that encodes numerous multiple 

gene families (MGFs).  These regions may not have been amplified due to sequence differences 
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at the primer binding sites.  There is sufficient coverage of the genome for genotypic 

characterization.  The ASFV AmpliSeq is an excellent protocol for obtaining the near full-length 

genome of genotype II viruses with 99% coverage and ~1000X coverage. This protocol has an 

average error rate of 1.5% compared to a metagenomic approach with a 6.5% error rate when 

mapping reads to reference genome. This protocol will allow researchers to investigate the 

evolution of genotype II viruses which have resulted in the most recent ASFV global outbreaks. 

This protocol will provide sufficient genetic information for identifying recombinant ASFV 

viruses which have recently been characterized.  
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Table 3.3.  Sequencing data for ASFV samples tested with ASFV AmpliSeq 

Animal ID DPC Type Strain Genotype Ct Reference 

Length 

Mapped 

Reads 

Total 

Reads 

% 

Reads 

Mapped 

Average 

Coverage 

% Reference 

Covered 

Average Read 

Length 

Arm07 Cos-1 P3 Cell culture Arm07 II 27 190,584 51,134 65,081 78.57 1,017.61 0.99 3,749 

63 7 Blood Arm07 II 16 190,584 127,541 158,104 80.67 2,138.01 0.99 3,157 

67 9 Blood Arm07 II 19 190,584 149,958 184,043 81.48 2,323.76 0.99 2,928 

87 7 Blood E70 I 25 181,187 59,820 91,435 97.37 1,081.24 0.85 3,357 

190 7 Blood Arm07 II 15 190,584 60,571 80,273 75.46 864 0.99 2,681 

192 7 Blood Arm07 II 16 190,584 85,585 112,479 76.09 1,226.02 0.99 2,694 

303 7 Blood MNG-19 II 19 187,868 120,141 166,122 72.32 2,124.92 0.99 3,306 

303 7 Spleen MNG-19 II 19 187,868 155,498 207,421 74.97 2,511.41 0.99 3,020 

304 7 Blood Arm07 II 25 190,584 64,340 308,436 20.86 440.05 0.96 1,242 

305 7 Blood Arm07 II 21 190,584 136,574 173,381 78.77 2,193.54 0.99 3,035 

306 6 Blood MNG-19 II 22 187,868 423,361 575,567 73.56 2,313.04 0.99 1,019 

307 3 Blood MNG-19 II 22 187,868 264,992 390,731 67.82 1,465.03 0.99 1,029 

308 7 Blood Arm07 II 21 190,584 310,219 426,981 72.65 1,842.86 0.99 1,117 

309 7 Blood Arm07 II 19 190,584 96,240 123,894 77.68 1,726.88 0.99 3,378 

310 7 Blood MNG-19 II 19 187,868 66,069 88,936 74.29 1,079.36 0.99 3,047 

311 7 Blood Arm07 II 19 190,584 98,755 129,042 76.53 1,676.69 0.99 3,187 

312 7 Blood Arm07 II 20 190,584 131,299 173,421 75.71 2,299.50 0.99 3,297 

314 7 Blood MNG-19 II 22 187,868 307,810 421,638 73 1,714.75 0.99 1,037 

511 7 Blood Arm07 II 20 190,584 121,736 152,400 79.88 1,912.97 0.99 2,970 

635 7 Blood Arm07 II 14 190,584 165,992 215,116 77.16 2,654.20 0.99 3,022 

DPC: Days post challenge; Arm07-Cos-1: ASFV Armenia 2007 passaged on Cos-1 cells; P3: Passage 3; Arm07: ASFV Armenia 2007; 

MNG-19: ASFV Mongolia 2019; E70: ASFV E70 
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 3.3.2 CSFV AmpliSeq Results 

Two primer sets were designed to amplify approximately 6 kB fragments of all known 

CSFV genotypes. The primers were tested against 5 CSFV strains isolated from cell culture 

which included genotype 1 (Brescia, Bavaro, Guatemala), genotype 2 (Germany 99), and 

genotype 3 (Congenital Tremor) viruses for optimizing thermal cycling conditions and suitability 

to amplify viruses representing the three known genotypes. Both primer sets amplified the 

correct size amplicons for all test strains which were confirmed by gel electrophoresis. Smaller 

amplicons were observed after RT-PCR for fragment 2, likely due to partial or non-specific 

amplification; these smaller amplicons were excluded during the sequencing run using 

appropriate built-in bioinformatics filters. The efficiency of amplification for genotype 3 viruses 

was reduced, as observed by reduced concentrations of fragment 2 following RT-PCR. 

Following sequencing of the amplicons derived using the two primer sets, the average coverage 

ranged from 10,770X -20,356X (Figure 3.4 and Table 3.4). The large spike in coverage observed 

in the coverage graphs is a result of the overlapping segment between the two primer pairs.  We 

observed a significant reduction in coverage for fragment 2 of the Congenital Tremor strain with 

the depth of coverage reducing to 500-1,000 (Figure 3.4 and Table 3.4). We speculate that this 

could be related to primer mismatches and/or higher sample Ct value. The CSFV AmpliSeq was 

also tested on six additional CSFV cell derived virus stocks: Alfort, PAV250, Paderborn, 

Parma98, Germany-95, and Kanagawa (Table 3.4).  For the 11 strains tested there was an 

average coverage of 12,278X with an average read length of 1.6kB covering 97%-99% of the 

genome (see Table 3.4). Like the Congenital Tremor strain, the other genotype 3 strain 

Kanagawa also had reduced amplification of fragment 2 with a reduction in coverage depth to 
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2,000.  The reduced depth of coverage of fragment 2 for both genotype 3 strains could be related 

to primer mismatches and/or higher Ct values.  Despite the reduction in depth of coverage for 

fragment 2; the depth is sufficient for obtaining the near full-length genomes of genotype 3 

viruses.    
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Figure 3.4.  Coverage graphs of reads mapped to the CSFV genome.  

The primer schematic is displayed on top indicating the 2 amplicons. The graphs shown are a subset of viral stocks 

tested using the CSFV AmpliSeq protocol. These samples represent the known genotypes of CSFV.  Genotype 1 (G1): Bavaro, 

Brescia, Guatemala. Genotype 2 (G2): Germany 95, Germany 99, Paderborn, and Parma 98.  Genotype 3 (G3): Congenital 

Tremor and Kanagawa. 
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Table 3.4.  Sequencing data for 11 CSFV strains tested with CSFV AmpliSeq 

Strain Genotype Ct 
Reference 

Length 

Mapped 

Reads 

Total 

Reads 

% 

Reads 

Mapped 

Average 

Coverage 

% 

Reference 

Covered 

Average Read 

Length 

Alfort 1.1 33 12,298 85,869 128,711 66.7 8,643.29 0.97 1,235 

Brescia 1.2 17 12,283 147,575 191,259 77.2 20,355.95 0.98 1,683 

Bavaro 1.3 23 11,955 61,093 80,719 75.7 10,736.37 0.99 2,112 

PAV250 1.2 32 12,283 57,373 120,788 47.5 6,275.58 0.97 1,337 

Guatemala 1.3 26 11,955 75,909 85,462 88.8 11,802.41 0.99 1,868 

Paderborn 2.1 30 12,296 102,050 147,935 68.9 13,308.74 0.97 1,599 

Parma 98 2.2 31 12,296 128,430 173,185 74.2 13,992.47 0.97 1,333 

Germany 1995 2.3 32 12,296 112,426 151,928 73.9 15,213.59 0.97 1,659 

Germany 1999 2.3 29 12,296 123,679 142,929 86.5 16,402.40 0.97 1,627 

Congenital Tremor 3.1 32 12,298 75,708 103,765 72.9 10,770.79 0.97 1,750 

Kanagawa 3.4 34 12,298 87,635 146,523 59.8 10,305.39 0.97 1,447 
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To evaluate the use of this protocol for field application, we tested the protocol on 

clinical samples collected from pigs experimentally infected with two different genotype 1 CSFV 

strains, Bavaro strain or Brescia strain (see Table 3.5). The Ct values for these samples ranged 

from 16 to 29. The clinical samples tested included serum collected on 5 and 7 DPC, tonsils 

collected at 11 DPC and one mandibular lymph node collected on 5 DPC. The average coverage 

for the clinical samples was 15,496X with an average read length of 1.7 kB covering 98%-99% 

of the genome. The coverage of the clinical samples was consistent with the cell culture derived 

virus stocks. The CSFV AmpliSeq protocol can be used to obtain the near full length CSFV 

genomes from clinical samples and cell derived virus stocks representing the three currently 

known genotypes.  While a reduction of coverage of fragment 2 was observed for genotype 3 

viruses and samples with Ct values greater than 30, the depth of coverage is sufficient for 

phylogenetic characterization. 
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Table 3.5.  Sequencing data for clinical CSFV samples tested with CSFV AmpliSeq 

Animal 

ID 
DPC Sample Type Strain Genotype Ct 

Reference 

Length 

Mapped 

Reads 

Total 

Reads 

% 

Reads 

Mapped 

Average 

Coverage 

% Reference 

Covered 

Average Read 

Length 

169 5 Serum Brescia 1.2 24.84 12,283 133,564 165,617 80.6 19,738.50 0.98 1,802 

226 5 Serum Brescia 1.2 23.63 12,283 121,651 148,444 81.9 19,799.28 0.98 1,984 

226 5 Mandibular LN Brescia 1.2 22.7 12,283 88,935 138,679 64.1 13,850.58 0.97 1,901 

287 5 Serum Brescia 1.2 20.89 12,283 109,336 142,280 76.8 17,646.33 0.98 1,970 

348 5 Serum Bavaro 1.3 28.83 11,955 98,559 106,690 92.4 15,503.91 0.99 1,888 

353 5 Serum Brescia 1.2 20.09 12,283 107,481 133,827 80.3 15,333.07 0.98 1,739 

354 5 Serum Brescia 1.2 21.26 12,283 112,049 143,418 78.1 15,997.95 0.98 1,742 

358 5 Serum Bavaro 1.3 27.3 11,955 184,126 203,348 90.5 30,853.70 0.99 2,007 

374 5 Serum Bavaro 1.3 29.15 11,955 88,296 106,370 83 11,465.05 0.99 1,563 

3246 5 Serum Bavaro 1.3 26.43 11,955 118,471 131,482 90.1 18,171.38 0.99 1,841 

3248 5 Serum Bavaro 1.3 29.36 11,955 89,295 100,880 88.5 10,791.20 0.99 1,445 

169 7 Serum Brescia 1.2 16.1 12,283 75,350 94,675 79.6 10,040.89 0.98 1,625 

287 7 Serum Brescia 1.2 16.9 12,283 132,993 167,506 79.4 17,255.71 0.98 1,582 

348 7 Serum Bavaro 1.3 25.5 11,955 92,379 104,221 88.6 12,824.24 0.99 1,664 

358 7 Serum Bavaro 1.3 26.1 11,955 88,799 103,837 85.5 13,585.76 0.99 1,833 

374 7 Serum Bavaro 1.3 27.03 11,955 57,973 66,023 87.8 7,522.64 0.99 1,553 

3246 7 Serum Bavaro 1.3 19.98 11,955 108,501 117,808 92.1 16,394.22 0.99 1,809 

3248 7 Serum Bavaro 1.3 29.25 11,955 100,504 110,978 90.6 13,020.98 0.99 1,548 

169 11 Tonsil Brescia 1.2 17 12,283 147,575 191,259 77.2 20,355.95 0.98 1,683 

348 11 Tonsil Bavaro 1.3 23 11,955 61,093 80,719 75.7 10,736.37 0.99 2,112 

3246 11 Tonsil Bavaro 1.3 25 11,955 88,948 103,779 85.8 14,534.34 0.99 1,955 

DPC: Days post challenge, LN: Lymph Node 
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 3.4 Discussion 

Historically, ASFV and CSFV were genetically characterized and phylogenetically 

grouped based on partial genetic sequences due to limited sequencing capabilities.  For ASFV, 

the community relied heavily on the partial sequencing of the major capsid protein (p72) for 

genotyping (Bastos et al., 2003; Mulumba-Mfumu et al., 2017).  Sequencing of p54, variable 

region of B602L, and CD2v and C-type lectin (C. Gallardo et al., 2009; Malogolovkin et al., 

2015) combined with p72 allows for further discrimination of ASFV strains. These methods 

provide vital information for identification and outbreak investigations but only provide minimal 

genetic information on this large viral genome. Recent advances in sequencing technologies 

allowed researchers to obtain full genome sequences of ASFV through direct sequencing 

approaches (Spinard, O’Donnell, et al., 2023).  This is a resource expensive method resulting in 

low coverage of the genome and sequencing of host genome.  Due to the large genome of ASFV 

amplicon-based sequencing has been difficult due to the need of numerous PCR reactions.  The 

protocol developed in this study uses an amplicon-based targeted sequencing method.  We 

reduced the number of reactions needed to amplify the ASFV genome by generating long 

amplicons of approximately 10kB, these reactions were further reduced by generating primer 

pools allowing for the amplification of multiple 10kB amplicons in one reaction.  The resulting 

protocol allows for whole genome amplification of ASFV in 5 reactions in 4 to 4.5 hours.  

Amplicon pools were sequenced with the Oxford Nanopore MinION platform.  With this 

protocol, we can obtain full length genotype II ASFV genomes in 36-48 hours with average 

coverages of 1,000X at approximately $70 per sample.  Along with the increased depths of 

coverage, this protocol provides an average error rate of 1.5% compared to 6.5% error rate with a 

metagenomic approach for mapping reads to a reference genome.   The protocol was tested on 
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genotype I virus with approximately 85% of the genome covered. This protocol will allow 

researchers and investigators to assemble near full-length genome sequences of this large DNA 

virus to study viral evolution and perform detailed phylogenetic inference. 

Genetic characterization and phylogenetic analysis of CSFV historically relied on partial 

sequencing of the E2 gene, 5’-NTR, or NS5 gene (Postel et al., 2012; WOAH: Manual of 

Diagnostic Tests and Vaccines for Terrestrial Animals, 2023b). However, with advances in 

sequencing technology and continuing reduction in cost for sequencing the WOAH recommends 

full length sequencing of the E2 gene or whole genome sequencing. Protocols are available for 

amplification of full-length E2 gene and whole CSFV genome that can be applied for sequencing 

(Leifer et al., 2010; Nguyen et al., 2021). The protocol described by Leifer et al. for 

amplification of the whole CSFV genome requires multiple RT-PCR due to the average 

amplicon size being ~1kB. The protocol described in this study generates two ~6kB amplicons 

which serve to amplify the whole CSFV genome in two RT-PCR reactions. The pooled 

amplicons were sequenced on the Oxford Nanopore MinION platform.  With this protocol, we 

obtained the near full-length genomes of viruses representing three currently known CSFV 

genotypes isolated from cell culture with average coverage greater than 10,000X in 36-48 hours 

at cost of approximately $30 per sample. The protocol was tested on clinical samples from pigs 

experimentally infected with two different genotype 1 viruses. This protocol will reduce the cost 

and amount of sample required to obtain the whole genome sequences of CSFV, allowing for 

more in depth understanding of the genetic evolution of CSFV while providing the necessary 

genetic information required for phylogenetic characterization of CSFV. 
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 3.5 Conclusions                         

The targeted whole genome sequencing protocols described in this study will provide 

vital tools for diagnostics and research of these two high consequence swine pathogens that have 

far reaching impacts in both the global economy and food supply. These protocols will enable 

researchers to rapidly obtain the near full-length genome of ASFV and CSFV, providing more 

complete genetic information for phylogenetic analysis and viral evolution studies of these 

pathogens. Further development is needed for obtaining the complete genomes of all ASFV 

genotypes, but we show that this can detect the genotypes have emerged and continue to spread 

outside of Africa. While this study focuses on utilizing the MinION sequencing platform, these 

protocols would also be compatible with other sequencing platforms such as PacBio and 

Illumina. The reduced cost and timeframe of these protocols will be important tools to assist in 

early pathogen detection and genetic characterization of these high consequence swine viruses in 

outbreak and surveillance situations globally and within the United States, should an outbreak 

occur. 
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Chapter 4 - Assessment of SARS-CoV-2 Strain Competition in Co-

Infected Adult White-tailed Deer by Targeted Whole Genome 

Sequencing2 

 4.0.  Abstract 

The zoonotic betacoronavirus SARS-CoV-2 has spread rapidly around the world 

resulting in a global public health crisis.  Early in the pandemic, the genetic lineage A of SARS-

CoV-2 dominated.  However, as the virus continues to circulate, variants of concern (VOCs), 

characterized by increased fitness and transmissibility, have emerged.  The lineage B alpha 

VOC, (B.1.1.7 or UK variant) emerged in the fall of 2020, and rapidly became a dominant 

variant. Additional beta, gamma, and delta VOCs emerged in mid to late 2020 in South Africa, 

Brazil, and India, respectively.  A thorough understanding of potential wildlife reservoirs is 

needed for developing effective control strategies for SARS-CoV-2.  White-tailed deer 

(Odocoileus virginianus) fawns have been shown to be susceptible to SARS-CoV-2.  To 

investigate the role of an emerging VOC in this host, we conducted a competition experiment 

whereby adult white-tailed deer (WTD) were co-infected with lineage A (USA-WA1/2020) and 

lineage B alpha variant (B.1.1.7-like; USA/CA_CDC_5545/2020) SARS-CoV-2 isolates.  Nasal 

swabs and respiratory tissues from adult WTD, which were co-infected intranasally and orally, 

were evaluated using next generation sequencing (NGS) and BLAST-based analysis, and the 

percentages of the individual lineage A and B viruses were determined at multiple time points 

 

2 This chapter contains data that has been previously published.  Reprinted with permission from Cool, K., 

McDowell, C.D.; et al. Infection and transmission of ancestral SARS-CoV-2 and its alpha variant in pregnant white-

tailed deer. Emerging Microbes & Infections, 11(1), 95–112. https://doi.org/10.1080/22221751.2021.2012528. 

Copyright 2021 by Chester D. McDowell.   
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post-infection.  To confirm NGS results, lineage A and B-specific RT-qPCR assays were 

developed targeting a non-conserved region within the spike gene.  The SARS-CoV-2 lineage B 

alpha variant had improved fitness compared to the lineage A virus in adult WTD, with the 

lineage A strain only recovered at early time points in small quantities.  Here we demonstrated 

that the strain specific RT-qPCR assays are capable of differentiating both SARS-CoV-2 

lineages.  The RT-qPCR assays could potentially be used in epidemiological surveillance for 

VOCs in human and animal populations. 

 4.1. Introduction 

In 2019 a novel zoonotic betacoronarvirus emerged, SARS-CoV-2, resulting in one of 

the largest global pandemics. SARS-CoV-2 virus belongs to the family Coronaviridae which 

includes four genera Alpha-, Beta-, Delta-, and Gamma-coronaviruses (Cool et al., 2022).  These 

viruses are enveloped, single-stranded, positive-sense RNA viruses with genomes of 27-32kB 

(De Wit et al., 2016).  As SARS-CoV-2 continued to circulate, variants of concern (VOCs), 

characterized by increased fitness and transmissibility, emerged and continue to emerge (Choi & 

Smith, 2021; Zhou et al., 2021). The lineage B alpha variant, B.1.1.7, emerged in the United 

Kingdom in late 2020 and rapidly out competed the ancestral lineage A strain. Additional VOCs 

have emerged which include beta (B.1.351), gamma (P.1), delta (B.1.617.2), omicron 

(B.1.1.529), and others (Flores-Vega et al., 2022; Tao et al., 2021).  As SARS-CoV-2 continues 

to evolve it is important to identify susceptible species that can serve as potential secondary 

reservoirs that could give rise to novel variants of concern and reverse-zoonosis events.     

Since 2023, the World Organization of Animal Health (WOAH) has reported natural 

infections of SARS-CoV-2 in 29 species in 36 countries (World Organization for Animal Health, 

2023).  Experimental infections of SARS-CoV-2 have demonstrated that 7 species are highly 
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susceptible which include cats, ferrets, Syrian golden hamsters, non-human primates, and others 

(Y. Il Kim et al., 2020; Meekins et al., 2021; J. Shi et al., 2020).  A thorough understanding of 

potential wildlife reservoirs of SARS-CoV-2 is needed for developing effective control 

strategies.  White-tailed deer are the most abundant wild ruminant species in the continental 

United States.  Surveillance studies have shown that 33-40% of free-ranging white-tailed deer 

(Odocoileus virginianus) across the midwestern United States had detectable levels of SARS-

CoV-2 RNA or neutralizing antibodies (Chandler et al., 2021; Hale et al., 2022; Kuchipudi et al., 

2022).  Publications have described the susceptibility of white-tailed deer through experimental 

infections (Cool et al., 2022; Palmer et al., 2021).  Identification and surveillance of animal 

populations which could act as secondary reservoirs for SARS-CoV-2 is critical for identifying 

novel variants of concern as well as potential avenues for reverse-zoonosis events. 

To investigate the role of an emerging VOC in this host, we conducted a competition 

experiment whereby adult white-tailed deer (WTD) were co-infected with lineage A (USA-

WA1/2020) and lineage B alpha variant (B.1.1.7-like; USA/CA_CDC_5545/2020) SARS-CoV-2 

isolates (Cool et al., 2022).  The percent composition of lineage A and lineage B viruses in 

nasal/oropharyngeal swabs and respiratory tissues were assessed at multiple points post-infection 

via BLAST-based next-generation sequencing (NGS) analysis.  The NGS results were confirmed 

by strain specific RT-qPCRs.  The lineage B alpha variant rapidly outcompeted lineage A virus 

in co-infected adult WTDs.  The results showed that the SARS-CoV-2 lineage B alpha variant 

had improved fitness compared to the lineage A virus in adult WTD.                      

 4.2. Material Methods 

 4.2.1. Samples Tested 
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Viral RNA was extracted from viral stocks of lineage A (USA-WA1/2020) and lineage B 

alpha variant of concern (B.1.1.7-like; USA/CA_CDC_5545/2020) propagated in cell culture.  

Clinical samples were collected from experimentally infected adult WTDs that were co-infected 

with lineage A (USA-WA1/2020) and lineage B alpha variant (B.1.1.7-like; 

USA/CA_CDC_5545/2020) SARS-CoV-2 isolates. Viral RNA was extracted from nasal swabs, 

collected at 1-, 3-, 5-, and 7-days post challenge (DPC), and respiratory tissues collected at 4 

DPC.  Viral RNA was extracted following the method described by Cool et. al (Cool et al., 

2022). 

 4.2.2. Next-Generation Sequencing3  

RNA extracted from cell culture supernatant (virus stocks), clinical swab/tissue 

homogenates, and clinical samples were sequenced by next generation sequencing (NGS) using 

an Illumina NextSeq platform (Illumina Inc.; San Diego, CA, USA) to determine the genetic 

composition (% lineage) of viral RNA in each sample. SARS-CoV-2 viral RNA was amplified 

using the ARTIC-V3 RT-PCR protocol [Josh Quick 2020. nCoV-2019 sequencing protocol v2 

(GunIt). Protocols.io https://gx.doi.org/10.17504/protocols.io.bdp7i5rn] (Quick, 2020). Library 

preparation of amplified SARS-CoV-2 DNA for sequencing was performed using a Nextera XT 

library prep kit (Illumina Inc.; San Diego, CA, USA) following the manufacturer’s protocol. The 

libraries were sequenced on the Illumina NextSeq using 150 bp paired end reads with a mid-

output kit. Reads were demultiplexed and parsed into individual sample files that were imported 

into CLC Workbench version 7.5 (Qiagen; Carlsbad, CA, USA) for analysis. Reads were 

 

3 Reprinted with permission from Cool, K., McDowell, C.D.; et al. Infection and transmission of ancestral SARS-

CoV-2 and its alpha variant in pregnant white-tailed deer. Emerging Microbes & Infections, 11(1), 95–112. 

https://doi.org/10.1080/22221751.2021.2012528. Copyright 2021 by Chester D. McDowell. 

https://gx.doi.org/10.17504/protocols.io.bdp7i5rn
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trimmed to remove ambiguous nucleotides at the 5’ terminus and filtered to remove short and 

low-quality reads. The consensus sequences of viral stocks used for challenge material 

preparation were found to be homologous to the original strains obtained from BEI GISAID 

accession numbers: EPI_ISL_404895 (WA-CDC-WA1/2020) and EPI_ISL_751801 

(CA_CDC_5574/2020). To determine an accurate relative percentage of each SARS-CoV-2 

lineage in each sample, BLAST databases were first generated from individual trimmed and 

filtered sample reads. Subsequently, two 40-nucleotide (nt) long sequences were generated for 

each strain at locations that include the following gene mutations: Spike (S) A570D, S D614G, S 

H1118H, S ΔH69V70, S N501Y, S P681H, S 982A, S T716I, S ΔY145, Membrane (M) V70, 

Nucleocapsid protein (N) D3L, N R203KG204R, N 235F, and non-structural NS3 T223I, NS8 

Q27stop, NS8 R52I, NS8 Y73C, NSP3 A890D, NSP3 I1412T, NSP3 T183I, NSP6 

ΔS106G107F108, NSP12 P323L, NSP13 A454V and NSP13 K460R. A word size of 40 was 

used for the BLAST analysis to exclude reads where the target mutation fell at the end of a read 

or reads that partially covered the target sequence. The two sequences for each of the locations 

listed above, corresponding to either lineage A (USA-WA1/2020) or alpha VOC B.1.1.7 

(USA/CA_CDC_5574/2020), were subjected to BLAST mapping analysis against individual 

sample read databases to determine the relative amount of each strain in the samples. The 

relative amount of each strain present was determined by calculating the percent of reads that hit 

each of the twenty-three target mutations. The percentages for all mutations were averaged to 

determine the relative amount of each strain in the sample. 

 4.2.3. Strain Specific RT-qPCR for Strain Differentiation 

Strain specific primers and probes were designed to target a region in the spike gene 

(152-256 nt).  The targeted region contains a 6-nucleotide deletion present in the lineage B alpha 



111 

VOC (USA/CA_CDC_5574/2020) resulting in the deletion of two amino acids (H69 and V70), 

otherwise present in lineage A (USA-WA1/2020).  Lineage A (USA-WA1/2020) RNA was 

detected and quantified by a Taqman probe with a FAM fluorophore, figure 4.1 (bottom).  

Lineage B (USA/CA_CDC_5574/2020) RNA was detected and quantified by a locked nucleic 

acid (LNA) probe, that spanned the deletion site, with a Cy5 fluorophore, figure 4.1 (top).  The 

locked nucleic acid probe was used to increase the specificity of the probe to the target strain and 

binding site. 

 

Figure 4.1.  Strain specific RT-qPCR primer and probe schematic.   

The sequence on the top illustrates the sequence and position of the LNA probe (purple 

arrow) for detection of lineage B strain.  The 6-nucleotide deletion is position within the probe.  

The bottom sequence illustrates the sequence and position of the Taqman probe (dark red arrow) 

for detection of lineage A strain.  Both RT-qPCRs use the same forward (light red arrow) and 

reverse (green arrow) primers. 

 

Individual RT-qPCR reactions were setup for each strain using the following mixture: 2X 

qScript XLT One-Step RT-qPCR ToughMix (Quanta Biosciences, Galthersburg, MD), primers 

(400nM), lineage specific probes (200nM), 2.5 µl viral RNA, and nuclease-free water up to 20 

µl. The Bio-Rad CFX was used to carry out the RT-qPCR reactions. Following optimization, 

strain specific viral RNA (106 copies/µl) was ten-fold serially diluted and used to generate 

standard curves for copy number determination, figure 4.2 panel A and B. The copy number of 

viral RNA for each strain was calculated using the line of best fit for viral RNA standard curves 

for WA1 (y=-1.401ln(x) + 43.371), figure 4.2 panel C, and B.1.1.7 (y=-1.498ln(x) + 44.717), 

figure 4.2 panel D. 
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Figure 4.2.  SARS-CoV-2 strain specific spike RT-qPCR.   

A)  RT-qPCR amplification curves of lineage A strain (WA1; SARS-CoV-

2/human/USA/WA01/2020) RNA serial dilutions. The assay has a limit of detection of 10-100 

RNA copies/µl.  B)  RT-qPCR amplification curves of lineage B alpha VOC (B.1.1.7; SARS-

CoV-2/human/USA/CA-5574/2020) RNA serial dilution. The assay has a limit of detection 10-

100 RNA copies/ µl. C) Standard curve of Ancestral Strain (WA1; SARS-CoV-

2/human/USA/WA01/2020) RNA used for calculating viral RNA copy number.  D) Standard 

curve of alpha VOC (B.1.1.7; SARS-CoV-2/human/USA/CA-5574/2020) RNA used for 

calculating viral RNA copy number. 

 

Following standard curve generation, viral RNA from lineage A (USA-WA1/2020) and 

lineage B (B.1.1.7; USA/CA_CDC_5574/2020) were combined to generate known viral RNA 

populations.  The series of known viral RNA populations were generated by maintaining lineage 

B RNA at a constant concentration while lineage A was diluted by 2- and 10-folds, figure 4.3.  

The predicted strain composition was calculated using the best fit lines from the standard curves, 

table 4.1.  The strain specific RT-qPCR reactions were performed on each mixture with four 
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replicates.  The actual percent strain composition was calculated using the best fit lines for the 

respective strains.   

 

Figure 4.3.  Schematic for the generation of known viral RNA populations.   

Lineage A (WA1) was diluted 2- and 10-fold and combined with lineage B (B.1.1.7) that 

was held at a constant concentration. The pie charts show the predicted percent composition of 

each strain. 

  

 4.3 Results 

 4.3.1.  SARS-CoV-2 Strain Competition Analysis by Sequencing 

The in vivo competition of a SARS-CoV-2 lineage A and lineage B (alpha VOC) strain 

was assessed by sequencing SARS-CoV-2 cDNA that was amplified from viral RNA extracted 

from the inoculum used for experimental challenge, nasal swabs, and respiratory tissue 

homogenates collected from experimentally infected adult white-tailed deer (WTD).  The 

inoculum used for the experimental infection of WTD consisted of an intended 1:1 mixture of 
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the two strains.  The sequencing analysis of the inoculum demonstrated a 60.4% lineage B alpha 

VOC and 39.6% lineage a WA1 (Cool et al., 2022).  The strain composition of the nasal swabs 

collected at 1 DPC showed a 0.7-40% lineage A and 60-99.3% lineage B detected by sequencing 

in the principally infected animals, figure 4.4.  By 3 DPC, only the lineage B strain was detected 

in nasal swabs, rapidly out competing the lineage A strain, figure 4.4.  The lineage A strain was 

not detected in nasal swabs after 3 DPC.  Lineage B sequences were detected in one sentinel 

animal at 7 DPC suggesting that the lineage B virus was transmissible between animals.  The 

strain composition of the respiratory tissues collected at 4 DPC from two principally infected 

WTDs was also evaluated by sequencing.  These tissues included the nasal conchae, proximal 

trachea, and right cranial lung lobe (R. Cr. Lung Lobe).  All respiratory tissues from both 

animals had a 100% lineage B with no detectable lineage A sequences, figure 4.5.  The 

sequencing analysis to assess strain competition suggests that the lineage B virus out competed 

lineage A as well as to transmitting to sentinel animals.  To confirm these results, we developed 

and optimized a strain specific RT-qPCR.     
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Figure 4.4.  NGS results of nasal swabs collected from adult WTD co-infected with SARS-

CoV-2 ancestral strain (WA1) and alpha VOC (B.1.1.7).   

The gray pie charts represent samples that did not have detectable SARS-CoV-2 RNA for 

sequencing, or the sample was unavailable. 
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Figure 4.5.  NGS of respiratory tissues collected at 4 DPC from WTD co-infected with 

SARS-CoV-2 ancestral strain (WA1) and alpha VOC (B.1.1.7). 

 

 4.3.2. Strain Specific RT-qPCR 

To confirm the strain composition results of the inoculum, nasal swabs, and respiratory 

tissues determined by our sequencing analysis, two strain specific RT-qPCRs were developed 

and optimized to detect and quantify lineage A and lineage B viral RNA.  Standard curves were 

generated to determine the sensitivity and for determination of viral RNA copy number of each 

assay shown in figure 4.2.  The limit of detection for both the lineage A and lineage B RT-qPCR 

assays was 10-100 RNA copies/µL.  There was no cross reactivity between the assays.  The 

results show these assays are both sensitive and specific for their respective viral strains, 

demonstrating the feasibility for lineage differentiation. 

Following optimization, a series of known viral RNA populations were screened to assess 

the ability of the RT-qPCRs to differentiate between lineages.  These viral RNA populations 

consisted of a mixture of lineage A (WA1) and Lineage B alpha VOC (B.1.1.7) at known 

percentages based on viral RNA copy number, figure 4.3. The RT-qPCRs assays demonstrated 
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the capability to detect and quantify strain specific viral RNA in a mixed population, figure 4.6.  

There was 5-6% difference between the predicted and actual composition of the known mixtures, 

which may be attributed to mixing and dilution errors.  Despite these differences, these RT-

qPCRs were able to differentiate and quantify the respective strain specific viral RNA.       

 

Figure 4.6.  Quantification of WA1 and B.1.1.7 within a known viral RNA population. 

B.1.1.7 was held at a constant concentration while the concentration of WA1 was diluted 

2-fold and 10-fold to represent a distribution of strain compositions.   

 

 4.3.3.  Strain Specific RT-qPCR for Clinical Samples 

The strain composition of inoculum, clinical samples (nasal swabs and respiratory 

tissues) determined by sequencing were confirmed using the strain specific RT-qPCRs.  The RT-

qPCR of inoculum demonstrated a strain composition of 60% lineage B (B.1.1.7) and 40% 

lineage A (WA1), a difference of less than 1.0% from the sequencing results.  The strain 

composition of clinical samples (nasal swabs and respiratory tissues) evaluated by RT-qPCR 
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versus NGS were within a 7% range, table 4.2 and 4.3.  These results further validate the strain 

composition results obtained through our NGS analysis. 

 

Table 4.1.  Strain composition of clinical swabs analyzed by RT-qPCR. 

 Nasal Swabs 

 1 DPC 3 DPC 5 DPC 7 DPC 

Animal ID %WA1 %B.1.1.7 %WA1 %B.1.1.7 %WA1 %B.1.1.7 %WA1 %B.1.1.7 

Principal #108 0.0% 100.0% 0.0% 100.0% NS NS NS NS 

Principal #905 33.0% 67.0% 0.0% 100.0% NS NS NS NS 

Principal #106 0.0% 100.0% 0.0% 100.0% 0.0% 100.0% ND ND 

Principal #919 ND ND 0.0% 100.0% ND ND ND ND 

Sentinel #49 ND ND NT NT ND ND 0.0% 100.0% 

Sentinel #50 ND ND NT NT ND ND ND ND 

ND = not detected; NT = not tested; NS = no sample 

 

Table 4.2.  Strain composition of respiratory tissue analyzed by RT-qPCR.  

  4 DPC 

  #108 #905 

Sample %WA1 %B.1.1.7 %WA1 %B.1.1.7 

Conchae 0.0% 100.0% ND ND 

Proximal Trachea 0.0% 100.0% 0.0% 100.0% 

R. Cr. Lung Lobe 0.0% 100.0% 0.0% 100.0% 

ND = not detected 

 

 4.4 Discussion 

Since the emergence of SARS-CoV-2 in 2019 variants of concern (VOC) have emerged 

and continue to emerge as the virus continues to evolve and adapt.  In this study while 

investigating the susceptibility of WTDs to SARS-CoV-2, we also evaluated the in vivo 

competition between an ancestral isolate (WA1) and an alpha VOC isolate (B.1.1.7).  The alpha 

VOC was the first variant that emerged during the global pandemic, rapidly becoming the 
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dominate circulating strain of SARS-CoV-2 in the human population (Choi & Smith, 2021).  To 

assess the competition between these two SARS-CoV-2 strains we evaluated the strain 

composition present in clinical samples collected from experimentally co-infected adult WTD by 

NGS analysis and strain specific RT-qPCRs.      

The NGS analysis demonstrated that the alpha VOC rapidly outcompeted ancestral strain 

of SARS-CoV-2 in clinical swabs and respiratory tissues collected from co-infected WTD.  

Following challenge, the alpha VOC became the dominate strain by 3 DPC and the only strain to 

be detected in tissues at 4 DPC.  Strain specific RT-qPCRs were used to evaluate the strain 

composition as a means to confirm sequencing results.  The strain compositions from RT-qPCR 

were within 7% range of the NGS analysis.  Both sequencing and RT-qPCR strain composition 

analysis of clinical samples suggest that the lineage B alpha VOC isolate has a competitive 

advantage over the ancestral lineage A isolate in co-infected adult WTD.  This competitive 

advantage was reported in vivo in ferrets, hamsters, and transgenic hACE2 mice models (Cool et 

al., 2022; Y. J. Hou et al., n.d.; Zhou et al., 2021). 

The strain specific RT-qPCR assays that were developed in this study are sensitive and 

specific demonstrating the feasibility of these assays to differentiate between lineages in clinical 

samples.  These assays were able to detect and quantify strain specific viral RNA in known viral 

populations.  The RT-qPCR assays described in this study were employed to confirm the 

composition of strain specific viral RNA determined by NGS analysis.  These assays also have 

potential applications in epidemiological surveillance for VOCs in human and animal 

populations.  However, as SARS-CoV-2 continues to evolve, novel variants will continue to 

emerge, which will require constant redesign and validation of variant specific RT-qPCR assays.  

To overcome this hurdle the combination of targeted whole genome sequencing protocols and 
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bioinformatic programs, such as VirStrain (Liao et al., 2022), will provide a means to quickly 

evaluate viral strain compositions within a mixed population.  During the global pandemic next-

generation sequencing has played and will continue to play a crucial role in the surveillance and 

identification of emerging VOCs.        
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Chapter 5 - Concluding Remarks 

The advances in sequencing technologies have increased the availability and feasibility 

for implementation into numerous scientific fields such as molecular diagnostics of infectious 

diseases and virology to name a few.  Sequencing and bioinformatics have and will continue to 

play crucial roles in the studies of infectious diseases.  Metagenomic sequencing allows for the 

detection and discovery of novel pathogens.  Targeted sequencing allows researchers to obtain 

the sequences of a known viral pathogen for phylogenetic analysis and single nucleotide 

polymorphisms (SNPs) analysis.  Targeted sequencing methodologies have been used for 

decades prior to for genotyping viral pathogens such as African Swine Fever virus (ASFV) and 

classical swine fever virus (CSFV) (Bastos et al., 2003; Mulumba-Mfumu et al., 2017; Postel et 

al., 2012).  However, due to the limitations in sequencing technologies at the time of their 

induction in the field of diagnostics or genome size (i.e., ASFV), these methods were limited to 

targeting conserved regions and genes of these pathogens.  These methods provided a means to 

genotype these pathogens and provide minimal phylogenetic information.  Further phylogenetic 

inference is made by sequencing multiple regions, which can be used in tracing the origin of 

ASFV outbreaks.   

The advances in sequencing and molecular biology technology have allowed for the 

amplification and sequencing of longer amplicons enabling the development of targeted whole 

genome sequencing protocols for larger viral genomes.  These protocols provide a more 

complete set of phylogenetic information in turn increasing the accuracy of phylogenetic 

characterization.  For example, during the SARS-CoV-2 pandemic, targeted whole genome 

sequencing protocols were used extensively serving to identify emerging variants and a temporal 

view of viral evolution as it continued to circulate (Lv et al., 2024; Markov et al., 2023; Olivero 
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et al., 2022).  It is critical that whole genome sequencing protocols are available for 

characterizing and studying emerging and high consequence viral pathogens such as SARS-

CoV-2, ASFV and CSFV. The recent identification of a genotype I/II recombinant strain of 

ASFV is another example of how this technology and these protocols are essential (D. Zhao et 

al., 2023a).  These targeted whole genome protocols enable researchers to rapidly obtain the 

complete genetic characterization of ASFV and CSFV, providing more information on the viral 

evolution of these pathogens.  

Since, the 2018 outbreak of ASFV in China rapidly spread to neighboring and regional 

countries.  In 2019, Mongolia reported the first outbreak of ASFV, field reports described 

clinical signs, disease progression, and postmortems lesions consistent with acute ASF caused by 

a virulent strain and identified as a genotype II virus.  In order to have a clear understanding of 

clinical disease and progression, pigs were experimental infected with the Mongolian strain 

(ASFV-MNG19).  This study confirmed that the ASFV-MNG19 strain is a virulent genotype II 

virus that causes similar clinical disease presentation and progression as other historic and 

regionally circulating genotype II ASFV isolates. Infection of pigs with the ASFV-MNG19 

isolate resulted in rapid progression of clinical disease resulting in death from acute ASF. The 

incubation period of 3–5 days and clinical disease progression are similar to other genotype II 

strains, which include regional strains such as a 2018 Chinese isolate (D. Zhao et al., 2019) and a 

2019 Vietnamese isolate (Lee et al., 2021) as well as the historic genotype II Georgia2007/1 

(Guinat et al., 2014) and Armenia 2008 (Gabriel et al., 2011) isolates, which all cause acute ASF 

after IM inoculation (McDowell et al., 2022a).  Controlled experimental studies like this one, are 

important to evaluate the genetics, virulence and clinical progression of emerging viruses and 

different variants/strains described in the field, and to aid in the development and validation of 
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diagnostic tools used by regulatory agencies for the rapid detection and implementation of 

mitigation strategies. 

By utilizing cell-derived viral stocks and clinical samples collected from swine 

experimentally infected with ASFV and CSFV, we developed a targeted whole genome protocol 

for each virus.  For ASFV, we used a tiled targeted whole genome approach comparable to the 

ARTIC and Midnight protocols for SARS-CoV-2 (Freed et al., 2021; Quick, 2020).  The 

protocol consists of 5 primer pools amplifying multiple 10kB amplicons in one reaction. It 

allows for whole genome amplification of ASFV in 4 to 4.5 hours.  Combined with the long-read 

sequencing technology of Oxford Nanopore MinION platform, we can obtain full length 

genotype II ASFV genomes in 36-48 hours with average coverages of 1,000X at approximately 

$70 per sample.  The protocol was tested on genotype I virus with approximately 85% of the 

genome covered.  For CSFV, the protocol generates two ~6kB amplicons amplifying the whole 

CSFV genome with two RT-PCR reactions.  The amplicons were sequenced on the Oxford 

Nanopore MinION platform.  With this protocol, we obtained the near full-length genomes of 

virus strains representing the three currently known CSFV genotypes isolated from cell culture 

with average coverage greater than 10,000X in 36-48 hours at cost of approximately $30 per 

sample.  While these protocols focused on the MinION sequencing platform, these protocols 

would also be compatible with other sequencing platforms such as PacBio and Illumina.  Further, 

studies are needed to validate these protocols on other sequencing platforms.  The reduced cost 

and timeframe of these protocols will be important tools to assist in early pathogen detection and 

genetic characterization of these high consequence swine viruses in outbreak and surveillance 

situations globally and within the United States, should an outbreak occur.    
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  Targeted whole genome sequencing protocols such as ones developed in this study and 

others (i.e., SARS-CoV-2) can be utilized to evaluate SNVs and competition between viral 

strains during co-infection.  In the study described in chapter 4, the ARTIC targeted whole 

genome sequencing protocol of SARS-CoV-2 was used to evaluate the strain composition of 

adult white-tailed deer that were co-infected with the ancestral lineage A strain (WA01-like) and 

lineage B alpha VOC (B.1.1.7-like).  The strain composition was assessed using a BLAST-based 

analysis on the sequencing data obtained from nasal swabs and respiratory tissues.  The NGS 

analysis demonstrated that the alpha VOC rapidly outcompeted the ancestral strain becoming the 

dominate strain identified in nasal swabs by 3 DPC and 4 DPC in respiratory tissue.  Strain 

specific RT-qPCR assays were developed to confirm the sequencing results.  The sequencing and 

RT-qPCR results of the strain composition were within 7% of one another.  The results from 

both the sequencing and RT-qPCR strain composition analysis of clinical samples suggest that 

the lineage B alpha VOC isolate has a competitive advantage over the ancestral lineage A isolate 

in co-infected adult WTD.  This study demonstrates that NGS data and bioinformatic pipelines 

can be used to evaluate strain composition in the presence of a co-infection.  The targeted whole 

genome sequencing protocols developed for ASFV and CSFV could be applied to similar co-

infection studies or evaluate viral quasispecies populations and SNV arising during infection, 

providing more information on the evolution of these high consequence pathogens. 

 The potential applications of the targeted whole genome protocols for ASFV and CSFV 

have yet to be explored.  Future studies testing these protocols on field samples collected for 

surveillance and during outbreaks will be important to demonstrate real world application while 

obtaining full genome sequences of circulating ASFV and CSFV strains.  For the ASFV 

protocol, further development is needed to provide a universal whole genome sequencing 
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protocol for all ASFV genotypes.  Another direction could be to evaluate quasispecies population 

and SNVs that arise during infection.  These protocols could serve to evaluate strain composition 

and/or potential recombination events in co-infection studies.  The development of targeted 

whole genome sequencing protocols for these two high consequence swine pathogens provides 

researchers with a means to rapidly obtain the whole genomes of these two pathogens as well as 

the ability to study their viral evolution at the genetic level.                             
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