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Abstract

Rift Valley fever virus (RVFV) is a mosquito-borne, zoonotic Phlebovirus that is a
significant threat to ruminants and humans. RVFV is categorized as an overlap Select Agent by
the Department of Health and Human Services and US Department of Agriculture. Therefore,
the study of RVFV’s pathogenesis and the development of novel diagnostic tools for the
prevention and control of outbreaks and virus spread is crucial. RVF is endemic to sub-Saharan
Africa but has spread beyond the continent to the Arabian Peninsula indicating the competence
of the virus to emerge in new areas. Thus, the high likelihood of RVF’s spread to other non-
endemic countries also spurs the need for development and implementation of rapid diagnostic
tests and surveillance programs. In the US, RVFV is a Select Agent, requiring BSL-3 enhanced
containment practices for research work. First, we developed a method for the detection of
RVFV RNA by reverse transcriptase real-time PCR (RT-qPCR) using non-infectious, formalin-
fixed, paraffin-embedded tissues (FFPET). The results from FFPET RT-qPCR were compared
to prior results for fresh-frozen tissues (FFT) RT-qPCR, as well as immunohistochemistry and
histopathology completed on the same FFPET blocks. We developed a novel technique using a
rapid and low cost magnetic bead extraction method for recovery of amplifiable RVFV RNA
from FFPET. FFPET RT-qPCR can serve as an alternative tissue-based diagnostic test, which
does not require a BSL-3 research facility. Second, we assessed the diagnostic accuracy and
precision of a recombinant RVFV nucleoprotein based competitive ELISA (cELISA) assay to
detect RVFV antibodies. The cELISA results were compared to the virus neutralization test, the
gold standard serological assay for RVFV. This prototype cELISA is an easy to implement,
sensitive, specific, and safe test for the detection of antibodies to RVFV in diagnostic and

surveillance applications. RVF is an important transboundary disease that should be monitored



on a regular basis. The diagnostic tests developed and validated in this thesis could be used in
endemic or non-endemic countries for the early detection of RVF and assist with the

implementation of countermeasures against RVFV.
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Chapter 1 - Literature Review

Introduction

Rift Valley fever virus (RVFV) is a mosquito-borne, zoonotic pathogen of serious
concern to animal and public health. RVFV is an important transboundary pathogen due to the
significant potential for its international spread and use as a biological weapon'. It is categorized
as a Select Agent by the Centers for Disease Control and Prevention (CDC) and the United
States Department of Agriculture (USDA)?. Rift Valley Fever (RVF) is an emerging infectious
disease with no therapeutic measures' and no fully licensed vaccine for humans. The presence of
a wide range of competent mosquito vectors?®, global climate change, and international travel and
trade* have highlighted RVF as a significant threat to both animal and public health. Therefore,
study of its pathogenesis, development of effective and efficient diagnostic tools, and RVF
prevention are very crucial’. Additionally, the increasing number of human deaths and the
possibility of its transmission internationally have emphasized the need for development of
therapeutics and countermeasures for the control of the disease. After the optimization and
development of diagnostic tests, it important to conduct a thorough validation that provides
evidence of fitness to purpose of the assay along with quality assessment®,

RVFYV virion

RVFYV belongs to an order Bunyavirales, family Phenuiviridae and genus Phlebovirus.
The RVFV virion (Fig.1.1) is spherical with an icosahedral symmetry and measures 90-110 nm
in diameter. The virus’ envelope is composed of a lipid bilayer studded with 12 nm long
glycoproteins (Gn and Ge¢)’. RVFV is a tri-segmented, single-stranded, primarily negative-sense

RNA virus. The three gene (tripartite) segments are designated as large (L; 6404 nucleotides),



medium (M; 3885 nucleotides), and small (S; 1690 nucleotides). The L and M segments are
negative sense while the S segment is ambisense.

The L segment encodes the RNA-dependent RNA polymerase (RdRp). The RdRp (259
kDa), which is the largest protein, plays a major role in replication and mRNA synthesis®’. Like
influenza virus, RVFV uses a ‘cap-snatching” mechanism for mRNA synthesis. For the priming
of mRNA synthesis during the transcription process, the viral endonuclease activity of the RdRp
cleaves the short fragments of 5’caps from host mRNA®!°, This process occurs in the
cytoplasm'!.

The M segment encodes the major envelope glycoproteins, Gn and Gc, and two
nonstructural proteins NSm (78kDa and 14kDa). A single mRNA transcribed from the M
segment of RVFV translates into a polyprotein. Then the polyprotein is processed by cellular
enzymes to form Gn (approximately 54 kDa) and Ge (approximately 59 kDa)!2, and at least two
additional non-structural proteins, NSm (78kDa and 14kDa)!*!4. While Gn and Ge play a crucial
role in viral replication and pathogenesis, the function of NSm is not well understood!>. Some
studies have shown that NSm is not essential for either virulence!? or viral replication in cell
cultures'®. In contrast, another study revealed that the NSm suppresses apoptosis thus, has a role
in viral pathogenicity'6. During infection, Gn and Gc play a role in viral binding and entry!”-3.
Also, they induce the production of neutralizing antibodies and elicit the protective humoral
immune response!®. Thus, these glycoproteins can be valuable targets for the development of
serological tests and vaccines for RVFV.

The S segment encodes the nucleocapsid protein, Np, and a non-structural protein, NSs?°.
The Np is highly immunogenic and abundantly present in the virus. However, it only induces

partially protective immunity because it cannot elicit neutralizing antibodies’. While Np is less



likely directly involved in pathogenesis, the NSs protein plays a critical role in RVFV
pathogenesis and replication. The NSs protein is the major virulence factor of RVFV. It has
antagonistic activity against interferons?!'. Also, the NSs protein induces the degradation of
dsRNA-dependent protein kinase, which suppresses viral translation??. Though RVFV replicates
in the cytoplasm, it forms filamentous structures in the nuclei of infected cells that interact with
several cellular nuclear proteins, thus obstructing the cellular antiviral response®.

The Np along with the RNA genome and viral RdRp form the ribonucleoprotein
complexes (RNP)?*. Since RVFV does not have a matrix protein, direct interaction between the

glycoproteins and the RNP takes place?.

Gn'\SGchoproteins
Gc

Envelope

Nucleoprotein (N)

Figure 1.1 Structure of RVFYV virion
Life cycle of the RVFV

The dendritic cell-specific intercellular adhesion molecule 3-grabbing nonintegrin (DC-
SIGN), which is expressed on the surface of dendritic cells has been identified as a receptor for
RVFV?, Since RVFV has broad cell tropism, the glycosaminoglycan heparan sulfate, a

polysaccharide found in animal cells may also facilitate the attachment and entry of RVFV in the



absence of DC-SIGN expression?’. After attachment, the virus enters into the cell through
caveolar-mediated endocytosis?®. The class IT fusion glycoprotein Ge, which is activated at low
pH after endocytosis enables the fusion of the virion and cell membranes?®-*°. This allows the
release of RNP into the cytoplasm where transcription and replication of all 3 gene segments
occurs.

The RdRp plays a role in replication of each gene segment, which results in the
generation of complementary RNA (cRNA). An important characteristic of the ambisense RVFV
S segment RNA is that the genomic RNA also acts as cRNA. The cRNA functions as the
template for the synthesis of NSs mRNA. As a result, early translation of NSs occurs and the
protein plays a role in suppressing the host’s innate immunity?!.

Assembly and maturation begins with the localization of Gn and Gce in the Golgi
apparatus through the translocation signal peptide present on Gn*?34, After the recruitment of
other structural proteins and the gene segments in the Golgi, mature virions form by viral
budding. Then the Golgi complex undergoes morphological changes that result in many small
and large vacuoles. These vacuoles help in the transport of mature virions to the cell’s surface

where they fuse to the plasma membrane and are released from the cell.

Rift Valley fever disease

In 2015, the WHO listed Rift Valley fever (RVF) among the top emerging diseases likely
to cause major epidemics and in need of critical attention®>. RVFV is a mosquito-borne
Phlebovirus that infects a broad range of hosts including sheep, cattle, goats, buffalo, camels,
and humans. The susceptibility of RVFV infection depends on livestock species, age, and viral
strain®¢. The major target organs include liver, spleen and brain®’. The clinical manifestation of

RVF disease in ruminants ranges from mild, asymptomatic, self-limited illness to severe disease



including hemorrhagic fever, retinal vasculitis, hepatitis, and encephalitis***!. Milder symptoms

include injected conjunctiva, nasal discharge, weakness, and decreased milk production*?. While

most of the RVF cases in humans are asymptomatic and mild, a small proportion of patients have
severe complications®.

Transmission

RVFYV is transmitted to livestock by mosquitoes and transmission between animals also
occurs**. Humans acquire RVFV through numerous routes: direct contact with infected animal
tissues, blood, or other body fluids; inhalation of aerosolized infected fluids; and transmission
through bites of infected mosquito vectors*>*. More than 30 species of mosquitoes are
responsible for the transmission of RVFV, however, Aedes spp. and Culex spp. are considered to
be the main vectors*’*8, The transmission cycle of RVFV involves an enzootic and an
epizootic/epidemic cycle®. During non-excessive rainfall, the transovarian transmission of the
virus to the next generation of mosquitoes plays a crucial role in order to maintain the enzootic
cycle. This enzootic cycle is primarily maintained by Aedes spp.>%°!. The conversion of the
enzootic cycle into an epizootic cycle occurs with heavy and prolonged rainfall after which the
eggs started to hatch**-°, Culex spp. are the amplifying vectors that play role in the epizootic
cycle’®32,

The risk of RVFV introduction into non-endemic regions is of great concern. The
potential routes of transmission to non-endemic countries are through the movement of infected
travelers and mosquitoes as well as international trade of infected animals3. Moreover, the

presence of numerous competent vectors of RVFV in non-endemic regions increases the risk.

Thus, surveillance of livestock that are imported into non-endemic regions as well as those



already present within endemic regions using validated tests is critical. Additionally, vector
control programs could reduce the risk of introduction of RVFV>4,
Epidemiology

RVFYV has been reported in Africa and the Arabian Peninsula. Sudden abortions in
livestock following heavy rainfall are indicative of a possible RVF outbreak*®. RVFV was first
described in 1930 during an outbreak of enzootic hepatitis in a herd of ewes in the Great Rift
Valley of Kenya’®. Two large epizootics occurred during 1950-1951°¢ and 1974-1976%". Also,
there have been several sporadic outbreaks since 1950 in South Africa. A major RVFV outbreak
was documented in Egypt in 1977 with 20,000-200,000 human clinical illnesses and 600
deaths®®-%° and another in Mauritania in the late 1980s%!. The emergence of mosquito vectors
due to Nile river flooding and animal trade were the suspected reasons for the outbreak in
EgyptS2. Fifteen years later in 1993, Egypt experienced a second outbreak. A key factor in this
second outbreak was continuous movements of livestock*?. Subsequently, in 2000, RVFV spread
beyond Africa to Saudi Arabia and Yemen®. It was estimated that 40,000 animals died or were
aborted and there were also 124 human deaths in Saudi Arabia>*. RVFV epidemics were
documented in several countries during 2006-2008: Somalia, Kenya, Tanzania, Sudan, Mayotte,
and Madagascar®. In particular, the 2006 and 2007 epidemics in eastern Africa had a devastating
effect in Kenya, Tanzania, and Somalia with significant livestock losses and 698 human
deaths®*63,

Several RVFV outbreak studies have been conducted. They have focused on the pattern
of the outbreaks, including their association with environmental, geographical and geological
factors as well as the risk factors associated with infection®®-8, Hightower et al., 2012 concluded

that the areas with heavy rainfall and flooding, poor drainage, flat landforms, and presence of



competent vectors have a high risk of occurrence of RVFV%®. Humans who are in direct contact
with infected animals are also at a high risk®. Therefore, continuous monitoring of competent
vectors, surveillance for virus in animals, and risk analysis of the introduction of the virus into
non-endemic regions are necessary.

Diagnosis of RVF

RVFV research is limited because it must be conducted in high containment
laboratories’. Consequently, the development of safe, effective, and efficient diagnostic
measures is both a challenge and an opportunity. RVFV is a hemorrhagic fever virus and listed
as a category ‘A’ bioterrorism agent by the Centers for Disease Control and Prevention (CDC)’!.
Thus, RVFV poses a significant threat as a biological weapon, further emphasizing the need for
rapid diagnosis. Several assays including the detection of the whole virus, antibodies, antigens,
and nucleic acids have been developed for RVFV. Virus isolation, polymerase chain reaction
(PCR), immunohistochemistry, and serological tests are the diagnostic techniques available for
RVFV. According to the World Organization for Animal Health (OIE), a combination of at least
two positive results from two different diagnostic tests is required for the confirmation of RVFV
in animals’?. Also, in endemic areas, a combination of clinical signs and symptoms with
diagnostic tests are used for the confirmation of RVFV®3,

Virus isolation

Virus isolation can be performed using serum, plasma or whole blood collected during
the febrile period (3-4 days)’? of the disease in animals. Also, the virus can be isolated from
different animal tissues (liver, spleen, and brain) at necropsy as well as aborted fetuses. Both in
vitro and in vivo virus isolation can be performed. Since in vivo virus isolation requires

intracerebral inoculation of suckling mice/hamsters, the OIE recommends in vitro methods using



cell lines due to animal welfare and biosafety concerns’?. Various cell lines including African
green monkey kidney cells, baby hamster kidney cells, and AP61 mosquito cells are used for in
vitro isolation of RVFV. Consistent cytopathic effect of RVFV can be observed within 12-24 h
post-infection in mammalian cell lines’. The combination of virus isolation with
immunohistochemistry or reverse-transcription polymerase chain reaction (RT-PCR) is
necessary for confirmation’. Virus isolation is costly, laborious, and requires biocontainment
facilities for the propagation of live virus’>7’¢. Thus, there is need for the development of
diagnostic tools that are rapid and minimize the handling of live virus.

Viral antigen detection by immunohistochemistry

Immunohistochemistry (IHC), performed on formalin-fixed, paraffin-embedded tissues
(FFPET), is a sensitive and specific technique for the detection of viral antigens in tissues,
enabling visualization of RVFV antigen with histopathological context. Since 10 percent neutral
buffered formalin, the standard tissue preservative, inactivates the virus, IHC can be conducted
in a BSL-2 laboratory’’. Currently, IHC in combination with histopathology is the confirmatory
diagnostic tool of choice for the detection of RVFV in tissues’”-’®. In addition to its diagnostic
use, THC is used for retrospective studies.

The selection of tissue/organ sample is crucial for successful IHC”. Although liver and
spleen are the preferred organs’®8%3! for RVFV diagnosis, kidney, lymph node and lungs are also
valuable samples for the detection of RVFV antigen®¢32-%4, Validated antibodies must be used to
ensure the sensitivity and specificity of IHC. Additionally, IHC results are influenced by the
quality of tissue samples’. Factors such as tissue collection, handling, preservation, and

transportation to the laboratory need to be considered for successful IHC. Since, standardization



of sample collection, transport and IHC protocol are all needed for reliable IHC results, RVFV
IHC should only be conducted in established laboratories.
Viral antigen/antibody detection by serological methods

Serological methods, either detection of antigen or antibody, are used both for
surveillance of susceptible populations and outbreak management. Classical serological tests for
RVFV are agar gel immunodiffusion, radioimmunoassay, hemagglutinin inhibition, and
complement fixation’?. Currently, the virus neutralization test (VNT) and enzyme-linked
immunosorbent assay (ELISA) are more commonly used®.

The VNT is considered the gold standard serological test®®. When a comparison was
made between different serological diagnostic tests for the detection of antibodies against RVFV,
the VNT was discovered to have the highest sensitivity and specificity®’. But the VNT is a
costly, laborious, and time-consuming procedure with potential health risks for laboratory
personnel performing the assay in biocontainment®®3°. Therefore, ELISA offers an alternative for
the detection of antibodies or antigens against RVFV.

The ELISA is a safe, rapid, sensitive, and specific test, which is used to test animals
during import and export, surveillance and control programs. Also, monitoring of the immune
system of animals during vaccination can be conducted using ELISA tests”*°!. The ELISA is
widely used for the detection of RVFV-specific IgM or IgG in animal or human sera. Anti-
RVFV IgM antibodies can be detected from 4 days after infection and are transient. For example,
Paweska et al., 2005 showed that an IgM-capture ELISA can detect RVFV antibodies within 6-
22 days after onset of symptoms in naturally infected humans®®. The detection of anti-RVFV
IgM antibodies implies a recent infection. Anti-RVFV IgG antibodies can be detected from 8

days after infection and may persist for several years. Consequently, paired serum samples are



needed in order to differentiate between past and current infection”*°1-3. There are several
ELISA formats that use cell lysate or purified protein as the target antigen for the detection of
antibodies against RVFV8219495 Also, ELISAs based on recombinant nucleoprotein (recNp),
which does not require a biocontainment facility for their production or use, have been
reported’>88,

Detection of RVFV antigen using ELISA could be an alternative for detection of
antibodies against RVFV because the antibodies against the virus may not be detectable during

the first few days of infection”®"’

. However, the assays for detection of viral antigen lack
sensitivity®? and require reagents that are costly and challenging to produce’®. Due to these
limitations of antigen detection ELISAs, IgM or IgG ELISAs for the detection of antibodies
against RVFV are widely used®.

With the limitations of classical serological methods, the ELISA technique is in wide use
for the detection of antibodies. However, lack of international standardization, lack of inter-assay
consistency, and full validation of ELISA techniques have been challenges to the use of
ELISA%. Although ELISA is more sensitive than classical methods for the diagnosis of RVFV,
non-specific binding and cross-reactivity with other Phleboviruses is a major concern®!. Thus,
complete validation of each ELISA test is crucial before using it as a diagnostic or surveillance
test.

Nucleic acid detection by PCR

Some molecular methods, specifically the detection of viral RNA, are rapid and

economic techniques for the detection of RVFV genome, and therefore are an excellent

alternative to virus isolation and serological methods. They are valuable for effective

management of outbreaks because they can detect the presence of viral RNA rapidly enabling
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swift application of appropriate control measures®. Various rapid and accurate molecular
methods have been developed and additional studies are underway for the development and
evaluation of molecular diagnostic tests.

Several reverse transcriptase polymerase chain reaction (RT-PCR) and real time RT-PCR
(RT-gPCR) methods have been developed!?*-1%4, These methods have a limit of detection
between 10 and 100 genome copies!® and are recommended by OIE’2, While expensive
equipment is required to conduct RT-qPCR, it is the most commonly used technique for the
detection and quantification of RVFV RNA due to its high analytical sensitivity and
specificity!®. Also, when compared with conventional RT-PCR, RT-qPCR is a rapid,
standardized, quantitative method with less chance of contamination.

Reverse transcription loop-mediated isothermal amplification (RT-LAMP) and
recombinase polymerase reaction (RPA) are simple and sensitive techniques. These techniques
use an isothermal reaction, which is feasible for rapid detection in the field. Since an outbreak of
RVFYV can occur in remote areas and can become catastrophic within a short time period, the
development and evaluation of field deployable molecular techniques would be useful to
diagnose and employ control measures effectively®. Although six sets of primers are needed for
RT-LAMP, it is a single step, rapid, simple, and cost-effective assay for the amplification of L
segment of RVFV!9%:198 Moreover, RT-LAMP is a sensitive and specific assay comparable to
RT-gqPCR!'%, Similarly, RPA is also a rapid and sensitive assay that uses primers and probes
similar to those used for RT-qPCR in contrast to complex primers used for RT-LAMP. However,
RPA requires a portable fluorescence reader for field use!®.

Ebola, Marburg, Lassa, Dengue, and Yellow fever viruses like RVFV are the important

causative agents of viral hemorrhagic fevers (VHFs). Considering that VHFs have common signs
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and symptoms and are clinically challenging to differentiate, multiplex RT-PCR assays have
been developed for simultaneous detection of multiple pathogens!!%’!. These assays are
important for accurate and rapid diagnosis needed to control spread and apply appropriate
treatment, particularly in areas where multiple VHF pathogens are endemic!!!.

Molecular methods are sensitive but variation in results can occur in different laboratory
settings. Thus, a standardized protocol and controls are required when performing the test to
reduce this variation as well as detect contamination issues”. During RVF outbreaks, molecular
methods are particularly beneficial for the detection of RVFV RNA at early infection time-points
when antibodies cannot be detected!?!. Therefore, molecular methods are useful for early
diagnosis in order to control and prevent the spread of RVF disease. However, the need for
specialized instrumentation and skilled laboratory personnel as well as the short time period of
viremia pose challenges for the use of molecular methods for the detection of RVFV RNA,
especially for outbreaks in remote regions’”.

Diagnostic Assay Validation

Validation of an assay is a series of inter-related processes that are conducted to
determine the competence of well-developed and optimized assay for an intended purpose!!2. It
is critical for any developed assay to have a complete validation before its commercial use. A
fully validated assay has the capability of identifying an analyte present in the given sample and
classifying the animal as positive or negative!!. Several factors need to be optimized and tested
during the assay development and validation pathways. According to OIES, after the
development and optimization of an assay, the validation pathways comprise of four stages;
Stage 1: analytical characteristics; Stage 2: diagnostic characteristics; Stage 3: reproducibility;

Stage 4: implementation. Along with the development and validation pathways, monitoring of
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the assay performance after initial validation is critical, requiring continuous monitoring,

evaluation, and maintenance of the assay.
RVFYV vaccines

It has been more than eight decades since the discovery of RVFV®2, but the development
of a safe and efficient vaccine for human and animals is still a challenge''*. Moreover, there are
no specific therapeutic measures available for RVF’4. A vaccine is a modified form of a natural
immunogen. It may be either the whole pathogen, one of its components, or a toxin. Ideally, it
should be easy to administer, single dose, provide long-term immunity, unable to revert to
virulent virus, stable at room temperature, and cost-effective. Additionally, vaccines that allow
the differentiating of infected animals from vaccinated (DIVA) are important for international
trade and surveillance!!®. Strategies tried for RVFV vaccines include live virus attenuation, virus
inactivation, virus-like particles, recombinant viral vectors and DNA vaccines®. Three licensed
veterinary RVF vaccines (Smithburn vaccine, a formalin-inactivated vaccine derived from
Entebbe strain, and Clone 13) are available for use in endemic regions. In the US, live-attenuated
mutagenized passage-12 (MP-12) vaccine strain is conditionally licensed for animal
vaccination''S.

The Smithburn strain, a live attenuated vaccine developed in 1940, was the first RVF

117" Although Smithburn strain is still being used, it is not safe for young animals or

vaccine
gestating adults. Moreover, the risk of reversion of this vaccine strain to full virulence drove the
need for alternative vaccines''®!!°. Consequently, two other live attenuated vaccines, MP-12 and
Clone 13 were developed.

Clone 13 is a naturally attenuated RVFV isolate with a large deletion in the NSs gene!'%.

When this vaccine was first evaluated in sheep, effective protection with no pathogenic side
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effects and no abortions in pregnant ewes was observed!?!. In contrast, a recent study concluded
that Clone 13 can cross the sheep placental barrier causing fetal infections, malformations, and
stillbirths!?2,

MP-12 was produced by serial passaging of the Zagazig Hospital 548 (ZH548) RVFV
strain 12 times in the presence of mutagen 5-fluorouracil. The vaccine is considered to be
effective in sheep and cattle>. A human phase II clinical trial was conducted for MP-12 vaccine
in which no reversions of vaccine virus (in attenuated regions) to wild-type RVFV occurred as
confirmed by genetic analysis'?}. However, the mechanisms of MP-12 attenuation are still not
fully understood!'*!?*, Also, in a study in pregnant ewes, MP-12 caused teratogenic effect,
malformations, and abortion in sheep!?> and in another experimental study, 6 out of 10 four-
month old calves inoculated with MP-12 had multifocal, hepatic necrosis and one calf’s liver
was positive for RVFV antigen by IHC!26,

Finally, no licensed vaccine for humans is available, in the US, RVFV TSI-GSD-200 is
used for military and at-risk laboratory personnel and is provided by the U.S. Army Medical
Research Institute of Infectious Diseases (USAMRIID). Unfortunately, it is an inactivated
vaccine that requires multiple inoculations and enrollment in a costly clinical trial program'?’.
Since humans typically get infected after contact with infected animals, effective vaccination of
ruminants can also help prevent RVF in humans. Overall, there is significant room for
improvement in licensed vaccine options and therapeutics for RVF.

FFPET as a diagnostic specimen

FFPET has been extensively used for histopathology and IHC for the diagnosis of many
infectious diseases. FFPET archives serve as an invaluable source of information for molecular

genetics research!?%12°, Recent studies have also revealed that FFPET could be a potential source
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of material for retrospective analysis using RT-qPCR and microarrays techniques!3%®!3!, When
compared with fresh frozen tissue as a specimen for analysis, FFPET is cheaper to store for a
long period of time, stable at room temperature, and easier to process. Moreover, the
retrospective investigation of etiology and epidemiology of disease can be conducted using
FFPET!3132,

Unfortunately, nucleic acid obtained from FFPET is of low quality and it is harder to
extract amplifiable RNA/DNA from FFPET in comparison to fresh-frozen tissues!3?-135, The
preservation process for FFPET specimens involves 10% neutral buffered formalin fixation, for
at least 24 h, typically followed by a 12 h long procedure in an automatic processor using
formalin, various graded alcohols, xylenes, and paraffin infiltration then finally, embedding in
paraffin. These aforementioned processes induce fragmentation of the nucleic acids and formalin
specifically induces chemical modification of the RNA/DNA by addition of monomethylol (-
CH20H) group to the nucleotides of RNA as well as cross-linking of nucleic acids (NA) with
proteins'*¢-140, The methylol addition inhibits the reverse transcription process decreasing the
sensitivity of RT-PCR!%¢. The crosslinking between NA and proteins causes restrictions during
the extension of the primer'®’. Thus, the attainment of sufficient and stable RNA from FFPET is
challenging. In spite of the technical challenges, FFPET is used as a specimen to study tumor
gene expression!2812%:141 a5 well as for the detection of viral RNA!#>-144,

Although several studies have been conducted using FFPET, there is no standard protocol
for the deparaffinization and extraction of nucleic acids'#>!%¢, There are many factors that affect
FFPET PCR results including the age of FFPET blocks, degree of tissue autolysis prior to
preservation, fixative quality, fixation time, tissue type, and nucleic acid extraction procedure'*’-

199 Thus, standardization and optimization of protocols are necessary before it will be possible to
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obtain the same quality and quantity of nucleic acids from FFPET in different laboratory
settings.

Gaps in Knowledge

Definitive diagnosis is critical for RVF and there are only a few validated assays
available. FFPET has been used for detection of RVFV using histopathology in combination
with THC technique, however, to our knowledge it has not been successfully used for further
molecular analysis. A study was conducted to purify suitable RVFV RNA from archived FFPET
for gel-based reverse transcriptase PCR (RT-PCR) and next generation sequencing but no RT-
PCR amplicons were achieved!'*°. A reliable method for the quantitative detection of viral RNA
from RVFV infected FFPET does not exist.

Serological tests have always been one of the easiest methods for the diagnosis of
infectious disease. ELISA tests using recNp offer a safe, reliable, effective, and efficient
alternative technique. They do not require handling of live virus and their production and use can
be conducted outside of biocontainment facilities'>!. While a prototype recNp cELISA had been
developed for the USDA Animal and Plant Health Inspection Service (APHIS) National
Veterinary Stockpile, it was not yet validated.

Purpose of research

We addressed the aforementioned gaps in RVFV diagnostics. First, we developed and
validated a protocol for sensitive and specific extraction of RVFV RNA from FFPET. The
protocol uses a rapid, low cost magnetic bead nucleic acid extraction enables sensitive detection
of RNA specific for RVFV and for PCR we used the Wilson et al., 2013 RVFV multiplex
PCR!32, Next, we determined the diagnostic accuracy and precision of the aforementioned RVFV

recNp cELISA. Both of these techniques are at OIE stage 2 of validation and required the
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inclusion of field samples from endemic countries to move to stage 3. With further validation,
these tests should contribute to the detection of RVFV and help in prevention and control of
RVFV during outbreaks. Additionally, the RT-qPCR technique using FFPET should be suitable

for retrospective molecular analysis studies of RVFV.
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Introduction

Rift Valley fever virus (RVFV), a mosquito-borne zoonotic pathogen (genus
Phlebovirus; family Phenuiviridae; order: Bunyavirales)'>?, is endemic to sub-Saharan African
countries’. It is an enveloped, single-stranded, ambisense polarity RNA virus with three gene
segments designated as L (large; 6404 nucleotides), M (medium; 3885 nucleotides), and S
(small; 1690 nucleotides)!>*. RVFV is the causative agent of Rift Valley fever (RVF), a disease,
which has devastating effects on both livestock and human health. It causes abortions and death
in ruminants and illnesses ranging from fever, encephalitis to death in humans'*,

Since RVFV’s first isolation in Kenya in 1930°?, there have been many outbreaks
reported in several countries including Kenya, Tanzania, Somalia, South Africa, Madagascar,
Egypt, Sudan, Mauritania, Senegal, Saudi Arabia, and Yemen®. The increasing number of
human deaths in more recent outbreaks, lack of licensed vaccines, the possibility of its spread to
non-endemic countries, and the classification of RVFV as a Select Agent in the United States all
emphasize the need for further study of RVFV’s pathogenesis and the development of diagnostic
tools and medical countermeasures for RVF>13%, However, research on RVFV is limited because
it requires BSL-3 research facilities, in particular, BSL-3Ag for research with ruminants’. To
overcome this issue, the potential use of formalin-fixed, paraffin-embedded tissues (FFPET) for
the detection of RVFV RNA using reverse transcription polymerase chain reaction (RT-PCR) for
diagnostics and for conducting retrospective research is promising’’. The use of FFPET for
immunohistochemistry (IHC) in combination with histopathology is the accepted tissue-based
confirmatory test of choice for RVFV during epidemics’’. While fresh and frozen tissues (FFT)

remain the ideal source for molecular diagnosis, FFPET is an attractive alternative research
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material because it is safer to process and cheaper to store for a long period of time'*!. Moreover,
FFPET is a better choice in the absence of a cold chain.

Attaining sufficient and stable RNA from formalin-fixed tissues is challenging because
formalin degrades and chemically modifies the RNA by addition of monomethylol (-CH2OH)
group to RNA followed by cross-linking of nucleic acids (NA) with proteing!36-145:157,
Consequently, quality and quantity of nucleic acid (NA) obtained from FFPET will be low in
comparison to FFT. Despite these limitations, FFPET is used for gene expression analysis to
study changes during tumor progression!?®12%141 FFPET has been used for the detection of
infectious diseases including West Nile virus, enterovirus, and hepatitis C virus by RT-PCR!42-
144 and high-throughput RNA sequencing of archival autopsy lung samples from 1918 pandemic
influenza victims!®, Several studies have shown that detectable RNA can be extracted
successfully by introducing various modifications to the extraction process. By increasing the
deparaffinization temperature, proteinase K concentration and incubation time, RNA was
recovered from FFPET infected with BSL-3 and -4 pathogens using a Paraffin Block RNA
isolation kit (Ambion, Texas, USA)!%. Another successful study used the Optimum RNA
isolation kit (Ambion) with modifications for the extraction of RNA from formalin-fixed
paraffin-embedded cell pellets!>. Unsurprisingly, since no standardized protocol for the
extraction of RNA from FFPET exists, there is wide variability in the quality and quantity of
RNA extracted!'*. In short, given a successful RNA extraction method, further downstream
molecular analysis can be conducted using FFPET!!,

While the literature reports studies that use the extraction of RNA from FFPET followed
by quantitative PCR analysis, to our knowledge a reliable method for the quantitative detection

of viral RNA in RVFV infected animal tissues does not exist. A recent study attempted to purify
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usable RVFV RNA from archived FFPET for gel-based RT-PCR and next-generation
sequencing!>®, However, success was limited, and no RT-PCR amplicons were recovered for the
target, a 490-nucleotide portion within Gn’s encoding gene. Thus, our objective was to develop
and evaluate a protocol using FFPET for sensitive and specific detection of all three RVFV RNA
segments. We compared automated magnetic bead extraction, an easy, rapid, and economic!¢?

method, to spin column extraction, to obtain the RNA from FFPET.

Materials and Methods

Formalin Fixed Paraffin Embedded Tissues
Table 2.1 lists all the RVFV infected archival FFPET blocks included in this study. These

blocks, from prior experimental animal studies!>>-161:162

, were assembled to represent multiple
tissues types (liver, spleen, lung, lymph node, and kidney) for which RVFV is tropic, two
virulent RVFV strains (Saudi Arabia 2001-1322 (SA01)!%* and Kenya 2006-128b-15 (Ken06))!64
and two susceptible hosts (cattle and sheep). All animal studies were conducted in the
Biosecurity Research Institute’s biosafety level 3 agriculture (BSL-3Ag) facilities in Manhattan,
Kansas. A total of 82 FFPET samples (cattle=36, sheep=34, goat=12) from animals born and
raised in the United States, a RVFV free country, were included in this study as negative RVFV
controls. Out of 82 samples, 48 FFPET samples were taken from a previously conducted
Schmallenberg virus cattle and sheep (cattle=24, sheep=24) study. The goat tissues, provided by
co-author Jessie Trujillo, were from a caprine encephalitis and arthritis study.

All tissues were fixed in 10% neutral buffered formalin (NBF) for a minimum of 7 days,
trimmed, processed, and embedded in paraffin using standard techniques. Briefly, formalin-fixed

tissues were trimmed into 3-4 mm thick pieces and placed into labeled cassettes. These cassettes

were then placed into an automatic processor (Sakura Finetek, Alphen aan den Rijn, The
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Netherlands). The 12 h processing procedure included 3 h in 10% NBF, 30 min in 70% ethanol,
30 min in 80% ethanol, 90 min in 95% ethanol, 90 min in 100% ethanol, 90 min in xylenes, and
2h of paraffin infiltration. Post-processing, samples were embedded in Parapath X-tra paraffin
(Leica Biosystems Inc., IL, USA). Using a fresh microtome blade for each block, five 4-5 um
thick tissue sections were cut for each sample and stored in sterile tubes at -80° C until
deparaffinization.
Deparaffinization

In a clean type II biosafety cabinet, with the airflow turned off, 4-5 um FFPET sections
were carefully transferred to 320ul pre-aliquoted deparaffinization solution (Qiagen, Hilden,
Germany) using sterile Adson-Brown tissue forceps and vortexed for 10 sec. The tubes were
then incubated in a pre-heated Vortemp 56 shaker/incubator (S2056A, Labnet International, New
Jersey, USA) at 56° C for 5-6 min at 80 rpm. After cooling at room temperature for 2-3 min, 180
pl of alkaline tissue lysis buffer (Qiagen) was added and the samples were vortexed with
centrifugation for 1 min at 10,000 rpm. For reversal of crosslinking, 40ul proteinase K (Qiagen)
was added to the lower phase at the bottom of the tube and the samples were incubated at 56°C
for 1 h at 10 rpm in a pre-heated Vortemp 56 shaker/incubator (Labnet). The samples were
removed and incubated at 80°C for 35 min at 10 rpm in the preheated Vortemp 56
shaker/incubator (Labnet). The lower, clear phase was transferred to 320 ul pre-aliquoted RLT
lysis buffer (Qiagen) filled tubes. RLT buffer contains a high concentration of chaotropic salts
that support the binding of RNA to the silica membrane!®?. The deparaffinization step generates
tissue lysate in RLT buffer. The lysates were immediately stored in -80°C until use in the next

step, NA extraction.
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Nucleic Acid Extraction

We compared both bead and column methods for NA extraction from FFPET lysates.
These extractions were done side by side, comparing the GeneReach DNA/RNA extraction kit
for an automated magnetic bead extraction on either the Taco Mini (tm0057, GeneReach
Biotechnology Corp., Taichung City, Taiwan) or the Biosprint 96 (Qiagen) to a silica-based
membrane and microspin technology (Qiagen RNeasy Mini Kit, Hilden, Germany) with
modifications for column extraction. One hundred pul of lysate was used throughout with the

exception of a small additional experiment in which bead extraction with 200 pl lysate was
examined. All FFT RT-qPCR results were from prior studies!®>11:162 Universally, this FFT NA
was purified using the magnetic-bead capture MagMAX-96 total RNA Isolation kit (Life
Technologies, NY, USA) as described previously'.

Real time PCR (RT-qPCR)

RVFV Multiplex Reverse Transcriptase Real Time PCR (RT-qPCR) on FFT was
performed as described previously (Wilson et al., 2013). Briefly, the L, M, and S segments were
detected using AgPath RT-qPCR mix on the Stratagene MX300P thermocycler (Agilent
Technologies, Inc., CA, USA)!3>161.162 The FFPET RT-qPCR used gScript XLT 1-Step RT-
qPCR ToughMix (Quanta BioSciences Inc., Massachusetts, USA) on the Biorad CFX
thermocycler (CFX96 Optics Module, Bio-Rad Laboratories Inc., CA, USA). The thermocycler
conditions were: 50°C for 20 min, 95°C for 5 min, 95°C for 10 sec, 60°C for 1 min followed by
45 cycles of 95°C for 10 sec.

Limit of Detection and RNA Copy Number Determination

Ten-fold serial dilutions of quantitated RVFV L, M, and S in vitro transcribed (IVT)

RNA were used to generate an eight-point standard curve using three PCR well replicates per
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dilution. Additionally, similar standard curve data for viral RNA was considered in
determination of thresholds (Trujillo et al., unpublished). For FFPET RT-qPCR, an individual
PCR replicate was considered positive if its threshold cycle (Ct) was < 38. This Ct cut-off of 38
corresponded with the desired 50% limit of detection (LOD50)!'% as determined by the
aforementioned standard curve results.

For all FFPET RT-qPCR, three replicates for each sample were run in multiplex. Each
gene was reported as positive, if at least 2/3 PCR replicates had a Ct <38 and suspect if 1/3 PCR
replicates had a Ct < 38 or at least 2/3 PCR replicates had a Ct >38. The samples were
categorized as positive if at least 2/3 genes were positive. The samples were categorized as
suspect if 1/3 genes were positive or if any genes were suspect. We also always included an
extraction negative control and 10% of each plate consisted of no template control in order to
evaluate the true negative RT-qPCR results in the study.

Gene copy number (CN) was calculated using IVT RNA standard curves for each gene
segment. The RVFV CN for all positive genes was mathematically determined using the formula
y=mx+b where x= copy number, y= the PCR-determined mean threshold cycle (Ct) for each
gene segment, m is the slope of the standard curve and b is the y axis intercept!®s. CN was
expressed as log base 10 for each of the gene segments. Mean increases in CN for sheep and
cattle samples were determined by taking the difference in CN for each gene segments followed
by overall average estimation and then converted to log base 10.

Histopathology

In prior published studies, hematoxylin and eosin (H&E) stained liver tissues of cattle!®!

155,162

and sheep were examined microscopically and semiquantitatively scored from 0 to 4, where

0=no lesions attributable to Rift Valley fever virus; 1=multifocal, mid-zonal to central foci of
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lymphohistiocytic inflammation with lesser numbers of plasma cells and occasional single
hepatocyte apoptosis; 2=multifocal, 1-2 mm areas of mid-zonal to central lymphohistiocytic
inflammation frequently with central necrosis shifting inflammation to predominantly
neutrophils, less than 5% of examined parenchyma involved; 3=as prior but more severe necrotic
lesions involving up to 15% of hepatic tissue reviewed, additionally present is scattered
hepatocyte apoptosis; 4=greater than 15% of the parenchyma is necrotic and severe multifocal
hemorrhage is also present. Lesions attributable to RVFV observed in other tissues were
described!®>:161:162 The data from these previous studies was referenced for comparison in this
study.
Immunohistochemistry

Prior IHC result were used for all liver samples, both cattle and sheep, as well as all non-
liver sheep samples!>>161:162 For all non-liver cattle samples, IHC was performed de novo for
this research. For all THC four-five-um thick tissue sections placed on positively-charged slides
were deparaffinized using xylenes, rehydrated in graded alcohols (100%-70%) to distilled water,
antigen retrieved using sodium citrate buffer (pH 6.0) in a vegetable steamer for 20 min and
cooled for 15 min at room temperature. Unless otherwise noted, tissues were washed in Tris-
buffered saline with 0.01% tween-20 added between each step. Tissues were blocked with 3%
hydrogen peroxide diluted in distilled water and 5% secondary antibody matched serum for 10
and 30 min respectively. In the prior studies, for the detection of RVFV nucleoprotein in cattle
liver!'®! and all sheep!>>!6 tissues, rabbit polyclonal anti-RVFV nucleoprotein antibody’® was
diluted 1:500-1:1000 in Dako antibody diluent (S3022, Dako, Agilent, Santa Clara, US) and
incubated with the tissues at 4°C overnight. In contrast, for the detection of RVFV nucleoprotein

antigen in all non-liver cattle tissues, a mouse monoclonal anti-RVFV nucleoprotein antibody
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(MAB240P, Maine Biotechnology Services, Portland, USA) diluted 1:500 in Dako antibody
diluent (S3022, Dako, Agilent) was used and incubated overnight at 4°C. After primary antibody
incubations, a matched secondary and avidin-biotin complex detection reagents were applied per
manufacturer’s instructions, Vectastain Elite ABC kits (PK6101 and PK6102, VL), 3,3’
Diaminobenzidine (DAB) (VL) chromogen was applied, slides were washed with distilled water
and Mayer’s hematoxylin (Electron Microscopy Sciences (EMS), PA, USA) counterstain was
applied. The slides were dehydrated and mounted with Permount (EMS). All IHC, both prior
studies and this one, was conducted in the same laboratory and historically, IHC with the anti-
RVFV nucleoprotein rabbit polyclonal has yielded equivalent positive/negative results to IHC
with the monoclonal.

RVFYV viral antigen IHC was semi-quantitatively scored similarly in both sheep and
cattle liver from 0 to 3, where O=no positive labeling; 1=single cell to scattered multifocal
cytoplasmic hepatocyte signal; 2=up to 10% of hepatic parenchyma is positive for RVFV
antigen; 3=as prior but more extensive, greater than 10% of liver tissue reviewed. While non-

liver tissues were called positive/negative for viral antigen. Prior study data!33:161.162

were
referenced here and the same scoring system was applied to additional IHC conducted
specifically for this study. In this way, new IHC results were normalized to referenced results.
The same veterinary pathologist read the histopathology and IHC for all studies. Images were
captured with a DP27 camera (Olympus, Tokyo, Japan) on a BX46 light microscope (Olympus)
using CellSens Standard Version 1.16 (Olympus). All microscopic images were further color
calibrated using ChromaCal software ver 2.5 (Datacolor Inc., Lawrenceville, NJ, USA) as per the

manufacturer’s instructions and the figure panels were composed in Adobe Photoshop and

InDesign CC 2018 (Adobe, CA, USA).

26



Analysis

Mean Ct values and standard deviations for FFPET RT-qPCR results were calculated.
Inter-assay variability was determined by calculating the percentage of coefficient of variation
(CV=standard deviation/mean) using mean Ct value from RT-qPCR. Two samples (4 aliquots of
sample #17 and 9 aliquots of sample #19) with different Ct values were used to test the inter-
assay variability during extraction of RNA. The testing of each individual aliquot was done on a
separate day by the same operator. The sensitivity of the test was calculated using the formula;
TP/(TP+FN) and specificity as TN/(TN+FP), where TP is the number of true positives; FN is the
number of false negatives, TN is the number of true negatives, and FP is the number of false
positives. All the descriptive statistics were generated using Microsoft Excel 2007 unless stated
otherwise.

Cohen’s Kappa statistic and McNemar’s test for paired data were used to determine the
agreement beyond due to chance and test the proportion of positive results obtained between the
IHC, FFT RT-qPCR and FFPET RT-qPCR tests respectively. The scale of Landis and Koch!¢’
was used to interpret the agreement between tests, as follows: <0 poor agreement, 0.01 to 0.2
slight, 0.21 to 0.40 fair, 0.41 to 0.6 moderate, 0.61 to 0.80 substantial and 0.81 to 1.0 almost
perfect agreement. A non-significant McNemar’s test (P < 0.05) indicates there is little evidence
that the proportion of positives differs between tests'®s. We analyzed these data using STATA 12

software (StataCorp LP, Texas, USA).
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Results
Assay specificity

The specificity of the FFPET RT-qPCR assay for both the spin column extraction and
magnetic bead extraction were determined to be 100% (95% CI = 95.6 -100%) using known
RVFV negative FFPET cattle, sheep, and goat samples.

Sensitivity of FFPET RT-qPCR compared to FFT RT-qPCR

We used archival results for 29 FFT RT-qPCR positive samples (sheep=13 and
cattle=16)!53161.162 for the qualitative comparison of RVFV RNA detection by FFPET RT-qPCR
to FFT RT-qPCR. As seen prior with FFT RT-qPCR, FFPET RT-qPCR readily detected viral
RNA in day 3 post-inoculation infected (earliest time-point available) sheep and cattle tissues.
Both techniques performed similarly well on late post-inoculation time-points. The sensitivity of
detection of RVFV RNA by FFPET RT-qPCR in comparison to FFT RT-qPCR for the sheep
samples was 100% (95% CI, 75.3-100%) (Table 2.2). However, for cattle samples the sensitivity
was only 75% (95% Cl, 47.6-92.7%) (Table 2.3). Out of the 16 cattle samples that were positive
by FFT, 3 samples #25, #28, #41 were suspect, and a sample #30 was negative by FFPET RT-
qPCR.
Effect of increasing the lysate volume

In order to examine if increasing the lysate volume used in the FFPET bead extraction
step would increase assay sensitivity, the aforementioned negative and suspect samples (Table
2.3) were run with 7 other diverse result (positive, suspect, and negative) cattle and sheep
samples. Overall, increasing the volume from 100 to 200 ul of FFPET lysate increased the

sensitivity of detection of RVFV RNA from 36.4% to 54.5%. Two originally suspect samples
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#25, #38 were detected as positive and two originally negative samples #30, #39 changed to
suspect (Table 2.4).

FFPET RT-qPCR detection of RVFV RNA in comparison to IHC and

histopathology

FFPET RT-qPCR results were compared to IHC results for 20 liver and 23 non-liver
FFPET samples. The overall sensitivity of detection of RVFV RNA by FFPET RT-qPCR in
comparison to IHC was 89.5% (95% CI, 75.2-97.1%). For all the liver tissues (sheep and cattle),
the sensitivity of detection of RVFV RNA by FFPET RT-qPCR in comparison to IHC was 100%
(95% CI, 80.5-100%) (Table 2.5). For an IHC score of 2, on average FFPET RT-qPCR Ct values
were 26.7, 27.3, 28.6 with standard deviations of 3.7, 3.8, 4.3 for the L, M and S respectively.
For an THC score of 3, average Ct values were 21.3, 21.6, 23.5 with standard deviations of 2.1,
2.2,2.2 for L, M and S respectively. As would be predicted, the average Ct value for each gene
segment decreases with an increase in IHC score. When FFPET RT-qPCR detection of RVFV
RNA for all liver samples was compared to histopathology results, there were only 3 inconsistent
samples #30, #39, #40 (Table 2.5). All of these were negative for viral antigen by IHC (score=0)
and two, #39 and #40, scored a 1 for histopathology, while #30 scored a 2.

The sensitivity of detection of RVFV RNA by FFPET RT-qPCR in comparison to IHC
for all the non-liver tissues (sheep and cattle) was 80.9% (95% CI, 58.1-94.6%). The non-liver
FFPET RT-qPCR and IHC results correlated with the exception of six samples: #4, #25, #28,
#29, #38, and #41 (Table 2.6). Four of these samples (#25, #28, #29, #38) were suspect by
FFPET RT-qPCR but positive by IHC and samples #4 and #41 were suspect by FFPET RT-
qPCR and negative by IHC. As mentioned prior, when the lysate volume was increased, 2 of

these samples (#25 and #38) became FFPET RT-qPCR positive. Spleen sample #28 and kidney
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sample #29, both positive by IHC, were from a single 4 days post-infection SAO1 infected calf
for whom the liver histopathology score was a 2 but no viral antigen was detected by IHC. Scant
viral antigen was seen in the spleen and only present in focal pathology in the kidney.
Comparison of the automated magnetic bead and spin column extractions from
FFPET

Positive/negative determination for the detection of RVFV RNA from FFPET with both
extraction methods was similar (Table 2.7 and 2.8). Out of the 43 samples, results differed for
three samples (#4, #25, and #40). Spleen sample #25, positive by FFT RT-qPCR with Ct range
of 29 to 34, was detected positive by FFPET column extraction but suspect by bead extraction.
Interestingly, while sample #4 was negative by column extraction it was suspect by bead
extraction. Sample #40 was suspect by column extraction but negative by bead extraction. An
increase in CN for L, M and S segments for both sheep and cattle samples was observed for
column compared to bead extraction (Table 2.7 and 2.8). On average, for sheep samples, there
were 5.9, 5.7, 6.9 log increases in CN for the L, M and S segments respectively. Similarly, for
cattle samples, 5.6, 5.3, 5.9 log increases were observed for the L, M and S segments
respectively.
Inter-assay variability during extraction of RVFV RNA

Samples #17 and #19 (both sheep spleen), used to determine the inter-assay variability,
were strongly positive by FFPET RT-qPCR (19-22 Ct) and also positive by IHC and FFT RT-
qPCR. The CVs for the L, M, and S segments of sample #17 were 6%, 6%, 8% respectively
(Table 2.9). Similarly, the CVs for L, M, and S segments of sample #19 were 7%, 6%, 6%

respectively (Table 2.9).
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Agreement between the tests

Statistical analyses using McNemar’s test showed no significant difference (P >0.05)
between the positive proportions of IHC, FFPET RT-qPCR using bead extraction and column

extraction and FFT RT-qPCR using bead extraction methods'®®

. The extent of agreement
between the tests beyond chance was considered moderate to almost perfect between these tests
(IHC, FFPET RT-qPCR using bead and column extraction, and FFT RT-qPCR) according to the
Landis and Koch scale (from 0.52 to 0.93) (Table 2.10). Substantial agreement was observed
between FFPET RT-qPCR for both bead and column extraction methods when each of them

were compared with FFT RT-qPCR using bead extraction method (k>0.6).

Discussion

Here we report the first successful application of formalin-fixed, paraffin-embedded
tissues (FFPET) RT-qPCR for the detection of RVFV. Use of FFPET as the specimen for
molecular analysis is challenging and has not been extensively used in virology in comparison to
fresh and frozen tissues. Due to the low quality of the nucleic acid (NA) typically extracted from
the FFPET!®, its use for molecular detection of pathogen RNA is under-investigated. In a
previous RVFV study, Mubemba et al. attempted to amplify a 490-nucleotide sequence within
the Gn gene of RVFV from FFPET using conventional and real-time PCR methods but were
unsuccessful'>’, In contrast, our study using FFPET from cattle and sheep experimentally
infected with RVFV demonstrates that RVFV RNA (L, M, and S gene segments) can be detected
using RT-qPCR.

The quality and quantity of RNA extracted from FFPET depends on several factors
including fixation process and its duration, embedding, storage time and conditions, and

optimization of methodologies!*’-!4°. Extraction of useable RNA from FFPET is challenging due
p g g
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to formalin’s chemical modification of nucleic acids, which includes both protein-NA cross-
linking as well as NA fragmentation. However, several studies have shown that protocol
optimization improves RNA yields from FFPET 43149170 Here, we doubled the volume of
FFPET lysate used for extraction to increase the sensitivity of detection of RVFV RNA. Two
samples originally reported as negative on FFPET RT-qPCR became suspects and another two
samples originally reported as suspects on FFPET RT-qPCR became positive with this increase
in lysate volume (Table 2.4). Further protocol optimizations may yield even better results,
particularly for cattle.

While our comparison of RVFV RNA detection from FFPET and FFT showed that the
sensitivity of detection of FFPET RT-qPCR was 100% for sheep samples, the sensitivity
decreased to 75% for the cattle samples. Out of the 16 cattle samples, 3 spleens (#25, #28, and
#41) were suspect, and liver sample #30 was negative by FFPET RT-qPCR (Table 2.3). All were
infected with SA01. Sample #30, not detected by FFPET RT-qPCR was also negative for RVFV
antigen by IHC but positive by FFT RT-qPCR. Consequently, a plausible explanation for this
negative FFPET RT-qPCR result lies in the sampling process. The FFT RT-qPCR was run on a
separate frozen sample whereas IHC was run on same FFPET tissue block as FFPET RT-qPCR.
RVFYV causes multifocal lesions in tissues. This leads to a heterogeneous distribution of the virus
in tissue samples. Therefore, considering that both the FFPET RT-qPCR and IHC results on the
same sample were negative, the formalin-fixed liver sample may conceivably be negative, while
the frozen sample tested by FFT RT-qPCR is positive for a low level of viral RNA (Ct 28.8-
33.1). Cattle spleen sample #38 infected with Ken06, which was negative by FFT RT-qPCR but
positive by IHC and FFPET RT-qPCR when 200 pl of lysate was run, could be an inverse

example of this sampling disparity.
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The three spleen samples (#25, #28, and #41) had FFT RT-qPCR Ct values ranging from
29 to 35 for all three gene segments. In general, samples with lower levels of viral RNA are more
difficult to recover from FFPET as the yield of viral RNA from FFPET is lower than that for
fresh tissues'’!. Additionally, the RT-qPCR method has a limit of detection between 10 and 100
genome copies'® for RVFV RNA. Thus, low viral copy number could have affected the
sensitivity of detection of RVFV RNA from FFPET. However, since this was not the case for
corresponding SA01 infected liver (Table 2.3), the tissue type must be considered further. The
spleen is a morphologically complex organ with extensions of the collagenous fibers and
lymphoid follicles, which could have affected the recovery of RNA during the process. When
these 3 suspect samples were re-run with increased lysate volume, one of them was detected as
positive. In general, when further optimization of a protocol is conducted, the species, virus
strain, and tissue type all need to be considered as their differences can affect the assay’s
detection sensitivity.

A combination of IHC and histopathology is the accepted tissue-based confirmatory test
of choice for RVFV”7. While the semi-quantitative liver IHC scores were consistent with FFPET
RT-qPCR results (Table 2.5), in that the average Ct value for each gene segment decreased with
an increase in IHC score, the histopathology results were not as well correlated. Semi-
quantitative liver histopathology to FFPET RT-qPCR detection of RVFV RNA showed
consistent results with the exception of 3 samples: #30, #39, #40 (Table 2.5). However, all these
samples were viral antigen negative on IHC and the mild histopathology was attributed to non-
RVFV related causes for #39 and #40'%!, Background inflammation due to other etiologies has
been observed in the cattle and sheep used on research studies because these animals are sourced

on the open market, not raised for research purposes'®!.
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Interestingly, #31, is another piece of liver tissue from the same SA01, 4 days post-
infection calf as #30, which was positive by all assays including FFPET RT-qPCR. Whereas
#31scored a 3 on histopathology, #30 only scored a 2 and although it had necrosis lesions typical
of RVFYV infection, it had far fewer with less than 5% of the hepatic parenchyma involved.
Therefore, although this animal was definitely infected with RVFV as validated by serum titers

161 and had RVF related lesions in this tissue and others, there was no viral

at earlier time-points
antigen or viral RNA detected in this FFPET sample. This does not exclude the possibility of low
levels of viral antigen or RNA being present. They were simply consistently outside the
detection range of IHC and FFPET RT-qPCR. This highlights the need to collect multiple
samples from individual animals as well as the importance of the limits of detection of our
assays, something that might be overcome with a more sensitive assay technology or further
assay optimization.

When FFPET RT-qPCR and IHC was compared, the sensitivity of detection of RVFV
RNA by FFPET RT-qPCR was 80.9% for all non-liver samples. As per Table 2.6, FFPET IHC
and PCR also correlated well for all but 6 of the 23 non-liver samples (#4, #25, #28, #29, #38,
and #41). Samples #4 and #29 were kidney and the rest of the samples were spleen. IHC positive
samples #25 and #38, as discussed prior, became FFPET RT-qPCR positive with use of
increased volumes of lysate (Table 2.4). Interestingly, kidney sample #4, which was suspect on
FFPET RT-qPCR and negative on IHC, actually had been run twice by IHC because on one run
there was a rare signal in scattered glomeruli. This signal disappeared on the next block
sectioning for IHC. This animal was also at 10 days post-infection when euthanized, which is a

late time-point in the disease course, a time when animals that have survived the acute disease

are typically no longer positive for viral antigen by IHC. Therefore, this remains a suspect
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sample, a category not used for IHC results, for which these borderline samples were
conservatively called negative. If it is instead a limitation of IHC’s sensitivity, FFPET in situ
hybridization for the detection of RVFV RNA, a potentially more sensitive assay, might be used
to resolve the discrepancy. However, it could also be that there is residual viral RNA in the
tissues, but the proteins are no longer present!’2. It is beyond the scope of the immediate study to
further examine this phenomenon. Spleen sample #41 as discussed earlier has particularly low
viral RNA, so a negative IHC result was unsurprising. The remaining discrepant samples (#28
and #29), spleen and kidney respectively from the SA01 infected calf with one liver sample
negative for both viral antigen and RNA (#30) and a second viral antigen and RNA positive
(#31), as discussed earlier, provides a good example of a lightly infected animal yielding a
diversity of reads due to absence of virus in some tissue samples.

Several studies have been conducted to compare commercially available automated and
manual NA extraction methods from FFPET!”3-173, Our study had similar results for both the
bead and column extraction methods using 100 pl lysate for the positive/negative determination
of RVFV RNA in the sample. Out of 43 sheep and cattle samples, only 3 samples (#4, #25, and
#40) had inconsistent results. (Table 2.7 and 2.8). Sample #4, negative by column extraction but
suspect by bead extraction, as already discussed, was a late time-point (10 days post-infection)
sample with no viral antigen detected by IHC. Sample #25 was positive by column extraction but
suspect by bead extraction initially. Increasing the lysate resolved this discrepancy (Table 2.4),
indicating that low viral RNA was the likely cause. Sample #40, which was suspect by column
extraction but negative by bead extraction was also negative by IHC and FFT RT-qPCR.
Interestingly, sample #39, which is a second liver section from this KENO06 5 days post-infection

calf, was negative for RVFV by all detection assays. However, these were the two tissues (#39
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and #40) that scored a 1 on histopathology. Thus, while this sample is likely negative, it is not
outside the realm of possibility that its viral antigen and RNA levels are lower than the current
limits of detection of our assays.

Although studies have shown that using high throughput methods such as magnetic bead-
based extraction methods results in high yield, reproducibility, and quantity of RNA from
FFPET!7>173 we observed higher copy numbers of viral RNA using column extraction in
comparison to bead extraction. Consequently, the lowest-copy number nucleic acid targets may
be lost during automated nucleic acid extraction, resulting in lesser sensitivity!’¢. Ali, et al., 2017
also reported that use of bead extraction methods can cause interference during PCR!7®, Despite
this concern, overall the positive/negative determination was similar for both methods.
Therefore, an automated NA extraction process, which is easy, rapid, and economic'®’, could be
a method of choice for detection of RVFV RNA from FFPET in comparison to the laborious
manual spin column extraction process, particularly when low viral copy number is of lesser
concern.

A consistent result from the same sample that is tested repeatedly is an important feature
of a diagnostic test. The FFPET RT-qPCR test has an adequate repeatability (CV < 10%) for the
Ct of each gene of RVFV RNA, which means the degree of variability of the data is less that
10%. We observed substantial agreement (k=0.6-0.67) between FFPET RT-qPCR for both bead
and column extraction method when each of them were compared with FFT RT-qPCR using
bead extraction method'®’. The substantial agreement between FFPET RT-qPCR and FFT RT-
qPCR demonstrates that FFPET RT-qPCR can be used as an alternative technique for the
detection of RVFV RNA. Moreover, it could be a valuable technique for retrospective studies

using archival FFPET.
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There were multiple limitations to our study. First, limited cross-reactivity tests were
performed due to lack of availability of samples from animals exposed to a virus similar to
RVFV. Only a small number of Schmallenberg virus positive samples were used to test the
cross-reactivity and although Schmallenberg is a member of order Bunyavirales it is not an
RVFV near neighbor. Second, no field samples from an RVFV endemic region were available to
include in the study. Therefore, along with further cross-reactivity testing, validation testing with
field samples from a RVFV endemic region should be conducted. Field samples are crucial for
validation of a diagnostic test because the diagnostic sensitivity, specificity and kappa are
affected by prevalence. Third, RVFV is a Select Agent in the US and research with virulent
strains must be conducted in biosafety level 3 agriculture (BSL-3Ag) biocontainment facilities.
This restricted the number of experimental samples that were available for this study.

Recovery of NA and determination of the presence of infectious agent from FFPET is a
multi-step process. Successful extraction and detection require a standardized protocol for all
steps: (1) deparaffinization, (2) NA extraction, and (3) RT-qPCR. No protocol for successful
recovery of RVFV RNA from FFPET has been developed. Here, we developed a method for the
detection of RVFV RNA from FFPET using a commercially available deparaffinization solution,
rapid and easy bead extraction and an RVFV multiplex PCR validated on fresh and frozen
tissues!>2. Amplifiable RVFV can be recovered from FFPET. This method could be used for
confirmatory testing of suspected RVFV-infected formalin-fixed (paraffin-embedded) tissues
and can be conducted outside of BSL-3. Furthermore, with additional analysis of quality and
consequent method optimization, this technique might also be useful for retrospective research

using next generation sequencing.
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RVFV

Species . Number of samples Reference
strain
SAO01 1
Sheep KENOG 7 Faburay et al., 2016a, Faburay et al., 2016b
SAO01 8
Cattle KENO06 12 Wilson and Davis et al., 2016

Table 2.1 Tissue sample sets from RVFYV exposed animals
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FORMALIN-FIXED

SHEEP PARAFFIN-EMBEDDED FRESH FROZEN RT-qPCR
RT-qPCR
SAMPLE  VIRUS  TISSUE L (Ct) M(Ct) S(Ct) RESULT L (Ct M(Ct) S(Ct) RESULT
3 liver 18.5 18.5 21.1 POS 16.0 21.6 17.1 POS
6 liver 19.3 19.5 22.1 POS 16.0 21.6 17.1 POS
11 liver 23.8 23.8 25.9 POS 19.8 24.9 20.5 POS
12 liver 23.5 23.7 26.2 POS 19.8 24.9 20.5 POS
42 liver 25.2 25.1 27.4 POS 12.2 17.0 13.2 POS
43 liver 22.1 22.7 24.2 POS 26.2 27.4 23.9 POS
5a KENO06 liver 21.0 21.0 24.0 POS 22.0 21.0 19.0 POS
5 liver 21.7 21.5 23.6 POS 21.2 22.4 19.6 POS
21 liver 17.7 18.1 19.1 POS 17.5 18.4 15.9 POS
7 spleen 23.0 22.4 243 POS 17.5 22.0 17.2 POS
13 spleen 26.4 25.3 26.9 POS 21.4 26.0 21.8 POS
17 spleen 21.5 21.0 22.0 POS 18.1 23.0 18.0 POS
19 spleen 20.0 19.8 19.7 POS 20.0 20.0 16.3 POS
1 SA01 liver 30.4 30.9 33.7 POS 242 28.9 25.8 POS
la liver 29.0 30.0 30.0 POS 24.0 28.0 25.0 POS

Table 2.2 Evaluation of FFPET RT-qPCR using known positive sheep samples by FFT RT-qPCR
FFT RT-qPCR are archival data (Table 2.1); 5a and 1a are replicate samples of sample 5 and 1 respectively; RVFV gene

segments: L: large, M: medium, S: small. Key: POS: positive, at least 2/3 genes Ct <38
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CATTLE FORMALIN-FIXED PARAFFIN- FRESH FROZEN
EMBEDDED RT-qPCR RT-qPCR
SAMPLE  y1RUs  TISSUE L(Ct) M(Ct) S(CH) RESULT L(Ct) M(Ct) S(C RESULT
23 liver 21.4 22.0 22.5 POS 17.9 23.9 19.5 POS
24 liver 21.3 222 22.7 POS 17.9 23.9 19.5 POS
35 liver 21.5 21.8 23.3 POS 16.6 21.3 16.7 POS
36 liver 20.4 20.7 21.6 POS 16.6 21.3 16.7 POS
37 liver 20.5 20.8 22.6 POS 16.6 21.3 16.7 POS
37a KENO06  liver 22.0 24.0 24.0 POS 16.0 21.0 16.0 POS
22 spleen 28.0 28.1 28.6 POS 23.1 27.9 22.0 POS
32 spleen 20.8 20.5 21.8 POS 20.4 24.8 19.3 POS
33 kidney 23.8 24.1 23.9 POS 21.1 26.1 20.7 POS
34 kidney 229 229 23.1 POS 21.1 26.1 20.7 POS
26 liver 27.9 28.5 30.4 POS 274 32.7 28.4 POS
27 liver 28.2 28.8 30.7 POS 27.4 32.7 28.4 POS
27a liver 29.0 29.0 30.0 POS 27.0 32.0 28.0 POS
31 liver 32.6 31.7 34.4 POS 28.8 33.1 28.8 POS
31a gaop  liver 30.0 29.0 30.0 POS 28.0 33.0 28.0 POS
30 liver ND ND ND NEG 28.8 33.1 28.8 POS
25 spleen ND 36.7 ND SUS 29.0 34.2 29.0 POS
28 spleen ND 36.2 ND SUS 30.8 38.5 29.8 POS
41 spleen ND SUS ND SUS 31.6 33.8 30.3 POS

Table 2.3 Evaluation of FFPET RT-qPCR using known positive cattle samples by FFT RT-qPCR

FFT RT-qPCR are archival data (Table 2.1); Samples 37a, 31a, 27a are replicate samples; RVFV gene segments: L: large, M:

medium, S: small. Key: ND= not detected Ct >38; POS: positive, at least 2/3 genes < Ct 38; SUS: suspect for sample, 1/3 genes < Ct

38 or at least 1/3 genes reported as suspect; NEG: negative, 3/3 genes > Ct 38

41



FORMALIN-FIXED-PARAFFIN-EMBEDDED RT-qPCR

BEAD EXTRACTION BEAD EXTRACTION
SAMPLE HOST VIRUS TISSUE (1x volume of lysate) (2x volume of lysate)
L(CN) M(CN) S(CN) RESULT L(CN) M(CN) S(CN) RESULT

30 SA01 liver ND ND ND NEG ND 18 ND SUS
31 SA01 liver 85 179 1 POS 47 1,061 12 POS
39 KENO06 liver ND ND ND NEG ND ND SUS SUS
25 SA01 spleen ND 16 ND SUS ND 121 2 POS
28 cattle g 01 spleen ND 1 ND SUS ND 44 ND SUS
38 KENO06 spleen ND SUS ND SUS 8 64 SUS POS
41 SA01 spleen ND SUS ND SUS ND SUS SUS SUS
29 SA01 kidney ND 298 ND SUS ND ND SUS SUS

1 SA01 liver 392 307 2 POS 297 365 16 POS
10 sheep  KENO06 lung 1,022 2657 5 POS 586 1,272 37 POS
14 KENO06 lymph node 12 1686 ND POS 415 964 25 POS

%Positive: 36.4% %Positive: 54.5%

Table 2.4 Evaluation of sensitivity of FFPET RT-qPCR in samples with low copy number
RVFV gene segments: L: large, M: medium, S: small; Key: CN: copy number; NT= not tested; ND= not detected, POS:

positive; SUS: suspect; NEG: negative
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FORMALIN-FIXED PARAFFIN-

SAMPLE  HOST VIRUS EMBEDDED RT-qPCR Scljre slc};f;
L (Ct) M (Ct) S (CoH RESULT
23 KENO6 214 22.0 22.5 POS 3 2
24 KENO06 213 222 22.7 POS 3 2
35 KENO06 21.5 21.8 23.3 POS 4 3
36 KENO06 20.4 20.7 21.6 POS 4 3
37 KENO06 20.5 20.8 22.6 POS 4 3
37a KENO06 22.0 24.0 24.0 POS 4 3
39 l KENO06 ND ND ND NEG 1 0
40 cattie KEN06 ND ND ND NEG 1 0
26 SA01 27.9 28.5 30.4 POS 3 2
27 SA01 28.2 28.8 30.7 POS 3 2
27a SA01 29.0 29.0 30.0 POS 3 2
31 SA01 32.6 31.7 34.4 POS 3 1
3la SA01 30.0 29.0 30.0 POS 3 1
30 SA01 ND ND ND NEG 2 0
3 KENO06 18.5 18.5 21.1 POS 4 3
5 KENO06 21.7 21.5 23.6 POS 3 3
6 KENO06 19.3 19.5 22.1 POS 4 3
11 KENO06 23.8 23.8 25.9 POS 4 3
12 KENO06 23.5 23.7 26.2 POS 4 3
21 N KENO06 17.7 18.1 19.1 POS 4 3
42 Sneep KENO06 25.2 25.1 27.4 POS 4 3
43 KENO06 22.1 22.7 24.2 POS 3 3
5a KENO06 21.0 21.0 24.0 POS 3 3
la SA01 29.0 30.0 30.0 POS 3 2
1 SA01 30.4 30.9 33.7 POS 3 2

Table 2.5 Comparison of FFPET RT-qPCR detection of RVFV RNA in liver samples with histopathology and

immunohistochemistry

43



H score is the histopathology score on a scale of 0 to 4. Similarly, IHC score is the anti-RVFV immunohistochemitry (IHC)
result on a scale of 0, no detection of viral antigen, to 3, most extensive presence viral antigen. The H score and IHC score is
explained in materials and method section. Samples 1a, 5a, 31a, 37a, 27a are replicate samples, H score for cattle and sheep along with
IHC score for sheep are archival data (Table 2.1); RVFV gene segments: L: large, M: medium, S: small. Key: ND: not detected; POS:

positive, at least 2/3 genes < Ct 38; NEG: negative, 3/3 genes > Ct 38

44



SAMPLE HOST VIRUS TISSUE FORMALIN-FIXED PARAFFIN- IHC
EMBEDDED RT-qPCR

L (Ct) M (Ct) S (Ct) RESULT

33 KENO06 kidney 23.8 24.1 23.9 POS POS
34 KENO06 kidney 22.9 22.9 23.1 POS POS
29 SAO01 kidney ND 30.9 ND SUS POS
22 KENO06 spleen 28.0 28.1 28.6 POS POS
32 cattle KENO06 spleen 20.8 20.5 21.8 POS POS
38 KENO06 spleen ND SUS ND SUS POS
25 SAO01 spleen ND 36.7 ND SUS POS
28 SAO01 spleen ND 36.2 ND SUS POS
41 SAO01 spleen ND SUS ND SUS NEG

4 KENO06 kidney ND 33.9 ND SUS NEG

9 KENO06 kidney 27.3 27.0 29.0 POS POS
15 KENO06 kidney 27.8 26.5 26.9 POS POS
18 KENO06 kidney 223 23.1 234 POS POS
20 KENO06 kidney 24.1 24.6 24.7 POS POS

8 KENO0O6 lymph node 24.4 24 25.8 POS POS
14 h KENO06 lymph node 35.5 28.4 ND POS POS

2 sheep KEN06 lung 23.3 23.1 24.2 POS POS
10 KENO06 lung 29.0 27.7 32.6 POS POS
16 KENO06 lung 22.6 22.9 21.7 POS POS

7 KENO06 spleen 23.0 224 243 POS POS
13 KENO06 spleen 26.4 253 26.9 POS POS
17 KENO06 spleen 21.5 21.0 22.0 POS POS
19 KENO06 spleen 20.0 19.8 19.7 POS POS

Table 2.6 Comparison of FFPET RT-qPCR detection of RVFV RNA with immunohistochemistry

IHC is the anti-RVFV immunohistochemistry; POS: positive, detection of viral antigen; NEG: negative, no detection of viral

antigen. IHC score for sheep and cattle are archival data (Table 2.1); RVFV gene segments: L: large, M: medium, S: small. Key: NT=
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not tested; ND= not detected Ct >38; POS: positive, at least 2/3 genes < Ct 38; SUS: suspect for sample, 1/3 genes < Ct 38 or at least

1/3 genes reported as suspect; NEG: negative, 3/3 genes > Ct 38
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FORMALIN-FIXED-PARAFFIN-EMBEDDED RT-qPCR

SAMPLE ;];l::i?N TISSUE BEAD EXTRACTION COLUMN EXTRACTION

L (CN) M (CN) S (CN) L (CN) M (CN) S (CN)

5 KENO6  liver 5.2 5.2 4.7 5.8 5.8 6.0
21 KENO6  liver 6.4 6.2 6.7 7.0 6.8 7.9
43 KENO6  liver 5.1 4.9 4.4 5.7 5.6 5.6
3 KENO6  liver 6.2 6.1 5.8 53 5.1 4.6
6 KENO6  liver 5.9 5.8 5.4 6.7 6.5 7.1
11 KENO6  liver 4.6 4.6 3.7 4.9 4.7 4.1
12 KENO6  liver 4.7 4.6 3.6 5.0 4.9 4.4
42 KENO6  liver 4.2 4.2 3.0 4.8 4.7 3.9
19 KENO6 spleen 5.7 5.7 6.4 6.5 6.5 7.9
7 KENO6 spleen 4.8 5.0 4.4 4.9 4.9 4.7
13 KENO6  spleen 3.8 4.1 3.2 4.0 4.1 3.5
17 KENO06 spleen 53 54 54 6.0 6.1 6.6
8 KENO06 lymph node 4.4 4.5 3.7 4.5 4.5 4.2
14 KENO06 lymph node 1.1 3.2 ND 3.8 3.9 3.6
20 KENO6  kidney 4.5 4.3 4.2 5.2 5.1 5.8
4 KENO06 kidney ND 1.6 ND ND ND ND
9 KENO6  kidney 3.5 3.6 2.3 3.6 3.8 3.1
15 KENO6  kidney 3.4 3.8 3.2 4.2 4.2 4.3
18 KENO6  kidney 5.1 4.8 4.8 5.8 5.6 6.2
2 KENO6  lung 4.7 4.8 4.4 5.4 53 5.8
10 KENO6  lung 3.0 3.4 0.7 3.9 3.9 2.7
16 KENO6  lung 4.9 4.8 5.5 5.4 5.4 6.4
1 SA01 liver 2.6 2.5 0.2 3.6 3.5 2.2
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Table 2.7 Quantitative comparison of the automated magnetic bead and spin column extractions for the detection of RNA
from infected sheep samples

RVFV gene segments: L: large, M: medium, S: small; Key: CN: copy number expressed as log base 10; ND: not detected
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FORMALIN-FIXED-PARAFFIN-EMBEDDED RT-qPCR

SAMPLE S\;‘III:A}JI?\I TISSUE BEAD EXTRACTION COLUMN EXTRACTION
L(CN) M (CN) S (CN) L(CN) M(CN) S (CN)
23 KENO06 liver 53 5.1 5.2 6.0 5.7 6.2
24 KENO6 liver 53 5.0 5.1 6.1 59 6.5
35 KENO06  liver 53 5.1 4.9 5.6 5.6 54
36 KENO06 liver 5.6 5.5 5.6 6.3 6.2 6.5
37 KENO06 liver 5.6 54 5.1 6.1 59 6.0
39 KENO6 liver ND ND ND ND ND ND
40 KENO6 liver ND ND ND ND 1.4 ND
22 KENO06  spleen 33 33 2.5 3.8 3.7 3.8
32 KENO6  spleen 5.5 5.5 5.5 6.0 5.9 6.4
38 KENO6  spleen ND SUS ND ND 1.6 ND
33 KENO06  kidney 4.6 4.5 4.6 4.9 4.9 5.0
34 KENO6  kidney 4.9 4.8 4.9 54 53 5.6
26 SAO01 liver 34 3.2 1.7 4.1 4.0 3.7
27 SAO01 liver 33 3.1 1.6 3.7 3.5 3.0
30 SAO01 liver ND ND ND ND ND ND
31 SAO01 liver 1.9 23 0.1 2.8 3.0 1.4
25 SA01 spleen ND 1.2 ND ND 2.2 1.0
28 SA01 spleen ND 1.1 ND ND 1.5 ND
41 SA01 spleen ND SUS ND ND SUS ND
29 SAO01 kidney ND 2.5 ND ND 1.5 ND

Table 2.8 Quantitative comparison of the automated magnetic bead and spin column extractions for the detection of RNA
from infected cattle samples



RVFYV gene segments: L: large, M: medium, S: small; Key: CN: copy number expressed as log base 10; ND: not detected, SUS:

suspect
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SAMPLE  TOTAL RUNS RVFV RNA GENE MEAN (Ct) SD CV (%)
SEGMENTS
L 24.76 1.49 6
17 4 M 23.86 1.32 6
S 26.30 2.18 8
L 22.14 1.55 7
19 9 M 21.59 1.32 6
S 22.57 1.27 6

Table 2.9 Inter-assay variability of threshold cycle of RVFV RNA during extraction

RVFV gene segments L: large, M: medium, S: small; SD: standard deviation, CV (%): percentage of co-efficient of variation
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McNemar's test Kappa

Diagnostic Tests Agreement (%) (p-value) (95%CI)
IHC and FFPET RT-qPCR (B) 90.24 0.13 0.54 (0.18-0.93)
[HC and FEPET RT-qPCR (C) 92.68 0.25 0.63 (0.26-1.00)
[HC and FET RT-qPCR (B) 90.62 1.00 0.52 (0.05-0.99)
FFPET RT-qPCR (B) and (C) 97.67 1.00 0.93 (0.79-1.00)
FFPET RT-qPCR(B) and FFT RT-qPCR (B) 87.88 0.13 0.60 (0.27-0.94)
FFPET RT-qPCR (C) and FFT RT-qPCR (B) 90.91 0.25 0.68 (0.35-1.00)

Table 2.10 Agreement between tests

Cohen’s Kappa <0.2 slight agreement; 0.2—0.4 fair agreement; 0.4—0.6 moderate agreement; 0.6—0.8; substantial agreement,
and >0.8 almost perfect agreement. Key: B: bead extraction; C: column extraction, FFPET: Formalin-Fixed Paraffin-Embedded

Tissue; FFT: Fresh Frozen Tissue, [HC: Immunohistochemistry
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Introduction

Rift Valley fever virus (RVFV), a mosquito-borne, zoonotic pathogen, was first
discovered in Kenya in 1930%? and has subsequently been found in several sub-Saharan African
countries®®. The RVFV (order: Bunyavirales; family Phenuiviridae, genus Phlebovirus)'>
primarily affects ruminants, causing high abortion and neonatal mortality rates. Human cases
have been reported with clinical signs and symptoms ranging from mild febrile illness to
encephalitis and hemorrhagic fever that can lead to death.

Outbreaks have been reported beyond the African continent in the Arabian Peninsula!”’
and the wide range of competent vectors® implies a risk for RVFV spread to other non-endemic
countries. Moreover, the introduction of West Nile virus, another arbovirus, into North America
and its ability to endure and survive in new environments!'’® has raised concerns about the
potential for the spread of RVFV and other arboviruses. Thus, research on rapid diagnostic
techniques and implementation of surveillance programs for arboviral pathogens is crucial*!”.

Agar gel immunodiffusion, radioimmunoassay, hemagglutinin inhibition and
complement fixation are traditional serological diagnostic techniques for RVFV that are no
longer used’?. Currently, the virus neutralization test (VNT) and enzyme-linked immunosorbent
assay (ELISA) are commonly used for surveillance and outbreak management’. Although VNT,
specifically the plaque reduction neutralization test (PRNTgo), is considered the reference test, it
is labor-intensive, time consuming, expensive, and requires virus appropriate biocontainment. As
an alternative to VNT, ELISA offers a safe, reliable, and efficient technique for the detection of
antibodies against RVFV. Several ELISA formats have been developed and validated using cell

lysate and purified viral antigens®”?1-24180.181 "However, production and purification of viral

antigens require a biocontainment facility with high production costs and risk of incomplete
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inactivation of the virus'®2. In contrast, recombinant nucleoprotein (recNp) based ELISA does
not require a biocontainment facility for its production or use, thus eliminates the human risk
associated with diagnostics®®. Additionally, nucleocapsid protein is a highly immunogenic and
abundant viral component!83:184, Several ELISAs based on recNP have been developed and
used®®185-188 Thyg, recNp is a suitable diagnostic antigen for ELISA. Along with being non-
infectious and stable, recNp is easier, cheaper, and safer to produce and purify!'®”-!%%, Here we
examine the suitability of a recombinant nucleoprotein based cELISA that was developed for
potential inclusion in the USDA Animal and Plant Health Inspection Service (APHIS) National
Veterinary Stockpile.

The objective of the study was to determine the diagnostic sensitivity and specificity of a
recNp based competitive ELISA (cELISA) assay to detect RVFV antibodies, using sera samples
from cattle and sheep that were experimentally infected with a candidate RVFV vaccine or
virulent RVFV strain, as well as using known RVFV negative sera, by comparing them with

paired PRNTgo results.

Materials and Methods

Samples

All available samples from the archived study sample sets detailed in Table 3.1 were
included in this study. A total of 165 sera that includes (cattle = 53, sheep = 96) from ruminants
experimentally inoculated with the MP-12 RVFV vaccine and/or a wild-type RVFV strain (Saudi
Arabia 2001 (SA01), Kenya 2006 (Ken06) or ZH501) as well as in room mock-inoculated
animals’ sera (cattle = 11, sheep = 5), previously demonstrated to be negative for RVFV

antibodies, were used!2%13>161.189 " A] these prior animal studies were conducted in biosafety
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level 3 agriculture (BSL-3Ag) biocontainment facilities in Kansas except the study by (Weingartl
et al., 2014), which was conducted in a zoonotic BSL-3Ag biocontainment in Manitoba, Canada.

Additionally, a set of known RVFV negative sera samples (cattle = 330 and sheep = 179)
were collected from ruminants unexposed to RVFV. All samples were obtained from animals
born and raised in the United States. All the sera were heat inactivated by adding 2.5% Tween-20
at a dilution of 1:10 to the serum and heating samples at 60°C in a water bath for 2 h'®!, Serum
from BSL-3Ag were safety tested by demonstrating no cytopathic effects after three blind
passages in susceptible cell cultures.
cELISA

The cELISA was performed according to the manufacturer’s instructions (Veterinary
Medical Research & Development (VMRD), Washington, USA) for the detection of antibodies
against RVFV in sera. Briefly, 50 uL of serum per sample were loaded into the recombinant
RVFV nucleoprotein antigen coated 96-well plate and incubated for 2 h at room temperature
(RT) (23 £ 2°C). After 5 washes, 50 puL of the primary antibody, monoclonal anti-RVFV
nucleoprotein antibody, were added to the plate and incubated for 30 min at RT (23 + 2°C). After
5 washes, 50 pL of polyclonal horseradish peroxidase conjugated anti-mouse serum were added
and incubated for 30 min at RT. The plate was washed 5 times, 50 uL of tetramethylbenzidine
(TMB) substrate solution added, plates were incubated away from direct light for 15 min and 50
pL of ready-to-use TMB Stop solution was added. All washes consisted of 1x RVFV solution
prepared according to the manufacturer’s instructions. Readings were recorded immediately after
the addition of 50 puL of stop solution per well on an Epoch Microplate Spectrophotometer
(BioTek Instruments, Inc., VT, USA) at 450nm. The sample mean optical densities (OD) were

converted into a percentage inhibition (% I) using the equation: 100 x [1 - (sample OD +
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negative control OD)]. According to the manufacturer, the test is valid if the mean of the
negative control OD is > 0.4 and < 1.5. Samples were run in duplicate.
PRNT3o

The PRNTgo methods and RVFV serum sample dataset used in our analysis are already
published®®. Briefly, two-fold serial dilutions of sera samples, from 1:10 to 1:1280, were carried
out using a Minimum Essential Medium (MEM) (Thermo Fisher Scientific, Grand Island, NY)
mixed with an equal volume of diluted RVFV MP-12 virus forming 50 PFU/250uL per well of a
96-well plate, incubated at 37°C for 1 h and inoculated onto a confluent monolayer of Vero cells
plated on 12-well plates. After 1 h of incubation at 37°C with periodic plate rocking, MEM
containing 1% methylcellulose overlay was added. After 5 days of incubation at 37°C, plaque
formation was quantified after incubation with 0.5% crystal violet fixative stain for 1 h at RT.
Neutralizing antibody titers were calculated as the reciprocal titer of the highest serum dilution at
which the number of plaques is reduced by 80% or more compared to the MP-12 strain virus
control.
Statistical Analyses

Linearity and analytical specificity

Linearity of the cELISA assay was determined using 10-fold serial dilutions of RVFV
known antibody-positive sheep sera run in duplicate. The correlation between each dilution and
the % inhibition for the cELISA assay was established. Analytical specificity was determined
using a total of 509 known RVFV negative sera run in duplicate.

Diagnostic Accuracy

We determined the optimal cut-off value that would optimize the sensitivity and

specificity of the cELISA test in this set of samples, by comparing it to the results of the
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reference test (PRNTso) based on two cut-offs, using a receiver operating characteristic (ROC)
curve. The area under the curve (AUC) for each comparison was computed. Moreover, the
sensitivity and specificity of the cELISA test were computed, using both the manufacturer and
the optimal cut-off values, relative to the results of the PRNTyg test, considered the reference test.

Repeatability of the cELISA assay

Positive and negative controls from the cELISA kit were used to calculate the coefficient
of variation (CV= standard deviation/mean) using the manufacturer provided cut-off values for
the test. The mean ODs of the negative control that were run in triplicate and positive control that
were run in duplicate from seven cELISA plates were used to assess the inter-assay repeatability
of the cELISA assay. The tests were performed on different days at room temperature between
22-24°C by the same operator.

Agreement between tests

The Cohen’s Kappa statistic and the McNemar’s test for paired data were used to
determine the agreement beyond due to chance and to test the proportion of positive results
obtained between the cELISA test and the PRNTgso, respectively. The scale of Landis and Koch
167 was used to interpret the agreement between tests, as follows: <0 poor agreement, 0.01 to 0.2
slight, 0.21 to 0.40 fair, 0.41 to 0.6 moderate, 0.61 to 0.80 substantial and 0.81 to 1.0 almost
perfect agreement. A non-significant McNemar’s test (P > 0.05) indicates there is little evidence
that the proportion of positives differ between tests'®8. Statistical analyses were conducted using

STATA 12 software (StataCorp LP, Texas, USA).
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Results

Linearity of the cELISA assay

The linear correlation analysis was established between each dilution of RVFV known
antibody-positive sheep sera and the % inhibition for the cELISA assay (Fig. 1). An R? of 0.98
showed that this assay is precise across a large dynamic range.
Specificity test using known negative samples

The specificity of the cELISA assay was determined to be 99.2% (95% CI = 98.0%-
99.8%) using known RVFV negative sera. Out of 509, 4 samples were detected as false
positives. Additionally, all in room mock-inoculated animals’ sera was determined to be negative
by cELISA, which is in concordance with the results obtained previously!>161,
Diagnostic sensitivity and specificity of cELISA and assessment of agreement
between tests

In addition to determining the diagnostic sensitivity and specificity using the
manufacturer provided cut-off of 60%, we determined optimal cut-offs that would optimize the
sensitivity and specificity of the cELISA. The cELISA cut-offs were obtained using an ROC
approach by comparing it to the results of the PRNT3 test at two different cut-offs: <1:10 and
1:40. Two PRNTg cut-offs were used in order to include the lowest and highest cut-off used for
PRNTg(813316L178 ¢ELISA cut-offs expressed as a % inhibition (%I) of 46% and 68% were
obtained when compared to PRNTygo results based on cut-off values of <1:10 and 1:40,
respectively. The AUC for cELISA was 0.98 when compared to PRNTgo at cut-offs <1:10 and
1:40 (Fig 2). The sensitivity and specificity of the cELISA test, computed using different cut-off

values are reported in Table 3.2.
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Based on the McNemar’s test, the proportion of positives obtained by cELISA at cut-offs
60%, 46% and 68% compared to PRNTso at cut-offs <1:10 and 1:40 did not significantly differ
(P>0.05). The extent of agreement between the tests beyond chance was considered almost
perfect according to the (Landis and Koch, 1977) scale (range = 0.83 to 0.89) (Table 3.2).
Repeatability of cELISA assay

The overall mean OD was 0.07 with a standard deviation of 0.01 for the positive control
and 0.95 with a standard deviation of 0.16 for the negative control. Inter-assay repeatability,
expressed as a percentage of the coefficient of variation (CV) between those means, were 13%
and 17% for positive and negative controls, respectively.
Detection of antibodies by the cELISA and PRNTjs test over time

Detection of antibodies from sheep and cattle challenged with different RVFV strains by
the cELISA at cut-off 60% and the PRNTjyg at cut-off 1:40 was compared. RVFV antibodies
were detected as early as 5 and 6 DPI in cattle and sheep samples, respectively, by both the
cELISA and PRNTjgo (Table 3.3). However, variability in the detection of antibodies was
observed between cELISA and PRNTSgo in both cattle and sheep. The cELISA detected
antibodies in 2/4 of cattle samples in comparison to no detection by PRNTgo by 5 DPI. Also, the
cELISA detected antibodies in a larger number of samples by 5, 6, and 7 DPI in both cattle and
sheep in comparison to PRNTso (Table 3.3, asterisked entries). In contrast, PRNTgo showed a
higher sensitivity in later days (10 DPI) compared to cELISA in cattle samples. Since the
PRNT3o was considered the reference test, samples that tested positive by cELISA but negative

by PRNTgowere considered false positives for cELISA.
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Discussion

Rift Valley Fever (RVF), an emerging mosquito-borne disease that causes losses of
thousands of livestock and millions of dollars during outbreaks in endemic areas, spread beyond
its endemic zone to the Arabian Peninsula in 2000°*5°, Its further spread would have devastating
societal effects, impacting both animal and human health and causing significant economic
losses. Therefore, it is of utmost importance to develop and validate an efficient, economical,
rapid and easy diagnostic test for early diagnosis and surveillance of RVF that will help diminish
the disease burden. Here we highlight the advantages of a prototype cELISA developed for the
USDA APHIS National Veterinary Stockpile that is simple, rapid, reliable, and cost-effective
compared to the VNT method.

Selection of an optimal cut-off is crucial when performing a test in order to increase the
discriminatory power between infected and non-infected samples and to avoid error. Cut-offs are
selected for the intended application on the basis of disease prevalence, predictive values, and
costs!'??. Different cut-offs can be used for testing in non-endemic vs. endemic countries. For
instance, in order to reduce the number of false positive results, the cut-off can be increased such
that there is an increase in specificity of the test. When testing uninfected animals especially in
non-endemic regions during surveillance, the cut-off can be lowered so that the number of false
negative results will decrease, increasing the sensitivity of the test. Similarly, when performing
the confirmatory test in epidemic countries, the cut-off can be increased in order to decrease the
false positive results thereby increasing the specificity. Other factors such as origin and
biological differences among the animals tested should be taken into consideration when
determining the optimal cut-off!8!:1°!, Moreover, geographic area, genetics, nutritional status, and

t192

stage of infection can also impact the diagnostic sensitivity and specificity of the test'”=. Using

61



the cut-off of 60% for cELISA and 1:40 for PRNTgo, there was no significant association
between origin of samples (cattle vs sheep) with the sensitivity (P = 0.86) and specificity (P =
0.44) of the cELISA test (data not shown).

Diagnostic tests should produce consistent results when tested repeatedly on the same
sample. The degree of variability of the data of the prototype cELISA is less than 20%.
Moreover, there was almost perfect agreement beyond chance between the PRNTgoand cELISA
(k > 0.8)'%7. These results support that this prototype cELISA is comparable to PRNTso, thus
could be used as an alternative serological diagnostic test for the RVF.

Antibodies against RVFV start to develop within 4-7 days of infection’. One prior study,
however, showed the detection of antibodies against RVFV using recNp based cELISA at 9-11
DPI'*3. The detection of antibodies as early as 5 and 6 DPI by cELISA in our study,
demonstrates its applicability in early detection of antibodies against RVFV. Antibodies from 6
samples from experimentally challenged sheep and cattle that tested positive by the cELISA
were not detected by PRNTso. Since ELISA detects antibodies against all viral components, it
could be more sensitive than PRNTso that is specific for detection of viral neutralizing antibodies
only®’.

Our research was limited in that no cross-reactivity tests were performed due to non-
availability of serum samples from animals exposed to a virus similar to RVFV. In addition to
cross-reactivity testing, further validation testing with field samples from a RVFV endemic
region should also be conducted. In the US, RVFV is a Select Agent and research with virulent
strains must be conducted in biosafety level 3 agriculture (BSL-3Ag) biocontainment facilities.

This restricted the number of experimental samples that were available for this study.
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Despite these limitations, we conclude that the prototype cELISA has the potential to be a
useful assay for diagnosis and surveillance of RVFV. It can detect antibodies to RVFV in both
vaccinated and experimentally challenged sheep and cattle. It offers a safe alternative technique
to classical serological methods of detection of antibodies against RVFV that does not require
live virus or viral inactivation, and because it is based on recombinant protein, its reagents can be
produced outside high containment'!. Although a commercial, multispecies cELISA for the
detection of antibodies against RVFV already exists (IDVet Innovative Diagnostics, Grabels,

France), it is not approved for use in the US. This alternative cELISA is a promising alternative.
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Figure 3.1 Example of the typical linearity of this cELISA assay.
10-fold serial dilutions of RVFV antibody positive sheep serum were run in duplicate. Each dot

represents the mean of the OD at a given dilution. An R? of 0.98 shows the precision of this

assay across a large dynamic range.
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Figure 3.2 Receiver operating characteristic analyses of the cELISA for sheep and cattle
serum samples.

(A) Diagnostic accuracy was calculated from experimental sera determined positive or negative
by PRNTj3o at cut-off <1:10 and the Area Under Curve (AUC) was 0.98.
(B) Diagnostic accuracy was calculated from experimental sera determined positive or negative

by PRNTsg at cut-off 1:40 and AUC was 0.98.
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Species RVFV strain Number of samples Reference

Sheep ZH501 4 Weingartl et al., 2014
Cattle 4 Weingartl, unpublished
Sheep 74 )
Cattle MP-12 14 Wilson et al., 2014
SA01" 8
Sheep KEN06" 10 Faburay et al., 2016
Mock-inoculated 5
SA01 18
Cattle KENO06 17 Wilson et al., 2016
Mock-inoculated 11

* Saudi Arabia 2001 = SA01; Kenya 2006 = KEN06

Table 3.1 Serum sample sets from RVFV exposed animals
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False

False

PRNT3so cELISA Sensitivity*% Negative Specificity®% Positive McNemar's test Kappa
) 0/ telihtes o o o
cut-off (% inhibition) (95% CI) Rate % (95% CI) Rated % (P value) (95% CI)
60% 86.5 97.0 0.85
(manufacturer) (74.2-94.4) 135 (91.4-99.4) 30 0.34 (0.76 - 0.94)
<1:10
. 96.2 93.9 0.89
0
46% (optimum) g0 ¢ 99 5) 3.8 (87.3-97.7) 6.1 0.29 (0.81- 0.96)
60% 95.1 91.8 0.83
(manufacturer) (83.5-99.4) 4.9 (85.0-96.2) 8.2 0.06 (0.73-0.92)
1:40
68% 87.8 95.5 0.83
(optimum) (73.8-95.9) 12.2 (89.7-98.5) 4.5 1.00 (0.73-0.93)

Table 3.2 Diagnostic sensitivity and specificity of cELISA compared to PRNTso using cut-offs and assessment of their

agreement

A total of 151 sera samples were used to determine the sensitivity and specificity of the cELISA at each % inhibition.
abSensitivity was calculated as TP/(TP+FN), specificity was calculated as TN/(TN+FP), where TP is the number of true positives; FN
is the number of false negatives, TN is the number of true negatives, and FP is the number of false positives. “False negative rate was

calculated as FN/(TP+FN) and false positive rate was calculated as FP/(TN+FP).
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Sheep Cattle
(#positive/total tested) (#positive/total tested)

Days post inoculation

(DPI) PRNTs cELISA PRNTg cELISA
0 0/9 0/9 0/10 0/10
1 0/9 0/9 - -

2 0/7 0/7 0/2 072
3 0/9 0/9 0/1 0/1
4 0/4 0/4 0/3 0/3
5 2/6 2/6 0/4" 2/4
6 1/5" 3/5" 1/4" 3/4"
7 1/3* 3/3 4/4 4/4
8 373 373 - -
9 2/2 2/2 - -
10 5/6 5/6 5/6" 4/6"
14 2/2 2/2 2/2 2/2
21 2/2 2/2 1/1 1/1
27 2/2 2/2 - -
28 3/3 3/3 2/2 2/2
20 - - - -
37 - - 2/2 2/2
38 - - 1/1 1/1

-: No samples were available for testing’ *: Highlights differences between the cELISA
and the PRNTg results

Table 3.3 Comparison of cELISA with PRNTg in detecting antibodies in sera from sheep
and cattle challenged with different strains of RVFYV as per Table 3.1
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Chapter 4 - Conclusion

Rift Valley Fever is a transboundary disease of significant global concern”’+1%4, The
threat of its re-emergence in endemic countries and emergence in non-endemic countries
increases with the globalization of animal trade and climate change. There is a defined need for
the development of diagnostic tests for the detection of RVFV7%152_ The research presented in
this thesis extends the diagnostic assay options available for this important disease.

First, we developed a novel extraction method for the detection of RVFV RNA from
FFPET using RT-qPCR. This method expands routine diagnostics, surveillance, and molecular
epidemiological studies to the use of inactivated RVFV samples as opposed to samples
containing live virus, whose handling requires significantly more biosafety precautions.
Furthermore, this methodology could be expanded to include detection of additional nucleic acid
targets for other high impact pathogens or used for transcriptional studies that must rely on
archival FFPET.

Second, we evaluated a prototype cELISA specifically developed for the USDA APHIS
National Veterinary Stockpile. Since ELISA tests for RVFV are currently not available in the
US, we believe that the development and evaluation of this cELISA is of great value to the US
agriculture as well as to the research community. We highlighted the advantages and limitations
of this prototype cELISA. The next logical next steps are testing the cELISA with field samples
from an RVFV endemic region and a specificity assessment using RVFV nearest neighbor virus
infected serum samples.

Both of the assays described in this thesis are in the early stages of validation. According
to the OIE guidelines for diagnostic assay development®, these assays are at stage 2 validation

except that the analytical sensitivity and specificity determination for this cELISA assay, part of
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validation stage 1, which was conducted by another research team, is not yet published. Both
assays need further validation in endemic countries for completion of stage 2. After completion
of all four validation stages, these diagnostic tests could be used in endemic as well as non-
endemic countries and continuous monitoring of their performance can be established.

Taken together, this research evolves the field of innovative, sensitive, and safe
diagnostic tests for RVFV. In the longer run, the application of these diagnostic tests will help in
the detection of RVF and thus, the timely application of control measures. Additionally, the
FFPET RVFV RNA detection methods could be adapted for use with other RNA viruses and are
useful for retrospective infectious diseases research based on archival FFPE tissues. The
diagnostic assay validation approaches used for both assays are applicable to other diagnostic
assay development efforts. In conclusion, this research contributes to the field of infectious

diseases diagnostic assays and its methods have broader applications.

71



10.

References

Mandell, R. B. & Flick, R. Rift Valley fever virus: An unrecognized emerging threat? Hum.
Vaccin. 6, 597-601 (2010).

Agricultural Bioterrorism Protection Act of 2002; Possession, Use, and Transfer of
Biological Agents and Toxins. Federal Register (2002). Available at:
https://www.federalregister.gov/documents/2002/12/13/02-31373/agricultural-bioterrorism-
protection-act-of-2002-possession-use-and-transfer-of-biological-agents. (Accessed: 21st
June 2018)

Turell, M. J., Bailey, C. L. & Beaman, J. R. Vector competence of a Houston, Texas strain
of Aedes albopictus for Rift Valley fever virus. J. Am. Mosq. Control Assoc. 4, 94-96
(1988).

Rolin, A. L., Berrang-Ford, L. & Kulkarni, M. A. The risk of Rift Valley fever virus
introduction and establishment in the United States and European Union. Emerg. Microbes
Infect. 2, €81 (2013).

Boshra, H., Lorenzo, G., Busquets, N. & Brun, A. Rift Valley Fever: Recent Insights into
Pathogenesis and Prevention. J. Virol. 85, 6098 (2011).

OIE - World Organisation for Animal Health. (2017). Available at:
http://www.oie.int/en/international-standard-setting/terrestrial-manual/access-online/.
(Accessed: 14th March 2018)

Freiberg, A. N., Sherman, M. B., Morais, M. C., Holbrook, M. R. & Watowich, S. J. Three-
Dimensional Organization of Rift Valley Fever Virus Revealed by Cryoelectron
Tomography. J. Virol. 82, 10341-10348 (2008).

Jin, H. & Elliott, R. M. Characterization of Bunyamwera virus S RNA that is transcribed
and replicated by the L protein expressed from recombinant vaccinia virus. J. Virol. 67,
1396-1404 (1993).

Reguera, J., Weber, F. & Cusack, S. Bunyaviridae RNA Polymerases (L-Protein) Have an
N-Terminal, Influenza-Like Endonuclease Domain, Essential for Viral Cap-Dependent
Transcription. PLoS Pathog. 6, 1001101 (2010).

Hornak, K. E., Lanchy, J.-M. & Lodmell, J. S. RNA Encapsidation and Packaging in the
Phleboviruses. Viruses 8, (2016).

72



11.

12.

13.

14.

15.

16.

17.

18.

19.

20.

21.

22.

Plotch, S. J., Bouloy, M., Ulmanen, 1. & Krug, R. M. A unique cap(m 7GpppXm)-
dependent influenza virion endonuclease cleaves capped RNAs to generate the primers that
initiate viral RNA transcription. Cell 23, 847-858 (1981).

Gerrard, S. R. & Nichol, S. T. Synthesis, proteolytic processing and complex formation of
N-terminally nested precursor proteins of the Rift Valley fever virus glycoproteins.
Virology 357, 124-133 (2007).

Suzich, J. A., Kakach, L. T. & Collett, M. S. Expression strategy of a phlebovirus:
biogenesis of proteins from the Rift Valley fever virus M segment. J. Virol. 64, 1549-1555
(1990).

Suzich, J. A. & Collett, M. S. Rift valley fever virus M segment: Cell-free transcription and
translation of virus-complementary RNA. Virology 164, 478—486 (1988).

Won, S., Ikegami, T., Peters, C. J. & Makino, S. NSm and 78-Kilodalton Proteins of Rift
Valley Fever Virus Are Nonessential for Viral Replication in Cell Culture. J. Virol. 80,
8274-8278 (20006).

Won, S., Ikegami, T., Peters, C. J. & Makino, S. NSm Protein of Rift Valley Fever Virus
Suppresses Virus-Induced Apoptosis. J. Virol. 81, 13335-13345 (2007).

Boer, S. M. de et al. Rift Valley fever virus subunit vaccines confer complete protection
against a lethal virus challenge. Vaccine 28, 2330-2339 (2010).

Liu, L., Celma, C. C. & Roy, P. Rift Valley fever virus structural proteins: expression,
characterization and assembly of recombinant proteins. Virol. J. 5, 82 (2008).

Besselaar, T. G. & Blackburn, N. K. Topological mapping of antigenic sites on the Rift
Valley fever virus envelope glycoproteins using monoclonal antibodies. Arch. Virol. 121,
111-124 (1991).

Schmaljohn, C. S. & Hooper, J. . Bunyaviridae: The Viruses and Their Replication. in
Fields virology 2, (Lippincott Williams & Wilkins, 2001).

Bouloy, M. ef al. Genetic Evidence for an Interferon-Antagonistic Function of Rift Valley
Fever Virus Nonstructural Protein NSs. J. Virol. 75, 1371-1377 (2001).

Ikegami, T. et al. Rift Valley Fever Virus NSs Protein Promotes Post-Transcriptional
Downregulation of Protein Kinase PKR and Inhibits e[F2a Phosphorylation. PLoS Pathog.
5, €1000287 (2009).

73



23.

24.

25.

26.

27.

28.

29.

30.

31.

32.

33.

34.

Mansuroglu, Z. et al. Nonstructural NSs Protein of Rift Valley Fever Virus Interacts with
Pericentromeric DNA Sequences of the Host Cell, Inducing Chromosome Cohesion and
Segregation Defects. J. Virol. 84, 928-939 (2010).

Overby, A. K., Pettersson, R. F., Griinewald, K. & Huiskonen, J. T. Insights into
bunyavirus architecture from electron cryotomography of Uukuniemi virus. Proc. Natl.
Acad. Sci. 105, 2375-2379 (2008).

Schmitt, A. P. & Lamb, R. A. Escaping from the cell: assembly and budding of negative-
strand RNA viruses. Curr. Top. Microbiol. Immunol. 283, 145-196 (2004).

Lozach, P.-Y. et al. DC-SIGN as a Receptor for Phleboviruses. Cell Host Microbe 10, 75—
88 (2011).

Boer, S. M. de et al. Heparan Sulfate Facilitates Rift Valley Fever Virus Entry into the Cell.
J. Virol. 86, 1376713771 (2012).

Harmon, B. ef al. Rift Valley fever virus strain MP-12 enters mammalian host cells via
caveolae-mediated endocytosis. J. Virol. 86, 12954-12970 (2012).

Dessau, M. & Modis, Y. Crystal structure of glycoprotein C from Rift Valley fever virus.
Proc. Natl. Acad. Sci. U. S. 4. 110, 1696-1701 (2013).

Filone, C. M., Heise, M., Doms, R. W. & Bertolotti-Ciarlet, A. Development and
characterization of a Rift Valley fever virus cell—cell fusion assay using alphavirus replicon
vectors. Virology 356, 155—164 (2006).

Ikegami, T., Won, S., Peters, C. J. & Makino, S. Rift Valley Fever Virus NSs mRNA is
Transcribed from an Incoming Anti-Viral-Sense S RNA Segment. J. Virol. 79, 12106—
12111 (2005).

Chen, S.-Y., Matsuoka, Y. & Compans, R. W. Golgi complex localization of the Punta
Toro virus G2 protein requires its association with the G1 protein. Virology 183, 351-365
(1991).

Gerrard, S. R. & Nichol, S. T. Characterization of the Golgi Retention Motif of Rift Valley
Fever Virus G sub(N) Glycoprotein. J. Virol. 76, 12200-12210 (2002).

Wasmoen, T. L., Kakach, L. & Collett, M. S. Rift valley fever virus M segment: Cellular
localization of M segment-encoded proteins. Virology 166, 275-280 (1988).

74



35.

36.

37.
38.

39.

40.

41.

42.

43.

44,

45.

46.

47.

48.

49.

WHO. WHO | WHO publishes list of top emerging diseases likely to cause major
epidemics. WHO (2015). Available at: http://www.who.int/medicines/ebola-
treatment/WHO-list-of-top-emerging-diseases/en/. (Accessed: 14th March 2018)

Smith, D. R. et al. The pathogenesis of Rift Valley fever virus in the mouse model.
Virology 407, 256267 (2010).

Flick, R. & Bouloy, M. Rift Valley Fever Virus. Curr. Mol. Med. 5, 827-834 (2005).
Al-Hazmi, M. et al. Epidemic Rift Valley Fever in Saudi Arabia: A Clinical Study of
Severe Illness in Humans. Clin. Infect. Dis. 36, 245-252 (2003).

Dionisio, D., Esperti, F., Vivarelli, A. & Valassina, M. Epidemiological, clinical and
laboratory aspects of sandfly fever. Curr. Opin. Infect. Dis. 16, 383-388 (2003).

Soldan, S. S. & Gonzalez-Scarano, F. Emerging infectious diseases: The Bunyaviridae. J.
Neurovirol. 11, 412423 (2005).

Strausbaugh, L. J., Laughlin, L. W., Meegan, J. M. & Watten, R. H. Clinical studies on Rift
Valley fever, Part I: Acute febrile and hemorrhagic-like diseases. J. Egypt. Public Health
Assoc. 53, 181-182 (1978).

Balkhy, H. H. & Memish, Z. A. Rift Valley fever: an uninvited zoonosis in the Arabian
peninsula. Int. J. Antimicrob. Agents 21, 153—157 (2003).

Archer, B. N. ef al. Epidemiologic investigations into outbreaks of rift valley Fever in
humans, South Africa, 2008-2011. Emerg. Infect. Dis. 19, (2013).

Antonis, A. f. g. et al. Vertical Transmission of Rift Valley Fever Virus Without Detectable
Maternal Viremia. Vector-Borne Zoonotic Dis. 13, 601-606 (2013).

Anyangu, A. S. et al. Risk factors for severe Rift Valley fever infection in Kenya, 2007.
Am. J. Trop. Med. Hyg. 83, 14-21 (2010).

Swanepoel, R. & Coetzer, J. A. W. Rift valley fever. Infect. Dis. Livest. 2, 1037-1070
(2004).

Fontenille, D. et al. New vectors of Rift Valley fever in West Africa. Emerg. Infect. Dis. 4,
289-293 (1998).

Wilson, M. L. Rift Valley fever virus ecology and the epidemiology of disease emergence.
Ann. N. Y. Acad. Sci. 740, 169—-180 (1994).

Hollidge, B., Gonzalez-Scarano, F. & Soldan, S. Arboviral Encephalitides: Transmission,
Emergence, and Pathogenesis. J. Neuroimmune Pharmacol. 5, 428—-442 (2010).

75



50.

51.

52.

53.

54.

55.

56.

57.

58.

59.

60.

61.

62.

Linthicum, K. J., Davies, F. G., Kairo, A. & Bailey, C. L. Rift Valley fever virus (family
Bunyaviridae, genus Phlebovirus). Isolations from Diptera collected during an inter-
epizootic period in Kenya. Epidemiol. Infect. 95, 197-209 (1985).

Sang, R. et al. Effects of Irrigation and Rainfall on the Population Dynamics of Rift Valley
Fever and Other Arbovirus Mosquito Vectors in the Epidemic-Prone Tana River County,
Kenya. J Med Entomol 54, 460—470 (2017).

Manore, C. A. & Beechler, B. R. Interepidemic and between season persistence of Rift
Valley fever: vertical transmission or cryptic cycling? Transbound. Emerg. Dis. 62, 13-23
(2015).

House, J. A., Turell, M. J. & Mebus, C. A. Rift Valley fever: present status and risk to the
Western Hemisphere. Ann. N. Y. Acad. Sci. 653, 233-242 (1992).

Al-Afaleq, A. I. & Hussein, M. F. The Status of Rift Valley Fever in Animals in Saudi
Arabia: A Mini Review. Vector-Borne Zoonotic Dis. 11, 1513—-1520 (2011).

Daubney, R. & Hudson, J. R. Enzootic Hepatitis or Rift Valley Fever. An undescribed virus
disease in sheep cattle and man from East Africa. J. Pathol. Bacteriol. 34, 545-579 (1931).
Gear, J., Meillon, B. D., Measroch, V., Davis, D. H. S. & Harwin, H. Rift valley fever in
South Africa. 2. The occurrence of human cases in the Orange Free State, the North-
Western Cape Province, the Western and Southern Transvaal. B. Field and laboratory
investigation. South Afr. Med. J. Suid-Afr. Tydskr. Vir Geneeskd. 25, 908-912 (1951).
Mclntosh, B. M., Russell, D., Santos, 1. dos & Gear, J. H. Rift Valley fever in humans in
South Africa. South Afr. Med. J. Suid-Afr. Tydskr. Vir Geneeskd. 58, 803—806 (1980).
Abdel-Wahab, K. S. E.-D. et al. Rift Valley Fever virus infections in Egypt: pathological
and virological findings in man. Trans. R. Soc. Trop. Med. Hyg. 72, 392-396 (1978).
Bird, B. H., Ksiazek, T. G., Nichol, S. T. & Maclachlan, N. J. Rift Valley fever virus. J.
Am. Vet. Med. Assoc. 234, 883-893 (2009).

Davies, F. G. The historical and recent impact of Rift Valley fever in Africa. Am. J. Trop.
Med. Hyg. 83, 73—74 (2010).

Digoutte, J. P. & Peters, C. J. General aspects of the 1987 rift valley fever epidemic in
Mauritania. Res. Virol. 140, 27-30 (1989).

Meegan, J. M. The Rift Valley fever epizootic in Egypt 1977-78. 1. Description of the
epizzotic and virological studies. Trans. R. Soc. Trop. Med. Hyg. 73, 618-623 (1979).

76



63.

64.

65.

66.

67.

68.

69.

70.

71.

72.

73.

74.

LaBeaud, A., Kazura, J. & King, C. Advances in Rift Valley fever research: insights for
disease prevention. Curr. Opin. Infect. Dis. 23, 403—408 (2010).

Nderitu, L. et al. Sequential Rift Valley Fever Outbreaks in Eastern Africa Caused by
Multiple Lineages of the Virus. J. Infect. Dis. 203, 655-665 (2011).

Bird, B. H. ef al. Multiple Virus Lineages Sharing Recent Common Ancestry Were
Associated with a Large Rift Valley Fever Outbreak among Livestock in Kenya during
2006-2007. J. Virol. 82, 11152—-11166 (2008).

Anyamba, A. et al. Prediction, Assessment of the Rift Valley Fever Activity in East and
Southern Africa 2006-2008 and Possible Vector Control Strategies. Am. J. Trop. Med. Hyg.
83, 43-51 (2010).

Anyamba, A. et al. Prediction of a Rift Valley fever outbreak. Proc. Natl. Acad. Sci. 106,
955-959 (2009).

Linthicum, K. J. et al. Climate and Satellite Indicators to Forecast Rift Valley Fever
Epidemics in Kenya. Science 285, 397400 (1999).

Hightower, A. et al. Relationship of Climate, Geography, and Geology to the Incidence of
Rift Valley Fever in Kenya during the 2006-2007 Outbreak. Am. J. Trop. Med. Hyg. 86,
373-380 (2012).

Pepin, M., Bouloy, M., Bird, B. H., Kemp, A. & Paweska, J. Rift Valley fever virus
(Bunyaviridae: Phlebovirus): an update on pathogenesis, molecular epidemiology, vectors,
diagnostics and prevention. Vet. Res. 41, 61 (2010).

He, J. et al. Simultaneous Detection of CDC Category ‘A’ DNA and RNA Bioterrorism
Agents by Use of Multiplex PCR & RT-PCR Enzyme Hybridization Assays. Viruses 1,
441-459 (2009).

OIE. Manual of Diagnostic Tests and Vaccines for Terrestrial Animals. Chapter 2.1.18
(2017).

Ikegami, T. & Makino, S. The Pathogenesis of Rift Valley Fever. Viruses 3, 493-519
(2011).

Mansfield, K. L. et al. Rift Valley fever virus: A review of diagnosis and vaccination, and

implications for emergence in Europe. Vaccine 33, 5520-5531 (2015).

77



75.

76.

77.

78.

79.

80.

81.

82.

&3.

&4.

85.

Jansen van Vuren, P. & Paweska, J. T. Laboratory safe detection of nucleocapsid protein of
Rift Valley fever virus in human and animal specimens by a sandwich ELISA. J. Virol.
Methods 157, 15-24 (2009).

Monaco, F. et al. First External Quality Assessment of Molecular and Serological Detection
of Rift Valley Fever in the Western Mediterranean Region: €0142129. PLoS ONE 10,
e0142129 (2015).

Odendaal, L., Fosgate, G. T., Romito, M., Coetzer, J. A. & Clift, S. J. Sensitivity and
specificity of real-time reverse transcription polymerase chain reaction, histopathology, and
immunohistochemical labeling for the detection of Rift Valley fever virus in naturally
infected cattle and sheep. J Vet Diagn Invest 26, 49-60 (2014).

Drolet, B. S. ef al. Development and evaluation of one-step rRT-PCR and
immunohistochemical methods for detection of Rift Valley fever virus in biosafety level 2
diagnostic laboratories. J. Virol. Methods 179, 373-382 (2012).

Dagleish, M. P., Benavides, J. & Chianini, F. Immunohistochemical diagnosis of infectious
diseases of sheep. Small Rumin. Res. 92, 19-35 (2010).

Coetzer, J. A. W. & Ishak, K. G. Sequential development of the liver lesions in new-born
lambs infected with Rift Valley fever virus. I. Macroscopic and microscopic pathology.
Onderstepoort J. Vet. Res. 49, 103—108 (1982).

Rippy, M. K., Topper, M. J., Mebus, C. A. & Morrill, J. C. Rift Valley fever virus-induced
encephalomyelitis and hepatitis in calves. Vet. Pathol. 29, 495-502 (1992).

Daubney, R., Hudson, J. R. & Garnham, P. C. Enzootic hepatitis or rift valley fever. An
undescribed virus disease of sheep cattle and man from east africa. J. Pathol. Bacteriol. 34,
545-579 (1931).

Van der Lugt, J. J., Coetzer, J. A. & Smit, M. M. Distribution of viral antigen in tissues of
new-born lambs infected with Rift Valley fever virus. Onderstepoort J. Vet. Res. 63, 341—
347 (1996).

Odendaal, L., Clift, S. J., Fosgate, G. T. & Davis, A. S. Lesions and cellular tropism of
natural Rift Valley fever virus infection in adult sheep. Vet. Pathol. (In press).

Ragan, 1. K. ef al. Evaluation of Fluorescence Microsphere Immunoassay for the Detection
of Antibodies to Rift Valley Fever Nucleocapsid Protein and Glycoproteins. J Clin
Microbiol 56, €01626-17 (2018).

78



86.

87.

88.

&9.

90.

91.

92.

93.

94.

95.

96.

Wichgers Schreur, P. J., Paweska, J. T., Kant, J. & Kortekaas, J. A novel highly sensitive,
rapid and safe Rift Valley fever virus neutralization test. J. Virol. Methods 248, 26-30
(2017).

Swanepoel, R. et al. Comparison of techniques for demonstrating antibodies to Rift Valley
fever virus. Epidemiol. Infect. 97, 317-329 (1986).

Fafetine, J. M. et al. Cloning and expression of Rift Valley fever virus nucleocapsid (N)
protein and evaluation of a N-protein based indirect ELISA for the detection of specific IgG
and IgM antibodies in domestic ruminants. Vet. Microbiol. 121, 29-38 (2007).

Paweska, J. T., Burt, F. J. & Swanepoel, R. Validation of IgG-sandwich and IgM-capture
ELISA for the detection of antibody to Rift Valley fever virus in humans. J. Virol. Methods
124, 173-181 (2005).

Eweis, M., Samya, S. A.-N. & Saber, M. S. Comparative studies on the different laboratory
diagnostic methods for Rift Valley Fever virus in domestic animals. Egyptain J. Comp.
Pathol. Clin. Pathol. 21, 136-147 (2008).

Niklasson, B., Peters, C. J., Grandien, M. & Wood, O. Detection of human
immunoglobulins G and M antibodies to Rift Valley fever virus by enzyme-linked
immunosorbent assay. J. Clin. Microbiol. 19, 225-229 (1984).

Zaki, A. et al. Production of monoclonal antibodies against Rift Valley fever virus. J. Virol.
Methods 131, 3440 (2006).

Nakouné, E., Kamgang, B., Berthet, N., Manirakiza, A. & Kazanji, M. Rift Valley Fever
Virus Circulating among Ruminants, Mosquitoes and Humans in the Central African
Republic. PLoS Negl. Trop. Dis. 10, 0005082 (2016).

Paweska, J. T. et al. IgG-sandwich and IgM-capture enzyme-linked immunosorbent assay
for the detection of antibody to Rift Valley fever virus in domestic ruminants. J. Virol.
Methods 113, 103—112 (2003).

Paweska, J. T., Smith, S. J., Wright, I. M., Williams, R. & et. al. Indirect enzyme-linked
immunosorbent assay for the detection of antibody against Rift Valley fever virus in
domestic and wild ruminant sera. Onderstepoort J. Vet. Res. Onderstepoort 70, 49—64 (Mar
2003b).

Meegan, J. M. et al. Rapid diagnosis of rift valley fever: A comparison of methods for the
direct detection of viral antigen in human sera. Res. Virol. 140, 59—65 (1989).

79



97.

98.

99.

100.

101.

102.

103.

104.

105.

106.

107.

Niklasson, B., Grandien, M., Peters, C. J. & Gargan 2nd, T. P. Detection of Rift Valley
fever virus antigen by enzyme-linked immunosorbent assay. J. Clin. Microbiol. 17, 1026—
1031 (1983).

Wright, P. F., Nilsson, E., Van Rooij, E. M., Lelenta, M. & Jeggo, M. H. Standardisation
and validation of enzyme-linked immunosorbent assay techniques for the detection of
antibody in infectious disease diagnosis. Rev. Sci. Tech. Int. Off. Epizoot. 12, 435-450
(1993).

Escadafal, C. ef al. International External Quality Assessment of Molecular Detection of
Rift Valley Fever Virus. PLoS Negl. Trop. Dis. 7, €2244 (2013).

Garcia, S. et al. Quantitative Real-Time PCR Detection of Rift Valley Fever Virus and Its
Application to Evaluation of Antiviral Compounds. J. Clin. Microbiol. 39, 44564461
(2001).

Naslund, J. ef al. Kinetics of Rift Valley Fever Virus in experimentally infected mice using
quantitative real-time RT-PCR. J. Virol. Methods 151, 277-282 (2008).

Sall, A. A. et al. Single-tube and nested reverse transcriptase—polymerase chain reaction for
detection of Rift Valley fever virus in human and animal sera. J. Virol. Methods 91, 85-92
(2001).

Sall, A. A. et al. Use of Reverse Transcriptase PCR in Early Diagnosis of Rift Valley Fever.
Clin. Diagn. Lab. Immunol. 9, 713-715 (2002).

Weidmann, M. et al. Rapid detection of important human pathogenic Phleboviruses. J.
Clin. Virol. 41, 138—142 (2008).

Johnson, N., Voller, K., Phipps, L. P., Mansfield, K. & Fooks, A. R. Rapid Molecular
Detection Methods for Arboviruses of Livestock of Importance to Northern Europe. J.
Biomed. Biotechnol. 2012, 1-18 (2012).

Bird, B. H., Bawiec, D. A., Ksiazek, T. G., Shoemaker, T. R. & Nichol, S. T. Highly
Sensitive and Broadly Reactive Quantitative Reverse Transcription-PCR Assay for High-
Throughput Detection of Rift Valley Fever Virus. J. Clin. Microbiol. 45, 35063513
(2007).

Boubis, L. et al. Real-Time Reverse-Transcription Loop-Mediated Isothermal
Amplification for Rapid Detection of Rift Valley Fever Virus. J. Clin. Microbiol. 46, 3653—
3659 (2008).

80



108.

109.

110.

111.

112.

113.

114.

115.

116.

117.

118.

119.

120.

Roux, C. A. L. et al. Development and Evaluation of a Real-Time Reverse Transcription-
Loop-Mediated Isothermal Amplification Assay for Rapid Detection of Rift Valley Fever
Virus in Clinical Specimens. J. Clin. Microbiol. 47, 645-651 (2009).

Euler, M. et al. Recombinase polymerase amplification assay for rapid detection of Rift
Valley fever virus. J. Clin. Virol. Off. Publ. Pan Am. Soc. Clin. Virol. 54,308 (2012).
Drosten, C. et al. Rapid Detection and Quantification of RNA of Ebola and Marburg
Viruses, Lassa Virus, Crimean-Congo Hemorrhagic Fever Virus, Rift Valley Fever Virus,
Dengue Virus, and Yellow Fever Virus by Real-Time Reverse Transcription-PCR. J. Clin.
Microbiol. 40, 2323-2330 (2002).

Racsa, L. D., Kraft, C. S., Olinger, G. G. & Hensley, L. E. Viral Hemorrhagic Fever
Diagnostics. Clin. Infect. Dis. 62,214-219 (2016).

Jacobson, R. H. Principles of Validation of Diagnostic Assays for Infectious Diseases. 29,
15-23 (1998).

Jacobson, R. H. Validation of serological assays for diagnosis of infectious diseases. Rev.
Sci. Tech. Int. Off. Epizoot. 17,469-526 (1998).

Faburay, B., LaBeaud, A. D., McVey, D. S., Wilson, W. C. & Richt, J. A. Current Status of
Rift Valley Fever Vaccine Development. Vaccines 5, E29 (2017).

Bird, B. H. & Nichol, S. T. Breaking the chain: Rift Valley fever virus control via livestock
vaccination. Curr. Opin. Virol. 2,315-323 (2012).

Ikegami, T. Rift Valley fever vaccines: an overview of the safety and efficacy of the live-
attenuated MP-12 vaccine candidate. Expert Rev Vaccines 16, 601-611 (2017).

Smithburn, K. C. Rift Valley fever; the neurotropic adaptation of the virus and the
experimental use of this modified virus as a vaccine. Br. J. Exp. Pathol. 30, 1-16 (1949).
Botros, B. et al. Adverse response of non-indigenous cattle of European breeds to live
attenuated Smithburn Rift Valley fever vaccine. J. Med. Virol. 78, 787-791 (2006).

Kamal, S. A. Pathological studies on postvaccinal reactions of Rift Valley fever in goats.
Virol. J. 6, 1-15 (2009).

Muller, R. ef al. Characterization of Clone 13, a Naturally Attenuated Avirulent Isolate of
Rift Valley Fever Virus, which is Altered in the Small Segment. Am. J. Trop. Med. Hyg. 53,
405-411 (1995).

81



121. Dungu, B. et al. Evaluation of the efficacy and safety of the Rift Valley Fever Clone 13
vaccine in sheep. Vaccine 28, 4581-4587 (2010).

122. Makoschey, B. ef al. Rift Valley Fever Vaccine Virus Clone 13 Is Able to Cross the Ovine
Placental Barrier Associated with Foetal Infections, Malformations, and Stillbirths. PLoS
Negl Trop Dis 10, 0004550 (2016).

123. Bouloy, M. & Flick, R. Reverse genetics technology for Rift Valley fever virus: Current
and future applications for the development of therapeutics and vaccines. Antiviral Res. 84,
101-118 (2009).

124. Tkegami, T. et al. Rift Valley Fever Virus MP-12 Vaccine Is Fully Attenuated by a
Combination of Partial Attenuations in the S, M, and L Segments. J Virol 89, 7262-7276
(2015).

125. Hunter, P., Erasmus, B. J. & Vorster, J. H. Teratogenicity of a mutagenised Rift Valley
fever virus (MVP 12) in sheep. Onderstepoort J Vet Res 69, 95-98 (2002).

126. Wilson, W. C. et al. Evaluation of lamb and calf responses to Rift Valley fever MP-12
vaccination. Vet. Microbiol. 172, 44-50 (2014).

127. Pittman, P. R. et al. Immunogenicity of an inactivated Rift Valley fever vaccine in humans:
a 12-year experience. Vaccine 18, 181-189 (1999).

128. Doleshal, M. et al. Evaluation and Validation of Total RNA Extraction Methods for
MicroRNA Expression Analyses in Formalin-Fixed, Paraffin-Embedded Tissues. J. Mol.
Diagn. JMD 10, 203-211 (2008).

129. Lewis, F., Maughan, N. J., Smith, V., Hillan, K. & Quirke, P. Unlocking the archive — gene
expression in paraffin-embedded tissue. J. Pathol. 195, 6671 (2001).

130. Chung, J.-Y., Braunschweig, T. & Hewitt, S. M. Optimization of recovery of RNA from
formalin-fixed, paraffin-embedded tissue. Diagn. Mol. Pathol. Am. J. Surg. Pathol. Part B
15, 229-236 (2006).

131. Zhang, P., Lehmann, B. D., Shyr, Y. & Guo, Y. The Utilization of Formalin Fixed-Paraffin-
Embedded Specimens in High Throughput Genomic Studies. /nt J Genomics 1926304, 1-9
(2017).

132. Wang, J.-H., Gouda-Vossos, A., Dzamko, N., Halliday, G. & Huang, Y. DNA extraction
from fresh-frozen and formalin-fixed, paraffinembedded human brain tissue. Neurosci.

Bull. 29, 649-654 (2013).

82



133.

134.

135.

136.

137.

138.

139.

140.

141.

142.

143.

Esteve-Codina, A. ef al. A Comparison of RNA-Seq Results from Paired Formalin-Fixed
Paraffin-Embedded and Fresh-Frozen Glioblastoma Tissue Samples. PLOS ONE 12,
e0170632 (2017).

Hewitt, S. M. ef al. Tissue Handling and Specimen Preparation in Surgical Pathology:
Issues Concerning the Recovery of Nucleic Acids From Formalin-Fixed, Paraffin-
Embedded Tissue. Arch. Pathol. Lab. Med. 132, 1929—1935 (2008).

Roberts, L. et al. Identification of methods for use of formalin-fixed, paraffin-embedded
tissue samples in RNA expression profiling. Genomics 94, 341-348 (2009).

Masuda, N., Ohnishi, T., Kawamoto, S., Monden, M. & Okubo, K. Analysis of chemical
modification of RNA from formalin-fixed samples and optimization of molecular biology
applications for such samples. Nucleic Acids Res. 27, 4436—4443 (1999).

Park, Y. N. et al. Detection of hepatitis C virus RNA using ligation-dependent polymerase
chain reaction in formalin-fixed, paraftin-embedded liver tissues. Am. J. Pathol. 149, 1485—
1491 (1996).

Srinivasan, M., Sedmak, D. & Jewell, S. Effect of Fixatives and Tissue Processing on the
Content and Integrity of Nucleic Acids. Am. J. Pathol. 161, 1961-1971 (2002).

Daugaard, ., Kjeldsen, T. E., Hager, H., Hansen, L. L. & Wojdacz, T. K. The influence of
DNA degradation in formalin-fixed, paraffin-embedded (FFPE) tissue on locus-specific
methylation assessment by MS-HRM. Exp. Mol. Pathol. 99, 632—-640 (2015).

Gilbert, M. T. P. et al. The Isolation of Nucleic Acids from Fixed, Paraffin-Embedded
Tissues—Which Methods Are Useful When? PLOS ONE 2, ¢537 (2007).

Szafranska, A. E. et al. Accurate Molecular Characterization of Formalin-Fixed, Paraffin-
Embedded Tissues by microRNA Expression Profiling. J. Mol. Diagn. JMD 10, 415423
(2008).

Beaulieux, F., Berger, M. M., Tcheng, R., Giraud, P. & Lina, B. RNA extraction and RT-
PCR procedures adapted for the detection of enterovirus sequences from frozen and
paraffin-embedded formalin-fixed spinal cord samples. J. Virol. Methods 107, 115-120
(2003).

Bhatnagar, J. ef al. Detection of West Nile virus in formalin-fixed, paraffin-embedded
human tissues by RT-PCR: A useful adjunct to conventional tissue-based diagnostic

methods. J. Clin. Virol. 38, 106-111 (2007).

83



144.

145.

146.

147.

148.

149.

150.

151.

152.

153.

154.

155.

156.

Dries, V. et al. Detection of hepatitis C virus in paraffin-embedded liver biopsies of patients
negative for viral RNA in serum. Hepatology 29, 223-229 (1999).

McKinney, M. D., Moon, S. J., Kulesh, D. A., Larsen, T. & Schoepp, R. J. Detection of
viral RNA from paraffin-embedded tissues after prolonged formalin fixation. J. Clin. Virol.
44, 3942 (2009).

Scicchitano, M. S. et al. Preliminary comparison of quantity, quality, and microarray
performance of RNA extracted from formalin-fixed, paraffin-embedded, and unfixed frozen
tissue samples. J. Histochem. Cytochem. Off. J. Histochem. Soc. 54, 1229-1237 (2006).
Chung, J.-Y. et al. Factors in Tissue Handling and Processing That Impact RNA Obtained
From Formalin-fixed, Paraffin-embedded Tissue. J. Histochem. Cytochem. 56, 1033—1042
(2008).

von Ahlfen, S., Missel, A., Bendrat, K. & Schlumpberger, M. Determinants of RNA
Quality from FFPE Samples. PLoS ONE 2, 1261 (2007).

Chung, J.-Y. & Hewitt, S. M. An Optimized RNA Extraction Method from Archival
Formalin-Fixed Paraffin-Embedded Tissue. Methods Mol Biol 611, 19-27 (2010).
Mubemba, B., Thompson, P. N., Odendaal, L., Coetzee, P. & Venter, E. H. Evaluation of
positive Rift Valley fever virus formalin-fixed paraffin embedded samples as a source of
sequence data for retrospective phylogenetic analysis. J. Virol. Methods 243, 10—14 (2017).
Ellis, C. E., Mareledwane, V. E., Williams, R., Wallace, D. B. & Majiwa, P. A. O.
Validation of an ELISA for the concurrent detection of total antibodies (IgM and IgG) to
Rift Valley fever virus. Onderstepoort J. Vet. Res. 81, (2014).

Wilson, W. C. et al. Development of a Rift Valley fever real-time RT-PCR assay that can
detect all three genome segments. J. Virol. Methods 193, 426431 (2013).

International Committee on Taxonomy of Viruses (ICTV). Available at:
https://talk.ictvonline.org/ictv-reports/ictv_9th_report/. (Accessed: 4th April 2018)
Ikegami, T. Molecular biology and genetic diversity of Rift Valley fever virus. Antivir. Res
95, 293-310 (2012).

Faburay, B. ef al. Development of a sheep challenge model for Rift Valley fever. Virology
489, 128-140 (2016).

Borio, L. et al. Hemorrhagic fever viruses as biological weapons - Medical and public

health management. Jama-J. Am. Med. Assoc. 287, 2391-2405 (2002).

84



157.

158.

159.

160.

161.

162.

163.

164.

165.

166.

167.

168.

169.

Dapson, R. W. Macromolecular changes caused by formalin fixation and antigen retrieval.
Biotech Histochem 82, 133—140 (2007).

Xiao, Y.-L. et al. High-throughput RNA sequencing of a formalin-fixed, paraffin-embedded
autopsy lung tissue sample from the 1918 influenza pandemic. J. Pathol. 229, 535-545
(2013).

Scicchitano, M. S. et al. Preliminary Comparison of Quantity, Quality, and Microarray
Performance of RNA Extracted From Formalin-fixed, Paraffin-embedded, and Unfixed
Frozen Tissue Samples. J. Histochem. Cytochem. 54, 1229—1237 (2006).

Tan, S. C. & Yiap, B. C. DNA, RNA, and protein extraction: the past and the present. J
Biomed Biotechnol 2009, 574398 (2009).

Wilson, W. C. et al. Experimental Infection of Calves by Two Genetically-Distinct Strains
of Rift Valley Fever Virus. Viruses 8, E145 (2016).

Faburay, B. ef al. A Recombinant Rift Valley Fever Virus Glycoprotein Subunit Vaccine
Confers Full Protection against Rift Valley Fever Challenge in Sheep. Sci. Rep. 6, (2016).
Miller, B. R. et al. Isolation and Genetic Characterization of Rift Valley fever virus from
Aedes vexans arabiensis, Kingdom of Saudi Arabia. Emerg. Infect. Dis. 8, 1492—1494
(2002).

Sang, R. et al. Rift Valley Fever Virus Epidemic in Kenya, 2006/2007: The Entomologic
Investigations. Am. J. Trop. Med. Hyg. 83, 28-37 (2010).

Caraguel, C. G. B., Stryhn, H., Gagné, N., Dohoo, I. R. & Hammell, K. L. Selection of a
Cutoff Value for Real-Time Polymerase Chain Reaction Results to Fit a Diagnostic
Purpose: Analytical and Epidemiologic Approaches. J. Vet. Diagn. Invest. 23, 2—15 (2011).
Bustin, S. A. A-Z of quantitative PCR. 5, 451-454 (International University Line, 2004).
Landis, J. R. & Koch, G. G. The measurement of observer agreement for categorical data.
Biometrics 33, 159—-174 (1977).

Mc, N. Q. Note on the sampling error of the difference between correlated proportions or
percentages. Psychometrika 12, 153—157 (1947).

Perry, C. et al. A Buffered Alcohol-Based Fixative for Histomorphologic and Molecular
Applications. J Histochem Cytochem 64, 425-140 (2016).

85



170.

171.

172.

173.

174.

175.

176.

177.

178.

179.

180.

Amini, P. et al. An optimised protocol for isolation of RNA from small sections of laser-
capture microdissected FFPE tissue amenable for next-generation sequencing. BMC Mol.
Biol. 18, 1-11 (2017).

Guo, Y. et al. RNA Sequencing of Formalin-Fixed, Paraffin-Embedded Specimens for
Gene Expression Quantification and Data Mining. Int J Genomics 2016, 9837310 (2016).
Tabachnick, W. J., MacLachlan, N. J., Thompson, L. H., Hunt, G. J. & Patton, J. F.
Susceptibility of Culicoides variipennis sonorensis to infection by polymerase chain
reaction-detectable bluetongue virus in cattle blood. Am. J. Trop. Med. Hyg. 54, 481-485
(1996).

Bohmann, K. et al. RNA extraction from archival formalin-fixed paraffin-embedded tissue:
a comparison of manual, semiautomated, and fully automated purification methods. Clin
Chem 55, 1719-1727 (2009).

Okello, J. B. et al. Comparison of methods in the recovery of nucleic acids from archival
formalin-fixed paraffin-embedded autopsy tissues. Anal Biochem 400, 110-117 (2010).
Ribeiro-Silva, A., Zhang, H. & Jeffrey, S. S. RNA extraction from ten year old formalin-
fixed paraffin-embedded breast cancer samples: a comparison of column purification and
magnetic bead-based technologies. BMC Mol. Biol. 8, 1-10 (2007).

Ali, N., Rampazzo, R. de C. P., Costa, A. D. T. & Krieger, M. A. Current Nucleic Acid
Extraction Methods and Their Implications to Point-of-Care Diagnostics. BioMed Res. Int.
2017, 1-13 (2017).

Jupp, P. G. et al. The 2000 epidemic of Rift Valley fever in Saudi Arabia: mosquito vector
studies. Med Vet Entomol 16, 245-252 (2002).

LaBeaud, A. D., Ochiai, Y., Peters, C. J., Muchiri, E. M. & King, C. H. Spectrum of Rift
Valley fever virus Transmission in Kenya: Insights from Three Distinct Regions. Am. J.
Trop. Med. Hyg. 76, 795-800 (2007).

Kasari, T. R., Carr, D. A., Lynn, T. V. & Weaver, J. T. Evaluation of pathways for release
of Rift Valley fever virus into domestic ruminant livestock, ruminant wildlife, and human
populations in the continental United States. J. Am. Vet. Med. Assoc. 232, 514-529 (2008).
Meegan, J. M. et al. Enzyme-Linked-Immunosorbent-Assay for Detection of Antibodies to
Rift-Valley Fever Virus in Ovine and Bovine Sera. Am. J. Vet. Res. 48, 11381141 (1987).

86



181.

182.

183.

184.

185.

186.

187.

188.

189.

190.

191.

192.

Paweska, J. T., Mortimer, E., Leman, P. A. & Swanepoel, R. An inhibition enzyme-linked
immunosorbent assay for the detection of antibody to Rift Valley fever virus in humans,
domestic and wild ruminants. J. Virol. Methods 127, 10—18 (2005).

Paweska, J. T. ef al. Recombinant nucleocapsid-based ELISA for detection of IgG antibody
to Rift Valley fever virus in African buffalo. Vet. Microbiol. 127, 21-28 (2008).

Gauliard, N., Billecocq, A., Flick, R. & Bouloy, M. Rift Valley fever virus noncoding
regions of L, M and S segments regulate RNA synthesis. Virology 351, 170-179 (2006).
Williams, R. et al. Validation of an IgM antibody capture ELISA based on a recombinant
nucleoprotein for identification of domestic ruminants infected with Rift Valley fever virus.
J. Virol. Methods 177, 140-146 (2011).

Kortekaas, J. ef al. European ring trial to evaluate ELISAs for the diagnosis of infection
with Rift Valley fever virus. J Virol Methods 187, 177-181 (2013).

Mroz, C. et al. Seroprevalence of Rift Valley fever virus in livestock during inter-epidemic
period in Egypt, 2014/15. BMC Vet Res 13, 1-9 (2017).

Vuren, P. J. van, Potgieter, A. C., Paweska, J. T. & Dijk, A. A. van. Preparation and
evaluation of a recombinant Rift Valley fever virus N protein for the detection of IgG and
IgM antibodies in humans and animals by indirect ELISA. J. Virol. Methods 140, 106—114
(2007).

Paweska, J. T., Vuren, P. J. van & Swanepoel, R. Validation of an indirect ELISA based on
a recombinant nucleocapsid protein of Rift Valley fever virus for the detection of IgG
antibody in humans. J. Virol. Methods 146, 119—-124 (2007).

Weingartl, H. M., Miller, M., Nfon, C. & Wilson, W. C. Development of a Rift Valley
fever virus viremia challenge model in sheep and goats. Vaccine 32, 2337-2344 (2014).
Lépez-Ratén, M., Rodriguez-Alvarez, M. X., Cadarso-Suarez, C. & Gude-Sampedro, F.
OptimalCutpoints: An R Package for Selecting Optimal Cutpoints in Diagnostic Tests. J.
Stat. Softw. 61, 1-36 (2014).

Cetre-Sossah, C. et al. Evaluation of a commercial competitive ELISA for the detection of
antibodies to Rift Valley fever virus in sera of domestic ruminants in France. Prev Vet Med
90, 146—149 (2009).

Greiner, M. & Gardner, I. A. Application of diagnostic tests in veterinary epidemiologic

studies. Prev Vet Med 45, 43—59 (2000).

87



193. Kim, H.-J. et al. Competitive ELISA for the Detection of Antibodies to Rift Valley Fever
Virus in Goats and Cattle. J. Vet. Med. Sci. 74, 321-327 (2012).
194. Dar, O., Mclntyre, S., Hogarth, S. & Heymann, D. Rift Valley fever and a new paradigm of

research and development for zoonotic disease control. Emerg Infect Dis 19, 189—193
(2013).

88



