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Abstract 

Microalgae-based biorefining presents significant potential; however, the high costs 

associated with the harvesting of algal biomass pose substantial challenges to its 

commercialization. This research aims to develop innovative technology for algal cell 

harvesting, facilitating a cost-competitive and environmentally sustainable biorefinery. Poly(N-

isopropylacrylamide) (PNIPAM), known for its temperature-induced phase transition properties, 

is explored as a means to capture algal cells within the cultivation medium. 

This study investigates PNIPAM and its derivatives to elucidate the fundamental principles 

and potential applications of thermoresponsive polymers (TRPs) for the harvesting of 

microalgae. Variants of PNIPAM were synthesized, and the impacts of charge, molecular 

weight, amine content, and polymer concentration on the phase transition temperature and degree 

of phase separation were systematically examined. Results indicated that the lower critical 

solution temperature (LCST) of PNIPAM decreases with increasing concentration, with the rate 

of decrease attenuating at higher molecular weights. Notably, amine content did not exert a 

significant influence on the LCST. The efficacy of these properties on the harvesting of 

Chlorella vulgaris was assessed, achieving a remarkable 92% algae harvesting efficiency (AHE) 

with PNIPAM (300 kDa). However, amine-modified TRPs did not enhance harvesting 

performance. These findings underscore the potential of TRPs as a viable polymer class for 

microalgae harvesting, thereby advancing the microalgae industry. 

To broaden the applicability of TRPs, additional algal strains with varying sizes, culture 

media, and cell wall compositions were evaluated. In addition to C. vulgaris, strains such as 



 

 
 

Chlorococcum oleofaciens, Chlorella protothecoides, and Nannochloropsis oculata were 

investigated. Results demonstrated that both higher molecular weight and concentration 

positively influenced cell harvesting efficacy. PNIPAM (300 kDa) consistently harvested over 

90% of algal cells across all four strains within the cultivation medium. PNIPAM was found to 

be particularly effective for N. oculata, which thrives in seawater and possesses a cell size of 2-

10 μm with a cell wall primarily composed of glucosamine. Notably, the introduction of amine-

induced positive charge did not facilitate harvesting even when the charge-shielding effect is 

diminished. Structural transitions of TRPs following phase changes indicated that algal cells may 

become encapsulated within the polymer meshwork, facilitating their extraction. The harvesting 

process resulted in a vitality reduction of more than 50% in algal cells, alongside noticeable 

shrinkage and damage to the cell wall. 

Furthermore, the grafting of PNIPAM onto various substrate materials, including cotton 

fabric, polyester fabric, polyester sheets, and polystyrene flexible sheets, was explored to 

enhance the convenience and cost-effectiveness of PNIPAM recycling and reuse. Among the 

tested grafted PNIPAMs, PNIPAM (300 kDa) grafted onto cotton fabric exhibited the highest 

grafting yield (2.38 ± 0.39 mg/cm²) and optimal AHE of 72.31 ± 0.56%. Allowing the polymer 

to dissolve completely prior to heating significantly improved AHE during the harvesting 

process. Moreover, PNIPAM-grafted cotton fabrics demonstrated the capacity for reuse across 

more than 20 cycles before a decline in AHE was observed. The implementation of grafted 

PNIPAM on substrate materials presents a promising cost-effective strategy for algal harvesting, 

thereby promoting the commercialization of microalgae biorefineries. 

Overall, this study demonstrates the significant potential of PNIPAM as a novel approach 



 

 
 

for the efficient harvesting of microalgae, addressing key challenges in the commercialization of 

microalgae-based biorefineries. This research lays the groundwork for future developments in 

algae biorefining processes, encouraging further exploration and optimization of 

thermoresponsive polymers to foster a more cost-effective and environmentally friendly 

approach to microalgae harvesting and biorefinery commercialization.  
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Abstract 

Microalgae-based biorefining presents significant potential; however, the high costs 

associated with the harvesting of algal biomass pose substantial challenges to its 

commercialization. This research aims to develop innovative technology for algal cell 

harvesting, facilitating a cost-competitive and environmentally sustainable biorefinery. Poly(N-

isopropylacrylamide) (PNIPAM), known for its temperature-induced phase transition properties, 

is explored as a means to capture algal cells within the cultivation medium. 

This study investigates PNIPAM and its derivatives to elucidate the fundamental principles 

and potential applications of thermoresponsive polymers (TRPs) for the harvesting of 

microalgae. Variants of PNIPAM were synthesized, and the impacts of charge, molecular 

weight, amine content, and polymer concentration on the phase transition temperature and degree 

of phase separation were systematically examined. Results indicated that the lower critical 

solution temperature (LCST) of PNIPAM decreases with increasing concentration, with the rate 

of decrease attenuating at higher molecular weights. Notably, amine content did not exert a 

significant influence on the LCST. The efficacy of these properties on the harvesting of 

Chlorella vulgaris was assessed, achieving a remarkable 92% algae harvesting efficiency (AHE) 

with PNIPAM (300 kDa). However, amine-modified TRPs did not enhance harvesting 

performance. These findings underscore the potential of TRPs as a viable polymer class for 

microalgae harvesting, thereby advancing the microalgae industry. 

To broaden the applicability of TRPs, additional algal strains with varying sizes, culture 

media, and cell wall compositions were evaluated. In addition to C. vulgaris, strains such as 



 

 
 

Chlorococcum oleofaciens, Chlorella protothecoides, and Nannochloropsis oculata were 

investigated. Results demonstrated that both higher molecular weight and concentration 

positively influenced cell harvesting efficacy. PNIPAM (300 kDa) consistently harvested over 

90% of algal cells across all four strains within the cultivation medium. PNIPAM was found to 

be particularly effective for N. oculata, which thrives in seawater and possesses a cell size of 2-

10 μm with a cell wall primarily composed of glucosamine. Notably, the introduction of amine-

induced positive charge did not facilitate harvesting even when the charge-shielding effect is 

diminished. Structural transitions of TRPs following phase changes indicated that algal cells may 

become encapsulated within the polymer meshwork, facilitating their extraction. The harvesting 

process resulted in a vitality reduction of more than 50% in algal cells, alongside noticeable 

shrinkage and damage to the cell wall. 

Furthermore, the grafting of PNIPAM onto various substrate materials, including cotton 

fabric, polyester fabric, polyester sheets, and polystyrene flexible sheets, was explored to 

enhance the convenience and cost-effectiveness of PNIPAM recycling and reuse. Among the 

tested grafted PNIPAMs, PNIPAM (300 kDa) grafted onto cotton fabric exhibited the highest 

grafting yield (2.38 ± 0.39 mg/cm²) and optimal AHE of 72.31 ± 0.56%. Allowing the polymer 

to dissolve completely prior to heating significantly improved AHE during the harvesting 

process. Moreover, PNIPAM-grafted cotton fabrics demonstrated the capacity for reuse across 

more than 20 cycles before a decline in AHE was observed. The implementation of grafted 

PNIPAM on substrate materials presents a promising cost-effective strategy for algal harvesting, 

thereby promoting the commercialization of microalgae biorefineries. 

Overall, this study demonstrates the significant potential of PNIPAM as a novel approach 



 

 
 

for the efficient harvesting of microalgae, addressing key challenges in the commercialization of 

microalgae-based biorefineries. This research lays the groundwork for future developments in 

algae biorefining processes, encouraging further exploration and optimization of 

thermoresponsive polymers to foster a more cost-effective and environmentally friendly 

approach to microalgae harvesting and biorefinery commercialization.
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1 

Chapter 1 - Introduction 

 1.1 Microalgae 

Microalgae are a diverse class of photosynthetic eukaryotic microorganisms, which are 

mostly found in widely dispersed and unconnected water bodies (Randrianarison and Ashraf 

2017). Algae are the main producers of food in the ocean. Not only does the production of all 

seafood in nature depend on algae, but also plants derived from algae (such as bryophytes and 

vascular plants) are the source of all our food and feed. In short, all life can ultimately be traced 

back to algae and its predecessors. Microalgae have great economic potentials and contribute to 

human society in many ways (Gallardo-Rodríguez et al. 2012; Kay and Barton 1991; Wells et al. 

2017). They can be used to produce pigments, colorants, biofertilizers/inoculants and 

cosmeceuticals, as well as feed, human food/food supplements, nutraceuticals (e.g., β-carotene 

and provitamin A), biofuels, and polyunsaturated fatty acids. They can also be used for 

wastewater treatment and phytoremediation (Borowitzka 1995, 2013; Gantar and Svirčev 2008; 

Lee 1997; Specht and Mayfield 2014). Four algae strains used in this work are described in 

detail. 

Technologies for converting algal biomass into valuable commodities, including fuels, have 

garnered increasing attention recently (Sharmila et al. 2022). The production of biofuels from 

algal biomass presents a viable long-term solution for climate change mitigation and energy 

sustainability. Algal biomass has emerged as a promising alternative to traditional energy 

sources, offering potential for sustainable and reliable products (Narayanan 2024). One of the 

key advantages of algae is their ability to grow abundantly in saline and harsh environments, 
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positioning them as one of the most promising non-food sources for biofuels. The composition of 

algal biomass, which includes varying amounts of sugars, proteins, and lipids, differs between 

species and is influenced by both biotic and abiotic factors, such as sunlight and temperature 

(Anbuchezhian, Karuppiah, and Li 2015). This variability highlights the potential of algal 

biomass as a versatile resource for biofuel production. Several commercial algae strains used in 

this work have been shown in Table 1.1. 

Table 1.1. Lipid production of commercial algae.  

Strain Class Medium Lipid Production 

Chlorococcum oleofaciens 
(Trainor and Bold 1953) 

Chlorophyceae Freshwater 198.3 ± 4.61mg/L.d (Rayati, Rajabi 
Islami, and Shamsaie Mehrgan 2020) 

Chlorella protothecoides (Huss et 
al. 1986) 

Chlorophyceae Freshwater 1068.11 mg/L.d (Li et al. 2024) 

Nannochloropsis oculata 
(Hibberd 1981) 

Eustigmatophyceae Seawater 0.037 ± 0.007 g/L.d (Abdelkarim, 
Wijffels, and Barbosa 2024) 

Chlorella vulgaris (González, 
Cañizares, and Baena 1997) 

Chlorophyceae Freshwater 149.0 ± 24.0 mg/L.d (Shen et al. 2019) 

 

 1.1.1 Chlorococcum oleofaciens 

Chlorococcum is one of the largest genera in the order Chlamydomonadales, with 

approximately 50 species (Ettl and Gärtner 2013; Maltseva et al. 2024), which are widely 

distributed in various ecosystems (Maltsev, Maltseva, and Maltseva 2022; Scherbina, Maltseva, 

and Solonenko 2014). Chlorococcum oleofaciens was first described by Trainor and Bold 

(Trainor and Bold 1953). It occurs as vegetative cells, mature cells, zoospores, zoosporangia, 

aplanospores, and aplanosporangia (Kawasaki, Nakada, and Tomita 2015). The maximum size of 

Cc. oleofaciens mature cells is 20-46 μm with cell wall thickness of 0.5-6.5 μm (Kawasaki et al. 
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2015). Cc. oleofaciens is a freshwater unicellular microalga that accumulates large amounts of 

lipids in mature cells (Rajabi Islami and Assareh 2020). These oil droplets turn yellow orange 

during aging of the culture (Rayati et al. 2020). Morphologies of Cc. oleofaciens have been 

shown in Figure 1.2. 

 

Figure 1.1. Nomarski interference microscopy of Chlorococcum oleofaciens Trainor & H.C. 
Bold in liquid or on agar AF-6 medium (Kawasaki et al. 2015). (A, B) Vegetative cells on 
agar medium. (A) Optical section. (B) Surface view. (C, D) Ellipsoidal vegetative cell C), 
and stigma of a zoospore (D) in liquid medium. (E, F) Artificially compressed pyrenoid by 
coverslip in a vegetative cell showing a continuous starch sheath (E), and an 
aplanosporangium with eight aplanospores (F) on agar medium. (G–K) Mature cells and 
oil droplets in liquid medium. (G) Mature cell. (H) Brownish oil droplet. (I) Colorless oil 
droplet. (J, K) Mature cell stained with Nile red. (J) Light field. (K) Fluorescence 
microscopy. (L, M) Zoospore (L), and a zoosporangium with eight zoospores (M) in liquid 
medium. An asterisk indicates the anterior direction of the zoospore. Bar = 10 μm (F, G, J, 
K, M), 5 μm (A–C, H, I), 2 μm (E, L), or 1 μm (D). cv, contractile vacuole; d, oil droplet; e, 
stigma; n, nucleus; p, pyrenoid. CC BY. Used with permission. 

 

Several previous studies attempted to evaluate the potential of Cc. oleofaciens as a biodiesel 

producer. Halim et al. (2011) proposed that the fatty acid composition of Cc. oleofaciens is 
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dominated by oleic acid (C 18:1, 63 wt %) and palmitic acid (C 16:0), making it suitable for 

biodiesel production. Del Río et al. (2017) found that limited nitrate supply led to increased fatty 

acid level but reduced biomass productivity in Cc. oleofaciens in continuous culture, and the 

maximum fatty acid productivity (111 mg·L−1·d−1) was obtained at 2 mM nitrate. Rayati et al. 

(2020) studied the effects of light intensity on the growth performance and lipid accumulation of 

Cc. oleofaciens and found that when the algae were grown at 400 μmol photons·m-2·s-1, it had a 

lipid content of up to 59.2% and a lipid productivity of 198.3 mg·L-1·day-1. The fatty acid profile 

contained 82.3% saturated fatty acids, with palmitic acid, stearic acid, and myristic acid being 

the major three fatty acids. Islami and Assareh (2020) added iron ions to the culture medium for 

Cc. oleofaciens, the algal growth rate increased by 2.19 times and the exponential growth period 

was extended by 10 days compared with the normal culture medium when the iron ion 

concentration was increased to 10−6 mol·L−1. Also, the highest biomass and lipid productivity 

were 310 mg·L−1·d−1 and 139 mg·L−1·d−1, respectively. 

 1.1.2 Chlorella protothecoides 

Among oil-producing microalgae, Chlorella species produces high levels of triacylglycerols 

(TAGs), which are ideal precursors for biodiesel production (Přibyl, Cepák, and Zachleder 2012; 

Sun et al. 2015; Yang et al. 2011). Chlorella protothecoides is a microalga that can grow 

photoautotrophically or heterotrophically, and it can adapt to different culture conditions (Xu, 

Miao, and Wu 2006). The heterotrophic growth of Chlorella strain requires an organic carbon 

source, usually acetic acid (CH3COOH), glucose (C6H12O6), glycerol (C3H5(OH)3), or other 

organic compounds, resulting in high cell biomass concentration and high intracellular lipid 

content (Endo 1977; Heredia-Arroyo, Wei, and Hu 2010; Wu et al. 1994). In heterotrophic 
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growth, cells lose chloroplasts and photosynthetic capacity, thereby increasing the efficiency of 

fatty acid production (Rodríguez-Castillo et al. 2016). 

Many studies have improved the cultivation methods of C. protothecoides in an attempt to 

increase its growth rate and oil production. Sun et al. (2015) conducted the first comprehensive 

study of lipid production in indoor and outdoor photoautotrophic C. protothecoides cultures. C. 

protothecoides CS-41 accumulated lipids up to 55% of dry weight, with triacylglycerols and 

oleic acid accounting for 71% of total lipids and 59% of total fatty acids, respectively. The 

optimal biomass and lipid productivity achieved in the outdoor panel photobioreactor were 1.25 

g L-1 day-1 and 0.59 g L-1 day-1, respectively. O’Grady and Morgan (2011) showed that C. 

protothecoides obtained specific growth rates and final lipid yields of 0.1/h and 0.31 g lipid/g 

substrate, respectively, using low-cost glycerol as the sole carbon source. C. protothecoides has 

been cultivated in a tetracycline environment (S. Wang et al. 2023). The results proved that C. 

protothecoides had a biosorption effect on low-concentration tetracycline and increased the 

biomass production by 13.26% with the addition of biochar. The study by Li et al. (2024) 

explored the possibility of co-cultivation of C. protothecoides and Ellipsodium ellipsoidea in 

enhancing cell growth and lipid accumulation. The biomass yield was 6.91 g L-1, and the lipid 

productivity was 1.07 g L-1 d-1, which were increased by 1.41 to 1.70 times and 3.05 to 3.10 

times, respectively, compared with the single culture. The supplementation of exogenous 

metabolite melatonin (50 μM) increased the biomass and lipid content of the co-cultured algae to 

9.27 g L-1 and 69.86%. 

 1.1.3 Nannochloropsis oculata 

Nannochloropsis oculata is a species of marine unicellular algae belonging to the genus 
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Nannochloropsis, family Monodopsidaceae, order Eustigmatales, class Eustigmatophyceae 

(Hibberd 1981; Kagan and Matulka 2015). They are usually simple, non-flagellated, non-

zoospore producing, free-floating, and spherical to slightly ovoid cells (Al-Hoqani, Young, and 

Purton 2016; Zanella and Vianello 2020) with the size of 2-8 µm (Figure 1.3). N. oculata is 

promising for biodiesel production and can also be used as a food source in aquaculture due to its 

ability to produce high-value oil containing omega-3 fatty acids (Chua and Schenk 2017; 

Sukenik, Carmeli, and Berner 1989). In addition, N. oculata contains high levels of protein, 

polyunsaturated fatty acids, and antioxidant pigments, making it safe for use in human dietary 

supplements (Kagan and Matulka 2015; Kent et al. 2015). 

 

Figure 1.2. Image of Nannochloropsis oculata (Malakootian et al. 2016). CC BY-NC-ND. 

 

A two-stage cultivation strategy was developed to enhance lipid production by N. oculata 

(Su et al. 2011). Cell biomass growth and lipid production were divided into two independent 

and non-interacting stages. The algae were first cultivated under conditions suitable for cell 

growth and then transferred to a growth-restricted environment to improve lipid production. The 
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final lipid yield was 2.82 times higher than that of the traditional single-stage batch culture 

system, at 0.324 g L-1 d-1. Rasdi and Qin (2015) evaluated the growth of N. oculata by 

manipulating the ratio of nitrogen (N) to phosphorus (P) in the culture medium. The results 

showed that the N:P ratio did not affect the growth rate of the algae but affected the synthesis of 

proteins as well as lipids. N. oculata has been successfully inoculated in medium containing 

oilfield produced water (PW) and obtained effective growth (Ammar, Khadim, and Mohamed 

2018). At 25% PW, the biomass yields of N. oculata were 0.856 g/L and 89% of the oil content 

could be removed. In addition, a two-pronged strategy of random mutagenesis and adaptive 

laboratory evolution has been used to greatly improve the thermotolerance of N. oculata (Arora, 

Lo, and Philippidis 2022). The best mutant not only survived at 35°C, but also had 1.43-fold and 

2.24-fold higher biomass and lipid productivity than the wild type at 25°C, respectively. 

Metabolomics and lipidomics showed that the central carbon metabolism and membrane lipid 

synthesis of the thermotolerant strain were rewired to ensure cellular homeostasis without 

compromising productivity. In summary, various approaches have been investigated to enhance 

the growth and lipid production of N. oculata. 

 1.1.4 Chlorella vulgaris 

Chlorella vulgaris is a species of microalgae belonging to the order Chlorococcalales, 

family Oocystaceae, genus Chlorella (Coronado-Reyes et al. 2020). Its shape is spherical with a 

size from 2 to 10 µm, and its structure is similar to that of higher plants, containing cell walls, 

mitochondria, and chloroplasts (Safi et al. 2014). Figure 1.4 shows the C. vulgaris structure. The 

cell wall of C. vulgaris changes with the growth stage and environmental conditions, from a thin 

electron-dense monolayer of 2 nm in the sporangium stage to 17-21 nm after maturity 
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(Yamamoto et al. 2004; Yamamoto, Kurihara, and Kawano 2005). 

 

Figure 1.3. Schematic ultrastructure of C. vulgaris representing different organelles (Safi et 
al. 2014). Copyright (2014), with permission from Elsevier. 

 

C. vulgaris reproduces asexually by autospore formation, which is common among algae. In 

this case, four daughter cells with their own cell walls are formed within the cell wall of a mother 

cell. The mother cell wall then ruptures, releasing the mature daughter cells (Yamamoto et al. 

2004, 2005). C. vulgaris is one of the most commonly used microalgae in aquaculture and can be 

used as feed, growth promoter, and immunostimulant (Ahmad et al. 2020). C. vulgaris can also 

be used to produce lipids (e.g., triglycerides, phospholipids, glycolipids) (Maliwat et al. 2017; Ru 

et al. 2020; Yeh and Chang 2011), proteins and amino acids (Gouveia et al. 2006; Liu and Chen 

2016), carbohydrates (e.g., starch, cellulose, β-1-3-glucans, and sulphonated polysaccharides) 

(Lordan, Ross, and Stanton 2011; Mohamed 2008; Tabarsa et al. 2015), pigments (e.g., β-

carotene, astaxanthin, cantaxanthin, lutein, and chlorophyll) (Cha et al. 2010; Ru et al. 2020), 

vitamins, and minerals (Maruyama et al. 1997). 
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Sharma et al. (2012) determined the effects of culture conditions on the growth of C. 

vulgaris and the contents of chlorophyll a, chlorophyll b, total carotene, total protein, and total 

free amino acids under different temperature and light conditions. The results showed that C. 

vulgaris had the highest biomass (30.2 mg/50 ml), chlorophyll-a (2.16%), chlorophyll-b (0.59%), 

and total protein contents when the temperature was 25-30°C and natural sunlight was exposed 

to the north-facing windows of the growth chamber. However, the contents of total carotenoids 

and free amino acids reached their maximum values of 0.440% and 834 µg/mg fresh weight, 

respectively, under continuous light at 30-35°C. Candido and Lombardi (2017) presented results 

on the growth and biomass yield of C. vulgaris in conventional and biodigested vinasse, a 

residue of the sugarcane industry. Comparable to the growth in normal medium, C. vulgaris 

could grow in 60% filtered conventional vinasse and 80% biodigested vinasse with the growth 

rate up to 1.2 day-1. Organic food waste compost medium was also investigated to substitute 

inorganic medium for the cultivation of C. vulgaris (Chew et al. 2018). The use of 25% compost 

mixture combination resulted in higher biomass concentration (11.1%), more lipid (10.1%) and 

protein (2.0%) contents compared to the culture grown in complete inorganic medium. Ratomski 

and Hawrot-Paw (2021) used aquaculture wastewater (AWW) as a nutrient source to improve 

the lipid accumulation of C. vulgaris during growth. The biomass obtained with 80% AWW was 

the largest (727 mg·L−1), which was almost 5 times that of the synthetic medium while the lipid 

content ranged from 5.75% (80% AWW) to 11.81% (20% AWW). Peter et al. (2023) developed 

a mobile/digital app [FindAlgae] to replace the traditional UV-visible spectrophotometry to 

monitor the growth of C. vulgaris. Experimental results showed that the combination of recycled 

medium and fresh medium with a mixing ratio of 40% produced the greatest biomass growth 

(4.52 g/L), lipid (317.40 mg/g), protein (280.57 mg/g), and carbohydrate (451.37 mg/g). In the 
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process, the iterative model explained the results of each data set with an accuracy of more than 

92% based on the performance of the trained model.  

 1.2 Microalgae biorefinery 

Microalgae have gained increasing attention as a third-generation feedstock for biorefinery 

due to their high carbon density (including carbohydrates, proteins, and lipids), fast growth rate, 

short life cycle, and tolerance to a variety of environmental conditions (e.g., temperature, pH, 

salinity, and light intensity) (Okeke et al. 2022). Under right conditions, microalgae can 

accumulate metabolites through photosynthesis that serve as potential feedstocks for the 

production of various biofuels (Chisti 2018). For example, carbohydrates and various types of 

oils can be accumulated. The starch produced by algae is easily hydrolyzed into glucose and then 

fermented into biofuels (Harun et al. 2014). Genetically modified algae have long been used to 

directly produce ethanol through photosynthesis (Lü, Sheahan, and Fu 2011; Williams 2009). 

The triglyceride oil recovered from algal biomass can be easily converted into biodiesel by 

transesterification with methanol (Chisti 2007). Algal biomass can be fermented to produce 

biogas, or to generate energy-rich hydrogen (Montingelli, Tedesco, and Olabi 2015). In addition, 

it is possible to directly use live algae to produce hydrogen (Dubini and Gonzalez-Ballester 

2016; Melis and Happe 2001). The conversion of algal biomass into liquid and gaseous fuels is 

feasible through chemical-physical processes, such as pyrolysis, hydrothermal treatment, and 

gasification (Chisti 2013). All of the above productions have been proven to be technically 

feasible. 

Gendy and El-Temtamy (2013) pointed out that algae are the fastest-growing plants in the 
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world. The microalgal oil yield per unit area was estimated to be 7-31 times higher than palm oil. 

Biodiesel derived from microalgae shares similar physicochemical and functional properties to 

diesel, indicating the potential of microalgae as a green alternative feedstock to petroleum 

(Elkelawy et al. 2021; G. Li et al. 2020). For instance, C. vulgaris grown under nutrient-deficient 

conditions had oil content up to 70% of dry cell weight (Yun et al. 2019). Microalgae can 

produce 58,700 L/hac microalgae oil, which could be converted to 121,104 L/hac biodiesel (X. 

Wang et al. 2023). Thus, microalgae biorefinery is expected to be a platform for the conversion 

of microalgal biomass into a variety of value-added products, such as biofuels, bio-based 

chemicals, biomaterials, and bioactive substances. Advanced biotechnology, engineering 

technology, and green process engineering are able to achieve efficient, clean, and cyclic 

conversion and utilization of microalgal biomass (Tan et al. 2018). Figure 1.4 illustrates the 

concept of microalgae biorefinery to produce multiple products (Wang et al. 2022).  

 

Figure 1.4. Overview of microalgae biorefinery to produce value-added bioproducts. 
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However, due to high infrastructure and downstream operation costs, the production of 

biodiesel from microalgae hasn’t yet been an economically viable alternative to other fossil fuels.  

The cost of microalgae biodiesel ($3.52-3.75/L) is significantly higher than that of the biodiesel 

produced from other crops, such as soybean ($0.93~1.48/L) (Bhatt et al. 2022; Valverde et al. 

2016). Hence, the concept of a microalgae biorefinery holds the potential to establish a 

sustainable green economy, while the cost should be well addressed through technique 

advancement. 

 1.3 Microalgae harvesting 

Microalgae biorefinery suffers from several technical barriers at different stages of the 

upstream and downstream processes (Tan et al. 2018). Microalgal cells usually grow with very 

dilute concentrations (~0.2-0.5 g/L) such that algal biomass must be concentrated before 

downstream processing (Danquah et al. 2009). This is particularly important when the 

compounds of interest are restrained within the cells (e.g., cellular lipids and pigments). 

Harvesting of algal biomass is one of the biggest obstacles for downstream processing, as it 

involves significant energy consumption and cost contribution. Microalgal cells were found in 

different shape, size, and density, e.g.,  spherical, filamentous, and elongated ranging from 0.5 to 

200 μm with cell density within 1070-1140 kg·m-3 (Henderson, Parsons, and Jefferson 2008). 

The cell surface charge can vary from -2 to -75 mV (Zeta potential) under the influence of 

chemical functional groups of cell wall, which changes with culture conditions and cell age (Roy 

and Mohanty 2019). Also, some species, such as Chlamydomonas reinhardtii are found to be 

flagellated and can evade flocculation by swimming out of flocs (Gerardo et al. 2015). The 

challenge for algal cell isolation from water is a result of the above-mentioned inherent 
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properties of algae, all of which lead to the formation of stable algal suspensions. Almost 80%-

90% of the equipment cost is spent in dewatering microalgal biomass from open ponds (Amer, 

Adhikari, and Pellegrino 2011; Roy and Mohanty 2019). The technoeconomic analysis pointed 

out that reducing the cost of microalgae harvesting is the most effective way to reduce the total 

production cost and increase the profit of microalgae products (Sui et al. 2020). 

Algae can be harvested by using different types of methods: centrifugation, filtration, 

flocculation, and a combination of some of these methods (Singh et al. 2023). Each process has 

its own advantages and limitations (Ahmad et al. 2022).  

 1.3.1 Centrifugation  

Centrifugation is a proven dewatering technology in multiple industries because it can 

achieve solid concentrations of more than 90% within 2-5 min (Hussian and Ellatif 2018; Javed 

et al. 2019; Pahl et al. 2013). Heasman et al. (2000) conducted centrifugation tests on 9 different 

microalgae strains and found that the harvest efficiency using super centrifugation (a centrifuge 

designed to operate at higher than normal speeds) was between 94% and 100%, while the 

efficiency of cream separation and bucket centrifugation were significantly reduced. Japar et al. 

(2017) compared three different algae species using four different speeds of 1000, 3000, 5000, 

and 7000 rpm for 5 min each. The results showed that the highest harvesting efficiency of 98%, 

96%, and 90% were achieved at 7,000 rpm (about 6000 g force) for Chlorella sp. UKM2, 

Coelastrella sp. UKM4, and Chlamydomonas sp. UKM6, respectively. Centrifugation also 

provides contaminant-free algal biomass that can be stored for long periods of time without 

purification before entering downstream processing (Radin Mohamed, Al-Gheethi, and Mohd 

Kassim 2019). However, centrifugation is energy-intensive, resulting in high cost for algal 
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biomass production (Kumar et al. 2019; Najjar and Abu-Shamleh 2020). Based on a feasibility 

analysis for microalgae-based biofuel, the total investment cost of centrifuges can reach 30% of 

the total investment in the industry (Alam, Wang, and Yuan 2017). Filtration has similar 

shortcomings to centrifugation. Therefore, new technologies that are environmentally friendly 

and low-cost for algae harvesting are still needed to promote the commercial microalgae 

biorefinery. 

 1.3.2 Sedimentation 

Sedimentation, also known as auto-flocculation, refers to the spontaneous aggregation of 

suspended algae under the influence of gravity (Figure 1.5). This phenomenon is often observed 

under non-ideal culture conditions, such as pH changes and culture aging (Shen, Cui, and Yuan 

2013). Yoo et al. (2015) studied the freshwater alga Ettlia sp. and found that its flocculation 

activity showed an S-shaped pattern with increasing pH. In the pH range of 6.5-8.5, the 

harvesting efficiency was very low, about 11%, while it increased dramatically to 83% and 94% 

when the pH increased to 10.5 and 12.5, respectively. Yoo believed that the negative charge on 

algae cell surface can be neutralized by multivalent metals salts which actively precipitate at high 

pH. However, for Scenedesmus obliquus, the self-flocculation efficiency only increased from 

10.4% to 33.2% when the pH value increased from 7 to 10 (Matter, Darwesh, and Eida 2018). 

Liu et al. (2013) studied the flocculation efficiency of three types of freshwater microalgae cells. 

When the pH dropped from 6.7 to about 5.0, the microalgae cells began to coagulate. When the 

pH was further reduced to 4.0, the cells further coagulated and quickly settled within a few 

minutes, with a higher flocculation efficiency of 90%. Addition of synthetic seawater to cultures 

of the freshwater alga Scenedesmus quadricauda increased the flocculation activity from 82.13% 
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to 88.79% at low algae concentration (0.52 g/L) and from 82.92% to 95.60% at high 

concentration (2.66 g/L) (Huo et al. 2014). It has been reported that the freshwater microalga C. 

vulgaris can be harvested by self-flocculation, which is caused by the precipitation of 

magnesium or calcium compounds due to a slow increase in pH in the absence of CO2 input 

(Nguyen et al. 2014). Algae harvesting based on sedimentation is a low-cost and 

environmentally friendly biomass recovery strategy. However, this harvesting process is often 

very slow (up to several days) and highly species-specific. And compared with centrifugation, 

the dehydration degree and dehydration efficiency of sedimentation are greatly reduced. 

 

Figure 1.5. Auto-flocculation harvesting of algal biomass. Three vials contain algal samples 
cultured in different nitrate concentrations: (left) 0.5×; (middle) 1× (original); and (right) 
2× (Nguyen et al. 2017). CC BY-NC-ND. 

 

 1.3.3 Chemical flocculation 

In situations where natural settling is difficult, flocculation is often used to speed up 

sedimentation. Adding flocculants can neutralize the negatively charged cell surface and allow 

microalgal cells to aggregate (Caetano et al. 2020; Matter et al. 2019). Commonly used inorganic 

chemical flocculants, such as aluminum sulfate, ferric chloride, and ferric sulfate can form flocs 
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with algae cells through charge neutralization and electrostatic bridging (Kumar et al. 2023). 

Organic polymers, such as chitosan, cationic starch, modified tannins, and polyacrylamide are 

also widely used (Shen et al. 2013).  

Kwon et al. (2014) optimized and compared the harvesting efficiency of aluminum sulfate, 

iron sulfate, and chitosan for Tetraselmis sp. at different pH values. The optimal dosage and pH 

level of aluminum sulfate were 1.2 g/L and pH 5-6, iron sulfate was 0.7 g/L and pH 4-8, and 

chitosan was 5.0 mg/mL and pH 7-8. The highest harvesting efficiencies were 85.6%, 92.6%, 

and 93%, respectively. Kim et al. (2017) used Fe2(SO4)3 and sulfuric acid to harvest C. vulgaris. 

The large release of such chemicals into the environment is a critical environmental and health 

concern. Lowering the pH successfully released the precipitate attached to the microalgae, and 

the remaining acidic solution containing the recovered iron ions could be reused up to three 

times with an efficiency of more than 98%. 120 mg/L chitosan could harvest 92% C. vulgaris 

within 3 min, and the harvesting efficiency increased to 99% when the pH was adjusted to 6.0 

(Rashid, Rehman, and Han 2013). Cationic starch was used to harvest C. pyrenoidosa and 

Botryococcus braunii, with the amount of cationic starch required to recover 1 g of algal biomass 

being 89 mg and 119 mg, respectively (Peng et al. 2017). Even though the harvesting efficiency 

of chemical flocculants is usually pretty high, up to 85% within one hour, the final product can 

have a serious impact on the environment (Matter et al. 2019).  

In electrochemical systems, a sacrificial metal anode (usually iron and aluminum. 

Magnesium, copper, zinc, and brass are also used) is used to release positively charged metal 

cations. These dissolved metal cations electrostatically attract negatively charged algal cells, 

resulting in flocculation (Rahmani et al. 2017). The electrical energy requirement for harvesting 
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1 kg of C. pyrenoidosa biomass using aluminum electrodes was 0.28 kWh, and the maximum 

harvesting efficiency was 95.83 ± 0.87%. Electrochemical algae harvesting is generally carried 

out by passing a direct electrical current through electrodes into a culture broth wherein algal 

cells act as negatively charged colloids (Krishnamoorthy et al. 2021). Electric current in an 

aqueous solution can cause a water electrolysis reaction through a sacrificial or non-sacrificial 

electrode, which will release hydrogen and oxygen from the cathode and anode, respectively. For 

the practical application of the electrochemical flocculation process, further research is needed to 

develop optimal electrodes with high efficiency, scale-free, and low toxicity properties, as well 

as scale-up and process optimization to reduce equipment and power costs. 

 1.3.4 Particle-based flocculation 

Particle-based flocculation can potentially circumvent some drawbacks of conventional 

chemical flocculation, such as bio-toxicity and difficulties related to chemical recovery (Kumar 

et al. 2023). Cationic starch nanoparticles (CSNPs) were used for the harvesting of C. vulgaris 

(Bayat Tork, Khalilzadeh, and Kouchakzadeh 2017). The maximum flocculation efficiency of 

90% was achieved under the optimal conditions of microalgae concentration of 0.75 g dry 

weight/L, CSNPs concentration of 7.1 mg dry weight/L, and pH of 11.8. Almost 100% of algal 

cells (1.7 g cells/L) can be harvested in 30 min using 0.6 g/L aluminum aminoclay (Al-AC) and 

Mg-AC but is less effective in seawater media (Y.-C. Lee et al. 2013). Magnetic nanoparticles 

(MNPs) are also designed for algae separation (Wang et al. 2020). The harvesting of raw 

magnetic nanoparticles achieved a high efficiency of 99.6% with the dosage of 0.58 g MNPs/g 

dried-biomass (Lin et al. 2015). Due to the high cost of magnetic particles, their separation and 

recovery from the culture medium has become a problem.  
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 1.3.5 Bio-flocculation 

Bio-flocculation is the harvesting of target algae by adding self-flocculating 

microorganisms (or their extracellular biopolymers) to the culture solution. Bacteria, fungi, 

yeasts, as well as their exudate-rich culture supernatants can be used as bio-flocculants (Li, Hu, 

and Zhu 2021; Matter et al. 2019).  

Zhang and Hu (2012) demonstrated the co-cultivation of Aspergillus niger with C. vulgaris 

to form cell pellets, facilitating algae harvesting. For the co-culture with autotrophic microalgae, 

around 60% of algae cells were pelletized with fungal cells. Similarly, Yang et al. highlighted the 

benefits of co-cultivating Chlorella sp. with Aspergillus sp. to enhance algae biomass production 

and harvesting efficiency (Yang, Li, and Wang 2019). The results showed that the highest 

biomass yield (4.215 g/L) was obtained when the inoculation ratio of fungi to microalgae was 

100 to 1. The co-cultivation system produced biomass with a higher lipid content (35.2%) and 

produced microbial cell oil with a lower degree of unsaturation compared with the single 

microalgae system. Extensive research supports fungal bioflocculants as reliable methods for 

achieving high biomass harvesting efficiencies (Chu et al. 2021; Lin et al. 2022).  

Yen et al. co-cultured Scenedesmus obliquus with Rhodotorula glutinis and achieved an 

increase in biomass of approximately 40-50% and total lipids of 60-70% compared to the single 

culture batches (Yen, Chen, and Chen 2015). Díaz-Santos et al. (2015) studied the effect of the 

self-flocculating yeast strain Saccharomyces bayanus var. uvarum on a freshwater microalga 

Chlamydomonas reinhardtii and a marine microalga Picochlorum sp. HM1. The addition of 

yeast induced cell aggregation in both microalgae studied, and 80% of C. reinhardtii and 60% of 

Picochlorum sp. were harvested. After separation and addition of 0.1 mg mL−1 of concentrated 
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flocculated excreted proteins, the recovery efficiency values for C. reinhardtii and Picochlorum 

sp. were 95% and 75%, respectively. 

Bacteria sometimes play an important role in flocculation, which leads to the sedimentation 

of microalgae by increasing the size of flocs. The flocculation activity of xenic C. vulgaris 

culture was 94%, while it was only 2% (J. Lee et al. 2013). Wan et al. (2013) isolated a bacterial 

strain Solibacillus silvestris from activated sludge, and the bio-flocculant in its culture broth had 

a flocculation efficiency of 90% on the marine microalga Nannochloropsis oceanica. These 

researchers claimed that the bio-flocculant had no effect on the growth of microalgae cells and 

could be reused to economically harvest N. oceanica. Úbeda et al. (2017) found that using 

Coelastrum exudates as a bio-flocculant for Scenedesmus sp. could achieve good harvesting 

efficiency of 97%. 

Bio-flocculation method can be considered as a sustainable and highly efficient technique 

for algal biomass harvesting since no chemical is required in this process, while possible 

environmental pollution caused by fungi, bacteria, etc. and process amplification issues need to 

be noted. Moving from lab-scale to commercial-scale applications still requires extensive 

developments for reliable, cheap, and eco-friendly algae harvesting processes. 

 1.4 Utilization of Thermo-responsive polymers to separate algal biomass 

Existing algae harvesting methods have their own shortcomings, including but not limited 

to long time, high cost, product contamination, environmental pollution, etc. Therefore, 

innovative cost-efficient and environmentally benign algae harvesting technologies are urgently 

needed. Interest in thermo-responsive polymers (TRPs) has persisted decades and it represents a 
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series of polymers of which physical property (e.g., solubility) change can be triggered by 

temperature (Doberenz et al. 2020). It has been investigated for a variety of applications, such as 

controlled drug delivery, injectable biomaterials, and tissue engineering (Hogan and Mikos 

2020). Poly-(N-isopropylacrylamide) (PNIPAM) is a TRP which undergoes a phase transition in 

water when temperature changes across its lower critical solution temperature (LCST) (Cao et al. 

2019; Liu et al. 2022).  

Our previous work involving a one-pot microalgae separation and intracellular product 

extraction (Zheng et al. 2015; Zheng, Xiao, and Roberts 2016), demonstrated that the phase 

transition behavior of PNIPAM and its derivatives can be used to separate microalgae efficiently 

via some interaction mechanism(s) between the polymer and cells. After algae separation from 

the growth media, the polymer can be recovered by gentle washing with water. The recovered 

polymer can then be added to a new culture to repeat the process without generating or wasting 

additional material. While neutral PNIPAM homopolymers are effective for harvesting C. 

protothecoides cells from their growth media, these systems require high dosage (50-100 

mg/mL). By introducing allylamine (AA) randomly into PNIPAM to make positively charged 

copolymers, nearly quantitative separation of algae was achieved using 25 mg/mL NIPAM 

copolymers with 2.6 mol% AA. Additionally, TRPs of PNIPAM and PNIPAM-AA were studied 

to enhance enzymatic cell wall disruption of C. protothecoides to recover lipids and reducing 

sugars. Results indicated that polymers were also able to disrupt microalgal cell walls for lipid 

extraction without enzymes, but unable to hydrolyze cell walls. By adding PNIPAM-AA in the 

medium, 68% and 33% cell disruption can be achieved with and without enzyme, respectively, 

resulting in respective lipid and reducing sugar yields of 59% and 50% (g/g, reducing sugar/dry 
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algal cell wall). The use of TRPs in addition to enzymes results in faster cell disruption with 

higher breakdown efficiency for improved lipid yield. The polymer was shown to function by 

stressing and disrupting the cell wall to improve the susceptibility to enzymatic cleavage as well 

as protecting the enzyme from denaturation. The use of TRPs provides a simple and energy-

efficient approach in assisting the production of biofuels and bioproducts from microalgae. More 

importantly, the polymer can be readily recovered and reused, thereby reducing overall material 

cost. In short, the foreseen advantages of using TRPs for microalgae separation include: (a) high 

energy efficiency, (b) simplicity of operation, (c) low capital/operational cost, (d) reduction of 

chemical contamination, (e) ability to recycle and reuse polymers, (f) enhancement of enzymatic 

microalgal cell disruption for intracellular product extraction, and (g) increased efficiency of 

subsequent microalgal biomass processing and utilization. 

 1.5 Conclusions and prospects 

Microalgae-based biorefinery provides various advantages to meet the rising demand for 

biofuel, food, and feed, as well as pharmaceuticals. Although microalgae technology is 

renewable and carbon-neutral, the cost of the renewable fuel derived from microalgae is 

prohibitive. This dilemma makes current microalgae biorefinery unprofitable compared to the 

conventional petroleum fuel. Of the microalgae processing, the algal cell harvesting accounts for 

a major proportion of the cost. This is because algal cells are generally small in size with 

negative charge on cell surface while their density is similar to water such that they usually form 

a uniform suspension in the culture medium. As a result, the development of cost-efficient algal 

cell separation technology is essential to scale up the microalgae biorefinery.  

Many previous studies reported methods and materials for algae harvesting. But more 
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universal and reliable ways are crucial for large-scale applications. Previous studies have some 

of the following common technical issues and concerns which compromise their reliability: 1) 

several studies use flocculation to speed up the precipitation of algae cells. This process can 

cause irreversible environmental pollution, and the need for subsequent biomass purification is 

also worth considering; 2) a number of new materials have been developed to help harvest algae. 

The preparation process of most materials is cumbersome and expensive. Also, some materials 

are highly strain-specific, i.e., one material may be very effective for some strains but not for 

others; 3) even though the efficiency of PNIPAM and its copolymers have been proven to 

harvest algae successfully. Its scope of application and durability are still not clear. Meanwhile, 

the mechanisms of the interaction between TRP and algal cells need to be further investigated. In 

understanding the mechanisms, we can modify the TRP to make it suitable for a wide range of 

algae strains. Therefore, this dissertation project is to establish a new TRP-induced algae 

harvesting system in which proper TRP can be specifically chosen to achieve high algal cell 

harvesting efficiency based on the properties of different algae. To achieve this goal, this project 

aims at three objectives: (1) establish relationships between TRP features and algae enrichment; 

(2) understand the fundamentals behind the interactions between TRP and algal cells; and (3) 

graft polymers onto suitable surfaces to enable large-scale reuse of TRP. 
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 Abstract 

Algal biomass harvesting is one of key technical hurdles impeding the commercialization of 

algae-based biorefinery. The goal of this work is to develop an innovative technology for algae 

cell harvesting. Thermoresponsive polymers (TRPs) such as poly(N-isopropylacrylamide) 

(PNIPAM) and its derivatives were studied on their properties and potential applications for 

microalgae harvesting. Various PNIPAM was synthesized, and the effects of charge, molecular 

weight (MW), amine content, and polymer concentration on the polymer phase transition 

temperature, the degree of phase separation, and the harvesting of microalgae (Chlorella 

vulgaris) were investigated. The lower critical solution temperature (LCST) of PNIPAM 

decreased with the increase of polymer concentration, while the decline rate reduced under high 

MW. The amine content didn’t significantly affect the LCST of TRPs. Approx. 92 % of algae 

cells were harvested by PNIPAM-300 kDa. Modified TRPs showed few benefits in enhancing 

algae harvesting. TRPs are a promising class of polymers for microalgae harvesting. 

Keywords: Bioenergy; Algae harvesting; Poly-(N-isopropylacrylamide); Phase transition; 

Lower critical solution temperature 
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 2.1. Introduction 

Energy security and environmental impact associated with the consumption of petroleum 

fuels have prompted the production and use of renewable energy for sustainable future (Sakarika 

and Kornaros 2019). Biomanufacturing that utilizes microorganisms as factories to produce fuels 

and chemicals has received increasing research interest (Deckers et al. 2020; Negassa, 

Mohiuddin, and Tiruye 2021). Microalgae are considered as one of promising renewable 

feedstocks for the third-generation biofuels and chemicals because of its faster growth, higher 

energy density, higher productivity, and lower land/fertilizer requirements than terrestrial plants 

(Brennan and Owende 2010; Hossain, Mahlia, and Saidur 2019; Moshood, Nawanir, and 

Mahmud 2021). Chlorella vulgaris has been one of the most commonly studied microalga 

species for biofuel production (e.g., biodiesel). It can grow under nutrient-deficient conditions to 

accumulate lipid up to 70% of dry cell weight (Yun et al. 2019). 

Despite the potential benefits of microalgae, there are several technical barriers preventing 

the commercialization of microalgal biorefinery, e.g., algal biomass harvesting (Branco-Vieira et 

al. 2020; Hajinajaf, Mehrabadi, and Tavakoli 2021). Microalgal cells usually grow in medium at 

very low concentration (0.2-0.5 g/L, dry weight basis) and need to be concentrated before 

downstream processing. However, harvesting algal biomass is usually energy-intensive and time-

consuming, making the current microalgae biorefinery economically unfit (Park, Craggs, and 

Shilton 2011). In addition, microalgal cells are small (2~50 μm) and have a similar density to 

water (1.08-1.13 g/mL) (Lavoie and de la Noüe 1987). Furthermore, the cell carries strong 

negative surface charge (Zhang et al. 2020), making it difficult to separate them from the 

cultivation medium, particularly during the exponential growth phase (Kumar et al. 2023). 
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Gravity sedimentation is the most common method for algal biomass harvesting, but it could 

take up to 1-2 days with the harvesting efficiency of only 60-70% (Nurdogan and Oswald 1996; 

Ortiz et al. 2021). In addition, various chemical and mechanical methods have also been 

extensively investigated (S. Li et al. 2020; Roy and Mohanty 2019; Suparmaniam et al. 2019), 

most of which are costly and have potential negative environmental impacts. For instance, Zhu et 

al. (2018) used aluminum sulfate as a flocculant to harvest more than 90% C. vulgaris biomass. 

Using metallic salts is useful to enhance the electro-flocculation process for concentrating C. 

vulgaris, but it increases the overall cost and might cause product contaminations (Chatsungnoen 

and Chisti 2019). High-speed centrifugation has been used to effectively recover microalgae. 

Farooq et al. (2015) isolated ~100% C. vulgaris biomass in four consecutive times while 

recycling medium. But the high energy and capital costs of the centrifugation prevent its use on a 

large scale. Savvidou et al. (2021) investigated magnetic harvesting of C. vulgaris using 

microwave-synthesized magnetite (Fe3O4) particles and achieved approx. 99% harvesting 

efficiency. The recovered particles could be reused five times, but the specific service life is still 

unclear. The high cost, high energy consumption, chemical contamination, and/or algal species-

dependence make it challenging to scale up the existing technologies. Therefore, more research 

is needed to develop microalgal biomass harvesting technologies that are cost-effective, 

environmentally friendly, energy-efficient, and compatible with a broad range of microalga 

species. 

Research interest in thermoresponsive polymer (TRP) has persisted over decades. TRP 

represents a series of polymers of which physical property changes (e.g., solubility) can be 

triggered by temperature shift (Doberenz et al. 2020). It has been investigated for a variety of 

applications, such as controlled drug delivery, injectable biomaterials, and tissue engineering 
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(Hogan and Mikos 2020). Poly-(N-isopropylacrylamide) (PNIPAM) is a typical TRP which 

undergoes a phase transition in water when temperature changes across its lower critical solution 

temperature (LCST) (Cao et al. 2019; Liu et al. 2022). The previous work involving a one-pot 

microalgae separation and intracellular product extraction (Zheng et al. 2015, 2016), 

demonstrated that the phase transition behavior of PNIPAM and its derivatives can be used to 

separate microalgae efficiently. The potential stages of TRPs for microalgae separation include 

high energy efficiency, simplicity of operation, low capital/operational cost, elimination of 

chemical contamination, and easy recycling and reuse of polymers. 

This study is to investigate the properties (e.g., molecular weight, charge and concentration) 

of PNIPAM-based TRPs and their effects on the thermoresponsive behavior and microalgae 

harvesting performance. The three objectives aim at: 1) synthesizing three types of TRPs such as 

PNIPAM, PNIPAM-allylamine (AA), and PNIPAM-2-(Methacryloyloxy) ethyl 

trimethylammonium chloride (MTAC) with different properties; 2) characterizing the TRPs for 

LCST, enthalpy during phase change, and zeta potential under different molecular weights 

(MWs)/concentrations/functional groups; and 3) studying the impacts of TRPs’ properties on the 

microalgae (C. vulgaris) harvesting. This work also correlates the molecular characteristics and 

microalgae harvesting performance of TRPs with their thermoresponsive behaviors. The results 

are expected to assist in selecting suitable TRPs for specific microalgae and lay a foundation for 

the development of a new class of TRP-based approach to harvest microalgae. 
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 2.2. Materials and Methods 

 2.2.1 Materials 

N-isopropylacrylamide (NIPAM), ammonia persulfate (APS), allylamine (AA), 2-

(Methacryloyloxy) ethyl trimethylammonium chloride (MTAC), tetramethylethylenediamine 

(TEMED), N, N-dimethylformamide (DMF), and lithium bromide (LiBr) were purchased from 

Fisher Scientific (Hampton, NH, USA). Polymethyl methacrylate (PMMA) was purchased from 

MilliporeSigma (St. Louis, MO). The microalgae, C. vulgaris (UTEX 2714) culture and the 

Bristol medium were purchased from the Culture Collection of Algae at the University of Texas 

at Austin (Austin, TX, USA).  

 2.2.2 Synthesis of thermoresponsive polymers 

TRPs such as PNIPAM, PNIPAM-AA, and PNIPAM-MTAC were prepared for studies. 

The recipe for TRP synthesis is shown in Table 2.1. PNIPAM was synthesized via the free 

radical emulsion polymerization of NIPAM using APS as an initiator. A series of amount of 

NIPAM (0.01-10 g) were dissolved in 200 mL deionized (DI) water. The solution was 

extensively purged with N2 for 10 min and constantly stirred at room temperature to remove 

dissolved oxygen before 100 μL of TEMED and 1 g of APS were added. The N2 purging and 

stirring continued for 5 min, and the glass bottle was sealed. The reaction was then carried out at 

room temperature for another 24 h without bubbling or stirring. The MWs of the synthesized 

TRPs were measured on a high-pressure liquid chromatograph (HPLC). Three of the TRPs (300, 

100, and 15 kDa) were chosen for further analysis. To make the TRPs with positive charge, AA 

and MTAC (1, 5, and 10 mol%) were dissolved with NIPAM in 200 mL DI water following by 
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repeating the above synthesis steps. The resultant TRPs were purified via dialysis against DI 

water by using regenerated cellulose dialysis membrane tubing (Spectra/Por®, Fisher Scientific, 

Hampton, NH) with the MW cutoff (MWCO) of 10 and 50 kDa for 7 days to remove unreacted 

monomers. TRP solutions after dialysis were freeze-dried and stored in a refrigerator until used.  

Table 2.1. Recipe for the synthesis of different thermoresponsive polymers 

Sample NIPAM (g) AA (μL) MTAC (μL) 

PNIPAM-300kDa 5   

PNIPAM-100kDa 1   

PNIPAM-85kDa 0.6   

PNIPAM-56kDa 0.4   

PNIPAM-27kDa 0.2   

PNIPAM-15kDa 0.1   

PNIPAM-AA-1-300kDa 5 33  

PNIPAM-AA-5-300kDa 5 165  

PNIPAM-AA-10-300kDa 10 660  

PNIPAM-AA-1-100kDa 1 6.6  

PNIPAM-AA-5-100kDa 1 33  

PNIPAM-AA-10-100kDa 1 66  

PNIPAM-AA-1-15kDa 0.1 0.66  

PNIPAM-AA-5-15kDa 0.1 3.3  

PNIPAM-AA-10-15kDa 0.1 6.6  

PNIPAM-MTAC-1-300kDa 5  110 

PNIPAM-MTAC-5-300kDa 5  550 

PNIPAM-MTAC-10-300kDa 10  2200 

PNIPAM-MTAC-1-100kDa 1  22 

PNIPAM-MTAC-5-100kDa 1  110 
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PNIPAM-MTAC-10-100kDa 1  220 

PNIPAM-MTAC-1-15kDa 0.1  2.2 

PNIPAM-MTAC-5-15kDa 0.1  11 

PNIPAM-MTAC-10-15kDa 0.1  22 
Note: The number after AA and MTAC represents how much % mol of AA and MTAC were 

added to the monomer solution, respectively. The number before kDa means the MW of TRPs. 

For example, PNIPAM-AA-1-300kDa means PNIPAM was modified with 1 mol% AA and had 

a MW 300 kDa. 

 

 2.2.3 Characterization of thermoresponsive polymers 

The MWs of TRPs synthesized in Section 2.2 were measured by using HPLC (1100 Series, 

Agilent Technologies, Santa Clara, CA, USA) which was equipped with a refractive index (RI) 

detector and an analytical column (PL1113-6500, Agilent PLgel, 5 μm × 7.5 mm × 300 mm, 

Agilent Technologies, Santa Clara, CA, USA). The mobile phase was DMF with 0.05 M LiBr at 

a flow rate of 1 mL/min, and the analysis temperature was 42°C. The powder polymer was 

dissolved in the mobile phase at 5 mg/mL and filtered through a 0.2-μm syringe filter into an 

HPLC vial. The MWs of TRPs were calculated against PMMA as a standard. The chemical 

structure and functional groups of TRPs were analyzed by using Fourier-transform infrared (FT-

IR) spectroscopy (Spectrum 400, PerkinElmer, Austin, TX) in the range of 380-4000 cm-1. Low 

critical solution temperatures (LCSTs) of TRPs were determined by using differential scanning 

calorimetry (DSC) (Q200, TA Instrument, Schaumburg, IL). Approximately 40 μL of TRP 

solutions at various concentrations were weighed in aluminum pans, heated from 20 to 55℃ at a 

rate of 5℃·min-1, and then cooled to 20℃. Three cycles were recorded to determine the TRPs’ 
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LCSTs with DI water as a reference. The charge of TRPs was measured as Zeta potential. The 

TRP solutions of 10 mg/mL were prepared in DI water, and their Zeta potential was measured on 

a Zetasizer (Nano-ZS, Malvern Panalytical Inc., Westborough, MA) at 25℃. The measurements 

were repeated three times.  

 2.2.4 Microalgae harvesting by using thermoresponsive polymers 

The microalgae used in this study was C. vulgaris which was cultivated in Bristol medium 

(Bold 1949) supplemented with 1 g/L of proteose peptone. The medium was sterilized by 

autoclave at 121℃ for 20 min. All media were stored at 4℃ for at least 24 h for gas equilibrium 

before stock culture inoculation according to the vendor’s instruction. The stock algae culture 

was scraped from the agar slant and transferred to the liquid medium at an optical density of 0.1 

at 670 nm (OD670) to prepare a seed culture and incubated at room temperature under light/dark 

(12 h/12 h) cycles. After the OD670 of the seed culture reached 0.2, all the seed culture was 

transferred to a 500-mL flask, mixed with fresh medium at a ratio of 1: 5 (v/v), and incubated at 

room temperature under light/dark (12 h/12 h) cycles. The flask was aerated with an air pump at 

an air flow rate of 0.15 liter per minute (LPM) and stirred at 400 rpm with a magnetic bar for 12 

days. Algal biomass dry weight (BDW) was determined by filtration, washing with DI water 

three times, and weighing after drying at 80°C overnight. The BDW was calculated by 

subtracting the dry weight of filter paper from the total dry weight of filter paper with algal 

biomass. 

The wavelength for the maximum absorption (λmax= 430 nm) of the algae suspension was 

determined using the scan mode on a microplate reader (BioTek Epoch2, BioTek Instrument 

Inc., Winooski, VT). The OD of algae suspension was then measured at 430 nm. To build the 
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calibration curve for BDW vs. OD, the algae suspensions with a series of BDW (0.05-1 mg/mL) 

were prepared, and their corresponding OD were measured. With this curve, the algae BDW was 

determined in subsequent experiments by measuring OD of the algae suspension. All the algae 

culture samples were diluted with medium if their OD values exceeded 1.0.  

The TRP solutions were prepared in DI water at the concentration of 200 mg/mL at room 

temperature and mixed with the algae suspension (1:1, v/v). The mixture was vortexed and 

heated to specific LCST of the corresponding TRPs for 30 min to induce the phase transition 

from soluble to insoluble. The supernatant of the mixture was collected for OD measurement 

after cooling down. The OD values were converted to BDW using the calibration curve. The 

algae harvesting efficiency (AHE) was calculated as Eq 2.1: 

AHE(%) = [(𝐵𝐵𝐵𝐵𝐵𝐵𝑖𝑖 − 𝐵𝐵𝐵𝐵𝐵𝐵𝑓𝑓)
𝐵𝐵𝐵𝐵𝐵𝐵𝑖𝑖
� ] × 100% 

(Equation 2.1) 

where BDWi and BDWf are the initial and final algae BDW (mg/L), respectively.  

 2.2.5 Data analysis  

The statistical significance of data was determined using analysis of variance (ANOVA) 

and least significant difference (LSD) at α = 0.05 using SAS OnDemand for Academics analysis. 

All reported values in this study were the average of three replicates, unless specified otherwise. 
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 2.3. Results and Discussion 

 2.3.1 Synthesis of thermoresponsive polymers 

All TRPs (i.e., PNIPAM, PNIPAM-AA, and PNIPAM-MTAC) were soluble in water, and 

their solutions were transparent and clear at the temperature below their LCST, while the TRP 

solutions turned turbid white when the temperature was increased over the LCST (Figure 2.1a). 

The chemical formulas of NIPAM, PNIPAM, PNIPAM-AA and PNIPAM-MTAC are shown in 

Figure 2.1b. In the FT-IR spectrum of NIPAM (Figure 2.1c), the peak at 1620 cm-1 corresponds 

to the C=C stretching vibration, and the peak at around 3300 cm-1 corresponds to the deformation 

vibration of the hydrogen atoms of the alkene group swinging out of the plane. The spectra of 

PNIPAM, PNIPAM-AA, and PNIPAM-MTAC lack the peak at 1620 cm-1, which indicates that 

the C=C in NIPAM was completely reacted and the monomer successfully polymerized into 

TRPs (Ningrum et al. 2022; Shi et al. 2015). In the spectra of NIPAM and 3 TRPs, the 

absorption band at 1656 cm-1 corresponds to the C=O stretching vibration of the amide group, 

peaks at 1546 cm-1 and 3300 cm-1 ascribe to the typical signals of N-H, and the peak at 2876 cm-1 

reflects the -CH3 unsymmetrical bending vibration. The grafting of AA did not bring new 

functional groups to PNIPAM such that PNIPAM-AA showed a similar spectrum to PNIPAM 

with slight differences in the fingerprint region (1450-500 cm-1). In addition to the functional 

groups of PNIPAM, the spectrum of PNIPAM-MTAC exhibits the signals of other functional 

groups, such as C=O (1728 cm-1) of the ester and the stretching of C-O-C (1250 cm-1) linkage 

which confirm the presence of MTAC in the polymer. 
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Figure 2.1. (a) Phase change of TRPs; (b) Chemical formula of NIPAM and TRPs and (c) 
FT-IR spectra of NIPAM and TRPs. 

 

 2.3.2 Characterization of thermoresponsive polymers  

The TRPs with different designated MWs in the range of 15 ~ 300 kDa were verified for 

their MWs (Table 2.2) which were calculated based on the standard curve with PMMA as a 

standard (Figure 2.2a). As depicted in Figure 2.2b, the LCST of each TRP varied with its MW 

and concentration. During the LCST analysis, the heating-cooling cycle was repeated three times 

and achieved a consistent LCST of the TRP, which shows that the TRP phase change is 

reversible. The LCST of all TRPs decreased linearly with the increase of the TRP concentration, 

and the decreasing rate (~0.089℃/mg/mL) was similar among the TRPs with the MW of 15- 85 

kDa, while the decreasing rate became smaller for the TRPs with MW of 100 (0.060℃/mg/mL) 
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and 300 kDa (0.026℃/mg/mL). The phase change process is mainly controlled by the 

hydrophobic hydration, and the increase of PNIPAM concentration increases the number of 

hydrophobic groups in solution, leading to a lower LCST (Bischofberger, Calzolari, and Trappe 

2014). At the same concentration, higher MW PNIPAM showed lower LCST within the MW 

range of 15~85 kDa since individual polymer chains undergo a hydrated coil to dehydrated 

globule transition during heating resulting in PNIPAM precipitation (Yanase, Buchner, and Sato 

2020). The higher MW PNIPAM had longer polymer chains than the lower MW one such that it 

was more likely to precipitate out of water. Surprisingly, the TRP with MW of 100 kDa had 

slightly higher (0.19°C) LCST than that with MW of 85 kDa at the concentration of 100 mg/mL 

while the TRP with MW of 300 kDa had a higher LCST than those with MW of 100 kDa at >40 

mg/mL, of 85 kDa at >60 mg/mL, and of 56 kDa at 100 mg/mL, respectively. Yanase et al. 

(2020) reported that at higher polymer concentrations, the PNIPAM chains are highly crowded 

and the LCST converges to similar values that are independent of MW. That could be the reason 

why the LCST of PNIPAM with MW >85 kDa did not decrease as the MW increase at high 

concentrations. 

In comparison, the DSC curve (heat flow vs. temperature) for PNIPAM-100 kDa was flatter 

and showed a wider range of LCST than that for PNIPAM-300 kDa during the heating process 

(Figure 2.2c). Meanwhile, PNIPAM-300 kDa showed a larger enthalpy peak during the phase 

transition, i.e., it needs more energy to drive the phase transition. The temperature induced phase 

transitions of PNIPAM are driven by hydrophobic interaction between the isopropyl groups of 

the side chains. PNIPAM with higher MW has more side chains, resulting in a larger enthalpy 

required for the phase transition process. In addition, the repeatability of PNIPAM-300 kDa in 

the phase transition was better than that of PNIPAM-100 kDa. After the 1st or 2nd heating-cooling 
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cycle, the enthalpy peaks slightly decreased for both PNIPAM-100 kDa and PNIPAM-300 kDa, 

while the former needed more time to recover from its insoluble state. 

 

Table 2.2. Actual MW of PNIPAM copolymers with AA and MTAC 

AA and MTAC (% 
mol) 

MW (kDa) of PNIPAM copolymers with AA or MTAC 

PNIPAM-300 kDa PNIPAM-100 kDa PNIPAM-15 kDa 

No AA/MTAC 303.18 ± 3.35 110.01 ± 0.25 17.16 ± 0.09 

AA-1 370.98 ± 2.18 165.49 ± 0.92 16.34 ± 0.10 

AA-5 338.39 ± 2.96 159.86 ± 1.17 16.83 ± 0.02 

AA-10 279.54 ± 0.66 124.40 ± 0.55 15.71 ± 0.16 

MTAC-1 340.01 ± 3.19 144.78 ± 0.58 15.56 ± 0.15 

MTAC-5 289.39 ± 0.96 129.71 ± 0.64 13.05 ± 0.11 

MTAC-10 231.20 ± 1.79 90.23 ± 0.94 14.23 ± 0.11 

Note: The number after AA and MTAC represents how much % mol of AA and MTAC have 

been added to the monomer solution. The number after PNIPAM means the MW of PNIPAM 

which were modified with AA or MTAC. 
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Figure 2.2. (a) Standard curve for the calculation of TRPs’ MWs with PMMA as a 
standard; (b) LCST of TRPs with different MWs at different concentrations; and (c) DSC 
curves for PNIPAM-300 kDa and PNIPAM-100 kDa. 

 

Since C. vulgaris cells have negative surface charge, PNIPAM was modified by 

copolymerization of NIPAM with two types of amine compounds (AA and MTAC), respectively 

to render the PNIPAM copolymers positive charge. Both AA and MTAC have positive charge 

groups that could form complexes with negatively charged cells through electrostatic interactions 

(Gatenby 2019; Tran et al. 2014). Adding amine decreased the MW of the TRPs (Table 2.2), 

therefore, the upper limit of the amine content in the copolymers was set to 10% mol to maintain 

a similar MW to PNIPAM without amine. As shown in Figure 2.3a, the incorporation of AA into 

the PNIPAM did not significantly affect the LCST even though it slightly changed the MW 

compared to PNIPAMs with the same MW at the same concentration. Only PNIPAM-AA-10-

300 kDa showed a significant increase in LCST with addition of 10% mol of AA. In comparison 

to PNIPAM, the copolymerization of MTAC with NIPAM increased the LCST in the presence 

of 1% mol MTAC in the copolymers with MW of 15 and 300 kDa, while further increase of 

MTAC content caused little change of the LCST (Figure 2.3b). In addition, the LCST for the 

PNIPAM-MTAC copolymer with the MW of 100 kDa increased with the increase of MTAC 

content to 5% mol followed by a negligible change. Slight changes in the molecular structure of 

PNIPAM can greatly affect its chain conformation and thus its LCST (Tang et al. 2009). 

Inomata, Goto, and Saito (1990) modified the isopropyl group of NIPAM with cyclopropyl 

group, decreased the surface (contact) area of hydrophobic group, eliminated the phase change 

properties of poly (N-cyclopropylacrylamide). Also, the poly (N-n-propylacrylamide) which has 

larger surface area of its n-propyl group showed a lower LCST. Therefore, insignificant change 
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in LCST of the PNIPAM-AA copolymers could be because the addition of AA had little effect 

on the hydrophobic groups of PNIPAM. Meanwhile, the significant change in LCST of PNIPAM 

by the introduction of MTAC could suggest that the addition of MTAC at the designated 

contents might be enough to weaken the hydrophobic interaction.  

 

Figure 2.3. LCST of PNIPAM copolymers with AA (a) and MTAC (b) at the concentration 
of 100 mg/mL. 

 

The charge of the PNIPAM-AA copolymer changed with pH (i.e., more positive at lower 

pH) because the degree of protonation of the AA group (carrying positive charge when 

protonated) increased with the decrease of pH. In contrast, the PNIPAM-MTAC copolymer had 

a constant charge at all pH values. The zeta potentials of the PNIPAM copolymers with AA and 

MTAC at various amine and MTAC contents are shown in Figure 2.4. All the data were obtained 

without pH adjustment. Larger MW PNIPAM homopolymers (i.e., zero AA or MTAC content 

with 100 and 300 kDa MW) showed almost no charge while PNIPAM-15 kDa had a significant 

negative charge (-21.07 mV). The pH for PNIPAM-300 kDa and PNIPAM-100 kDa were around 
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2.5 while the pH for PNIPAM-15 kDa was around 2.5. The polymer usually shows negative 

charge when its pH is over pI.  For PNIPAM-AA-15 kDa, more AA in the polymer resulted in 

less negative charge (Figure 2.4a). However, the increase of AA content led to only a slight 

increase and decrease of the zeta potential for PNIPAM-AA-100 kDa and PNIPAM-AA-300 

kDa, respectively. Since the AA content was based on the mol%, larger MW represented more 

AA in the solution, thus resulting in higher pH, which was consistent with our pH measurement 

results that the pH of PNIPAM without AA was around 2.5 and became 4~5 after 

copolymerization with AA. Meanwhile, high pH can reduce positive charge of polymers while 

more AA can provide more positive charge. Such an interaction of pH and AA content can cause 

the variation of polymer charge and further affect zeta potential of PNIPAM-AA-100 kDa and 

PNIPAM-AA-300 kDa with different AA contents. As shown in Figure 2.4b, the zeta potentials 

of PNIPAM-MTAC copolymers with different MWs increased significantly with the increase of 

MTAC mol% even though their charge didn’t change with pH. This finding was consistent with 

the expected outcome that the more MTAC in the PNIPAM-MTAC copolymer resulted in more 

positive charge.  
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Figure 2.4. Zeta potentials of PNIPAM copolymers with varied AA (a) and MTAC (b) 
contents with different MWs. 

 

 2.3.3 Thermoresponsive polymer-induced microalgae harvesting 

Figure 2.5a shows the UV-vis spectra for algae (UTEX 2714) and PNIPAM. The 

absorbance of the algae reached maximum at λ=430 nm, and PNIPAM did not display any UV-

Vis absorption above λ=400 nm. Therefore, UV-vis spectroscopy was used to measure the algae 

OD in the presence of PINPAM in the solution. The standard curve of algae OD430 vs. BDW was 

developed in its cultivation medium (Figure 2.5b), which was used to calculate algae BDW from 

the measured OD430 values.  

 

Figure 2.5. (a) UV-vis spectra for algae (UTEX 2714) and PNIPAM; and (b) standard curve 
for algae BDW vs. OD430 in its cultivation medium. 

 

Figure 2.6a displays the process of TRP-induced microalgae harvesting. TRP chains change 

from coil to globule while simultaneously encapsulating the algae cells and separating them from 

the medium. As demonstrated in Figure 2.6b, the AHE increased with the increase of PNIPAM 
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concentration from 20 to 100 mg/mL for three PNIPAM with the MW of 15, 100 and 300 kDa, 

respectively, while the increasing rate were different among them. PNIPAM-300 kDa achieved a 

linear increase of AHE from 50% (20 mg/mL polymer) to 92% (100 mg/mL polymer), and the 

AHE with PNIPAM-15 kDa were similar between 20 and 40 mg/mL polymer but increased 

linearly from 18% to 55% with the concentration increase of PNIPAM from 40 to 100 mg/L. 

These findings could be explained by the fact that more TRPs in the medium can wrap more 

algae cells. However, PNIPAM-100 kDa only achieved numerically slight but statistically 

insignificant increase of AHE from 50% to 58%, which could be because PNIPAM-100 kDa 

prefers to form dense micro-globules, with insufficient gaps between chains to encapsulate more 

algae cells. In addition, the result on the effect of MW on AHE showed that higher MW achieved 

higher AHE at the same PNIPAM concentration. Higher MW represents longer polymer chain 

which could pack more algae cells and then form precipitation.  

Moreover, we measured the AHE of PNIPAM-AA (Figure 2.6c) and PNIPAM-MTAC 

(Figure 2.6d) copolymers because the positive charges of AA and MTAC were expected to 

benefit the binding of algae cells to TRPs over PNIPAM (Ghernaout et al. 2020; Yin et al. 2008). 

As shown in Figure 2.6c, the effect of the AA content on AHE is similar across the polymers 

with three different MWs at the same polymer loading of 100 mg/mL. PNIPAM copolymerized 

with 1% mol AA reduced the AHE by 6%, 14%, and 12% for the MW of 300, 100, and 15 kDa, 

respectively, compared to the PNIPAM counterparts. For both MWs of 100 and 15 kDa, the 

increase of AA content from 1 to 5% mol increased the AHE to a similar level achieved by the 

PNIPAM counterparts, while further increase of AA to 10% mol decreased the AHE. For the 

MW of 300 kDa, 1-5% mol AA did not cause a significant change of AHE, while the AHE had a 
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significant decrease in the presence of 10% mol AA. In addition, PNIPAM-AA with higher MW 

was found to achieve higher AHE.  

The effect of MTAC on the AHE of PNIPAM-MTAC copolymer varied with the MW. The 

presence of 1% mol MTAC in PNIPAM-MTAC-300 kDa resulted in a dramatic reduction of 

AHE from 90% to 35%, even less than the half of that with PNIPAM. Although further increase 

of the MTAC to 5% and 10% mol recovered certain AHE, the AHE was still much lower than 

that with PNIPAM. For PNIPAM-MTAC-100 kDa and PNIPAM-MTAC-15 kDa, the AHE kept 

decreasing to 38% and 22%, respectively, with the increase of MTAC content to 1% and 5%.  

When the MTAC content was further increased to 10% mol, their AHE was raised to a similar 

level of the PNIPAM counterparts. Such unexpected results indicated that copolymerization of 

PNIPAM with AA or MTAC could not enhance the AHE. This may be attributed to the electron 

repulsion on the TRP side chains, resulting in a larger spacing between TRP chains after phase 

transition, which is not enough to encapsulate a large quantity of algae cells. 
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Figure 2.6. (a) Schematic diagram of the TRP-induced algae harvesting; (b) Effects of the 
MW and PNIPAM concentration on algae harvesting efficiency (AHE); (c) Effects of the 
AA content and PNIPAM-AA concentration on AHE; and (d) Effects of the MTAC content 
and PNIPAM-MTAC concentration on AHE. 

 

 2.4. Conclusions 

In conclusion, after we successfully prepared Poly(N-isopropylacrylamide) (PNIPAM) with 

different properties, the effects of charge, molecular weight, amine content, and concentration on 

the phase change behavior were investigated. The lower critical solution temperature (LCST) of 
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PNIPAM increased with decreasing concentration, and the slope of the increase reduced while 

molecular weight (MW) got higher. With high concentration at 100 mg/mL and MW of 85 kDa, 

an LCST as low as 30.16 °C can be reached. Thermoresponsive polymers (TRPs) with higher 

MW undergo more drastic phase transitions and exhibit higher enthalpy changes. The negative 

charge on the surface of algae cells inspired us to add amine to PNIPAM, which may help the 

binding of polymer and algae cells. Modified PNIPAM with amine barely affected the LCST and 

did increase the positive charge on TRPs. For the application of using TRPs to harvest algae, 

both higher MW and concentration of the polymer can harvest more algae cells. PNIPAM-300 

kDa at 100 mg/mL can harvest 92% of the algae cells in the medium. In practical applications, 

TRP can be applied repeatedly to expand the harvesting efficiency. However, more positive 

charges on the polymer did not help improve the harvesting efficiency. The mechanism of TRPs 

induced algae harvesting remains to be studied. 
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Chapter 3 - Innovative Microalgae Harvesting via 

Thermoresponsive Polymers: Insights into Poly(N-

isopropylacrylamide) Efficacy and Mechanisms 

 Abstract  

Microalgae-based biorefinery is promising but cost-prohibitive mainly because the algae biomass 

harvesting is time-consuming, energy-intensive, and costly. This work was inspired by previous 

research on algae biomass harvesting by co-cultivation of fungi and algae cells. The phase 

change progress of thermosresponsive polymers (TRPs) is similar to the self-pelletization of 

fungi hyphal. Poly(N-isopropylacrylamide) (PNIPAM) and its copolymers were used to 

investigate the ability of TRPs for harvesting microalgae biomass. Both higher molecular weight 

and concentration of the polymer contribute to harvesting more cells. PNIPAM-300 kDa can 

stably harvest more than 90% of algae cells in the culture medium. To expand the scope of TRPs 

use, algae strains with different sizes, culture medium, and cell wall composition have been 

tested as well. PNIPAM is the most suitable for Nannochloropsis oculata which grows in 

seawater with cell size of 2-10 μm and cell wall composition mainly in glucosamine. Amine 

induced positive charge was not helpful with algae harvesting even when the charge-shielding 

effect is reduced. Structure switch of TRPs after phase transition indicated that the algal cells 

may be encapsulated in polymers’ meshwork structures, thus being harvested. The harvesting 

process reduced the vitality of the algae cells by more than 50%, accompanied by shrinkage and 

destruction of the cell wall. 
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 3.1. Introduction 

Microalgae has been considered a promising feedstock for the 3rd generation biorefinery to 

produce biofuels, chemicals, food, feed, pharmaceuticals, and so on (Thanigaivel et al. 2022). 

Although the microalgae technology is sustainable and carbon-neutral, the cost of microalgae-

based products is prohibitive (Bhatia et al. 2022). This dilemma makes current microalgae 

biorefinery unprofitable compared to the conventional petroleum refinery. Of the microalgae 

processing, algal cell harvesting accounts for a major cost contributor (Amer et al. 2011). This is 

because algal cells are generally small in size with negative charge on cell surface while their 

density is similar to water such that they usually form a uniform suspension in the culture 

medium (Milledge and Heaven 2013). As a result, the development of cost-efficient algal cell 

separation technology is essential to scale up the microalgae biorefinery.  

Algae can be harvested by different types of techniques, including flocculation, 

centrifugation, filtration, sedimentation, and combination of some of these techniques (Singh et 

al. 2023), while each process has its own limitations (Ahmad et al. 2022). Inexpensive traditional 

chemical flocculants, such as alum, ferric chloride, and ferric sulfate, can be utilized on a large 

scale but often accumulate in the harvested biomass and cause product contamination as well as 

environmental pollution (Matter et al. 2019). Centrifugation provides contamination-free algal 

biomass that does not require purification before entering downstream processing. However, it is 

energy-intensive, resulting in high cost of algal biomass production (Najjar and Abu-Shamleh 

2020). Filtration has similar shortcomings to centrifugation. Thus, new algae harvesting 

technologies that are cost-efficient and environmentally friendly are still needed to promote the 

commercialization of microalgae biorefinery. 
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In addition to conventional methods mentioned above, fungus-assisted microalgae 

bioflocculation has emerged as an efficient and economically viable approach for harvesting 

microalgae (Chen et al. 2018). Zhang and Hu (2012) demonstrated the co-cultivation of 

Aspergillus niger with Chlorella vulgaris to form cell pellets, facilitating algae harvesting. 

Similarly, Yang et al. (2019) highlighted the benefits of co-cultivating Chlorella sp. with 

Aspergillus sp. to enhance algae biomass production and harvesting efficiency. Fungus 

bioflocculants are a reliable method to achieve high biomass harvesting efficiency (Chu et al. 

2021; Lin et al. 2022). The fungus-assisted harvesting process involves intricate interactions. 

Fungus, characterized by its filamentous morphology, can form spherical or ellipsoidal hyphal 

cellular biomass through hydrophobic interaction (Li et al. 2017; Ryan J and Russell T 2014). 

These structures enable self-pelletization. The secretion of extracellular polymers and the 

mechanism of lowering the environmental pH contribute to the efficient capture of microalgae 

(Bansfield et al. 2022; Velmurugan et al. 2010). However, the cultivation of fungal pellets 

necessitates additional nutrients in the medium, which would increase the cost (Choi et al. 2016; 

Oliveira, Bassin, and Cammarota 2019). Furthermore, the pathogenicity, toxicity, and/or 

environmental hazards associated with certain fungal strains may restrict the biomass utilization 

in downstream processes (Lin et al. 2022). To address these challenges, polymers that mimic 

fungal hyphal features present a promising alternative for microalgae harvesting (Vasistha et al. 

2021). Such an approach aims to take advantage of the benefits while avoiding the drawbacks 

associated with the traditional fungus-assisted method, thereby enhancing the sustainability and 

applicability of microalgae in diverse industrial sectors. 

Thermos-responsive polymers (TRPs) (e.g., poly-(N-isopropylacrylamide), PNIPAM) 
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undergoes a phase transition in water when temperature changes across its lower critical solution 

temperature (LCST) (Cao et al. 2019; Liu et al. 2022). This process is similar to fungi's self-

pelletization when the polymer chains aggregate and precipitate due to hydrophobic interactions 

(Doberenz et al. 2020; Hogan and Mikos 2020). This is reminiscent of the use of PNIPAM to 

harvest microalgae cells to avoid possible safety issues. The acidic nature of the PNIPAM 

solution also makes it easier for the solution to reach the isoelectric point of the algae cells, thus 

aiding separation. Our previous work indicated that PNIPAM and its copolymers can be used to 

efficiently separate microalgae via some interactions between polymer and cells (Zheng et al. 

2015, 2016). The phase separation behavior of TRPs can help concentrate up to ~100% of 

certain type of algal cells while the polymer can be recycled and reused.  

This work aims at three objectives: (1) Using TRPs to simulate the process of algae  

harvesting via fungus-based bioflocculation; (2) Multiple properties, such as molecular weight 

(MW) and TRPs concentration are investigated on their effects on microalga harvesting; (3) 

Algae with different size, cultivation medium, and cell wall composition have also been tested to 

explore their effects on harvesting efficiency and their viability and cell morphology after 

harvest. The results are expected to lay the foundation for the development of a novel class of 

cost-effective and efficient microalgae harvesting methods based on TRPs. 

 3.2. Materials and Methods 

 3.2.1 Materials 

N-isopropylacrylamide (NIPAM), ammonia persulfate (APS), allylamine (AA), 2-

(Methacryloyloxy) ethyl trimethylammonium chloride (MTAC), tetramethylethylenediamine 



 

50 

(TEMED), glutaraldehyde 50% aqueous solution, paraformaldehyde, and 3-(4, 5-

dimethylthiazol-2-yl)-2, 5-diphenyl tetrazolium bromide (MTT) were purchased from Fisher 

Scientific (Hampton, NH, USA). The microalgae cultures, including Chlorococcum oleofaciens 

(UTEX 105), Chlorella protothecoides (UTEX 256), Nannochloropsis oculata (UTEX 2164), 

and Chlorella vulgaris (UTEX 2714) culture and the media (Bristol medium, Proteose medium, 

and modified artificial seawater medium) were purchased from the Culture Collection of Algae 

at the University of Texas at Austin (Austin, TX, USA). Sodium cacodylate buffer (pH 7.4), 4% 

osmium tetroxide solution, and 2% uranyl acetate solution were purchased from Electron 

Microscopy Sciences (Hatfield, PA, USA).  

 3.2.2 Synthesis of PNIPAM, PNIPAM-AA, and PNIPAM-MTAC 

TRPs were synthesized via the free radical emulsion polymerization of NIPAM by adding 

APS as an initiator. NIPAM powder of 25, 5, and 0.5 g was dissolved in 1000 mL deionized (DI) 

water to prepare PNIPAM with MW of 300, 100, and 15 kDa, respectively. The solution was 

constantly bubbled with nitrogen for 30 min to remove dissolved oxygen followed by the 

addition of 500 μL TEMED and 5 g APS. The nitrogen purging was continued for another 10 

min before the glass bottle was sealed and left to stand stationarily at room temperature (RT) for 

24 h to allow the polymerization reaction to proceed. To make TRPs with positive charge, AA 

and MTAC (each with the concentrations of 1, 5, and 10 mol% based on the mass of NIPAM) 

was dissolved in 1000 mL of DI water together with NIPAM, and the bubble, addition of 

TEMED and APS, another bubble and polymerization steps were repeated. The resulting TRPs 

were purified by dialysis against DI water for 7 days using regenerated cellulose dialysis 

membrane tubing (molecular weight cutoff, MWCO =10 kDa) (Spectra/Por®, Fisher Scientific, 
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Hampton, NH) to remove unreacted monomers. The dialyzed TRP solution was freeze-dried and 

stored at 4℃ until used.  

 3.2.3 Characterization of the synthesized thermoresponsive polymers 

NMR spectrometer (Varian 400 MHz, Varian, Inc., Palo Alto, California, USA) was used to 

obtain the 1H-NMR spectra of monomer and polymers. The NIPAM and TRP samples were 

dissolved in deuterated water (D2O) at a concentration of 10 mg/mL. The measurement was 

conducted at 25°C, and 64 scans were obtained for signal averaging.  

Differential scanning calorimetry (DSC) (Q200, TA Instrument, Schaumburg, IL) was used 

to determine the LCST of TRPs. Approximately 45 μL of TRP in aqueous, Bristol medium, and 

modified artificial sea water solutions at 100 mg/mL were weighed in aluminum pans, heated 

from 15 to 60℃ at a rate of 5℃·min−1, and cooled down to 15℃. Three cycles were recorded to 

determine the LCST of each solution with DI water as a reference. 

 3.2.4 Microalgae harvesting by using thermoresponsive polymers 

The microalgae strains used in this study were C. oleofaciens (UTEX 105), C. 

protothecoides (UTEX 256), N. oculata (UTEX 2164) and C. vulgaris (UTEX 2714). The 

properties of these strains are displayed in Table 3.1. The cultivation media were stored at 4℃ 

after received until used. Stock algae cultures were scraped from agar slants and transferred to 

liquid media to achieve an optical density of 0.1 at 670 nm (OD670) for seed culture preparation. 

This seed culture was incubated at RT under 12-h light/dark cycles. Once the OD670 reached 0.2, 

the entire seed culture was transferred to a 500-mL flask, diluted with fresh media at a 1:5 (v/v) 

ratio, and incubated under the same light/dark conditions. The flasks were aerated at 0.15 liter 
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per minute (LPM) and stirred at 400 rpm with a magnetic bar for 12 days. Algal biomass dry 

weight (BDW) was determined by filtration, i.e., the cell biomass retained on the filter paper 

were washed with DI water for three times and dried at 80°C overnight. The BDW was 

calculated by subtracting the dry weight of the filter paper from the total dry weight of the filter 

paper and algal biomass. 

Table 3.1. Properties of algae used in this research 

Strain UTEX 
code 

Class Size 
(μm) 

Medium Cell wall 

Chlorococcum 
oleofaciens (Trainor and 
Bold 1953) 

105 Chlorophyceae 20-35 Bristol medium (Bold 
1949) 

Glucose 

Chlorella protothecoides 
(Huss et al. 1986) 

256 Chlorophyceae 2-10 Proteose medium Glucose 

Nannochloropsis oculata 
(Hibberd 1981) 

2164 Eustigmatophyceae 2-10 Modified artificial seawater 
medium (UTEX Culture 
Collection of Algae 2024) 

Glucosamine 

Chlorella vulgaris 
(González et al. 1997) 

2714 Chlorophyceae 2-10 Proteose medium Glucosamine 

Note: Proteose medium was Bristol medium supplemented with 1 g/L of proteose peptone. 

 

The wavelength corresponding to maximum absorption (λmax = 430 nm) of the algae 

suspension was determined using the scan mode on a BioTek Epoch2 microplate reader (BioTek 

Instruments Inc., Winooski, VT). Optical density (OD) measurements of the algae suspension 

were then all taken at 430 nm. To construct a calibration curve for BDW versus OD, algae 

suspensions with BDW ranging from 0.05 to 1 mg/mL were prepared, and their OD430 values 

were recorded. This calibration curve was then used to determine the BDW of algae samples in 

subsequent experiments by measuring their OD. Samples with OD values exceeding 1.0 were 
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diluted and remeasured with their respective growth medium before calculation. 

TRP solutions were prepared in DI water at a concentration of 200 mg/mL at RT and then 

mixed with the algae suspension in a 1:1 (v/v) ratio. The mixture was vortexed and heated to the 

specific LCST of the corresponding TRPs for 30 min to induce the phase transition from soluble 

to insoluble. After cooling, the supernatant was collected for OD measurement. OD values were 

converted to BDW using the pre-made calibration curves. The algae harvesting efficiency (AHE) 

was then calculated as Eq. 3.1 and biomass dry weight harvested was calculated as Eq. 3.2. 

𝐴𝐴𝐴𝐴𝐴𝐴(%) = 𝐵𝐵𝐵𝐵𝐵𝐵𝑖𝑖−𝐵𝐵𝐵𝐵𝐵𝐵𝑓𝑓

𝐵𝐵𝐵𝐵𝐵𝐵𝑖𝑖
× 100%   (Equation 3.1) 

𝐴𝐴𝐴𝐴 (𝑚𝑚𝑚𝑚 𝑚𝑚𝑚𝑚 𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝𝑝⁄ ) = �𝐵𝐵𝐵𝐵𝐵𝐵𝑖𝑖 − 𝐵𝐵𝐵𝐵𝐵𝐵𝑓𝑓�
0.5 𝑚𝑚𝑚𝑚
�   (Equation 3.2) 

Where BDWi and BDWf are the initial and final algae BDW (mg/L), respectively.  

The AHE has been tested in salt-free buffer as well to eliminate charge-shielding effect. The 

algae biomass was obtained by centrifugation at 3000 rpm for 10 min, the supernatant was 

discarded, and an equal amount of buffer was added to resuspend the biomass. The following 

steps are exactly the same as in the culture medium. 

 3.2.5 Scanning electron microscope 

The PNIPAM samples were first swollen in DI water for 24 h at RT (unheated) and 35℃ 

(heated), and quickly frozen at -80℃ followed by immediate freeze-drying (Labconco 

700402000 FreeZone 4.5L -50°C Benchtop, Labconco, Kansas City, MO, USA) under vacuum 

at -50℃. After the dried samples were cut with a scalpel, the cross section was sputter-coated 

with a thin layer of gold. The fractured surfaces of the PNIPAM samples before and after phase 
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change were observed by using a scanning electron microscope (SEM) (Hitachi S-3500N, 

Hitachi, Japan) at the operating voltage of 5.00 kV. 

 3.2.6 Algae cell property evaluation after harvesting with thermoresponsive 

polymers 

Relative cell viability 

Cytotoxicity of TRPs on algae cells during harvesting was assessed by using 3-(4, 5-

dimethylthiazol-2-yl)-2, 5-diphenyl tetrazolium bromide (MTT) assay. The harvested algae cells 

were placed in a 96-well plate, and 5 replicates were prepared for each TRP. Cells were treated 

with 20 μL of MTT (5 mg/mL algae medium) and incubated overnight at RT. After incubation, 

the medium was removed by using pipette, 200 μL of dimethyl sulfoxide (DMSO) was added to 

each well to dissolve the purple crystals of the generated formazan. The absorbance was 

measured at 556 nm on a microplate reader (BioTek Epoch2, BioTek Instruments Inc., 

Winooski, VT). Original algae cells were analyzed by following the same process as a control 

group. The relative cell viability was calculated as Eq. 3.3. 

𝑅𝑅𝑅𝑅𝑅𝑅𝑅𝑅𝑅𝑅𝑅𝑅𝑅𝑅𝑅𝑅 𝑐𝑐𝑐𝑐𝑐𝑐𝑐𝑐 𝑣𝑣𝑣𝑣𝑣𝑣𝑣𝑣𝑣𝑣𝑣𝑣𝑣𝑣𝑣𝑣𝑣𝑣 (%) = 𝑂𝑂𝑂𝑂𝑠𝑠𝑠𝑠𝑠𝑠𝑠𝑠𝑠𝑠𝑠𝑠

𝑂𝑂𝑂𝑂𝑐𝑐𝑐𝑐𝑐𝑐𝑐𝑐𝑐𝑐𝑐𝑐𝑐𝑐
 × 100%  (Equation 3.3) 

Where ODsample and ODcontrol are absorbances of algae cells harvested by TRP and normal 

cultured algae cells, respectively. 

Laser scanning confocal microscopy (LSM)  

The morphology and fluorescence intensity of algae cells before and after harvesting by 

TRPs were observed using a laser scan confocal microscope (LSM-5 PASCAL, Zeiss, 
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Germany). An aliquot of 20 μL algae sample harvested with TRPs was dropped to the center of a 

glass slide, covered with a coverslip, and sealed with nail polish. Images were taken under a dark 

field. 

Transmission electron microscopy (TEM) 

The algae cells with and without harvesting were obtained by centrifugation at 3000 rpm for 

10 min. Samples (less than 1 mm3) were immersion-fixed in fixative containing 2% 

paraformaldehyde and 2% glutaraldehyde in 0.1 M sodium cacodylate buffer (pH 7.4) for 1 h at 

RT with constant rotation. The fixative should completely immerse the entire specimen. After 

fixation, cells were washed using sodium cacodylate buffer (0.1 M, pH=7.4). Post fixation was 

done using 2% osmium tetroxide in sodium cacodylate buffer for 1 h at RT. Samples were 

washed again with sodium cacodylate buffer and subsequently en bloc stained in 2% uranyl 

acetate (aqueous) for 1 h at RT under light protection. The cells were then washed in water and 

serially dehydrated with 50%, 60%, 70%, 80%, 90%, 95% and 100% acetone, respectively. 

Embedded samples in low viscosity epoxy after dehydration. Ultrathin sections with 60-80 nm 

thickness were cut using an ultramicrotome before analyzing the grids on a transmission electron 

microscopy (FEI CM 100, Philips/FEI, USA) operated at 100 kV. 

 3.2.7 Data analysis 

The statistical significance of data was determined using analysis of variance (ANOVA) 

and least significant difference (LSD) at α = 0.05 using SAS OnDemand for Academics analysis 

(SAS, NC, USA). All reported values in this study were the average of three replicates, unless 

specified otherwise. 
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 3.3 Results and Discussion 

 3.3.1 Characterization of the synthesized thermoresponsive polymers 

After preparation of PNIPAM and its copolymers, 1H-NMR has been applied to confirm the 

success of polymer synthesis. The 1H-NMR spectrum of NIPAM (Figure 3.1a) shows that peak a 

at 1.03 ppm was due to methyl group -CH3, peak b at 3.85 ppm was assigned to -CH- group, and 

peak d at 5.59 ppm was due to the proton located on CH2= group. Signals from 5.99-6.12 ppm 

were assigned to protons on CH2= and -CH= groups. The peak at 4.66 ppm was attributed to 

residual water. Meanwhile, the peaks of PNIPAM (Figure 3.1b) at 1.46 ppm (-CH2- on the 

polymer backbone), 1.90 ppm (-CH- on the polymer backbone), and 3.78 ppm (-CH- on the 

isopropyl) confirmed the opening of the carbon-carbon double bond. The integration ratio of 

peaks a, d, b, and c is around 6:2:1:1, corresponding to the structure of PNIPAM. Moreover, the 

proton signals of C=C in the initial monomer disappeared, indicating the occurrence of NIPAM 

polymerization. As shown in the spectrum of PNIPAM-AA (Figure 3.1c), characteristic peaks 

were identified for PNIPAM at 1.03 ppm (-CH3 on the isopropyl), 1.46 ppm (-CH2- on the 

polymer backbone), 1.89 ppm (-CH- on the polymer backbone), and 3.79 ppm (-CH- on the 

isopropyl), as well as 2.60 ppm (-CH2- protons for AA). Similar peaks a, b, c, and d at 1.03 ppm 

(-CH3 on the isopropyl), 1.46 ppm (-CH2- on the polymer backbone), 1.89 ppm (-CH- on the 

polymer backbone), and 3.79 (-CH- on the isopropyl), respectively, corresponding to PNIAM 

can be observed in the spectrum of PNIPAM-MTAC (Figure 3.1d). In addition, peaks e, f, and g 

at 3.14 ppm (N+CH3), 3.65 ppm (N+CH2-), and 4.39 ppm (-CH2-) confirmed the presence of 

MTAC. 
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Figure 3.1. 1H NMR spectrum of NIPAM (a), PNIPAM (b), PNIPAM-AA (c), and 
PNIPAM-MTAC (d)  

 

The LCST of PNIPAM and its copolymers in different media are demonstrated in Figure 

3.2. For PNIPAM modified with AA (a, c, e), the LCST did not change too much at different AA 

concentration in water except for PNIPAM-300 kDa modified with 10% mol AA (PNIPAM-300 

kDa-10%AA). This may be because PNIPAM-300 kDa-10%AA had the highest AA 

concentration in the solution given that higher AA concentration could render higher positive 

charge on the side chain of the polymer, and the electrostatic interactions made it difficult for the 

polymer to agglomerate. But for TRPs in Bristol medium, higher AA concentration led to 

dramatically lower LCST with PNIPAM-15 kDa, while PNIPAM-300 kDa and PNIPAM-100 
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kDa retained similar LCST to that in water. Meanwhile, all the TRPs showed lower LCSTs in 

MASW than those in water. That because that the presence of salt in the solution shifted the 

LCST of TRPs to a lower temperature (Du, Wickramasinghe, and Qian 2010), given that MASW 

has much higher salt concentration than the Bristol medium and water. The same trend was 

observed for PNIPAM-MTAC. All PNIPAM-MTAC had a LCST lower than 35℃ in Bristol 

medium and lower than 32℃ in MASW. The lowest LCST of all the tested TRPs was 22.6℃ 

(even lower than the RT) which was detected for PNIPAM-100 kDa modified with 5% mol AA 

in MASW. Lower LCST occurring in the culture medium with high salt would benefit algae 

harvesting, as the energy input (raising temperature above the LCST) to initiate the TRP phase 

transition for algae harvesting could be reduced or avoided. 

 

Figure 3.2. TRPs’ LCST in water (a-b), Bristol medium (c-d), and modified artificial sea 
water (MASW) (e-f) 
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 3.3.2 Microalgae harvesting by using thermoresponsive polymers 

Figure 3.3a shows the UV-vis spectra for all four different algae strains and PNIPAM. The 

absorbance of all the algae had a peak at λ=430 nm, and PNIPAM did not display any UV-Vis 

absorption above λ=400 nm. Therefore, UV-vis spectroscopy was able to be used to measure the 

algae OD in the presence of PINPAM in the solution. To maintain the consistency of the 

experiment, 430 nm was selected for all OD analyses in all subsequent algae harvesting 

experiments. The standard curves for algae OD430 vs. BDW were developed in their cultivation 

media (Figure 3.3b-e), which was used to calculate algae BDW from the measured OD430 values. 

All the standard curves had an R2>0.99, indicating their reliability. 

 

Figure 3.3. UV-vis spectra for algae strains and PNIPAM (a); and standard curve for algal 
BDW vs. OD430 in their cultivation media (b: Cc. oleofaciens; c: C. protothecoides; d: N. 
oculata; e: C. vulgaris) 

 

Figure 3.4 describes the AHE after heating with TRPs. As shown in Figure 3.4a-d, 

PNIPAM can be used to harvest these four different algae, while the AHE varies greatly, i.e., the 
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lowest AHE was 0.11 mg C. vulgaris/mL PNIPAM-15 kDa, and the highest AHE was 1.14 mg 

Cc. oleofaciens/mL PNIPAM-300 kDa. Of the tested four stains of algae, Cc. oleofaciens (size = 

20-35 μm) is the largest in cell size, which could make it heavier. Natural sedimentation due to 

gravity was observed in experiments with Cc. oleofaciens only, and the dotted line indicates the 

AHE induced by gravity. Basically, the difference between the solid line and the dotted line can 

help us estimate the AHE of PNIPAM for Cc. oleofaciens. In general, the larger MW and higher 

concentration of TRPs can harvest more Cc. oleofaciens. PNIPAM-300 kDa showed more gel-

like properties and poorer liquidity than PNIPAM-100 kDa and PNIPAM-15 kDa, especially at 

high concentration, which made it harder for the algae to separate from the solution. PNIPAM-

300 kDa achieved the best AHE of 90.71% at 100 mg/mL by counting the difference between 

after heating and without heating. PNIPAM-100 kDa at the concentration of 100 mg/mL 

enhanced the harvesting of Cc. oleofaciens by an additional 0.44 mg (48.50%) compared to the 

harvesting without heating. On the other hand, PNIPAM-15 kDa did not substantially contribute 

to the increased Cc. oleofaciens harvesting, as it naturally settled. Alternatively, the harvesting 

rate for C. protothecoides was not so related to the TRP’s MW or concentration. All PNIPAM 

with different MW yielded a maximum of around 0.42 mg algae after heating for 30 min at their 

LCST, which was about 90% of algal biomass in the medium. PNIPAM-300 kDa and PNIPAM-

100 kDa achieved their minimum AHE of 0.393 mg and 0.388 mg, respectively. Therefore, 

PNIPAM-100kDa at 20 mg/mL would be recommended for C. protothecoides. Unlike C. 

protothecoides, the harvesting rate for N. oculata rose with the increase of TRP MW but not with 

the concentration. It is worth mentioning that N. oculata is the only algae that grows in seawater. 

The high salt concentration of the medium may affect the collapse and dehydration of the TRPs. 

At a concentration of 100 mg/mL, PNIPAM-300 kDa effectively separated 0.88 mg of N. 
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oculata, accounting for approximately 87.90%. In contrast, PNIPAM-100 kDa achieved a 

maximum separation of 0.66 mg of N. oculata at a concentration of 20 mg/mL, corresponding to 

a separation efficiency of about 66.62%. The lower AHE at its higher concentration may be 

caused by the high-salt environment. The highest AHE of PNIPAM-15kDa reached 0.41 mg 

(41.03%) at 60 mg/mL. In addition, the AHE for C. vulgaris increased with the increase of MW 

and concentration. The TRPs separated 0.69 mg (PNIPAM-300 kDa), 0.46 mg (PNIPAM-100 

kDa), and 0.42 mg (PNIPAM-15 kDa) C. vulgaris, which were 92.42%, 61.47%, and 55.98%, 

respectively. In short, TRPs are effective in separating algae from its medium and can reach 

more than 90% AHE for these four selected algae. Overall, PNIPAM is the most suitable for N. 

oculata which grows in seawater with cell size of 2-10 μm and cell wall composition mainly in 

glucosamine. PNIPAM-300 kDa can get the best results for all these 4 algae strains and its 

concentration has little effect on AHE. PNIPAM didn’t perform as well as expected in harvesting 

C. protothecoides, and neither MW nor concentration affected its AHE. For algae in large size, 

such as Cc. oleofaciens, PNIPAM-100 kDa is recommended because it can help harvest about 

50% more algae than the natural settlement. Algae with glucosamine as a major cell wall 

component are more sensitive to the MW of TRPs. As a result, PNIPAM-300kDa is ideal for C. 

vulgaris at 100 mg/mL. 

The difficulty in microalgae harvesting is partly attributed to the repulsion between 

negatively charged algae cells. It was found that the repulsive force between algae cells 

decreased when the environmental pH was reduced, helping the microalgae to flocculate (Li et 

al. 2017). Filamentous fungus can secrete organic acids during growth, which can lower the pH 

of the culture medium (Gutarowska and Czyżowska 2009; Velmurugan et al. 2010). This 
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characteristic of fungus could promote the algal-fungal symbiosis to form self-flocculant, which 

has been taken advantage for microalgae harvesting (J. Wang et al. 2023). The TRP (e.g., 

PNIPAM) used in this research can also lower the pH of the solution, and the TRP with higher 

MW had lower pH, which may be the reason why high-MW TRPs performed better in algae 

harvesting. 

Moreover, the AHE of PNIPAM-AA (Figure 3.4e-h) and PNIPAM-MTAC (Figure 3.4i-l) 

copolymers were also investigated because the positive charges of AA and MTAC were 

expected to benefit the binding of algae cells to TRPs over PNIPAM through electrostatic 

interaction (Ghernaout et al. 2020). The PNIPAM modified with AA or MTAC exhibited 

reduced efficiency in harvesting algae compared to the unmodified PNIPAM across all algae 

strains. Such results may be due to charge-shielding effect caused by the high-salt culture 

medium (Cruz et al. 2018), for which the positive charges on the copolymers can’t interact with 

the negative charges on algae cells as expected. Therefore, further research is needed to clarify 

the mechanism of interactions between TRPs (PNIPAM and its copolymers) and algal cells in 

salt-free media. 
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Figure 3.4. Algae harvest efficiency induced by TRPs (a: Cc. oleofaciens harvested by 
PNIPAM; b: C. protothecoides harvested by PNIPAM; c: N. oculata harvested by 
PNIPAM; d: C. vulgaris harvested by PNIPAM. e-h: algae harvested by PNIPAM-AA; i-l: 
algae harvested by PNIPAM-MTAC) 

 

The AHEs for four different algae strains by TRPs in salt-free buffer (phosphate buffer) are 

shown in Figure 3.5. For PNIPAM-AA, the increase of AA concentration in PNIPAM-15 kDa 

improved the AHE for the four algae strains tested, which could be attributed to the more 

positive charges on the polymer. Meanwhile, more AA on PNIPAM-300 kDa and -100 kDa had 

different effects for different algae strains. Higher AA concentration on PNIAPM-300 kDa 

benefited the harvesting of C. protothecoides (15% improvement) and C. vulgaris (28% 

improvement) but had little positive effect on the harvesting of Cc. oleofaciens and N. oculata. 

Also, more AA in PNIAPM-100 kDa worsened the harvesting of Cc. oleofaciens and C. 
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protothecoides while having little effect on the harvesting of N. oculata and C. vulgaris. Such 

inconsistent trends may be because the harvesting mechanism was different from electron 

interaction or be attributed to the change of AA charge caused by solution pH. The positive 

charge of AA changes on the pH of solution, while the charge of MTAC will not change on the 

pH. For PNIPAM-MTAC, higher MTAC concentration on PNIPAM-15 kDa had the same effect 

as PNIPAM-AA in enhancing AHE. The highest improvements were 77% for Cc. oleofaciens, 

71% for C. protothecoides, 17% for N. oculata and 36% for C. vulgaris. However, more MTAC 

on PNIPAM-300 kDa had a negative effect on harvesting. The AHEs of PNIPAM-300 kDa- 

MTAC were just 30%, 29%, 12% and 36% of the AHE induced by PNIPAM-300 kDa without 

MTAC, respectively. Also, more MTAC on PNIPAM-100 kDa harvested less Cc. oleofaciens 

and C. protothecoides but more N. oculata and C. vulgaris compared with PNIPAM-100 kDa 

without MTAC. The results indicated that more positive charge on the TRPs did not necessarily 

promote the algae cell binding or harvesting. Therefore, the mechanism behind the harvesting 

with TRPs may not be the electrostatic interaction as hypothesized. The more positive charge on 

TRPs with lower MW can help harvest more algae cells while the more positive charges on the 

higher molecular weight TRPs hinder the harvest of algae cells. During the phase change of 

TRPs, they could form coacervate (dense polymer-rich phase) encapsulate biomolecules such as 

algae cells. Excessive positive charges may result in coacervates that are not dense enough to 

encapsulate enough algae cells. Thus, the harvested algae may just be wrapped by agglomerated 

polymers without involving electrostatic interactions. 
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Figure 3.5. Algae harvest efficiency induced by TRPs in salt-free buffer (a: Cc. oleofaciens 
harvested by PNIPAM-AA; b: C. protothecoides harvested by PNIPAM-AA; c: N. oculata 
harvested by PNIPAM-AA; d: C. vulgaris harvested by PNIPAM-AA. e-h: algae harvested 
by PNIPAM-MTAC) 

 

 3.3.3. Scanning electron microscope 

As shown in Figure 3.6, SEM analyses were made to investigate the cross-section structure 

change before and after phase transition of PNIPAM. The SEM images of PNIPAM before phase 

change (unheated) had sheet-like structure with one sheet stacked next to another. Zooming in on 

one of the slices, holes with diameter less than 1 µm can be observed. After heating, the structure 

of PNIPAM shifted to a three-dimensional mesh structure. The polymer’s crisscross creates 

cavities of different sizes. The largest ones reach 15 µm in diameter, while the smallest ones are 

less than 2 µm. It was hypothesized that algal cells could be encapsulated in these meshwork 

structures during TRP phase transitions, thus being harvested. 
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Figure 3.6. SEM of PNIPAM (a: unheated PNIPAM ×50; b: unheated PNIPAM ×100; c: 
unheated PNIPAM ×3000; d: heated PNIPAM ×50; e: heated PNIPAM ×100; f: heated 
PNIPAM ×3000) 

 

 3.3.4. Algae cell property evaluation after harvesting with thermoresponsive 

polymers 

MTT assay was used to evaluate the cell activity of different algae cells after harvesting. As 

demonstrated in Figure 3.7, harvested algae cells showed significantly lower viability, and more 

than half of the algae were deactivated during the TRP harvesting except PNIPAM-300 kDa-

10%AA. Algae harvested by PNIPAM-15 kDa without AA had much lower viability compared 

to other TRPs, which could be ascribed to the higher LCST of PNIPAM-15 kDa (> 45 ℃) in 

algae culture medium. The tested algae cells could hardly survive at such a high temperature. For 

Cc. oleofaciens, the largest algae among these 4 strains, more cells survived when harvested by 
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TRPs with lower MW. Shorter polymer chains have difficulty in interweaving into spaces large 

enough to wrap around such large cells. C. vulgaris had the lowest viability after harvesting by 

TRPs, i.e., more than 90% of the algae cells were deactivated during harvesting. Even though the 

cell walls are glucosamine for both N. oculata and C. vulgaris, the composites are not exactly the 

same. PNIPAM may have a special effect on a component of the C. vulgaris cell wall, which 

remains unclear. In summary, the viability of algae harvested by TRPs can drop below 50%, 

especially when the LCST of the TRP is high or when C. vulgaris was harvested. 

 

Figure 3.7. MTT assay of algae cells after harvesting (a: Cc. oleofaciens harvested by 
PNIPAM-AA; b: C. protothecoides harvested by PNIPAM-AA; c: N. oculata harvested by 
PNIPAM-AA; d: C. vulgaris harvested by PNIPAM-AA. e-h: algae harvested by PNIPAM-
MTAC) 

 

Laser scanning confocal microscopy (LSM) was used to investigate the morphology and 

fluorescence intensity of algae cells before and after harvesting with TRPs. The red fluorescence 

shown in Figure 3.8 corresponds to the chlorophyll fluorescence in chloroplasts of algae cells. 
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The untreated algae cells had plump cell surfaces and strong red fluorescence, while the cell 

surface obviously wrinkled after harvested by TRPs and was no longer round, and the red 

fluorescence was significantly dimmer than that of the untreated cells. This change suggests that 

the TRP-induced harvesting process affected the cell walls and chloroplasts of all tested algae 

cells. 
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Figure 3.8. LSM images of algae cells (a: normal Cc. oleofaciens cells; b: normal C. 
protothecoides cells; c: normal N. oculata cells; d: normal C. vulgaris cells. e-h: algae 
harvested by PNIPAM. i-l: algae harvested by PNIPAM-AA. m-p: algae harvested by 
PNIPAM-MTAC) 

 

TEM was performed to analyze the ultrastructural changes before and after harvesting. 

Normal algae cells without treatment with TRPs showed intact and round cells with smooth cell 

wall and clear cell organelles (Figure 3.9). TEM images for Cc. oleofaciens cells and N. oculata 

cells harvested by TRPs showed identical morphological changes. Both images (Figure 3.9b and 

f) showed the deformation and thickening of cell walls and slightly villi-like structures while the 

organelles inside the cells seem to be normal. Meanwhile, the TEM images for C. protothecoides 

cells harvested by PNIPAM-15 kDa showed conspicuous deformation, with almost no cellular 

structure visible. This is most likely caused by the high temperatures during harvesting because 

the LCST of PNIPAM-15 kDa is about 15℃ higher than that of other TRPs. For C. vulgaris cells 

harvested with PNIPAM-100 kDa, distinct villi-like structures and plasmolysis were observed. 

These phenomena indicate that the TRP harvesting process has some impact on cell morphology, 

but it is not enough to completely lyse the cells. 
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Figure 3.9. Transmission electron micrographs of (a) normal Cc. oleofaciens cells, (b) Cc. 
oleofaciens incubated with PNIPAM-300 kDa (32℃ for 30 min), (c) normal C. 
protothecoides cells, (d) Cc. oleofaciens incubated with PNIPAM-15 kDa (46℃ for 30 min), 
(e) normal N. oculata cells, (f) N. oculata incubated with PNIPAM-100 kDa (31℃ for 30 
min), (g) normal C. vulgaris cells, (h) C. vulgaris incubated with PNIPAM-100 kDa (31℃ 
for 30 min), (i) C. vulgaris incubated at 31℃ for 30 min and (j) C. vulgaris incubated 
incubated with PNIPAM-100 kDa at 25℃ for 30 min. CW denotes the cell wall of algal 
cells. The arrows show the formation of villi-like structures on the cell wall after 
harvesting. 

 

 3.4. Conclusions 

Microalgae harvesting by using thermoresponsive polymers (TRPs) can be a rapid and 

energy-saving method. The lower critical solution temperature (LCST) of TRPs in the algae 

cultivation medium was significantly lower than that in water, which made the harvesting easier. 

Algae harvesting efficiency depended on the molecular weight (MW) and concentration of TRPs 

as well as algae species (size, cultivation medium, and cell wall composition). Among four algae 

species, N. oculata was the most suitable for harvesting by poly(N-isopropylacrylamide) 

(PNIPAM), with optimal harvesting occurring with PNIPAM-300 kDa at 100 mg/mL. 

Harvesting large microalgae cells (e.g., Cc. oleofaciens) with TRPs was relatively low-efficient 

and unnecessary compared to self-sedimentation. Algae with glucosamine as a major cell wall 

component are more sensitive to the MW of TRPs. PNIPAM modified with amine exhibited 

reduced efficiency in algae harvesting even after the decrease of the charge-shielding effect 

caused by the high-salt culture medium, which indicated that electrostatic interaction was not the 

main mechanism governing algae harvesting by TRPs. The structural analysis of heated 

PNIPAM suggested that algae cells may be encapsulated by the agglomerated polymers. In 

addition to rapid harvesting, the viability of algae decreased with wrinkled and vulnerable cell 
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walls. The red fluorescence of cells treated by TRPs was significantly dimmer than that of 

untreated cells. These results suggested that all the materials inside the algal cells can potentially 

be released more easily. This is an important step towards sustainable commercialization of 

microalgae biorefinery with high return and low energy consumption. 
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Chapter 4 - Temperature-Induced Algae Harvesting with Grafted 

Poly(N-isopropylacrylamide) 

 Abstract  

Microalgae biorefinery has a broad spectrum of applications, but the high cost of the algae 

harvesting process restricts the scale-up of this industry. This work developed a new method for 

algae harvesting by using grafted poly(N-isopropylacrylamide) (PNIPAM). PNIPAM has a 

temperature-induced phase change property that can be taken advantage of to capture algae cells 

in the cultivation medium. Grafting PNIPAM onto some substrate materials (cotton fabric, 

polyester sheet, polyester fabric and polystyrene flexible sheet) can make the recycling and reuse 

of PNIPAM more convenient and cost-efficient. The findings showed that PNIPAM-300 kDa 

grafted on the cotton fabric achieved the highest grafting yield (2.38 ± 0.39 mg/cm2) and the best 

algae harvesting efficiency (AHE) (72.31 ± 0.56%) among all the tested grafted PNIPAM. 

Allowing the polymer to fully dissolve before heating to initiate algae harvesting significantly 

enhanced the AHE. Furthermore, PNIPAM-grafted cotton fabrics can be reused over more than 

20 cycles before the AHE started decreasing. The grafted PNIPAM on substrate materials is a 

promising cost-efficient algae harvesting technique to promote the commercialization of 

microalgae biorefinery. 

Keywords: Poly(N-isopropylacrylamide), microalgae harvesting, grafting, bioenergy, substrate 

material 
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 4.1. Introduction 

Biofuels have garnered significant attention due to their renewability and environmental 

benefits (Sakarika and Kornaros 2019; Thanigaivel et al. 2022; Zhao et al. 2022). Microalgae, in 

particular, have emerged as a leading source of commercial biofuels owing to their high biomass 

productivity (Brennan and Owende 2010; Hossain et al. 2019; Moshood et al. 2021). However, 

several fundamental challenges hinder the commercialization of microalgae biorefining, with the 

algae biomass harvesting being a major obstacle (Bhatia et al. 2022; Weschler et al. 2014). This 

difficulty arises from the intrinsic properties of algal cells which are generally small, carry 

negative surface charges (Moraine et al. 1979), and have a similar density to water (Lavoie and 

de la Noüe 1987), thus remaining uniformly suspending in the culture medium (Milledge and 

Heaven 2013). As a result, algal biomass harvesting is typically energy-intensive and time-

consuming. To make the scale-up of microalgae biorefinery economically viable, it is essential to 

develop cost-effective algae harvesting technologies. 

The commonly used harvesting methods, such as flocculation, centrifugation, and filtration 

have their own advantages and disadvantages (Ahmad et al. 2022; Singh et al. 2023). Natural 

flocculation is low-cost but time-consuming and inefficient (Nurdogan and Oswald 1996; Ortiz 

et al. 2021). Traditional chemical flocculants are cheap and highly efficient, but they can cause 

product contamination and/or negative impacts on the environment (Matter et al. 2019). The 

centrifugation method is fast with high product purity but energy-intensive, thus costly (Najjar 

and Abu-Shamleh 2020). Filtration is convenient but the filter needs to be replaced frequently. 

Our previous work has demonstrated a one-pot microalgae harvesting using poly-(N-

isopropylacrylamide) (PNIPAM) (Zheng et al. 2015, 2016). PNIPAM is one of the thermos-
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responsive polymers, and its solubility can be changed by temperature shift (Doberenz et al. 

2020). Below the lower critical solution temperature (LCST), PNIPAM is soluble in water. Once 

the temperature is above its LCST, PNIPAM undergoes a phase transition and precipitates from 

solution (Cao et al. 2019; Liu et al. 2022). Such a phase transition process is reversible. In 

previous studies, when PNIPAM solution was mixed with algae culture medium and heated 

above the LCST (~32℃), the algal cells would precipitate along with the PNIPAM quickly. This 

process is energy-efficient, simple to operate, has low capital/operating costs, and does not cause 

environmental pollution. However, the recycling and reuse of polymers was not mentioned. 

Although the algal cells and PNIPAM will naturally separate after the temperature drops, this 

process can be greatly simplified if PNIPAM can be bound to a water-insoluble surface. 

PNIPAM has been used to harvest Chlorococcum oleofaciens, Chlorella protothecoides, 

Nannochloropsis oculata, and Chlorella vulgaris in our previous work. Among the tested algae 

species, N. oculata had the best harvesting efficiency, with 75-88% of cells being harvested 

when using PNIPAM-300 kDa at 5 mg/mL-100 mg/mL. N. oculata belongs to the genus 

Nannochloropsis (Hibberd 1981). and has been one of the most studied microalgae species for 

biofuel production. It has high lipid content, high lipid productivity, fast growth and adaptability 

to a variety of environments (Ma et al. 2016; Okoro et al. 2019). Also, N. oculata is easy to 

genetically modify and has a desirable fatty acid profile (Su et al. 2011), which makes it a 

potential renewable energy source (Renaud et al. 1991). An analysis by Fasaei et al. (2018) 

indicated that harvesting and dewatering dilute systems using flocculants achieved the lowest 

energy requirements. However, due to flocculant losses, these systems ultimately had the same 

cost level as mechanical harvesting systems. This suggests the importance of material recycling 
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and reuse. PNIPAM can be grafted onto the surface of insoluble materials, thus being easily 

separated from water and recycled.  

This work includes 3 objectives: 1): Select the PNIPAM grafting method with the highest 

grafting yield; 2): Graft PNIPAM onto the surface of different materials to obtain the material 

with the highest algae harvesting efficiency. 3): Grafted PNIPAM was reused continuously to 

detect degradation cycles. The results of this study are expected to demonstrate the possibility of 

a commercially viable microalgae harvesting technology. 

 4.2. Materials and Methods 

 4.2.1 Materials 

N-isopropylacrylamide (NIPAM), ammonia persulfate (APS), tetramethylethylenediamine 

(TEMED), and ammonium iron (II) sulfate (Mohr’s salt) were purchased from Fisher Scientific 

(Hampton, NH, USA). The microalga, Nannochloropsis oculata (UTEX 2164) culture and the 

medium (modified artificial seawater medium) were purchased from the Culture Collection of 

Algae at the University of Texas at Austin (Austin, TX, USA). The medium(UTEX Culture 

Collection of Algae 2024) were stocked at 4℃ after received until used.  

Grafting substrate materials, including cotton fabric purchased from Valengo Fabrics, 

polyester (PET) sheet from Indstone, polyester fabric from Sedona Designz, and polystyrene 

(PS) flexible sheet from Mega Format were cut into 5 × 5 cm2 samples, washed with acetone and 

water, and subsequently dried in an oven at 60℃ before measured for dry weight.  
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 4.2.2 Polymer grafting 

To simplify the recovery of PNIPAM after harvesting algae cells, PNIPAM will be grafted 

onto the surface of insoluble objects. Several methods and materials have been tested here. 

PNIPAM was first grafted on cotton fabrics using 3 different grafting methods, and then the 

method with the highest grafting rate was used for 3 more materials. 

Room temperature Grafting: Plasma treatment was conducted on cotton fabric samples by 

using an atmospheric pressure plasma system (5.0 kHz RF frequency, 30 kV) for 90 s before they 

were immersed into a NIPAM aqueous solution in a 200-mL glass bottle. The solution was 

flushed with N2 for 30 min to remove dissolved oxygen followed by the addition of APS (1g), 

TEMED (100 µL) and Mohr’s salt (90 mg) to initiate the reaction. The glass bottle was sealed 

and placed at room temperature (RT) for 24 h. The grafted cotton fabric samples were washed by 

agitating in ultrapure water at RT for 24 h to remove unreacted monomers and un-grafted 

homopolymers. Then, the samples were dried at 60℃ for 24 h and weighed. 

Heated grafting: All the process was same as unheated grafting except that the glass bottle 

was sealed and placed at 60℃ for 24 h.  

Plasma initiated grafting: The cleaned dry cotton fabric samples were treated with 

atmospheric plasma (5.0 kHz RF frequency, 30 kV) for 90 s and immersed in a 45% NIPAM 

isopropanol solution followed by a treatment with plasma for 270 s to initiate the grafting. The 

grafted cotton fabric samples were washed by agitating in ultrapure water at RT for 24 h to 

remove unreacted monomers and un-grafted homopolymers. The washed samples were finally 

dried at 60℃ for 24 h and weighed. 
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The grafting yield of all substrate materials was determined by weighing the samples before 

and after the grafting. The amount of PNIPAM grafted on the surface of substrate materials was 

calculated as Eq.4.1: 

 𝐺𝐺𝐺𝐺𝐺𝐺𝐺𝐺𝐺𝐺 𝑦𝑦𝑦𝑦𝑦𝑦𝑦𝑦𝑦𝑦 (𝑚𝑚𝑚𝑚 𝑐𝑐𝑐𝑐2⁄ ) = (𝑊𝑊1 −𝑊𝑊0) 𝐴𝐴⁄   (Equation 4.1) 

Where W0 is the weight of dry raw substrate material, W1 is the weight of dry substrate 

material with grafted polymers, and A is the substrate material surface area. 

Substrate samples before and after grafted with PNIPAM were analyzed on a Fourier 

Transform Infrared Spectroscopy (FTIR) (PerkinElmer 400, PerkinElmer, CT, USA) on the 

transmission mode, and the spectra were recorded with 32 scans at a spectral resolution of 4 cm−1 

in the range 380-4000 cm-1. The surface morphology of substrate samples before and after 

grafting was visualized by using scanning electron microscopy (SEM) (Hitachi S-3500N, 

Hitachi, Japan) with 5.00 kV operating voltage. 

 4.2.3 Algae harvesting 

The stock algae culture was scraped from agar slants and transferred to liquid medium to 

prepare the seed culture, and the optical density of the seed culture was 0.1 at 670 nm (OD670). 

The seed culture was incubated at RT under the 12-h light/dark cycle and the OD670 was 

monitored every day. Once the OD670 reached 0.2, it was transferred to a 500-mL flask, diluted 

with fresh medium at a 1:5 (v/v) ratio, and incubated under the 12-h light/dark cycles. 

Meanwhile, the medium was bubbled with humid air at 0.15 liter per minute (LPM) and stirred at 

400 rpm with a magnetic stirring bar for 12 days before used for harvesting test. 
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Algal biomass dry weight (BDW) was determined by filtration with a filter paper (0.22 µm 

pore size), washing the biomass with deionized (DI) water, and drying at 80°C overnight. BDW 

was calculated by subtracting the dry weight of the filter paper from the total dry weight of the 

filter paper and algal biomass. 

One-time harvest 

Each piece of substrate material with grafted PNIPAM was placed directly into 20 mL algae 

culture medium and heated to 35°C in a water bath for 30 min. The OD of the algae suspension 

before and after heating were measured at 430 nm on a microplate reader (BioTek Epoch2, 

BioTek Instruments Inc., Winooski, VT). The OD values were then converted to biomass dry 

weight (BDW) using the premade calibration curves (y = 0.52835x + 0.0315, where x is the OD 

and y is the BDW). The algae harvesting efficiency (AHE) was calculated as Eq. 2: 

 𝐴𝐴𝐴𝐴𝐴𝐴(%) = 𝐵𝐵𝐵𝐵𝐵𝐵𝑖𝑖−𝐵𝐵𝐵𝐵𝐵𝐵𝑓𝑓

𝐵𝐵𝐵𝐵𝐵𝐵𝑖𝑖
× 100% (Equation 4.2) 

Where BDWi and BDWf are the algae BDW before and after heating (mg/L), respectively.  

In the subsequent experiments, the polymer was allowed to dissolve for 20 min after placing 

the grafted material in the algae culture medium, and the rest was the same as above. 

Multiple harvests 

Each piece of PNIPAM-grafted substrate material was placed into 20 mL algae culture 

medium for 20 min for the polymer to fully dissolve, and heated to 35°C in a water bath for 30 

min. After the substrate material was taken out with harvested algae cells, put it directly into a 

new 20 mL algae culture medium for 20 min for the polymer to cool down and returned soluble 
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followed by heating to 35°C for 30 min again, and repeat this process. The OD430 values before 

and after harvesting were measured and converted to BDW. The AHE was also calculated as Eq. 

2. 

The elution step was added after removing the algae harvested material. The material was 

grasped with forceps, shaken in clean water for 3 s, and then placed in new medium. 

 4.2.4 Data analysis 

The statistical significance of the collected data was determined with analysis of variance 

(ANOVA) and least significant difference (LSD) at α = 0.05 by using SAS OnDemand for 

Academics analysis (SAS, NC, USA). All reported values in this study are the average of three 

replicates, unless specified otherwise. 

 4.3. Results and Discussion 

 4.3.1 PNIPAM grafting on fabric substrate materials 

The grafting yields of cotton fabrics prepared through the three grafting methods were 

measured and compared in Figure 4.1a. The PNIPAM-grafted cotton using the heated grafting 

method achieved the highest grafting yield of 3.25 ± 0.57 mg/cm2. Generally, the grafting 

copolymerization is competing with homo-polymerization of PNIPAM. The plasma treatment 

before grafting helped the copolymerization occur while the heating made homo-polymerization 

progress easier. The APS added before polymerization is usually used as an initiator, and its 

persulfate bonds can be broken down to free radicals especially after heating. Therefore, the 

grafting yield for heated grafting methods is about 12 times higher than that of the RT grafting. 
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For the plasma-initiated grafting, the cold plasma produced free radicals on the cotton surface, 

but it restricts the occurrence of homo-polymerization at the same time. Since the heated grafting 

had a significantly higher grafting yield than other methods, the heated grafting method was used 

for the following experiments unless specified, otherwise. 

 

Figure 4.1. Grafting yield of PNIPAM onto cotton by using various methods (a); grafting 
yield of PNIPAM with various MWs onto cotton (b); grafting yield of PNIPAM-300 kDa 
onto various substrate materials (c). 

 

PNIPAM of different MWs were grafted on the cotton fabric by using heated grafting 

method. The MW of PNIPAM was controlled by adjusting the concentration of the NIPAM 

monomer in solution. Their grafting yields are shown in Figure 4.1b. The PNIPAM with high 

MW has higher grafting yield. Although atmospheric plasma was used to activate the surface, the 

grafting of NIPAM onto cotton surfaces was still generally accompanied by the formation of 

PNIPAM homopolymers. After cold plasma pretreatment, a certain number of sites available for 

graft copolymerization are provided. In the subsequent grafting reaction, the higher NIPAM 

concentration is only responsible for homopolymerization, that is, increasing the chain length of 

the polymer. The grafting yields of PNIPAM-100 kDa and PNIPAM-15 kDa were too low to 



 

81 

achieve the ideal polymer concentration during harvesting. Therefore, PNIPAM-300 kDa was 

the only PNIPAM used in the following experiments. 

Other substrate materials such as PET sheet, PET fabric and PS flexible sheets were also 

grafted with PNIPAM-300 kDa by using heated grafting method. The graft yields on different 

substrate materials are presented in Figure 4.1c. PET Fabric had the 2nd highest grafting yield of 

around 0.85 ± 0.16 mg/cm3, about one third of the grafting yield of cotton fabric, which could be 

due to their different chemical structures and/or the interaction between PNIPAM and substrate 

materials. Cotton has much more C-O and C=O groups, which are susceptible to free radical 

formation. The grafting yields for both PET sheet and fabric showed significant difference even 

though both are polyesters. PET fabric had more than three times the grafting yield of PET sheet. 

This finding could indicate that the fibers are woven in such a way that more functional groups 

could be exposed and then react with NIPAM. The PS had the lowest yield (0.071 ± 0.008 

mg/cm3) of all four substrate materials. Unlike PET or cotton, PS doesn’t have C-O or C=O 

groups that contribute to the free radical formation. In short, cotton can be grafted with most 

PNIPAM among four experimental samples, and fabric can be grafted with more PNIPAM than 

sheet made of the same material. 

 4.3.2 Characterization of grafted substrate materials 

FTIR spectra  

The comparison of FTIR spectra for the original and grafted cotton (with different grafting 

methods) is shown in Figure 4.2a to investigate the success of PNIPAM grafting on cotton. The 

peaks in the region 3500-3100 cm−1 represent the polymeric hydroxyl groups (Sun et al. 2018) in 
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the spectra for the original cotton (black line), plasma treated cotton (gray line), PNIPAM (blue 

line), and all the grafted cotton. The peaks observed around 1200-1000 cm−1 correspond to the 

stretching of C-O and C=O groups (Yang et al. 2012). The FTIR spectra for RT grafted cotton 

(yellow line) were similar to the original cotton (i.e., the difference is too small to be detected by 

FTIR), which is most likely due to the low grafting yield of this method. The heated grafted 

cotton (red line), and plasma initiated grafted cotton (green line) show stronger peaks at 1639 

cm−1 and 1537 cm−1 (representing typical amide groups stretch vibrations in PNIPAM chains) 

than the original cotton, while these two peaks are absent in the plasma treated cotton spectrum. 

The peak at 2970 cm−1 observed in the spectra for PNIPAM, heated grafted cotton and plasma 

initiated grafted cotton, which is not found for the original cotton, can be attributed to the 

asymmetric stretching of -CH3 groups in PNIPAM. Nevertheless, the difference between cotton 

before and after grafting strongly suggests the presence of the PNIPAM on the grafted cotton 

surface, and the heated grafting results in the highest grafting yield compared to the other two 

methods. 
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Figure 4.2. FTIR spectra for PNIPAM-grafted cotton fabric (a), PNIPAM-grafted PET 
sheet (b), PNIPAM-grafted PET fabric (c), and PNIPAM-grafted PS sheet (d). 

 

Furthermore, PNIPAM was grafted on three more substrate materials, PET, PET fabric, and 

PS. The FTIR spectra for the original PET/PET fabric/PS (black line) and PNIPAM-grafted 

PET/PET fabric/PS (red line) are demonstrated in Figures 4.2b, 4.2c, and 4.2d. For the black 

lines in Figures 4.2b and 4.2c, the peak at 1713 cm−1 is attributed to the C=O stretching of ester. 
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This peak disappeared in the grafted PET but still was observed in the grafted PET fabric. The 

reason for this finding could be that the PET sheet has a smooth surface, and PNIPAM grafted on 

it completely covered the PET surface, blocking the detection of the peak. As shown in Figure 

4.2d for the original PS, a series of peaks were observed in the range of 2000 cm−1 to 1700 cm−1, 

which represents aromatic overtones. The peak around 2970 cm−1 is present in the spectra of all 

grafted substrate materials, indicating the -CH3 groups in PNIPAM chains. The peaks at around 

1640 cm−1 and 1540 cm−1 suggest the N-H vibrations in PNIPAM. In sum, the differences 

between the original PET/PET fabric/PS and the PNIPAM-grafted counterparts confirmed the 

grafting of PNIPAM on the substrate material surfaces. 

Scanning electron microscope 

SEM analyses were made to investigate the surface morphology change before and after 

PNIPAM grafting. The SEM image of the original cotton fiber (Figure 4.3a-c) shows a clean and 

smooth surface, while the cotton fiber with RT grafting (Figure 4.3d-f) has some obvious 

tentacle-like protrusions, with the diameter ranging from 6 to 7 µm. A much different surface 

structure was observed for heated grafting cotton fiber (Figure 4.3g-i) where the polymer seems 

to cover the original cotton fiber. There are obvious mesh structures next to the faintly visible 

cotton fibers. It should be noticed that these images were collected after freeze-drying, meaning 

that that this is the state of the polymer in solution. Nevertheless, the heated grafting had much 

more polymers grafted on cotton fiber than the RT grafting. For the plasma-initiated grafting 

(Figure 4.3j-l), fine filaments were found on the fabric. The difference in polymer diameter from 

RT and heated graft may be due to the different volume of monomer solution when the reaction 

happened. For both RT grafting and heated grafting, the interactions occurred in bottle with 
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sufficient monomer available. While for plasma-initiated grafting, the cotton fabric was 

immersed in the monomer solution and then taken out. There was only a small amount of 

monomer solution (those left on the fabric) that can participate in the reaction during plasma-

initiated grafting. Thus, the obvious polymer structure on grafted cotton indicated that PNIPAMs 

were successfully grafted on the cotton fabric surface through all three grafting methods where 

the heated grafting achieved the best grafting performance among them. 

 

Figure 4.3. SEM images for the original (a-c), RT grafted (d-f), heated grafted (g-i), and 
plasma initiated grafted (j-l) cotton fabrics. Scale bar: 500 µm for ×100 (a, d, g, j), 50 µm 
for ×1000 (b, e, h, k), and 10 µm for ×3000 (c, f, I, l). 

 

Surface morphology of the original PET/PET fabric/PS and the PNIPAM-grafted PET/PET 

fabric/PS have been analyzed through SEM as well. As shown in Figure 4.4, both original PET 
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sheet (Figure 4.4a) and PET fabric (Figure 4.4c) have clean and smooth surfaces as the original 

cotton fabric. However, the original PS (Figure 4.4e) shows a certain roughness, which could be 

due to the acetone prewashing. After grafting with PNIPAM, homogeneous and dense polymer 

structure were observed on the surface of PET sheet (Figure 4.4b), PET fabric (Figure 4.4d), and 

PS (Figure 4.4f) while PNIPAM covered the original surface of PET sheet and PS sheet 

completely. In addition, the polymer was distributed along the fiber on the PET fabric. In sum, 

SEM images visually proved that PNIPAMs were successfully grafted on PET, PET fabric, and 

PS surface. 

 

Figure 4.4. SEM images for the original and grafted PET sheet (a-b), PET fabric (c-d), and 
PS sheet (e-f). Scale bar: 500 µm for ×100 and 50 µm for ×1000. 

 

 4.3.3 Microalgae harvesting by using grafted PNIPAM on different substrate 



 

87 

materials 

The grafted PNIPAM on cotton fabric and other substrate materials were tested for their 

ability to harvest algae cells. Each piece of substrate material with grafted PNIPAM was placed 

in the algae culture medium, followed by heating in a water bath immediately without waiting 

for PNIPAM to dissolve. Figure 4.5a describes the AHE of PNIPAM-grafted cotton fabric with 

different MWs. Higher MW polymer grafted on the cotton harvested more algae cells. The 

highest AHE achieved by PNIPAM-300 kDa was only around 42%, much lower than 90% 

obtained by bulk polymer from Chapter 3, while PNIPAM-100 kDa and PNIPAM-15 kDa 

harvested only about 12% and 6% of algae cells in the algae medium, respectively. For 

PNIPAM-300 kDa grafted on other substrate materials, the AHE was low as well. PNIPAM 

grafted on PET sheet, PET fabric, and PS sheet harvested only approx. 12%, 19%, and 18% of 

the algae cells, respectively (Figure 4.5b). This unsatisfactory AHE may be due to the low 

concentration of polymer in the culture medium. Although the grafting yield is as high as the 

PNIPAM-300 kDa on cotton fabric, which is 2.38 ± 0.39 mg/cm2, the final concentration was 

just about 3 mg/mL. However, 5 mg/mL of bulk PNIPAM-300 kDa dissolved directly in culture 

medium can get around 75% of the algae cells according to our previous work. So, the extremely 

low AHE for grafted PNIPAM may also be because the polymer was not fully dissolved. The 

grafted polymer was immersed directly into the culture medium and then heated immediately. In 

this case, the polymer may not have enough time to fully unfold in the liquid and contact the 

cells before phase transition. 
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Figure 4.5. Immediate algae harvesting efficiency by using PNIPAM-grafted cotton fabric 
with different MW (a) and using different substrate materials with grafted PNIPAM (b). 

 

In another algae harvesting scenario, the polymer grafted on the substrate materials was 

immersed in the culture medium for 20 min until it dissolved before heating. As shown in Figure 

4.6, all the AHEs were increased significantly compared to those achieved by immediate heating 

(as shown in Figure 4.5), which indicates the importance of polymer dissolution in algae 

harvesting. Of the tested MWs, PNIPAM-300 kDa grafted on the cotton fabric harvested the 

most algal cells, that was 72.31 ± 0.56% (Figure 4.6a), which is comparable to the AHE (around 

75% at 5 mg/mL) for the non-grafted polymer. Such a reduction of the AHE could be caused by 

the restricted movement of one end of the polymer due to grafting. Under normal conditions, the 

PNIPAM chains were folded into global. But with one end fixed, the chains are not as flexible as 

normal. PNIPAM-300 kDa on the PET fabric obtained the second most algae cells, which was 

49.64 ± 3.48%, while the PS sheet had the lowest AHE of only 20.58 ± 2.35%. The AHEs for 

PNIPAM with different MWs and grafted on different substrate materials were consistent with 
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the trend of PNIPAM grafting yield. The grafting yield reflected the concentration of the 

polymer in the solution since the grafted polymers were directly submerged into the culture 

medium. The only exception was that the grafting yield of PNIPAM-15 kDa on cotton cloth was 

lower than that of PNIAPM-300 kDa on PET sheet, but its AHE was higher. This may be 

because the structure of the fabric benefited the capture of some algae cells, but the smooth 

surface of the sheet helped little with algae harvesting. In conclusion, the dissolution of PNIPAM 

is essential to promote algae harvesting, and PNIPAM-300 kDa grafted on the cotton fabric 

achieved the highest AHE. 

 

Figure 4.6. Effect of PNIPAM dissolution on algae harvesting efficiency by using PNIPAM-
grafted cotton fabric with different MW (a) and using PNIPAM-grafted other materials 
(b). 

 

The cotton fabric grafted with PNIPAM-300 kDa with the best AHE, was used to study the 

polymer degradation cycle. The AHE of consecutive harvesting using a single grafted substrate 

material is shown in Figure 4.7a. After one harvesting, the grafted sample with algal cells was 
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directly placed into the next algae culture medium. The results showed a continuously decreasing 

AHE, with only around 10% AHE by the grafted cotton for the tenth cycle. This could mainly be 

because the AHE was calculated as the BDW ratio between the algae medium before and after 

harvesting. Continuous harvesting was equivalent to the addition of the algae cells obtained in 

the previous round to the new batch of culture medium, i.e., the algae concentration kept 

increasing for subsequent harvesting cycle. However, the ability of PNIPAM to capture algal 

cells is limited. Assuming that the number of cells harvested each time is the same, as the algae 

concentration continues to rise, the number of algae cells left in the culture medium will only 

increase. This leads to higher and higher BDWf in the calculation, but BDWi remains 

unchanged, and AHE naturally declined. To eliminate the impact of this situation, a post-harvest 

elution step was added to the degradation cycle evaluation after each harvesting cycle (Figure 

4.7b). As it can be seen from Figure 4.7c, the AHE became much more stable after more than 20 

continuous harvesting cycles by adding the elution step. During the first 24 harvesting cycles, the 

AHE remained around 70% with the maximum of 74.20 ± 0.23%. In actual operation, it was 

found that the AHE decreased slightly after multiple harvesting cycles in a short period of time, 

while the AHE returned to the initial level after an overnight rest. After 25 cycles, the AHE had a 

significant decrease to 63.02 ± 1.43%. The second AHE significant drop to 53.48 ± 1.53% 

occurred after 27 cycles. Although the AHE rebounded briefly afterwards, it never exceeded 

60% again, and the overall trend was still downward. By the 40th cycle, the AHE was only 45.29 

± 0.69%, about 60% of the initial value. In summary, by adding a washing step after each 

harvesting cycle, the grafted cotton fabric can be used continuously for more than 20 times and 

extending the rest time between two harvesting cycles is helpful to retain the AHE. 
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Figure 4.7. Algae harvesting efficiency (AHE) of consecutive harvesting cycles using 
PNIPAM-300 kDa grafted on cotton fabric (a); Schematic for the improved continuous 
algae harvesting process using grafted cotton (b); and AHE of consecutive multiple harvest 
with addition of the elution step (c). 

 

 4.4. Conclusions 

The temperature-induced phase change behavior of poly-(N-isopropylacrylamide) 

(PNIPAM) can be used to capture algae cells in the cultivation medium. Cotton fabric, polyester 

(PET) sheet, PET fabric, and polystyrene flexible sheet were chosen as substrate materials for 

PNIPAM grafting. The grafting yield was the highest when the substrate materials were first 

treated with plasma and then reacted at 60°C. The grafting yield of fabric was higher than that of 

sheets, and cotton fabric had the highest yield, which was 2.38 ± 0.39 mg/cm2. The 

microstructure of fabric was more suitable for polymer binding, and the cotton fabric had more 

active groups than PET fabric. In the application to algae harvesting, it was found that directly 

immersing the grafted material into the algae culture medium was not sufficient to achieve its 

full efficacy. The dissolution of the grafted PNIPAM prior to heating to induce phase transition 

is critical to achieve higher algae harvesting efficiency. Of all the tested substrate materials, 

PNIPAM-300 kDa grafted on cotton fabric performed the best, and harvested 72.31 ± 0.56% 
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algae cells. Moreover, the PNIPAM-grafted cotton fabric can be continuously reused for more 

than 20 times with stable harvesting efficiency. This technique is a new energy-effective method 

for harvesting algae biomass, and the success of this technique could promote the 

commercialization of algae biorefinery. 
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Chapter 5 - Conclusions and recommendations 

This thesis presents a comprehensive investigation into the development and application of 

a novel technique for harvesting algal biomass utilizing thermoresponsive polymers (TRPs). This 

method is designed to address the complex challenges inherent in microalgae-based 

biorefineries. The innovative approach demonstrates the potential to achieve low-cost and high 

efficiency harvesting of algal biomass, thereby advancing the technological landscape of cost-

effective algal cell separation. The primary objectives of this study are threefold: (1) to establish 

the relationship between TRP characteristics and algal harvesting efficiency; (2) to elucidate the 

fundamental principles underlying the interaction between TRPs and algal cells; and (3) to 

explore the grafting of polymers onto appropriate substrate surfaces to facilitate large-scale reuse 

of TRPs. 

Reliable and economical harvesting methods for algal biomass are crucial for the viability 

of microalgae biorefineries. Previous research has indicated that poly(N-isopropylacrylamide) 

(PNIPAM) and its copolymers can effectively harvest algae; however, their durability and 

broader applicability (for more algae strains) require further exploration. Additionally, the 

mechanisms governing the interactions between TRPs and algal cells warrant further 

investigation. 

In this study, TRPs with varying properties were synthesized, and the effects of charge, 

molecular weight, amine content, and concentration on phase transition behavior were analyzed. 

At a concentration of 100 mg/mL and a molecular weight of 85 kDa, the lower critical solution 

temperature (LCST) was observed to reach 30.16 °C. Notably, the LCST of TRPs in algal 

culture media is significantly lower than that in deionized water, facilitating the harvesting 
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process. For applications targeting Chlorella vulgaris, Chlorococcum oleofaciens, Chlorella 

protothecoides, and Nannochloropsis oculata, increased molecular weight and concentration 

correlate with enhanced harvesting efficiency. PNIPAM (300 kDa) achieved over 90% algae 

harvesting efficiency across all tested strains at a concentration of 100 mg/mL, with N. oculata 

being particularly amenable to PNIPAM-based harvesting. Algae with glucosamine-rich cell 

walls exhibited greater sensitivity to the molecular weight of TRPs. The rapid harvesting process 

resulted in the shrinkage and fragility of algal cell walls, suggesting that cellular contents may be 

more readily released. This advancement represents a significant step toward the sustainable 

commercialization of microalgae biorefineries, characterized by high returns and low energy 

consumption. 

Furthermore, PNIPAM was grafted onto various substrates, including cotton fabric, PET 

sheets, PET fabric, and polystyrene sheets. The highest grafting rates were observed when 

substrates were treated with plasma prior to reaction at 60 °C, with cotton fabric achieving a 

grafting rate of 2.38 mg/cm². It was determined that direct immersion of the grafted materials 

into algal culture media was insufficient to maximize harvesting efficiency. Dissolving the 

grafted PNIPAM prior to heating to induce phase transition was critical for achieving optimal 

harvesting efficiency. Among all tested substrates, PNIPAM (300 kDa) grafted onto cotton fabric 

demonstrated superior performance, successfully harvesting 72% of algal cells. Additionally, 

PNIPAM-grafted cotton fabric exhibited the capability for over 20 reuse cycles while 

maintaining stable harvesting efficiency. 

In conclusion, TRPs such as PNIPAM are capable of harvesting over 90% of algal biomass 

from culture media across multiple strains. The use of seawater media and glucosamine-rich cell 
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walls enhances harvesting efficiency. The harvesting mechanism appears to involve the 

encapsulation of algal cells by aggregated polymer chains. Grafting PNIPAM onto cotton fabric 

facilitates recycling, allowing for extensive reuse before a decline in harvesting efficiency 

occurs. This technology represents an energy-efficient method for algal biomass harvesting, with 

the potential to significantly enhance the commercialization of microalgae biorefineries. 

 

Recommendations for future work: 

• It is advisable to expand the range of applicable algal species to include additional genera, 

which may enhance the versatility and overall effectiveness of the harvesting technique. 

• Future research should focus on modifying the thermoresponsive polymer to achieve higher 

harvesting efficiencies and faster algal harvesting efficiencies, thereby optimizing the 

process for various applications. 

• Conducting a comprehensive economic assessment of this technology is essential to 

determine its viability and cost-effectiveness in real-world applications, which will support 

its commercialization. 

• Efforts should be made to improve the grafting process of the TRP onto substrate materials 

to increase the number of reuse cycles, thereby enhancing the sustainability and cost-

efficiency of the harvesting method. 

• It is important to explore the application of this technology on a larger scale, as this will help 

to assess its feasibility and performance in industrial settings. 
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• A thorough evaluation of the extraction process, particularly regarding the degradation of 

algal cell walls during harvesting, will provide insights into the impacts on cell integrity and 

product yield. 

• Lastly, an analysis of the extraction of downstream products from harvested algal biomass 

should be undertaken to better understand the overall benefits and potential applications of 

this harvesting method. 
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